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Abstract

Cardiovascular tissues are exposed to complex strains during the cardiac cycle in
vivo. Strains can change as a result of disease and surgical interventions necessitating
tissues to mechanoadapt to maintain function. Biomechanical models provide insight into
tissue behavior and disease progression that can be incorporated into clinically relevant
models for guiding treatment to improve patient outcomes. Frameworks for modeling
tissue mechanical properties, such as the constrained mixture model, require mechanical
descriptions of each individual component of the tissue. For models of cardiovascular
tissues, the mechanical behavior of the force generating cells, including vascular smooth
muscle cells (VSMCs) in arteries and cardiac myocytes in the heart, must be considered.
Cellular microbiaxial stretching (CuBS) is used to measure and characterize the anisotropic
mechanics of cells with in vivo like geometries. Here, CuBS is used to investigate the
dynamic mechanical properties of single cardiovascular cells to better understand changes
in mechanical function and cytoskeletal structure in response to large biaxial strains.

First, the contributions of VSMCs to the large-strain nonlinearity of whole vessel
mechanics was investigated using CuBS. The mechanical properties of VSMCs with
native-like architectures are highly anisotropic, due to their highly aligned actomyosin
cytoskeletons, but inhibition of actomyosin contraction results in nearly isotropic material
properties. Additionally, VSMCs have a surprisingly linear stress-strain relationship even
at large deformations, and a Holzapfel-Gasser-Ogden type strain energy density function
is used to describe individual VSMCs mechanical properties.

To further understand the mechanical behavior of VSMCs to complex loading
conditions, cell stress in response to both extension and compression as well as immediate



temporal changes in stress in response to cyclically applied deformations were measured.
VSMCs display clear hysteresis under incremental extension and compression and
demonstrate cycle-dependent stress-relaxation after cyclic step change extension and
compression. A Hill-type active fiber model reproduces all observed hysteresis and cycle-
dependent stress-relaxation, suggesting that the temporal stress—strain behavior of the cell
is regulated by actomyosin contraction and relaxation, rather than passive viscoelasticity.

Finally, the sarcomere length-tension relationship in single neonatal cardiac
myocytes was investigated using CuBS. Cardiac myocytes have a highly organized
structure. Using CuBS, the length between sarcomeres was changed as a function of
applied stretch. When stretching cells such that the length between sarcomeres changes,
the force generated by the cells changes consistent with previous understanding of the
length-tension curve. Stretching cells perpendicular to sarcomere alignment holds the
length between sarcomeres relatively constant, but the active force of contraction changes
with stretch, decreasing as the cell was extended and compressed. A relatively simple
active contraction based model, dependent on lattice and sarcomere spacing, robustly
recapitulates the experimentally observed behavior. These results indicate that the active
force of contraction of cardiac myocytes is dependent on both lattice spacing and length
between sarcomeres.

Altogether, this work aims to elucidate the nonlinear mechanical properties of
cardiovascular cells and aid in creating constitutive models of cardiovascular mechanics.
This has important implications for modeling in mechanobiology as VSMCs and cardiac

myocytes are mechanosensitive and actively remodel to maintain function.
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Chapter 1.  Introduction

1.1  Cardiovascular disease epidemiology and pathophysiology

Cardiovascular disease is the leading cause of death in the United States and
responsible for approximately 31% of deaths worldwide annually [1]. As a result of
cardiovascular disease, the mechanical environment experienced by cells and tissues
changes causing maladaptive remodeling. In arteries, increased pressure from hypertension
causes the vessel walls to thicken and stiffen [2]. In the heart, left ventricular hypertrophy
and dilated cardiomyopathy involve the heart growing concentrically or eccentrically in
response to pressure or volume overload, respectively. Left ventricular hypertrophy is the
thickening of the wall of the left ventricle to compensate for elevated blood pressure, which
commonly results from hypertension or aortic stenosis [3]. In dilated cardiomyopathy, the
ventricle walls thin as the ventricle increases in volume to compensate for volume overload
and decreased ejection fraction resulting from a weakened heart muscle [4]. Additionally,
many cardiovascular diseases require surgical intervention, such as corrections for
congenital heart defects in infants. Following surgery, the heart muscle, which is optimized
for uniaxial contraction, is exposed to abnormal loading conditions [5]-[8].

In the heart, cardiovascular disease causes a marked change in physiology, not only
on the tissue level, but also at the cellular level that corresponds to a change in overall
function. In the heart, cardiac myocytes, the contractile cells for force generation, exhibit
a tightly controlled geometry and cytoskeletal organization to function optimally. Further,
cardiac myocytes play an important role in remodeling the heart in development[9], [10]
and various cardiovascular pathologies[11]-[13]. Cardiac myocytes are exposed to
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constant applied deformations during the cardiac cycle and are sensitive to mechanical
stimuli such as strain and substrate stiffness [14]-[17]. Cardiac myocyte remodeling
reflects the remodeling of the heart as a whole. In left ventricular hypertrophy, where the
walls thicken in response to pressure overload, cardiac myocytes add sarcomeres in parallel
to increase their cross-sectional area [11], [12]. Similarly, cardiac myocytes in dilated
cardiomyopathy add sarcomeres in series increasing their length as the ventricle enlarges
[11], [13]. Maladaptive remodeling in cardiac myocyte could be responsible for thickening
or dilation of the ventricle wall by adding sarcomeres in parallel or in series, respectively,
in an attempt to change the stress experienced by the cell [11], [18].

Biomechanical models are useful for predicting disease development [19] and
evaluating surgical outcomes [20]-[22]. Because of its impact and prevalence, improving
understanding of cardiovascular mechanics will enable the creation of better, clinically
relevant models for cardiovascular disease to improve patient outcomes and guide

treatment.

1.2 Considerations for studying cardiovascular tissue and single cell
biomechanics

Cardiovascular tissues must adapt to perturbations in their mechanical environment
in order to maintain tissue integrity and functionality [23]. However, the exact mechanisms
by which cells and tissues sense and adapt to their surrounding mechanical environment
are not fully understood. Vascular smooth muscle cells in the arterial wall and cardiac
myocytes in the heart play important roles in tissue function and remodeling as they are
the primary force generating cell types in their respective tissue and are sensitive to

mechanical stimuli. Mechanical stimuli, such as substrate stiffness and shape, influence
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cell function, which alters function on the tissue scale. In cardiac myocytes, cell shape
influences calcium signaling and fiber alignment [14]-[16] and static strains alter stretch-
activated ion channels [17] and cause remodeling by sarcomere addition [24], [25].

Biomechanical models can be used to understand and predict how tissues will
respond and adapt to mechanical stimuli. Common frameworks for modeling tissue level
mechanical properties, such as the constrained mixture model, require mechanical
descriptions of each individual component within the tissue to create predictive models
[26]. In order to formulate predictive models of behavior for the cardiovascular system, it
is imperative that the biomechanical response of these cells be characterized.

Single-cell biomechanical properties can be examined in a variety of ways such as
atomic force microscopy [27], [28], carbon fiber cantilevers [29]-[32], PDMS micropillar
array detectors (WPADs)[33], [34], and magnetic twisting cytometry[35], [36]. However,
some methods for measuring cellular mechanical properties are typically limited to
describing isotropic, linear moduli at small strains [37]. These methods have improved
understanding of cellular mechanics; however, they are best suited reporting bulk moduli
for isotropic descriptions of the cell and typically fail to account for the structural
anisotropy of the cellular cytoarchitecture in whole cell mechanical descriptions. Many
cells have highly organized cytoskeletal architectures indicating potentially important
anisotropic contributions to their mechanobiology that must be included in a full
description of cellular mechanical properties. On the tissue scale, the orientation of fibrous
matrices confers many biological tissues with anisotropic mechanical properties [38]. In
vitro tissue models, like muscular thin films demonstrate that cellular architecture
influences cell functional contractility in smooth muscle [39]-[41], cardiac [39], [42], and

3



skeletal muscle [43] cells, suggesting that anisotropic descriptions of cell properties are
needed.

Cellular microbiaxial stretching (CuBS) was developed to measure the anisotropic
mechanical properties of cells by performing biaxial mechanical tests on single cells
micropatterned with in vivo like geometries to account for cytoskeletal organization [44].
Using CuBS, we are able to probe the force-feedback relationship in single cells by
simultaneously applying controlled deformations to single cells and measuring the
resulting changes in cell stress. CuBS utilizes traction force microscopy to quantify traction
stresses of cells during stretch. CuBS is advantageous because it allows the measurement
of anisotropic cell stress while controlling cell geometry, substrate mechanics, and applied
strains.

1.3  Significance

Cells, like tissues, have complex anisotropic mechanical properties that evolve
during mechanotransduction and mechanoadaptation. Studying the mechanical properties
of cells is important for understanding the biomechanics of tissues and formulating
predictive mechanical models of tissues. There is a need to understand how changes in the
mechanical environment of cells influence cell function. Evaluating how the stress and
contractility of single cells evolves under complex loading conditions is difficult to study,
and current studies have yet to capture the full mechanical properties and mechano-
adaptive behavior of single cardiovascular cells. Because of the unique combination of
tunable parameters, the CuBS assay allows for novel measurements of cellular mechanics
and mechanoadaptation. Here, I use CuBS to simultaneously measure the anisotropic stress
and cytoskeletal organization of cardiac myocytes exposed to complex loads to

4



characterize their dynamic mechanical properties while also using measurements of their
cytoskeletal architecture to create simple, biologically relevant mechanical models of their
behavior. Taken together the findings presented in this thesis provide a clearer
understanding of the single cell mechanical response to applied deformations. This has
important implications for understanding cellular mechanoadaptation and may ultimately
lead to better understanding of the nonlinear mechanical properties of cardiac myocytes
necessary for creating constitutive models of cellular mechanics and growth and

remodeling.



Chapter 2.  Large-Deformation Strain Energy Density Function for Vascular

Smooth Muscle Cells

This chapter contains material published in the Journal of Biomechanics and is reproduced
with permission from reference [45]. Rothermel, T.M., Win, Z. and Alford, P.W., 2020.
Large-deformation strain energy density function for vascular smooth muscle

cells. Journal of Biomechanics, 111, p.110005.

2.1 Summary

Vascular tissue exhibits marked mechanical nonlinearity when exposed to large strains.
Vascular smooth muscle cells (VSMCs) are the most prevalent cell type in the artery wall,
but it is unclear how much of the vessel nonlinearity is attributable to VSMCs. Here, we
used cellular microbiaxial stretching (CuBS) to measure the large-strain mechanical
properties of individual VSMCs. We find that the mechanical properties of VSMCs with
native-like architectures are highly anisotropic, due to their highly aligned actomyosin
cytoskeletons, and that inhibition of actomyosin contraction with rho-associated kinase
inhibitor HA-1077 results in nearly isotropic material properties. We further find that when
VSMCS are exposed to large strains (up to 60% stretch), the cells’ stress-strain behavior is
surprisingly linear. Finally, we modified a previously published Holzapfel-Gasser-Ogden
type strain energy density function to characterize individual VSMCs, to account for the
observed large-deformation linearity. These data have important implications in the

development of models of vascular mechanics and mechanobiology.



2.2 Introduction

Arteries exist in dynamic mechanical environments, necessitating active
contraction and dilation to regulate blood flow dynamics [46], [47]. Changes in the
mechanical environment, such as those experienced in vascular pathologies, induce arteries
to remodel, altering vessel mechanical properties [48], which in turn can impact cell
behavior [49]. A better understanding of arterial response to mechanical stimuli will help
inform better models of disease progression.

Acrteries have nonlinear mechanical properties, with stiffness typically increasing
with increasing strain [50]-[52]. An artery has three primary layers comprised of three
main components: cells, collagen, and elastin. The mechanical response of an artery is
dependent on the collective behavior of these layers and components [53]-[55]. A common
method for modeling artery mechanics, growth, and remodeling, is the constrained mixture
model, which accounts for contributions of individual constituents [26], [56]-[58]. Since
each component is treated separately, it is important to determine the mechanical properties
of each of the components of the vessel.

Vascular smooth muscle cells (VSMCs) are the most prevalent cells in the arterial
wall. VSMCs wrap circumferentially around the vessel and typically have an elongated
spindle shape [59]. VSMCs are responsible for maintaining physiological function of the
vessels [47] and can undergo strains of up to ~15% per cardiac cycle [60]. VSMCs respond
to mechanical cues, which influence cellular functions such as protein synthesis [61], focal
adhesion formation [62], and cytoskeletal organization [62].

Cells have complex, temporally-dynamic mechanical properties and are often
characterized as viscoelastic materials because they display hysteresis, creep, and stress
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relaxation behaviors similar to viscoelastic materials [63], [64]. Cellular mechano-
adaptation via actomyosin contraction [65] and remodeling [66] has also been observed.
Current methods for measuring cellular mechanical properties include atomic force
microscopy [67], [68] and magnetic twisting cytometry [69], [70]. These methods are best
suited for describing linear isotropic cellular properties. In vivo, however, cells likely have
anisotropic mechanical properties due to anisotropic organization of the cytoskeleton.
Cellular microbiaxial stretching (CuBS) has been developed as a method to measure the
nonlinear anisotropic mechanical properties of single cells [44].

Recently, we have shown that under relatively small strains, the stress-strain
behavior of VSMCs can be described by a Holzapfel-Gasser-Ogden (HGO) type strain
energy density function [44]. However, whole-vessel mechanical properties are notably
nonlinear at larger strains, and large deformation studies up to 60-70% applied strain are
used to investigate and characterize their mechanical properties. It is unknown whether
VSMCs are similarly nonlinear at large strains. Here, we use CuBS to measure the large-
strain anisotropic mechanical properties of individual VSMCs. We find that the mechanical
response of VSMCs is consistent with previous anisotropic descriptions, and is surprisingly
linear even at large deformations.

2.3  Methods
2.3.1 CpuBS Substrates Preparation.

Micropatterned CuBS substrates (Fig. 2.1(a-c)) were prepared as previously
described [44]. Briefly, fluorescent bead-doped polyacrylamide (PA) gels with an elastic
modulus of 13.5 kPa were adhered on top of elastic PDMS membranes fixed between metal
brackets under slight tension (Fig. 2.1(a-b)). PDMS stamps with arrays of 4000 pm?

8



rectangles of aspect ratio of two (AR2) (91um x 44 um) were fabricated using standard
photolithography techniques. The stamps were used to microcontact print rectangular

patterns of human fibronectin onto a glass coverslip which were then transferred to the PA

gel (Fig. 2.1(c)).
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Figure 2.1. CuBS apparatus and methods for measuring cell stress.

(a) CuBS device and substrates mounted on the microscope. (b) Schematic representation of CuBS. (c)
Schematic representation of the cells micropatterned on the substrate. (d) Schematic representation of the
cells and substrates during axial stretch (parallel to the long axis of the cell) and transverse stretch
(perpendicular to the long axis of the cell). (e) Applied stretch (Ax or Ay) for one stretch cycle. (f) Applied

stretch versus measured substrate stretch.



2.3.2 Cell Culture.

Human umbilical artery VSMCs (Lonza) were obtained at passage 3 and cultured
at 37 C and 5% CO; in growth media composed of Medium 199 (GenDEPOT, Baker, TX),
10% FBS (Gibco, Grand Island, NY), 10 mM 4-(2-hydroxyethyl)-1-
piperazineethanesulfonic acid (Gibco), 3.5 g/L glucose (Sigma-Aldrich, St. Louis, MO),
2mg/L vitamin B12 (Sigma-Aldrich), 50 U/mL penicillin-streptomycin (Gibco), 1%
minimal essential medium nonessential amino acids (Gibco), and 2mM L-glutamine
(Gibco). Cells between passage 5 and 7 were used for experiments. Cells were seeded onto
the micropatterned CuBS substrates at a density of ~30 cells/mm?. The cells were allowed
to adhere to the micropatterned fibronectin islands for 24 hours and then serum starved,
using the same growth media formula above, but without the FBS, for 24-48 hours before
conducting CuBS experiments. Experiments were conducted in Tyrode’s solution at 37 °C.
2.3.3 Large Deformation Uniaxial Testing.

VSMCs were stretched either axially (parallel with the long axis of the cell) or
transversely (parallel with the short axis of the cell) (Fig. 2.1(d)). The stretching protocol

began with a priming stretch to the maximum stretch ratio A=1.65, where A =

deformed length

, to eliminate any slippage between the membrane and the bracket,

undeformed length
followed by a second stretch to locate cell positions in the deformed state. The experimental
stretch was then performed by increasing the stretch ratio in step-wise increments of 0.05
at stretch rate 0.005/sec from 1.0 to 1.65 applied stretch ratio. The CuBS device allows for
near strip biaxial testing, with deformations perpendicular to the stretch direction ~15% of
those in the stretch direction. The substrates were held at each position for 2 min to acquire

bright field images of the cell and fluorescent images of the cell deformed bead layer. After
10



reaching the maximum applied stretch ratio, the constructs were then unloaded by stretch
increments of 0.05 at the same rate and held at each position for 2 min for image acquisition
(Fig. 2.1(e)). Once the substrate returned to its initial configuration, the cells were lysed
with a 0.5% sodium dodecyl sulfate (SDS) solution and an identical stretching protocol
was applied to capture cell-free images, providing the undeformed reference configuration
of the fluorescent bead layer. To determine the passive properties of the cell, a saturating
dosage of 100 uM of Rho-associated kinase (ROCK) inhibitor HA-1077 was added to the
cells for 1 hour prior to stretching to induce relaxation. HA-1077 inhibits actomyosin
contractility and has previously been shown to eliminate nearly all tension in the cell at this
concentration [71]-[73]. After treatment, the same stretching protocol was used and images
were acquired at each deformed position. The substrate stretch ratio was measured via
brightfield imaging and compared to the applied stretch ratio (Fig. 2.1(f)).

2.3.4 Cell Stress Analysis.

A particle image velocimetry (PIV) algorithm was used to find the cell-induced
bead displacement between the with- and without-cell images of the fluorescent bead layer
at each deformed position (Fig. 2.2(a)). Traction stress vector fields were determined from
bead displacements using an unconstrained Fourier transform traction cytometry algorithm
(regularization factor: 1E-9, Poisson’s ratio: 0.5) [74]. The force field was composed of
substrate traction force vectors defined by T"a™ where T" = T'e, + T)'e,, is the traction
vector acting on area a™ and e; is the unit vector in the i direction (Fig. 2.2(b)). Forces are
balanced at the interface between substrate tractions and cell forces (f™), such that f* =
firex + fyle, = —Ti'a"e, + —Tja"e,. Forces oriented away from the center of the cell

were denoted as tensile (positive). The total tensile force was givenas 2f, = X, firre /|
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and 2f, = X, fi'ry/|nt|. where r, = e, + ;e is the vector that described the
location of n with respect to the cell center. The first Piola-Kirchhoff (PK1) stresses,
represented by P, = (f,/A,) and P, = (fy/Ay), was calculated at the midplane of the cell
using the total tensile force and the undeformed cross sectional area of the cell (Fig. 2.2(c)).
The cross sectional areas were measured in a previous study to be A, = 99 um? and A=

199 um?[44].
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Figure 2.2. VSMC cell stress calculations.

(a) Cell and substrate deformation pre-stretch (A=1) and stretched (A>1) showing cell-induced
substrate displacement of the polyacrylamide gel at both positions, (b) substrate surface traction stress
T™ acting on area a™ (top) and the cell force f™ at position ™ relative to the center of the cell, (c) free

body diagrams for whole-cell equilibrium (left), schematic of the cross sectional planes bisecting the
cell (middle-left), cross sectional area along the bisecting plane (middle-right), and the free body

diagram describing the midplane stress (right).

2.3.5 Cell Architecture Analysis.
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Micropatterned VSMCs were incubated in serum-free media with 1 uM SIR actin
and 1 uM verapamil (Spirochrome) for 1 hr to fluorescently stain F-actin fibers. Constructs

were placed in Tyrode’s solution and were stretched as described above. At each step,

—

Orientation Order Parameter 2

(@) Axial Stretch Transverse Stretch
Strain Loading Unloading Loading Unloading

(==

Axial Stretch

]

000 000 9
whroo N ®©

15%

T T T T T T T
0 10 20 30 40 50 60
Applied Strain (%)

—

Orientation Order Parameter @

Transverse Stretch

‘Wﬁ%

0 0 40 60
Applied Strain [%]

e loading *® unloading

30%

45%

wh oo N®©

60%

®) Axia'_l §tr$tch Transverse Stretch

0.05 7 — 0%
8 — 15% | /') 0.05 § .53
g 0.04 30%' ! 0.04 g :
3 45% {1 003 = g ‘
8 0.03 1 —60%"' |} ' 8 ! 0.02 .
= i 0.02 = :
g 0.02 - ! 0.01 S \ | 0.01
€ 0.01 - 80 85 90 95100  E 80 85 90 95100
o o
z P

0.00 A et

0 45 90 135 180 0 45 90 135 180

Angle Angle

Figure 2.3. Actin architecture during stretching.

() Representative SIR-actin imaging of VSMCs during loading and unloading. (b) Actin alignment
increases during axial loading, inset: peaks of alignment data. (c) Actin alignment decreases during
transverse loading, inset: peaks of alignment data. (d) Orientation order parameter (OOP) during axial
loading (black) and unloading (red). (¢) OOP during transverse loading (black) and unloading (red). (n=8
for axial stretching and n=2 for transverse stretching) (mean +/- standard deviation)

fluorescent images of the F-actin fibers in the cytoskeleton of the VSMCs were acquired
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(Fig. 2.3(a)). A custom Matlab script was used to threshold the images to identify F-actin
fibers. The orientation of the fibers was determined using a ridge-detection algorithm [73],
[75], [76]. Circular statistics [77] were used to determine the orientation order parameter
(OOP), which quantifies actin fiber alignment on a scale ranging from 0 to 1 where 0 is
completely isotropic and 1 is completely anisotropic.
2.3.6 Planar Strain Energy Density Function Determination.

Cells were treated as anisotropic and incompressible uniform materials undergoing
planar deformation. The deformation of the cell was assumed to be in the principal

orientation, and the deformation gradient tensor is given by F = diag[A,, A,,A,] where A,

is the stretch ratio in the i direction. The first Piola-Kirchhoff stress in the i direction (Pi)

is given by P; = d‘f_

- —% , Where W is the strain energy density of the cell and p is the

Lagrange multiplier given by p = }‘ZzTW when P, = 0.

The cell was assumed to be composed of pre-stressed actomyosin fibers in an
isotropic matrix with shear modulus p,,,. The fiber stiffness is characterized by parameter
Cr and the stress-free shortening that the fiber would undergo if unconstrained is given by
Aq. Fiber orientation was given by the measured orientation probability density in the x-y
plane with an assumed Gaussian distribution out of the x-y plane. A structure tensor given
by H = a;;e;e; was used to characterize the fiber orientations [78].

As previously described [44], [78], fiber orientation was given by the M(@, ®) =
sin O cos @e, + sin O sin e, + cos Oe, unit vector where @ and & are Eulerian angles
with respect to the z and x axes, respectively, and e; is the unit vector in the i direction.
The density function is normalized so that
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H = a;je;ej = %pr(M(Q,CD))M(QxD)M(@,(D) dw 2)

The actin fiber tensor values, reported previously [44], for AR2 VSMCs were used for all

experiments. The resulting actin fiber components were a,, = 0.846, a,, = 0.126, and,

a,, = 0.028. Two forms of the strain energy density function were considered. The first

[44] gives fiber stress as quadratic with stretch and is given by

U
W=7m(/1§+z§+zg—3)

Gl A 1\ e\
G, (% Ay AN
T <“xx (Aa) Ty </1a) Tz (Aa) 1)

In this text, this strain energy density function is denoted as the quadratic fiber model. The

@)

second giveS fiber stress as linear with stretch and is given by
U C A A A 2
m f X y z
w = 7(1326 + Agl + ﬂ; - 3) + Z(axx (Z) + ay, (Z) t az; (Z) - 1) 4)

In this text, this strain energy density function is denoted as the linear fiber model.

The parameters u,,, Cr, 1, Were fit to the SED functions described by minimizing

the sum of squared error (S) for all measured values of P, and P,, given by

2
S = Z <P] mod;l - P] experiment> (5)
j experiment

where j=x or y.
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2.4 Results
2.4.1 F-Actin is realigned during large deformation stretching, but not plastically
deformed.

We first asked whether large-deformation stretching acutely alters VSMC
cytoskeleton organization. To measure actin organization, we stained F-actin with
fluorescent SIR actin and analyzed the cytoskeletal structure as the cell underwent the
large-deformation stretching protocol (Fig. 2.3(a)). When the cells were stretched axially,
we observed an increase in the fraction of fibers aligned axially at large strains (Fig. 2.3(b)).
Conversely, when the cells were stretched transversely, there was a decrease in fiber axial
alignment with increasing stretch (Fig. 2.3(c)). The OOP was determined to quantify
alignment during both loading and unloading. The OOP was consistent with the alignment
distribution data for both axial loading (increasing with stretch) and transverse loading
(decreasing with stretch). The OOP was nearly identical for loading and unloading
suggesting that the actin fibers do not plastically deform or remodel during large-
deformation loading (Fig. 2.3(d-e)).

2.4.2 VSMC stress-strain relationship is anisotropic.

Next, we asked how cell stress changes with large-deformation stretching. The
CuBS device was used to deform micropatterned VSMCs, while concurrently measuring
the traction forces exerted by the cells on the underlying substrate (Fig. 2.4(a)). Consistent
with previous studies of cells micropatterned with elongated architectures [44], [79], [80],
we found that the tractions were largely concentrated at the axial ends of the cells and the
corners of the micropatterns (Fig. 2.4(a)). Using the geometry and the traction forces we
calculated mid-plane stresses (Fig. 2.4(b)).
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The cells were stretched uni-axially in either the axial (parallel to the long axis of
the cell) or transverse (parallel to the short axis of the cell) directions up to a stretch ratio
of A=1.6. When undergoing the axial stretch (Fig. 2.5(a)), the axial stress (Px) increased
with increasing stretch during loading and decreased during unloading (Fig. 2.5(b)). There
was a lower initial transverse stress (Py), which increased with loading and returned to the
initial stress after unloading (Fig. 2.5(c)), but the increase was less than that seen in Px. The

stresses were greater during loading than unloading. This hysteresis is consistent with
(a) (b)
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Figure 2.4. CuBS microscopy for a representative VSMC.

() Representative bright field images of a cell undergoing axial stretching (left column with dotted black
line outlining the cell) and heat maps of the corresponding traction stress fields (right column). (b) Axial
first Piola-Kirchhoff stress (Px) for the representative cell during axial stretching during loading (black) and
unloading (red). (c) Transverse first Piola-Kirchhoff stress (Py) for the representative cell during axial

stretching during loading (black) and unloading (red).
cytoskeletal relaxation during elongation of the cell and contraction during shortening [71].

When undergoing transverse stretching (Fig. 2.5(d)), Px increased during loading, but the

increase was substantially less than was observed in axial loading (Fig. 2.5(e)). Py also
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increased with loading, though less than Py, and both stresses decreased during unloading
(Fig. 2.5(f)). Little hysteresis was observed during transverse stretching compared to axial
stretching. These data demonstrate that VSMCs with in vivo-like architecture are
anisotropic under large deformations.
2.4.3 VSMC stress anisotropy is primarily due to the actomyosin cytoskeleton.

To investigate potential contributions of actomyosin to VSMC stress, actomyosin

contractility was blocked with ROCK inhibitor HA-1077 and the same stretching protocol
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Figure 2.6. CuBS mlCI‘OSCO[Ily for a representative passivated VSMC. .
stretch ratios A=1 and A=1.6. (b-c) First Piola-Kirchhoff stresses, (b)pPX and (c) Py, for VSMCs during

(a? Representative bright field images of a cell undergoing axial stretching (left column with dotted black
oading (black) and unloading (red) corresponding to measured stretch ratios (n=9). (d-f) Transversely

line outlining the cell) and heat maps of the corresponding traction stress fields (right column). (b) Axial
stretched VSMC:s. (d) Brightfield images of a representative cell undergoing transverse loading at stretch

first Piola-Kirchhoff stress éPx) for the representative cell during axial stretching during loading (black)
ratios A=1 and A=1.6. (e-f) First Piola-Kirchhoff stresses, (e) Px and (f) Py, for VSMCs during transverse

and unloading (red). (c) Transverse first Piola-Kirchhoff stress (Py) for the representative cell during axial
loading (black) and unloading (red) corresponding to measured stretch ratios (n=8). (all plots: mean +/-

stretching during loading (black) and unloading (red).
standard deviation)
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Figure 2.7. Strip biaxial tests of VSMCs with HA-1077 inhibited actomyosin complexes.

(a-b) Axially stretched VSMCs. First Piola-Kirchhoff stresses, (a) Px and (b) Py, during loading (black) and
unloading (red) corresponding to measured stretch ratios (n=11). (c-d) Transversely stretched VSMCs.
First Piola-Kirchhoff stresses, (c) Px and (d) Py, during loading (black) and unloading (red) corresponding
to measured stretch ratios (n=8). (all plots: mean +/- standard deviation)
was applied (Fig. 2.6(a-c)). The passive cells exerted very low stress both before and during
stretching, relative to the active cells (Fig. 2.7(a-d)). Passive cell stiffness was similarly
low, relative to active cells. Notably, these passive data appear more isotropic than the
active data. The stresses in the direction of stretch (Px for axial and Py for transverse) both
increased slightly with stretch to approximately the same magnitude (Fig. 2.7(a and d)).
The stresses in the off-stretch direction (Py for axial and Px for transverse) also increased

slightly with stretch, though less than in the direction of stretch (Fig. 2.7(b and c)). These
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data suggest that cytoskeletal actomyosin is the primary contributor to cell stiffness and
material anisotropy under large deformation.
2.4.4 VSMC stress-strain behavior can be described by a linear fiber model.
Finally, we aimed to develop a model for characterizing the large-deformation
mechanical properties of VSMCs by determining the strain-energy density function. In a
previous study [44], we characterized the relatively small-strain (up to A=1.20) strain
energy density function of VSMCs, using a model that included a neo-Hookean bulk term
and pre-strained actomyosin fibers whose stress varies quadratically with fiber strain

(quadratic fiber model) (Eq. 4). That model, with the previously determined parameters
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(«=0.5 kPa, A, =0.8, and Cf=11.8 kPa), fit our axial data well for small stretch ratios, but
for stretch ratios greater than 1.20, the model diverged from our measured data (Fig. 2.8(a-

d)). For this model, the sum of squared error S for all data, was 14.85.
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Figure 2.8. HGO model fits to experimental data.
(a-b) Axial stretch data and model predictions for (a) axial stress, Px, and (b) transverse stress, Py. (c-d)
Transverse stretch data and model predictions for (c) axial stress, Py, and (d) transverse stress, Py. All plots:
experimental data (grey, mean +/- standard deviation), quadratic fiber model with original parameters (red),

quadratic fiber model with new parameters (green), linear fiber model (black).
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Next, we fit the same quadratic fiber model to our large-deformation data with the
best fit parameters («=1.4 kPa, A, =0.8, and C+=6 kPa). The quadratic fiber model with the
new parameters fit better (S = 4.93), but the concavity of the model curve did not replicate
the measured data.

Finally, we refined the model so that the fiber stress was linearly related to fiber
stretch (linear fiber model) (Eg. 5). This model («=0.8 kPa, A, =0.8, and Ct=59.6 kPa) fit
the data significantly better than the quadratic fiber model (S = 3.07). These data
demonstrate that the mechanical properties of single VSMCs with in vivo-like architecture
deformed at relatively slow strain rates are linear at large deformations.

2.5  Discussion

A standard method for quantifying the mechanical properties of soft tissues is to
perform biaxial stretching experiments [81]-[83]. These tests are typically done to large
strains so that the full mechanical properties and nonlinearity of the tissue can be examined
[55], [84]. These tissue properties are needed to develop computational models of tissue
growth and remodeling [57] and disease progression [85], and to simulate surgical
intervention [86], [87]. A common modeling technique used in these simulations on the
tissue-scale is the constrained mixture model, which requires the mechanical properties of
each component to be described, including VSMCs. In addition, VSMC loading influences
VSMC function, suggesting that cellular stress is a key contributor to tissue maintenance
[88]. So, here we expand our previous study [44] to examine large deformation mechanical
properties of VSMCs. Our large-deformation CuBS measurements demonstrated three key
characteristics of VSMCs with native-like architecture: they are highly anisotropic, display
significant hysteresis, and are surprisingly linear even when exposed to large strains.
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We found that VSMCs with an in vivo-like elongated architecture have anisotropic
cytoskeletal organization and mechanical properties. In vivo, many cells have highly
organized and anisotropic structure [18], [59]. This in vivo anisotropy has been replicated
in vitro using micropatterning in a wide range of cell types [14], [72], [89], [90] to
demonstrate the role of architecture in cellular functions such as migration [89], [91],
contractility [15], [42], [73], and focal adhesion formation [92]. This anisotropic
cytoskeletal architecture also influences the location of cell generated tractions. In cells
with elongated geometries, thicker bundles of actin run primarily parallel to periphery of
the cell and corner-to-corner through the middle of the cell [93], [94]. As a result, the cell
tractions are largely concentrated at the axial ends and corners of the micropatterned
VSMCs, as seen in previous studies of micropatterned cells [44], [79], [80]. This
nonuniform traction distribution results in axial stresses (P,) being much larger than
transverse stress (P,), even prior to any stretching. When the cell is stretched, the degree
of cytoskeletal anisotropy increases with increasing stretch, as the fibers reorient with
greater alignment. These findings are consistent with studies in reconstituted actomyosin
networks [95], as well as in other non-patterned cells [96], [97].

In this study, we focused on the influence of actomyosin architecture on VSMC
mechanics. It should be noted that other cytoskeletal elements could contribute to the
observed mechanical behavior. In our small strain studies, we found that depolymerization
of microtubules did not significantly alter small strain VSMC mechanics [44]. However,
intermediate filaments play key roles in maintaining the mechanical integrity of the cell
and protecting cells from mechanical stress [98]-[101] and cannot be fully decoupled from

the actomyosin mechanics via the methods used here. We found that mechanical anisotropy
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of micropatterned VSMCs strongly correlates with actomyosin architecture and inhibition
of actomyosin contractility eliminated nearly all tension within the cell. Interestingly, in
cells in which contraction was inhibited, the mechanical properties were isotropic, further
supporting the conclusion that cytoskeletal organization is a primary mediator of
mechanical anisotropy.

Cellular hysteresis, measured by atomic force microscopy, has been observed in
embryonic stem cells [102], skeletal muscle cells [63], and neurons [103]. Here, we
observed hysteresis in our loading-unloading cell stress data. Notably, even with large
deformations, we did not observe any structural reorganization of the cytoskeleton,
suggesting that we are not plastically deforming the cell. The observed hysteresis may be
due to cell viscoelasticity [104], [105], active contraction and relaxation [71], or
remodeling [66]. For the uni-axial properties analyzed in this study, we characterized only
the loading portion of the stress-strain curves, and ignored the viscoelastic or contractile
effects on hysteresis.

In a previous study, we used CuBS to characterize a strain energy density function
for relatively small deformations [44]. Here we expanded that work to measure and
characterize large deformations, up to stretch ratios of A=1.6. Under the large deformation
conditions reported here, the previously described quadratic fiber model did not fit the data,
necessitating the development of a new model. The linear fiber model fit the data better
over the whole range of stretch ratios. This is notably different from models of the whole
artery which are nonlinear and strain-stiffening [55], consistent with models of
extracellular matrix components such as collagen networks [106], [107]. These data
suggest that VSMCs, unlike whole arteries and collagen, do not display non-linear
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mechanical properties even at large strains and that linear models can provide a good
approximation of their mechanical properties.

While the linear fiber model best fits our experimental data, it is clear that neither
the quadratic nor the linear model exactly replicates the experiments. None of the elastic
models presented can replicate the hysteresis measured experimentally. And, even our best
model fails to replicate the stresses perpendicular to the direction of stretch (see Fig 8 b,
c). This is most likely because these passive models do not consider dynamic cellular
processes that are occurring during stretching. In a previous study, we found that
incorporating active Hill-type contraction and relaxation of actomyosin fibers results in a
better model fit with small-strain CuBS experiments [71]. For example, that model predicts
that axial fibers will contract during transverse stretching so that P, increases. This
phenomenon was observed experimentally here, but not captured by our passive models
(see Fig 8c). Other models that consider cytoskeletal dynamics [108] and focal adhesion
remodeling [109] might also better replicate the experiments. These dynamic processes are
likely of particular importance when describing high-strain rate-dependent material
properties of the cells. Here, we used relatively low strain rates to approximate the quasi-
static deformation appropriate for measuring the strain energy density function. However,
in vivo strain rates for arteries are reported between 0.25-3%/s [110], [111], suggesting that
quasi-static properties may not be sufficient in all clinically relevant models. Further
development of dynamic models and further studies of strain rate dependent cellular
properties are both warranted to develop a better understanding of vascular cell mechanics.

These results have important implications in modeling of mechanobiology. VSMCs
are known to alter their function in response to chronic deformation [112]-[114] and
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altered extracellular material properties [41], [62]. This altered function can subsequently
lead to VSMC induced remodeling of extracellular mechanics [115], [116]. Models of
mechano-adaptation often assume cell stress is a primary driver of growth and remodeling
phenomena. The results presented here are a key step toward connecting measurable cell

stresses to these models.
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Chapter 3. Anisotropic Mechanics of Vascular Smooth Muscle Cells Exposed to

Dynamic Loads

This chapter contains material published in the Journal of Biomechanical Engineering and
is reproduced with permission from reference [117]. Rothermel, T.M., Franczek, I.A. and
Alford, P.W., 2021. Anisotropic mechanics of vascular smooth muscle cells exposed to

dynamic loads. Journal of biomechanical engineering, 143(12), p.121007.

3.1 Summary

Vascular smooth muscle cells (VSMCs) are the most prevalent cells in the arterial wall. In
vivo, arteries are exposed to dynamic biaxial loads, thus when characterizing VSMC
mechanics it is important to determine their anisotropic and time-dependent mechanical
properties. Here, we use cellular microbiaxial stretching (CuBS) to apply complex
deformations to single micropatterned VSMCs and measure the resulting changes in cell
stress. Previously, CuBS has been used to measure VSMC mechanical properties in
response to extensional strain. Here, we measure changes in cell stress in response to both
extension and compression. Additionally, we measure immediate temporal changes in
stress in response to cyclically applied deformations. We find that the VSMCs display clear
hysteresis when incrementally stretched and compressed and demonstrate cycle-dependent
stress-relaxation when exposed to cyclic step change extension and compression. Finally,
we demonstrate that a Hill-type active fiber model is capable of replicating all observed
hysteresis and cycle-dependent stress-relaxation, suggesting that the temporal stress-strain
behavior of the cell is regulated by acto-myosin contraction and relaxation, rather than
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passive viscoelasticity. This study improves upon previous studies of cellular mechanical
properties by considering cellular architecture and more complex deformations when
measuring the time-dependent mechanical properties of VSMCs. These findings have
important implications for modeling in mechanobiology as VSMCs are mechanosensitive
and actively respond to changes in their mechanical environment to maintain vascular

function.

3.2 Introduction

Avrteries are exposed to constant mechanical loading, experiencing cyclic strains of
2-15% per cardiac cycle as a result of normal blood pressure [53], [60], [118], with even
larger strains possible in pathologies such as hypertension. In this dynamic mechanical
environment, vascular smooth muscle cells (VSMCs), the most prevalent cell type in the
arterial wall, are responsible for maintaining physiological function of the vessels via
vasoconstriction and dilation [47]. Mechanical stimuli such as extracellular substrate
stiffness and applied strains influence VSMC functions such as protein synthesis, focal
adhesion formation, and cytoskeletal organization [41], [61], [62], [119], [120]. Cyclic
loading is of particular relevance to VSMCs because of the pulsatile nature of in vivo
loading. Cyclic stretching has been shown to affect alignment, migration, and protein
synthesis in VSMCs [112], [114], [121]-[123]. Because VSMCs are sensitive to their
mechanical environment and imposed mechanical loads influence cellular behavior, it is
important that the response of VSMCs to mechanical loads is fully characterized.

Cells have relatively complex, temporally-dynamic mechanical properties and are
typically characterized as viscoelastic [64], [105], [124]-[131] because they display

hysteresis [63], [132], creep [131], [133], [134], and stress relaxation [135]-[137]
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behaviors. Previous studies have utilized techniques such as magnetic bead cytometry [69],
[70], [138] and atomic force microscopy [67], [68], [139] to investigate time dependent
cellular mechanical properties. These methods are best for describing linear, isotropic
mechanical properties and do not account for the structural anisotropy of the cell. In vivo,
VSMCs are wrapped circumferentially around the blood vessel and have an elongated
spindle-shaped architecture [59]. In VSMCs with this elongated architecture, the
cytoskeleton is highly anisotropic, with acto-myosin stress fibers aligned parallel to the
long axis of the cell. Thus, to characterize VSMC mechanics, it is important to determine
their anisotropic properties.

We recently developed cellular microbiaxial stretching (CuBS) as a tool to measure
single-cell mechanical properties under complex loads while accounting for structural
anisotropy in micropatterned cells [44]. In prior studies, we have measured the strain
energy density function of VSMCs under relatively small [44] and large strains [45].
Additionally, we found that VSMCs with in vivo like geometry display direction-
dependent hysteresis, which can be described using a Hill-type active fiber model [71].
Here, we build on these previous studies, using CuBS to measure the anisotropic
mechanical properties of VSMCs exposed to incremental and cyclic loads and model the
stress-strain behavior using a Hill-type active fiber model. We find that VSMCs are
anisotropic in both tension and compression, display hysteresis when stretched and
compressed, and undergo stress relaxation in response to cyclic step changes in strain. We
further find that the Hill-type active fiber model is able to recapitulate all of these
phenomena. These results have important implications for understanding cell mechanical
function in vascular tissues.
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3.3  Methods
3.3.1 Cellular Microbiaxial Stretching.

The cellular microbiaxial stretching (CuBS) device (Fig. 3.1A) is a custom-built,
microscope mounted device consisting of four independently controlled linear actuators
used to simultaneously apply controlled strains to and image micropatterned cells. CuBS
substrates were prepared as previously described [44]. Briefly, an elastomeric membrane
was clamped between custom metal brackets. Substrates for tension experiments were
placed under slight tension. Substrates for compression experiments were under an
additional 15% strain. A fluorescent bead doped polyacrylamide (PA) gel with a 13.5 kPa
Young’s modulus was bonded to the elastomeric membrane. The PA gel was
micropatterned with 127 pum x 32 pm fibronectin rectangles for cell adhesion, using
standard microcontact printing techniques (Fig. 3.1B). Gel moduli were measured by
performing uniaxial testing using an Instron biaxial stretcher (Tissue Mechanics Lab,
University of Minnesota) on dog-bone shaped gels (~5 mm width, ~5 mm thick, ~50 mm

length).

3.3.2 Cell Culture.

Human umbilical artery vascular smooth muscle cells (VSMCs) (Lonza) were
obtained at passage 3 and cultured in VSMC growth media containing Medium 199
(GenDEPOT, Baker, TX) supplemented with 10% fetal bovine serum (Gibco, Grand
Island, NY), 10 mM HEPES (Gibco), 3.5 g L glucose (Sigma-Aldrich, St. Louis, MO), 2
mg L!vitamin B12 (Sigma-Aldrich), 50 U mL™ penicillin-streptomycin (Gibco), 1x
MEM non-essential amino acids (Gibco), and 2 mM L-glutamine (Gibco). Cells between

passages 5-7 were used for experiments and were seeded onto prepared micropatterned
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substrates at a density of ~25 cells per mm?. Cells were allowed to adhere to the substrates

for 24 hours in an incubator and then serum starved for 24 hours to induce a contractile
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phenotype prior to performing experiments. Experiments were performed at 37 °C and 5%

CO to preserve cell viability.

3.3.3 Stretching Protocols.
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Figure 3.1. Cellular microbiaxial stretcher.

(a) Image of CuBS device mounted in the microscope. (b) Schematic of VSMC micropatterned on PA gel.
(c) Schematics of the five different loads applied to the cell using CuBS: axial extension, transverse
extension, equi-biaxial extension, axial compression, and transverse compression. (d) Comparison between
the applied grip strain and actual measured cell strain using CuBS for uniaxial extension (n = 18), equi-

biaxial extension (n = 10), and uniaxial compression (n=27). Error bars: standard deviation.
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For the experiments presented here, two stretching protocols were used: an
incremental stretching protocol and a cyclic step-change stretching protocol. Experimental
protocols were performed such that cells were either extended (tension) or shortened
(compression) in the direction of stretch. Tensile deformations were applied axially
(membrane stretched parallel to the long axis of the cell and unstretched parallel to the
short axis), transversely (membrane stretched parallel to the short axis of the cell and
unstretched parallel to the long axis), or equi-biaxially (stretch applied in both directions
simultaneously). Compressive deformations were applied axially or transversely (Fig.
3.1C). Due to the constraint of ring containing cell culture media, end-to-end membrane
strain was not identical to the strain applied to the cell. To measure cell strain, the
membrane was stretched over a range of stretch ratios (1) of 1-1.15 and individual cells
were imaged using brightfield microscopy. Cell stretch ratios were determined from the
initial and deformed geometries of the cells. Applied and measured linear strains were
calculated as € = A — 1 (Fig. 3.1D). Measured cell stretch ratios and strains were used for

all calculations and are reported in all figures.

Incremental Stretching Protocol. An initial stretch to the maximum stretch ratio of
A =1.15 for extension or A = 0.85 for compression was performed to locate cell positions
at each deformation and eliminate any slippage in the membrane followed by the loading
and unloading stretches for image acquisition. Deformations were applied in a stepwise
fashion in increments of A1 = +0.05 at a rate of 0.005 s until a maximum of 1 = 1.15
applied stretch ratio for extension and A = 0.85 applied stretch ratio for compression. The
applied strains were then removed in increments of A1 = £0.05 until the cell returned to the

unstretched configuration A = 1.00 (Fig. 3.2A-B). At each increment, the strain was held
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for two minutes to acquire bright field images of the cell and the cell-deformed fluorescent
bead layer at the cell-gel interface. After stretching, the cells were lysed using a 0.1%
sodium dodecyl sulfate (SDS) solution. Cell-free images of the fluorescent bead layer were

then acquired at each increment.

A Unstretched B 1.12

—_ <
10813 & __ Stetch
2 1.081.¢ © ___ Stretcl
) E = & direction
5 1.04 1 — Off-stretch
Axial Extension % direction
2100
«=~> 0 5 10 15
Time [min]
[
[=))
o
i
(v
o
-l
y“é 22 I' e =-r ] Traction Stress
5 5 - 4 - : [kPa]
2 ] g .
9 EE
g« e e T e
D 25 e F 057 o |
a 1
20 W * 0.4 - ¢ ‘.\d-
g15{ @ © g o03le ¢
= 10 {0 :/ 02 Unioay '
> N 3 > U.2 9
o N o 1
5 - o 0.1 - '
1
0 L} L} L) L) 0-0 L] L] L]
1.00 1.04 1.08 1.12 0.98 099 1.00
Stretch Ratio [2.,] Stretch Ratio [hy]

Figure 3.2. Incremental Stretching Protocol.

(a) Schematic of a micropatterned cell undergoing axial extension. (b) The incremental changes in the
measured stretch ratio of the cell over time. (c) Bright field images and corresponding traction stress heat
maps for a representative cell at each deformation. Scale bar: 15 um. (d) First Piola—Kirchhoff stress in the
axial direction during loading and unloading for the representative cell. (e) First Piola—Kirchhoff stress in

the transverse direction during loading and unloading for the representative cell.
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Cyclic Step-Change Stretching Protocol. An initial stretch to the maximum applied
stretch ratio of 4 = 1.15 for extension or 4 = 0.85 for compression was performed to locate
the cell position when in the deformed configuration and eliminate any slippage in the
membrane followed by the cyclic stretches for image acquisition. After the priming stretch,
a bright field image of the cell and an image of the fluorescent bead layer were taken and
used as the initial time point. Deformations were then applied in a square-waveform stretch
with peaks of 2 = 1.00 and 4 = 1.15 for extension or A = 0.85 for compression. Strains were
applied at a rate of 0.005 s and held for three minutes at each deformation. This was
repeated for a total of four cycles (Fig 3A-B). During each stretch, the fluorescent bead
layer was imaged at 1 Hz for the duration of the three minute hold and a single bright field
image of the cell was collected. After four cycles, cells were lysed with 0.1% SDS solution

and cell-free images of the bead layer were acquired.

3.3.4 Cell Stress Analysis.

The cell-induced bead displacement was calculated using a particle image
velocimetry (P1V) algorithm and the cell-attached and cell-free fluorescent bead layer
images. An unconstrained Fourier transform traction cytometry algorithm [74]
(regularization factor: 1E-9, Poisson’s ratio: 0.5) was used to form traction stress vector
fields from the calculated bead displacements. Substrate traction force vectors were defined

by T"a™ where T" = Ty'e, + T)'e,, is the traction vector acting on area a™ and e; is the

unit vector in the i direction. Substrate tractions (Fig. 3.2C, 3.3C) are balanced with cell

forces (f™) at the interface of the cell and the PA gel, such that f* = f"e, + f)'e,, =
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—Tia"e, + —Tj'a™e,,. Forces oriented away from the center of the cell were denoted as

tensile (positive). The total tensile force 2f, = ¥, fi'r*/ It and 2, = ¥, fi'ry/ |l
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Figure 3.3. Cyclic stretch protocol.

(a) Schematic of a micropatterned cell undergoing axial extension. (b) Stretching protocol for cyclic step
change stretching showing step changes in the applied stretch ratio between from the unloaded
configuration (A =1.00) and the loaded configuration (A = 1.15) held for three minutes at each position. (C)
Bright field images of a representative cell at each strain for each cycle and corresponding traction stress
heat maps at the beginning and end of each stretch. Scale bar: 15 um. (d) First Piola—Kirchhoff stress in the
long axis of the cell (Py) for the representative cell during the axial extension cyclic step change protocol.
(e) First Piola—Kirchhoff stress in the short axis of the cell (Py) for the representative cell during the axial

extension cyclic step change protocol. 38



where r, = r'e, + ry'e,, is the vector describing the location of n with respect to the
center of the cell. The first Piola-Kirchhoff (PK1) stresses were calculated at the mid-plane
of the cell using the total tensile force and the undeformed cross-sectional area of the cell.
The PK1 stress in the direction of the long axis of the cell is represented by P, =

(fx/Ay) and the PK1 stress parallel to the short axis of the cell is represented by P, =

(fy/Ay) (Fig. 3.2D-E, 3.3D-E). The cell cross-sectional areas were measured in a previous

study to be A, =78 um? and A,,= 278 um? [44].

3.3.5 Hill-Type Active Fiber Model.

The cell was assumed to undergo isochoric planar biaxial deformation (no shear).
The deformation tensor F = diag[A,, A,, A,] was measured from the observed deformation
of the cell, where A; was the stretch ratio in the i direction (x: parallel to the long axis of
the cell, y: parallel to the short axis of the cell, and z: normal to the surface of the gel).
Previous studies [66] found that the volume of micropatterned VSMCs was unchanged
when stretched, so we assumed 1, = (1,4,)7".

The cell was modeled as discrete one-dimensional, contractile acto-myosin fibers
within an isotropic matrix. When the cell was deformed according to F, each fiber within
the cell is also deformed () according to its orientation within the matrix such that

A} = A% cos? 0 + A3 sin® 6 [1]
The isotropic matrix was treated as neo-Hookean such that the strain energy density

function was described as

W, =50 - 3) 2
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where I; = A% 4+ A3 + A% is the first strain invariant and p is the shear modulus of the
matrix. For a discrete number of fibers (n) the constitutive equation for the strain energy
density for the fiber matrix is
1o\

1%=;Z;§«ﬁ9-4>, §
where Cy is a stiffness parameter and A¢; and A,; are the fiber stretch ratio and active stretch
ratio of the i*" fiber, respectively. Thus, the total strain energy density for the cell is given
as

W =W, + W, [4]

Active contraction of the acto-myosin fibers using the Hill equation for muscular

contraction [140] as we have previously described [71], given by

Aa _ b(P; = Py)

Ao A(Prtag)’ [5]

where Pf is the First Piola-Kirchhoff stress in the direction of fiber orientation, A is the
fiber stretch ratio, P, is the fiber stress at the beginning of the experiment when the cell is
maintaining homeostatic stretch, and a,, and b are constants.

Solution Method. The model was fit to the extension data from the incremental
stretching protocol. A random family of 200 fibers was generated with a von Mises
distribution (k= 32.46) [71] consistent with what has been measured in VSMCs
micropatterned in an elongated architecture. Time for the incremental stretching
experiments was set to 14 minutes. Parameters were fit to the extension incremental

stretching data via least-squares fitting of the experimentally-measured stresses (both P,
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and P, for axial, transverse and equi-biaxial extension) to the mean model predicted

stresses during the holding period at each increment. The parameter range that was

considered was u = 0.5 —11.5 kPa, Cr = 0.25—5.75kPa, A4 = 0.6 —0.75, ag =

0.5 —8 kPa, and b = 0.005 — 0.05. The values for the stretch ratios were taken from a
linear fitting of the measured stretch ratio of the cell. Stretch ratios were A¢tercn =

[1.000, 1.043, 1.086, 1.129] and Ao/ s¢rercn = [1.000,0.992, 0.985, 0.977] for uniaxial

extension, Agiretcn = [1.000,1.042,1.084,1.126] for equi-biaxial extension, and
Astretcn = [1.000,0.958,0.917,0.875] and Ayrf_sereccn = [1.000,1.010,1.021, 1.031]
for uniaxial compression. After parameter optimization, PK1 stresses for all incremental
stretching protocols were determined. Additionally, the same parameters from the
incremental extension fitting were used to calculate the PK1 stress over time during the

cyclic step-change loading protocol.

3.4  Results
3.4.1 VSMCs with elongated geometry are anisotropic and demonstrate hysteresis
under both tensile and compressive loading.

In previous studies, we found that VSMCs have anisotropic mechanical properties
and demonstrate stretch-dependent hysteresis under tensile strains [71]. Here, we first
asked how cell stress changes under complex loading conditions including compressive
strains. We applied incremental step changes in stretch ratio (A4 = £0.05 per step). Applied
strains were either extensional or compressive and aligned parallel to the long axis of the
cell (axial) (Fig. 3.4A(i-ii), 3.4B(i-ii)), the short axis of the cell (transverse) (Fig. 3.4C(i-

i), 3.4D(i-ii)), or both axes (equi-biaxial) (Fig. 3.4E(i-ii)).
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Figure 3.4. Incremental Stretching CuBS Experiments.

Experimental results for cells under (a) axial extension (n=9), (b) axial compression (n=15), (¢)

transverse extension (n=9), (d) transverse compression (n= 12), and () equi-biaxial extension (n=28). For

all panels, (i) schematic of the stretch, (ii) Bright field images of micropatterned VSMC at 0% and 15%

applied strain, (iii) First Piola—Kirchhoff stress in the long axis of the cell (Px) during loading and

unloading, (iv) First Piola—Kirchhoff stress in the short axis of the cell (Py) for loading and unloading. Error

bars: standard deviation. Scale bar: 15 zm.

42



Note: due to the ring adhered to the membrane to hold the media, the uniaxial
deformations are not purely strip biaxial (see Fig. 3.1A, 3.1D). This is reflected in the
results and analyses. Using CuBS, we measured the cell stress at each increment of
deformation. Prior to stretch, stress was greater parallel to the long axis of the cell (axial
stress, Px) than parallel to the short axis of the cell (transverse stress, Py) consistent with

previous studies [44], [45].

Axial Stretching. In cells undergoing the axial extension, Px (Fig. 3.4A(iii))
increased during loading as the cell was stretched and decreased during unloading.
Hysteresis was observed as Px was greater during loading than unloading. Py (Fig. 3.4A(iv))
increased slightly during loading though the change stress was relatively small compared
to Px. When undergoing axial compression, Px (Fig. 3.4B(iii)) decreased during loading as
the cell was compressed and increased during unloading, and hysteresis was observed. Py
(Fig. 3.4B(iv)) also decreased slightly during axial compression, though less than the

change in Px.

Transverse Stretching. In cells undergoing transverse extension, Px (Fig. 3.4C(iii))
decreased slightly as the cell was stretched and was slightly greater during unloading than
loading, and Py (Fig. 3.4C(iv)) remained relatively unchanged during loading and
unloading. Under transverse compression, Px (Fig. 3.4D(iii)) increased slightly as the cell
was compressed and then decreased again with unloading and stresses were slightly greater
during loading than unloading. Py (Fig. 3.4D(iv)) remained relatively unchanged during

compression. Overall, stresses during transverse stretching changed relatively little
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compared to axial stretching, demonstrating that the micropatterned VSMCs are highly

anisotropic.

Equi-Biaxial Stretching. In cells undergoing equi-biaxial extension, Px and Py (Fig.

3.4E(iii-iv)) increased with stretch and decreased when unloaded and there was hysteresis
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Figure 3.5. Hill-type active fiber model fit to incremental stretching results.
Hill-type active fiber model (a) axial extension, (b) axial compression, (c) transverse extension, (d)
transverse compression, and (e) equi-biaxial extension. For each panel, (i): PK1 stress in the long axis of

the cell (Px) during loading and unloading and (ii) PK1 stress in the short axis of the cell (Py) during

loading and unloading.
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where stress was greater during loading than unloading. Consistent with the anisotropic

results above, Px increased more than did Py when stretched.

3.4.2 A Hill-type active fiber model recapitulates anisotropic mechanical behavior
of VSMCS under complex loads.

We have previously used this Hill-type active fiber model to describe VSMC
anisotropic hysteresis under extension. Here, we fit the model using the extension data
from the incremental stretching protocol yielding the following parameters: u = 1.5kPa,
Cr = 3.75kPa, Ay = 0.74, b = 0.02, anda, = 5.5kPa. The model with these parameters
was able to robustly recapitulate the anisotropic mechanical behavior of VSMCs under the
experimental stretching protocol for both tension and compression as well as the observed

hysteresis (Fig. 3.5A-E).

3.4.3 VSMCs demonstrate temporally dynamic stress-strain behavior.

Next, we measured how VSMCs adapt their stresses over a short time in response
to cyclically applied step changes in strain. The cyclic step change loading protocol applied
a stretch ratio of A = 1.15 for extension or A = 0.85 for compression at a rate of 0.005 s,
maintaining the deformation for three minutes, then returning to the original unstretched
configuration for four cycles. In all experiments, VSMCs demonstrated stress relaxation

during each cycle, and cell stress varied with each cycle.

Axial Stretching. When the cell was axially extended, we observed stress relaxation
in Px (Fig. 3.6A(i)) both after the stretch was applied and after the cell was returned to the
unstretched position. This stress relaxation was repeated for each stretching cycle, but Py

decreased with each cycle indicating a cycle-dependency to the cellular response to this
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strain pattern. Py (Fig. 3.6A(ii)) demonstrated a similar stress relaxation response to
stretching as seen in Px, though to a lesser magnitude. When the cell was axially
compressed using cyclic step change loading, the stress relaxation was also observed.

However, in compression, Px (Fig. 3.6B(i)) and Py (Fig. 3.6B(ii)) increased with each cycle.

46



Transverse stretching. As with axial stretching, when transverse cyclic step change
stretching was applied, we observed stress relaxation during each cycle. And, consistent
with the anisotropic properties measured using incremental loading, we observed less

change in cell stress for transverse loading, compared to axial. For transverse extension, Px
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Figure 3.6. Cyclic Stretching CuBS Experiments.

First Piola Kirchoff stresses for cells exposed to (a) axial extension (n=7), (b) axial compression (n=11),
(c) transverse extension (n=8), (d) transverse compression (n = 6), () equi-biaxial extension (n= 7). For
all stretches, (i) PK1 stress along the long axis of the cell (Px) when unloaded (2= 1.00) and loaded
(4=1.15 for extension or 2 =0.85 for compression) and (ii) PK1 stress along the short axis of the cell (Py)
when unloaded (/= 1.00) and loaded (4= 1.15 for extension or A =0.85 for compression). Error bars:
standard deviation.
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(Fig. 3.6C(i)) and Py (Fig. 3.6C(ii)) increased with each cycle. For transverse compression,
Px (Fig. 3.6D(i)) and Py (Fig. 3.6D(ii)) decreased with each cycle.

Equi-biaxial stretching. VSMCs exposed to equi-biaxial cyclic step change
stretching displayed stress relaxation similar to that observed in uniaxial stretching. Px (Fig.

3.6E(i)) decreased with each cycle and Py (Fig. 3.6E(ii)) increased with each cycle.

3.4.4 A Hill-type active fiber model predicts the cycle-dependent stress relaxation of
VSMCs.

Finally, we used our model to simulate cyclic step-change loading of VSMCs. The
parameters determined using the incremental loading were used in all cyclic step-change
models. In these simulations, the model was able to recapitulate all of the experimentally-
observed behaviors of the VSMCs (Fig. 3.7A-C). The model was able to predict the stress-
relaxation observed experimentally, though the amount of stress recovery during each
cycle was reduced in the model. Notably, the model reproduced the cycle-dependent
changes in stress for all of the experimental conditions. Taken together, these data suggest
that dynamic mechanical behavior of VSMCs can be robustly replicated with our relatively

simple Hill-type active fiber model.

3.5  Discussion

Vascular tissue demonstrates time dependent mechanical properties including
hysteresis [55], [141]-[144], stress relaxation [142], [145]-[148], and creep [149]-[152],
typically associated with viscoelasticity. Cells are also often described as viscoelastic and
hysteresis [63], [102], [103], creep [133], [134], [153]-[155], and stress relaxation [135]—

[137], [156]-[158] have been measured in a variety of cell types using techniques such as
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atomic force microscopy and magnetic twisty cytometry. Using CuBS, we find that
VSMCs have similar time-dependent behavior.

Previous studies have modeled cells as viscoelastic and typically linear [64], [105],
[131], [154], [159], [160]. Hill-type fiber contraction models have been used in previous

studies to model cell processes like durotaxis [161]-[163], migration [164], [165], and
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Figure 3.7. Hill-type active fiber model applied to cyclic step-change protocol.
Hill-type active fiber model for (a) axial extension, (b) axial compression, (c) transverse extension, (d)
transverse compression, and (e) equi-biaxial extension. For each panel, (i) PK1 stress in the long axis of the
cell (Py) during loading and unloading and (ii) PK1 stress in the short axis of the cell (Py) during loading

and unloading.
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cytoskeletal organization [166]. Here, we used a Hill-type active fiber model to model the
cell as a network of actively contracting and relaxing acto-myosin fibers with organization
that mimics that of the cells. We have previously shown that incorporating Hill-type active
contraction and relaxation of acto-myosin fibers, such that axial fibers contract during
transverse stretching, increasing P, was able to predict differences in CuBS-measured
hysteresis in VSMCs with different geometries [71]. In this study, the parameters for the
model were determined using only the data from the incremental stretching experiments.
When the model was then applied to the cyclic step change experimental protocol, it was
able to capture both the observed stress-relaxation and the cycle-to-cycle changes. Taken
with our previous work, this result demonstrates that the Hill-type active fiber model is
quite robust within the limits of the types of deformation we can apply using CuBS.
Cyclic stretching has a significant effect on cellular behavior. Repeated cyclic
stretch affects extracellular matrix protein deposition [167], [168], protein synthesis [169],
[170], growth factor expression [171], [172], proliferation [113], [121], [172], [173], and
differentiation [174], [175]. Notably, cyclic stretching plays a key role in differentiation of
stem cells into VSMCs [175]. Chronic cyclic stretch also affects the mechanical functions
of cells, such as orientation [176]-[181], spreading [182], [183], and migration [184]-
[186]. Here we see that cyclic stretch causes an immediate change in the force generation
by the cell. Other studies suggest that focal adhesion remodeling [187], [188] is key to
controlling the stress evolution of cells in response to cyclic stretching. Our model does
not include focal adhesion remodeling, but suggests that early mechanical alteration can be

explained by contraction and relaxation dynamics.
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Understanding the mechanical properties of single cells is important for developing
models of tissue biomechanics and mechanobiology. A standard model for simulating
tissue growth and remodeling is the constrained mixture model [26], [56]. In this
framework, the mechanical description of each component of the tissue and organ is
necessary, so the full mechanical properties of VSMCs are needed to develop robust
models of vascular growth and remodeling. Many growth and remodeling models assume
that tissue remodeling occurs in response to changes in cell stress [66], [189]-[193]. Our
results suggest that under dynamic load, the cell stress-strain behavior is itself temporally
dynamic due to active modulation of the acto-myosin cytoskeleton. Incorporation of this
observation into computational models could provide important insight into initiation and

progression of mechanically induced tissue growth and remodeling.

The mechanical properties of VSMCs have been shown to differ based on their
anatomical location and surrounding ECM composition [194]. Here, we used VSMCs from
human umbilical arteries, which are muscular arteries, and have significantly different
ECM composition than elastic arteries like the aorta. While it is possible that elastic artery
VSMCs differ, we believe that our findings using umbilical artery VSMCs are
representative of other VSMCs under the same conditions. VSMCs can also alter their
phenotype between a contractile phenotype, which primarily regulates the vessel diameter,
and a synthetic phenotype, which remodels the vessel via cell proliferation or ECM
synthesis [195]. Prior studies have found that VSMCs with a contractile phenotype are
stiffer than those with the synthetic phenotype [196]. Here, we only studied VSMCs with
a contractile phenotype, induced via a 24 hour serum starvation [197], limiting the broad

application of these results to all VSMCs. Additionally, we have previously demonstrated
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that VSMCs can change their functional contractility in response to changes in the
mechanical properties of the substrate [41] or altered cellular architecture [73], [90], in the
absence of significant changes in molecular phenotype markers. Here, we only studied cells
with a single architecture and in a single mechanical environment. Prior studies have
considered the mechanics of airway [69], [198], [199], colon [200] and vaginal smooth
muscle cells [201], [202]. Though this study was narrowly focused, our results show
promise for general characterization of time- and architecture- dependent cell mechanical

properties, and is likely expandable beyond the single type of VSMC studied here.

There are several limitations of the CuBS experiments. First, we assumed that the
cell is a uniform body and ignored potential stress distributions arising from non-uniform
organization of the cytoskeleton or the contribution of the nucleus, focal adhesions, or
microtubules. We also only measured the stress in 2D and ignored any out-of-plane
stresses, though the alignment of the actin cytoskeleton is primarily in this 2D plane so we
would expect any out of plane stresses to be relatively low. Other models of cell mechanics
include focal adhesion and cytoskeletal remodeling [203], [204], but we have ignored their
contribution here. It is possible that contributions from other cytoskeletal components or
cytoskeletal remodeling contributes to the temporal changes in stress we observed, and
future models could include these elements to further strengthen their mechanical

description of the experimentally observed behaviors.

In conclusion, mechanical stimuli are important for regulating cell function, and
cell stress is a key contributor to tissue maintenance [88]; yet, the exact mechanisms by

which forces influence function are not fully understood. The complex loading experiments
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described here aimed to measure the time dependent mechanical properties of VSMCs
using CuBS and demonstrated three key findings: VSMCs display hysteresis under tensile
and compressive loads, VSMCs have a cycle-dependent stress relaxation response to cyclic
step-changes in strain, and that a Hill-type active fiber model was able to recapitulate the
experimentally observed phenomena. Our results suggest that cell stresses are dynamic in
cyclically loaded vessels due to both the changing pressure and the changing contractile
tone. The results presented here have important implications in modeling of
mechanobiology, as VSMCs are the most prevalent cell type in arteries and undergo
constant dynamic mechanical loading. VSMCs are known to alter their function in response
to changes in their mechanical environment, and since models of mechano-adaptation often
assume cell stress is a primary driver of growth and remodeling, understanding the

temporally dynamic response of cells to different complex loads is crucial.
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Chapter 4.  An experimentally validated model of the length tension relationship in

cardiac myocytes

4.1 Introduction

Cardiovascular tissues are exposed to constant dynamic mechanical loads in vivo
as a result of the cardiac cycle pumping blood throughout systemic circulation. During a
normal cardiac cycle, the ventricular myocardium undergoes large multidirectional strains
in the circumferential and longitudinal directions [205], [206]. The strains experienced by
the heart muscle also changes as a result of disease such as post-myocardial infarction [207]
or as a result of surgical interventions [208]. Contractile functionality is altered by these
changing strains, thus, there is a need to understand how the heart mechanoadapts to its
mechanical environment.

Biomechanical models provide insight into tissue behavior and are advantageous
for understanding disease progression and aiding clinicians in guiding treatment. Since the
heart adapts to changes in mechanical load by remodeling cardiac myocytes [209],
improved predictive models of cardiac myocyte mechanoadaptation are needed to develop
better therapeutic predictions. One important factor in these models that is not well-
described is the dynamic response of cardiac myocytes to complex biaxial loads. Common
frameworks for modeling tissue mechanical properties, such as the constrained mixture
model, require mechanical descriptions of the individual components within tissues. Thus
to create the most predictive models for the heart, the mechanical properties of cardiac

myocytes must also be elucidated.
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Cardiac myocytes, the contractile cells within the heart muscle, play an important
role in the remodeling of the heart involved in development[9], [10] and pathologies[11]—
[13]. Cardiac myocytes are exposed to constant applied deformations during the cardiac
cycle and are mechanosensitive to stimuli such as strain and substrate stiffness[14]-[17].
In healthy hearts, cardiac myocytes exhibit a tightly controlled geometry and cytoskeletal
organization in order to function optimally. The Frank-Starling Law describes the
relationship between stretch in myocardial fibers and the amount of tension the muscle is
able to generate [210], [211]. Muscle fibers are able to generate a maximum amount of
tension when their sarcomeres are at an optimal length and as the spacing deviates from
the optimum, the force able to be generated decreases. This relationship has been shown in
cardiac muscle [212] and on the single cell level [31], [213], [214]. Studies have also
demonstrated that the length-tension curve in cardiac muscle is sensitive to extracellular
calcium concentrations [215], [216].

Previous studies characterizing single cardiac myocyte mechanical properties have
used carbon fiber cantilevers [31], [32], pipette attachment systems [217], and atomic force
microscopy [218]. Though these methods have advanced the study of cardiac myocyte
mechanical properties on the single-cell level, they have limitations, and current studies
have yet to capture the full anisotropic response of cardiac myocytes to applied strains.

The sarcomere cytoskeletal architecture is a complex three dimensional lattice of
actin and myosin. Computational models [219], [220] and experiments using X-ray
diffraction and osmotic compression [219], [221], [222] have suggested that lattice spacing
also affects the amount of tension that striated muscle is able to generate. Some single cell
studies on the length-tension curve used skinned fibers to control calcium sensitivity,
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however skinned fibers do not have a constant volume and the diameter of the cell does
not change as the cell is stretched meaning the lattice spacing is likely unchanged [223].
There is still a need to understand the interplay between sarcomere length, lattice spacing,
and active force generation on the single cell scale in cardiac myocytes.

Here we aim to measure and characterize the relationship between sarcomere length
and the force of contraction in single neonatal cardiac myocytes subjected to biaxial strains.
Cellular microbiaxial stretching (CuBS) was developed to measure single-cell mechanics
and characterize the anisotropic mechanical properties of cells exposed to complex loading
conditions[44], [45], [71]. Here, CuBS is used to apply biaxial strains to cardiac myocytes
micropatterned with in vivo-like geometries to probe the force-strain relationship in
individual cardiac myocytes.

4.2 Methods
4.2.1 Cellular Microbiaxial Stretching.

The CuBS device is a custom built, microscope mounted stretcher consisting of
four linear actuators that transfer strains to the cells micropatterned on polyacrylamide
(PA) gels on flexible elastomer membranes[44] (Fig 4.1A). Micropatterned CuBS
substrates were prepared as previously described [44], [224]. Briefly, an elastomer
membrane was clamped between metal brackets and placed under slight tension. A
polydimethylsiloxane (PDMS) ring was adhered to the membrane creating a well for cell
culture media. PDMS stamps with rectangular features (aspect ratio: 7:1, area: 2400 um?)
for micropatterning cardiac myocytes into an in vivo like [14] geometry were fabricated
using standard photolithography techniques. Stamps were inked with human fibronectin
(FN) (Gibco) for cell attachment and the FN patterns were transferred using standard
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microcontact printing techniques to a fluorescent bead-doped polyacrylamide gel doped
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with a Young’s modulus of 13.5 kPa (Fig 4.1B).
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Figure 4.1. CuBS used to measure single neonatal cardiac myocyte contraction forces.

(A) Schematics of the CuBS device above the microscope objective (left: isometric view, right: top view),
(B) Schematic of a cardiac myocyte micropatterned in an elongated geometry on a fluorescent bead-doped
polyacrylamide gel adhered to an elastomer membrane, (C) Schematics of the stretching protocols applied
to the cardiac myocytes, (D) Relationship between the applied grip strain and measured strain on the cells
in the direction of stretch and orthogonal to the applied stretch (Nextension=13, Ncompression=13) (error bars: *
standard deviation), (E) Bright field images and corresponding traction stress maps for a cardiac myocyte
at rest and at maximum contraction (scale bar: 20 um), and (F) Trace of forces for a contracting cardiac

myocyte in the direction of the long axis and short axis.
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4.2.2 Neonatal mouse cardiac myocyte isolation.

Timed pregnant Black 6 mice (Charles River Labs) were ordered and housed in
accordance with IACUC and university standards. Neonatal mouse ventricular myocytes
were isolated using a Worthington Biochemical Neonatal Cardiomyocyte Isolation System
(Worthington Biochemical Corporation) and standard methods [225]. Briefly, hearts were
isolated from Day 0-1 neonatal mice. The ventricles were removed, rinsed with HBSS,
minced, and incubated in trypsin at 4 °C overnight. The next day, the tissue was digested
with collagenase and passed through a filter to remove the cells from undigested tissue.
The isolated cells were seeded onto the polyacrylamide gels in cell culture media
comprised of media 199 (Gibco) supplemented with FBS (Gibco), glucose (Fisher
Chemical), vitamin B12 (Sigma-Aldrich), Penicillin (MP Biomedicals, LLC), L-
glutamine, HEPES (Gibco), and MEM NEAA (Gibco) at a density of approximately
250,000 cells per well. Cells were left undisturbed for 24 hours to allow for attachment to
the FN micropatterns. Cells were switched to a 2% FBS supplemented media 24 hours
before experimentation.

4.2.3 Stretching protocol.

Using the CuBS device, traction force microscopy experiments were performed on
the micropatterned cardiac myocytes exposed to biaxial strains to quantify the active force
of contraction as a function of stretch. Four straining protocols were applied to the
micropatterned cells such that the cell was extended (tension) or shortened (compression)
parallel to its long (axial) or short (transverse) axis (Fig 4.1C). Strains were applied in 5%
increments at 0.5 %/s to a maximum of 30% applied strain for tension or -15% applied
strain for compression. At each increment, images for performing traction force microcopy
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analysis were acquired including a brightfield image of the cell was acquired and a high
temporal resolution (100 frames per second) image of the fluorescent bead layer under the
contracting cell. Myocytes were paced at 1 Hz using an lonoptix MyoPacer to induce
contraction. After stretching, cells were lysed with a 0.5% sodium dodecyl sulfate solution
and an undeformed fluorescent bead layer images were acquired for each stretch. All
experiments were performed in a temperature and CO2 controlled environment to preserve
viability. Due to the constraint of PDMS ring, end-to-end membrane strain was not
identical to the strain applied to the cell and measured cell stretch ratios were determined
from the initial and deformed geometries of the cells (Fig 4.1D).
4.2.4 Force analysis.

During contraction, the cell exerts a maximum force at the peak of contraction and
a minimum (passive) force when the cell is not contracting. The difference between the
maximum and passive forces is the active force of contraction. The cell induced bead
displacement during contraction was calculated using a particle image velocimetry
algorithm comparing the uncontracted and contracted bead layer images. An unconstrained
Fourier transform traction cytometry algorithm [74] (regularization factor 1e-9, Poisson’s
ratio: 0.5) was used to form traction stress vector fields from the beads displacements (Fig

4.1E). Substrate traction force vectors were defined by T"a™ where T" = Ti'e, + Ty'e,, is
the traction vector acting on area a™ and e; is the unit vector in the i direction. Substrate
tractions are balanced with cell forces (f™) at the interface of the cell and the PA gel, such
that f* = fi'e, + fy'e, = —Ti'a"e, + —Tj'a™e,,. Forces oriented away from the center

of the cell were denoted as tensile (positive). The total tensile force 2f, = Y., fi*rt /|t
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and 2f, = X, f;'ry/ ||, where r,, = e, + 1;'e,, is the vector describing the location
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Figure 4.2. Sarcomere length changes during CuBS.
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(A) Micropatterned cardiac myocyte stained to visualize the sarcomere structure showing nuclei (blue), F-
actin (green) and a-actinin (magenta), (B) Length between sarcomeres measured using fast Fourier
transform of IF stained or SIR actin stained cardiac myocytes (nir=26, nsir=32), (C) Change in sarcomere
spacing resulting from each type of stretch as measured from SIR actin images (Naxial, tension=8, Naxial,
compression=13, Niransverse, tension=9, Nransverse, compression=6), and (D) SIR actin images of stretched myocytes under
axial tension, axial compression, transverse tension, and transverse compression. (scale bars: 20 um) (error

bars: + standard deviation)

4.2.5 Cell architecture analysis.

Immunofluorescence. Standard immunofluorescent staining techniques were used to
visualize the cytoskeleton of the micropatterned cardiac myocytes. Cardiac myocytes
seeded on to micropatterned on 13.5 kpa polyacrylamide gels on glass coverslips were
fixed in 4% paraformaldehyde. Cells were then permeabalized in 0.05% Triton and blocked
in 10% bovine serum albumin. Cells were incubated antibodies for a-actinin (Abcam),
phalloidin (Invitrogen), and DAPI (Invitrogen) to visualize Z-discs, F-actin, and nuclei,

respectively (Fig 4.2A).



SIR actin live cell stain. Micropatterned cells were dosed with SIR actin (Spirochrome) to
a final concentration of 1 nM for 1 hr in the incubator. Myocytes were subjected to the
same stretching protocol used for TFM, but only a single fluorescent image of the actin
cytoskeleton and a bright field image of the cell was acquired at each stretching increment
(Fig 4.2D).

Fast Fourier Transform spacing calculations. Sarcomere spacing was determined from the
fluorescent images of F-actin and a-actinin architecture. In FI1JI, fiber bundles were traced
using the line tool and the intensity profile was measured along the line for the length of
the bundle. Using a fast Fourier transform (fft) in Matlab, the peak frequencies of the
intensity profile were obtained. The peak frequency corresponded to end of each sarcomere
subunit, and was converted into the distance between sarcomeres using the pixel size of
the original image (1 pixel = 0.161 pum). This was performed using immunofluorescent
images of a-actinin and F-actin as well as the SIR actin images of F-actin at different
stretches. The analysis was repeated for at least two fiber bundles with discernable
sarcomeres per cell per stretching increment.

4.2.6 Activation based model for active for of contraction.

A contraction based model previously used to model epitheilial morphogensis [226]
and arterial growth and remodelling [57] was used to model the active force of contraction
of cardiac myocytes as a function of strain. Two models were considered: the sarcomere
length model in which the force is dependent on the length of the sarcomere as measured
from z disc to z disc and the length-radial spacing model in which the force is dependent
on the length of the sarcomere as well as the radial distance of the actin form the myosin.
In both models, the cell was treated as anisotropic and incompressible, undergoing
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deformation in the principal orientation such that the deformation gradient tensor is gien

by F = diag[A,, A, A;] Where 4; is the stretch ratio in the i direction. As such,

A= A4 (1)
where A is the measured stretch ratio from CuBS, A, is the activation stretch ratio, and A*is
the elastic stretch ratio computed relative to the zero-stress configuration.

In the sarcomere length model, the active force of contraction. f,, varies with changes in
cell stiffness and zero stress length with a peak value at some stretch ratio giving the form:

_ {Ca(/l*)(/l* — DA — A7), forA* < land A" < A7, 5
Jfa= 0, for A* > 1and * > A* (2)

crit
where material coefficient C, is the active cell stiffness and A* is the elastic stretch ratio
relative to the active zero-stress configuration. In this model, the active force is zero when

the cell is undeformed relative to its zero-stress length, A*, or when stretched beyond a

*
crit’

maximum value, 4;.,.;., at which point contraction is no longer possible.
In the length-radial spacing model, actin is assumed to be distributed circularly
around the myosin at an initial radius, r, (Fig 4.4B). In the post stretch configuration, actin

is assumed to distribute uniformly in an elliptical array around the myosin allowing us to

calculate the distance of the actin from the myosin as a function of the angle, 0:

r =1y, A,(A% cos?0 + /1§,sin29)_1/2 (3)
Consistent with previous models of lattice spacing and force [219], we can define a radial
parameter for a single myosin interaction, R,,, that describes the difference in force
generated by a single myosin, f,,,, compared to the force at optimal lattice spacing, fio.

such that
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Rm=]%=cR(1—:—o)2 (4)

where f,,is assumed to be a function of the change in lattice radius and a scaling factor Cy.
Using quarter symmetry of the ellipse, the average integral of R,,, yields radial parameter,

R, as defined by:
1 =
R = ”_/Zfoz Rde (5)

Using the radial parameter, contributions from radial interactions of actin and myosin are
incorporated into the sarcomere length model to give the length-radial spacing model with
form:

_ {Ca(l*)(ﬂ* — DA —A)(A=R), forA” < land A" < A, 6
fa= 0, for A* > 1land A* > A},;, ©)

For each model, the parameters A, ;. Cq, and C were fit to the axial stretching active
force data using least square mean regression to find the minimum error between the model
and the experimental data. The same values for the fitting parameters determined from the
axial stretching data were then used to model the active force during transverse stretching.
4.3  Results

4.3.1 Sarcomere spacing changes linearly with measured cellular deformations
applied with CuBS.

Myocytes fixed and immunofluorescently stained for a-actinin and F-actin had
resting sarcomere length of 1.784+0.08 um and 1.80£0.12 pum measured using fft analysis
of each respective component. The initial sarcomere length in live cells stained with SIR
actin was 1.81+£0.10 um, which was not significantly different from the F-actin and a-

actinin measurements in immunofluorescently cells (Fig 4.2B). When myocytes stained
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with SIR actin were stretched axially, sarcomere spacing increase as the cell was extended
and decreased as the cell was compressed. Overall, sarcomere spacing changed ~4% with
each 5% increment of CuBS applied strain in the axial direction (Fig 4.2C). When
myocytes were stretched transversely, the spacing of the sarcomeres remained relatively
unchanged compared to stretching in the axial direction; however, the spacing did increase
slightly as the cells were compressed and decreased slightly as the cells were extended.
Sarcomere spacing changed ~1% with each 5% increment of CuBS applied strain in the
transverse direction (Fig 4.2C). The rates of change of sarcomere lengths resulting from
both axial and transverse stretching are consistent with the measured changes in strain to
the cells resulting from CuBS.

4.3.2 Cardiac myocyte force of contraction is anisotropic in response to biaxial
strains.

When cells were axially extended (Fig 4.3A), the active force initially increased as
the cell is extended, but the force then generally decreased past 15% applied strain (Fig
4.3B). When the myocytes were axially compressed (Fig 4.3C), the active force decreased
as the cells were compressed (Fig 4.3D). A similar trend was observed when the cells were
stretched transversely. When the cells were extended in the transverse direction (Fig 4.3E),
the force did not change much initially, but then decreases with increasing stretch (Fig
4.3F). The active force decreased more for cells extended transversely than for cells
extended axially at the final strain (A = ~1.27). Under transverse compression (Fig 4.3G),
the force decreased with each increment, though generally less than under axial tension
(Fig 4.3H). Normalizing the active force at each stretch to the initial, unstretched force,
these trends become more evident. For axial stretching (Fig 4.31), the active force
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decreased as the cell was compressed and force increased as the cell was extended until

~15% applied strain when the force begins to decrease with increasing stretch.
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Figure 4.3. Active force of contraction for cardiac myocytes during CuBS.

(A) Brightfield images of cardiac myocytes under axial tension, (B) Active force - stretch data for cells
extended axially (n=11), (C) Brightfield images of cells under axial compression, (D) Active force - stretch
data for cells compressed axially (n=13), (E)Brightfield images of cells under transverse extension, (F)
Active force - stretch data for cells extended transversely (n=12), (G) Brightfield images of cells under
transverse compression, (H) Active force - stretch data for cells compressed transversely (n=10), (1) Active
force - stretch normalized to the unstretched force for cells stretched axially, (J) Active force - stretch data
normalized to the unstretched force for cells stretched transversely, and (K) Normalized axial force for
axial and transverse stretching compared using measured sarcomere lengths from SIR actin stained cells.

(scale bars: 20 um) (error bars: + standard deviation)
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For transverse stretching (Fig 4.3J), the active force generally decreased with
increasing extension and compression. Using the sarcomere lengths measured from SIR
actin analysis, the force produced at different sarcomere lengths for the four types of
stretches were compared (Fig 4.3K). The active force in the cells stretched transversely
decreased faster than for cells stretched axially both as the sarcomere lengths increased and
decreased. The transversely stretched cells did not experience the same initial increase in
force with increase in sarcomere spacing that the axially stretched myocytes did. These
results demonstrate that sarcomere length alone does not dictate active force generation.
4.3.3 Consideration of the radial organization of actin and myosin in modeling
captures the biphasic force response to biaxial stretching.

We aimed to develop a simple and biologically relevant model to characterize the
relationship between stretch and the active force of contraction in cardiac myocytes. Here,
we adapted a previously used [57], [226], [227] active contraction based model for this
purpose. Initially, the model considered only the lengths of the sarcomeres. The sarcomere
length model was fit to the experimental data for axial stretching (C,, =34.6 uN, 4, = 0.86,
and A, = 1.54). This model fits the axial stretching data well for all strains (Fig 4.4C),
but does not align with the transverse stretching data (Fig 4.4D). The model also fails to
capture the overall trend of the experimentally observed behavior for transversely stretched
cells and diverges significantly from the experimental values at large deformations,
particularly for cells under compression.

The radial spacing term was added to the model to account for the 3D lattice
structure of the sarcomere and radial organization of actin thin filaments around myosin
thick filaments. CuBS is not a purely strip biaxial stretching experiment due to the media
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constraining in ring adhered to the PDMS membrane. Since the cell is assumed to be
incompressible, as it is extended axially, it is compressed slightly in the transverse direction
and when the cell is extended transversely, it is compressed slightly in the axial direction.
During the stretches applied during CuBS, the actin interacts radially around the myosin
such that as the cell is stretched axially, the actin will move closer to the myosin in both

the y and z directions, but as the cell is extended transversely, the actin will move away
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from the myosin in the y-direction but sill move closer to the myosin in the z- direction
(Fig 4.4A). The radial term accounts for this change in spacing of actin from an assumed
initial circular distribution to an elliptical deformed configuration (Fig 4.4B). Again, the
model parameters were fit to the axial stretching experimental data (Cr, = 4.2 nN, C,,
=25.9 uN, 4, = 0.86, and A;,;, = 1.68) and the radial model was able to recapitulate the
axial stretching data similarly to the sarcomere length model (Fig 4.4C). Using the same

parameters to model transverse stretching, the radial model was able to more closely
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Figure 4.4. Active contraction based model considering sarcomere length and lattice spacing
recapitulates experimentally observed force trends.

(A) Schematic of how the length between sarcomeres and lattice spacing between actin and myosin
changes under axial and transverse tension, (B) Schematic of the rationale behind the radial term for the
model, (C) Sarcomere length and radial spacing models compared to experimental data for axial stretching,
and (D) Sarcomere length and radial spacing models compared to experimental data for transverse

stretching
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recapitulate the biphasic trend in active force observed experimentally. Without refitting
any parameters, the model was able to represent the decrease in active force as the cell was
transversely compressed and extended without diverging too significantly from the
experimental data (Fig 4.4D). This indicates that it is necessary to consider not only
sarcomere length, but also lattice spacing when writing mechanical descriptions of cardiac
myocytes, and that a relatively simple representation of actin and myosin interactions is
able to recapitulate the force-stretch relationship in single cardiac myocytes.

4.4  Discussion

The length-tension curve has yet to be fully elucidated on the single cell level in
cardiac myocytes and there is a need to better understand the interplay between sarcomere
length, lattice spacing and active force generation in cardiac myocytes. Current
understanding of the length tension curve in cardiac tissue states that as the spacing
deviates from its optimum length, the amount of tension will decrease. The mechanics of
cardiac myocytes on the single cell level have been investigated using a variety of different
techniques to measure length-tension relationship. Here, we measure the length-tension
relationship in single neonatal cardiac myocytes using CuBS which allows us to quantify
the force produced by the cell while controlling its deformations in two dimensions to
account for changes in sarcomere length and lattice spacing.

Cardiac myocytes have a regulated structure and are the force producing cells
responsible for pumping blood throughout the body. As such, it is important to understand
the interplay between their structure and function in order to predict how changes to their
mechanical environment affect their behavior. Neonatal cardiac myocytes have a relatively
immature structure compared to adult cardiac myocytes. Micropatterning cardiac myocyte
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in different aspect ratios have shown to influence their contractility and the lateral
registration of sarcomeres to more mimic a mature phenotype [14]. Here, the active force
of contraction of single neonatal cardiac myocytes micropatterned with an in vivo like
architecture was measured as a function of the sarcomere spacing. Using the micropatterns,
the cardiac myocytes had sarcomeres generally aligned along the long axis of the cell
allowing us to target the stretches and force measurements to the sarcomere or lattice
spacing better than if the neonatal myocytes were allowed to attach in an unconstrained
manner. Substrate stiffness also influences cardiomyocyte maturation, structure, and
function [15], [228]-[230].

Here, we have performed biaxial stretching on single cells while holding other
external mechanical stimuli constant. Importantly, our findings suggest that we are able to
change the spacing of the sarcomeres or manipulate the lattice spacing yielding different
length-tension curves for stretching in different directions relative to the alignment of the
sarcomere. Furthermore, by fitting a simple, biologically relevant model to the data for
stretching in one direction, we are able to recapitulate the forces generated when stretched
in the other. This has demonstrated the ability of CuBS to be a useful tool for characterizing
cardiac biomechanics as it’s able to measure the changes in sarcomere architecture and
mechanical properties of myocytes in response to short term changes in load. This could
have broader impacts for studying growth and remodeling in cardiac myocytes as it is
hypothesized that cardiac myocytes adapt to long term changes in load by remodeling their
cytoskeletal architecture by adding sarcomeres in order to return their mechanics to a

homeostatic level.
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The sarcomere cytoskeleton within striated muscle is a three dimension lattice of
actin and myosin. It has also been theorized that lattice spacing in addition to sarcomere
spacing influences the force generation in striated muscle. Because measuring lattice
spacing during stretch is complex, teasing out its influence on force is more challenging to
accomplish experimentally. X-ray diffraction and osmotic compression have been used to
measure and change the lattice spacing of skinned fibers and muscle [231], [232]. Using
transverse stretching, the effect of lattice spacing on active force generation was targeted.
Using CuBS, the cell was stretched transversely, but the spacing between sarcomeres
remained experienced relatively small deformations (~-6% decrease in spacing at 30%
transverse tension and ~3% increase in spacing at -15% transverse compression). When
the forces generated under transverse tension are compared to those under axial tension for
each sarcomere spacing, the cell’s mechanical response is very different. This indicates
that the spacing between sarcomeres alone is not responsible for the changes in force that
we observed and that the lattice spacing is being altered affecting the active force of the
myocytes. Our model shows that by incorporating a simple parameter accounting for
changing lattice spacing into a contraction based model for the active force based on the
sarcomere lengths, the experimentally observed trends are able to be recapitulated both as
the cell is stretched parallel and perpendicularly to the alignment of its sarcomeres. This is
consistent with the other models that have suggested a role for lattice spacing in the force
generation of cardiac muscle.

Here we demonstrated the ability of CuBS to measure cardiac myocyte changes in
cytoskeletal architecture and cell forces in response to short term stretching, but these
finding have other implications for studying remodeling relevant to creating models for

73



disease. CuBS has previously been used to measure cellular mechanical and architectural
responses to long term strains in vascular smooth muscle cells showing that they
mechanoadapt over time to reach a homeostatic stress [193]. In cardiomyopathies, the heart
grows eccentrically or concentrically in an effort to reach a homeostatic loading condition
as a result of volume or pressure overload, respectively, resulting in ventricular dilation or
wall thickening [233]. This tissue level change is reflected on the cellular level as cardiac
myocytes have been shown to remodel in response to static applied strains by addition of
sarcomeres in series or parallel [24], [25]. Because heart function is implicated in many
different diseases, studying the mechanical properties and functional contractility of
cardiac myocytes is important for understanding diseases [234] and evaluating potential
therapeutic targets [235]. In diabetes, cardiac myocytes are stiffer as measured by AFM
[236], have altered calcium sensitivity and sarcomere contractile dysfunction [237], [238].
Mouse models for Duchenne muscular dystrophy have demonstrated a marked difference
in function in response to stretch and a membrane stabilizing copolymer has shown that it
can preserve function in vivo [29]. CuBS has the potential to measure disease induced
differences in functionality resulting from changes in the structure of the cells.

With the increase in interest of tissue engineering especially with iPSC-derived
cardiomyocytes there is a need to ensure that the function of engineered cells and tissues
are functioning properly. The use of CM-iPSCs in vitro models of the heart for drug
discovery and regenerative medicine applications are limited by their structural and
functional immaturity. Several studies have used TFM and neonatal rodent myocytes as a
standard for comparison of function and maturation in CM-iPSCs [239] as well as the
influence of other mechanical cues such as substrate mechanics [16] and cyclic stretching
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[240]. CuBS could provide a good method for robustly characterizing the functional
maturation of CM-iPSCs due to its ability to perform various stretching protocols on
substrates with tunable stiffness.

Here, we present a simple model relying only on the spacing of actin thin filaments
and myosin thick filaments within the cytoskeleton of the cardiac myocytes. Microtubules
are a part of the non-sarcomeric cytoskeleton in cardiac myocytes, but are essential for
proper structure and function in healthy cells and are implicated in several diseases
effecting the functioning of the heart muscle. Microtubules are also involved in the
mechanics of cardiac myocytes and have been shown to contribute to the viscoelasticity of
cardiomyocytes [241]. Microtubules have been shown to buckle when contracting in
conjunction with sarcomere shortening and this buckling contributes to the strength of
cardiac muscle and is thought to act like a spring to return the cell to its original non
contracting shape [242]. Changing the interaction between microtubules and the sarcomere
via detyronisination affected the stiffness of the myocytes and impeded contraction [243].
Failing cardiomyocytes have a detyrosinated microtubule network associated with
increased myocyte stiffness and impaired contractility which is implicated in the heart
dysfunction and failure [244]. Using pharmacological agents to target detyrosinated
microtubules restored contractile function in cardiac myocytes [241]. The mechanics of
cells are very complex and contributions from other cytoskeletal components also exert
influence over cellular mechanical properties and should be considered in future models.
Additionally, CuBS could be used to evaluate how using pharmaceuticals to target the

cytoskeleton of cardiac myocytes affects function.
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Chapter 5.  Conclusions

5.1 Summary

The research described here has led to four main conclusions: 1) VSMCs have
linear mechanical properties under large deformations, and the actin-myosin alignment is
a primary mediator of anisotropic cell stress, 2) VSMCs display hysteresis under tension
and compression, 3) VSMCs exhibit cycle dependent, stress relaxation in response to cyclic
strains and 4) cardiac myocyte force generation during contraction is dependent on both
sarcomere length and lattice spacing.
5.2 Impact

Cardiovascular disease is a leading cause of death worldwide and better
understanding of the underlying mechanisms of disease progression is needed to improve
patient care. The cardiovascular system is inherently mechanically dynamic due to the heart
pumping blood throughout the body and blood vessels dilating and constricting to maintain
blood pressure. The active components of cardiovascular tissues responsible for these
functions are cardiac myocytes and vascular smooth muscle cells, respectively. These cells
are not only responsible for force generation but have also been implicated in tissue
remodeling such as that seen in cardiovascular disease. Since cardiovascular disease
changes the mechanical environment experienced by the cells and maladaptive remodeling
of these cells contributes to cardiovascular disease, there is a need to better understand
cellular mechanics.

Biomechanics of soft tissues are often investigated using elasticity based methods

such as biaxial characterization which considers the structure of the tissue in its mechanical
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function. Many methods to describe cellular mechanics report linear moduli that neglect
structural anisotropy within the cell. Many cells exhibit specialized geometries in vivo,
with anisotropic cytoskeletal architectures reflective of their function, that influence their
mechanical behavior. In vivo, cells are exposed to dynamic biaxial loads rather than purely
uniaxial strains, highlighting the need for more complete descriptions of their anisotropic
mechanical properties under complex deformations.

The work presented in this thesis utilized the CuBS assay to make novel
measurements of the dynamic mechanical properties of single cardiovascular cells while
considering cellular anisotropy due to cytoskeletal structure. | was able to experimentally
measure and mathematically describe the architecture-dependent anisotropic stress-strain
relationship in VSMCs, stress-relaxation in VSMCs, and force-stretch relationship in
cardiac myocytes exposed to a variety of complex loading conditions including large
strains, compression, and cyclic stretching. Characterizing the mechanical properties of
single cells is important for developing descriptive models of tissue mechanics and
improving the understanding of mechanically driven cell processes. The results presented
herein could be used in the future to create clinically relevant tissue models of disease and
surgical interventions as well as guide future studies into cellular mechanics.

5.3  Future directions

The work described in this thesis builds off previous studies using CuBS to measure
the mechanical properties of VSMCs. Altogether, this thesis demonstrates that CuBS is an
effective method for measuring the dynamic, time- and architecture-dependent mechanical
properties of single cardiovascular cells under a variety of loading conditions. This can be
expanded upon to further understand the influence of mechanical stimuli on the structure
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and function of cells and how changes to their mechanical environment lead to the
maladaptive remodeling seen in disease.

Here, CuBS was used to investigate the short-term stress relaxation behavior of
VSMCs during cyclic stretching. Both VSMCs and cardiac myocytes undergo repeated
cyclic stretching in vivo. Cells remodel the alignment of their actin cytoskeletons in
response to cyclic stretching [245], [246]. Adapting CuBS to cyclically stretch cells over a
longer time scale could provide novel insights into how cells respond to dynamic substrates
by both measuring changes in cytoskeletal alignment and cell stress simultaneously. CuBS
has also been used on longer timescales to measure mechanoadaptation in VSMCs. In
response to chronic strains, VSMCs exhibited targeted growth behavior and adapted their
stress to pre-stretch levels consistent with the belief that cells have a homeostatic “target
stress” [193]. Here, | measured changes in sarcomere spacing and cell forces in response
to short term loading in cardiac myocytes. However, cardiac myocytes are theorized to
adapt to chronic, long term loads by addition of sarcomeres in series and parallel [24], [25].
Implementing CuBS to measure cardiac myocyte stress evolution and cytoskeletal
remodeling in response to long-term, chronic strains would provide novel insight into
cardiac myocyte mechanoadaption, growth and remodeling.

In this thesis, the contributions of actin and myosin were considered when
characterizing cell mechanics. Though actin and myosin were the components responsible
for generating most of the cell stress in VSMCs, cell mechanics are complex and there are
other cytoskeletal components that could play a role. Similar studies to those presented

here could be performed to investigate the contributions of other cytoskeletal components
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such as using a live stain for microtubules since they play a role in the viscoelastic
properties of cardiac myocytes.

Lastly, CuBS is useful when assessing the functionality and maturation of cardiac
myocytes from disease models and the effectiveness of potential therapies to restore
function. iPSCs have great potential to be used in a variety of clinical and therapeutic
applications, especially in the treatment of cardiovascular diseases. One limitation of iPSC-
derived cardiac myocytes is their relative structural and functional immaturity. CuBS could
be a useful tool for creating metrics for maturation of iPSC-derived cardiac myocytes by
characterizing how their structure and function change as a result of culture. This could
help determine the best differentiation protocols for creating iPSCs with in vivo like
functionality.

Additionally, diseases affecting the cytoskeleton of the cell, such as Duchenne
muscular dystrophy (DMD), have different functionality. DMD-affected cells lack the
protein dystrophin that connects the internal cytoskeleton to the extracellular environment
resulting in a fragile cell membrane, increased cell stiffness, and increased susceptibility
to stretch induced injury [247]. CuBS could provide useful insights into functional
differences in cardiac myocytes from animal models and iPSC derived models for DMD
by quantifying their structure-function relationship in response to stretch. Additionally,
membrane stabilizers have been investigated as a potential therapy for muscular dystrophy
because they increase membrane integrity and robustness in response to stretch [29], [248].
Using CuBS, metrics can be created for quantifying the efficacy of treatments targeting the
membrane and cytoskeleton in order to restore mechanical functionality and prevent
cellular damage in DMD-affected cardiac myocytes.
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Appendix A. PDMS 527 coated membranes functionalized with fluorescent beads as
TFM substrates for CuBS
A.l1  Introduction

CuBS has proven to be an effective method for measuring the mechanical
properties and growth and remodeling of both single cells and microtissues [45], [193],
[249]. One limitation of CuBS is the use of benzophenone to bond the polyacrylamide gel
to the elastomer membrane. Benzophenone has been shown to be cytotoxic to cells [250],
[251]. CuBS uses a small amount of benzophenone and a three day rinse period to leach
any residual benzophenone out of the membranes to reduce any adverse effects on cells.
However, elimination of benzophenone is of potential interest to increase not only cell
viability, but also the time effectiveness of substrate preparation.

Another common substrate for micropatterning cells is PDMS [252]. Several
groups have used PDMS as a substrate when studying cellular mechanics [253]-[255]. In
our own experience, established cell lines in culture and robust cell types such as fibroblast
pattern well on PDMS substrates and PA gels for CuBS. However, freshly isolated primary
cells like embryonic heart cells from chick embryos are more sensitive to their extracellular
environment. In general, these primary cells have difficulty adhering to the polyacrylamide
gel CuBS substrates, but pattern well on PDMS. Until now, we have not used PDMS as a
substrate for CuBS because of inability to incorporate fluorescent beads as fiduciary
markers for traction force microscopy (TFM). Recently, several groups have described
methods for adhering fluorescent beads to PDMS surfaces for performing TFM [256],

[257]. Since PDMS has well characterized mechanical properties, tunable stiffness, and
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does not require the use of benzophenone, it has the potential to be very useful as a substrate

for performing CuBS.

Here, | describe a method for preparing micropatterned PDMS substrates

functionalized with fluorescent microspheres for performing TFM experiments using

CuBS. The protocol described here is adapted from Teo et al. [257] to work with CuBS

protocols as previously described [224] and standard micropatterning techniques.

A2

Methods

A.2.1 Preparation of PDMS coated membranes

1.

2.

Elastomer membranes for CuBS experiments are cut as previously described [224].
Membranes are cleaned in 70% ethanol and blown dry to remove any dust or debris
from their surface.

Note: It is important that the surface of the membranes are clean so that there is a
flat surface for spin coating.

A quartz disc or large, round coverslip is adhered to the center of the membrane.
Note: This provides a flat surface for spin coating and micropatterning later on.
Spin coat the membranes with PDMS 527 prepared in a 1:1 ratio by centering the
membrane on the chuck and dropping enough uncured PDMS in the center of the
membrane so that it will coat the surface.

Note: PDMS 527 will start to cure in 30 min — 4 hrs at room temp, changing its
properties and thus how it behaves during spin coating. Prepare fresh PDMS if spin

coating takes longer than 30 min.
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A22

2.

3.

Note: PDMS has known mechanical properties and spin coating time and speed can
be changed to alter the thickness of the layer formed [258] and tunable stiffness can
be achieved by mixing with PDMS 184 [253].

Coated membranes are removed from the spin coater and allowed to cure overnight
at 80°C.

Assemble CuBS constructs as normal by clamping membranes between brackets
and placing them under slight tension. Take care not to touch the spun coated
PDMS 527 layer as it is soft and slightly tacky and contact could deform the
surface.

Adhere a flexible ring to the top of the membrane to form a well for solutions.
Adhere a quartz disc to the bottom of the membrane to provide a flat, stable surface
for micropatterning.

Silanization and functionalization of PDMS coated membranes

Prepare 5% (v/v) solution of 3-Aminopropyltriethoxysilane (APTES) (Acros
Organics) in 100% ethanol.

Note: Prepare fresh solution each time as APTES is sensitive to moisture.

Add enough APTES solution to the membrane to cover the bottom of the well (~2-
3 mL) for 20 min at room temp.

Aspirate the APTES solution, wash three times with 100% ethanol, and dry the
dishes for 5 minutes at 80°C.

Prepare a 0.5% (v/v) solution of fluorescent, carboxylate-modified microspheres

(Invitrogen) in distilled water. Mix thoroughly.
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5.

A23

4.

Add enough bead solution to cover the bottom of each well (~2-3 mL) and incubate
silanized PDMS membranes in bead solution for 30 min at room temp.

Aspirate bead solution and wash three times with distilled water.

Incubate in 100 mM Tris solution for 10 minutes at room temp.

Note: This is to inactivate the bead surface.

Aspirate Tris solution, wash three times with distilled water, and dry dish at 80°C.
Micropatterning fibronectin for cell adhesion

PDMS stamps with features for micropatterning are cleaned by sonicating stamps
in 100% ethanol for 30 min.

Stamps are blown dry and inked with 0.1 mg/ml fibronectin (Gibco) solution for 1
hr.

Stamps are blown dry and gently placed feature side down on the functionalized
membranes for at least 30 min at room temp.

Note: Do not UV functionalize the PDMS before stamping. Some protocols for
micropatterning PDMS require UV functionalization of the PDMS prior to
transferring the pattern; however, UV exposure at this stage interferes with the bead
attachment to the substrate.

Note: Contact between the stamp and substrate can be confirmed by looking
through the bottom of the membrane. Gently setting the stamp on the surface should
be sufficient to transfer fibronectin patterns to the substrate. Applying too much
pressure will cause the soft substrate to come into contact with the recessed portions
of the stamp making the resulting patterns less distinct.

Gently peel off the stamp and add PBS to the well.
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5. A 4% bovine serum albumin or 1% pluronics solution can be used to prevent
nonspecific binding or clean up the edges of the patterns, if necessary. Add solution
for 30 min and rinse 3 times with PBS.

6. Constructs can be UV sterilized in a biosafety cabinet for 15 min to prevent
contamination.

7. Constructs are now ready to be seeded with the desired cell type. Constructs can be
kept in PBS for several days prior to seeding if necessary.

A.3  Preliminary Results
A.3.1 Strains are linearly transferred to the functionalized PDMS substrates.

CuBS substrates were prepared according to the protocol above. Using a confocal
microscope, beads were observed on the surface of the PDMS. Substrates were stretched
uniaxially and no dislodgement of beads occurred. Images of the bead layer during
stretching for strains up to 25% were compared to the undeformed bead layer in ImagelJ
using Linear Stack Alignment with SIFT. Affine registration was used to align the

deformed and undeformed images generating the deformation matrix F. The Green-
Lagrangian strain was calculated using E = %(FT-F—I) and the x and y direction

component of the strain were compared to the CuBS applied grip strains (Fig A.1(A)). The
measured strains in the directions parallel and orthogonal to stretch were consistent with
previous measurements using CuBS such that for every 5% applied strain, the substrate is
strained ~4% in the stretch direction and ~-1% normal to the stretch.

A.3.2 Cells are able to be micropatterned on the surface and their tractions

measured using functionalized PDMS substrates.
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Human umbilical artery smooth muscle cells (HUASMCs) (PromoCell Inc.) were

seeded onto functionalized PDMS 527 coated membranes micropatterned with rectangles

(aspect ratio: 1:4) of fibronectin (Fig A.1(B)). CuBS experiments were performed and data

was collected as previously described [224]. Cells were stretched up to 25% applied strain

in 5% increments. Resulting cell stress was measured at each stretch (Fig A.1(C)).

Consistent with previous studies [44] stress is the HUASMCs was highly anisotropic with

stress in the long axis (Px) greater than the short axis (Py). Additionally, the stress as a

function of stretch was able to be measured.

Neonatal mouse ventricular myocytes were seeded onto substrates with rectangular

(aspect ratio: 1:7) patterns of fibronectin (Fig A.1(D)). Images were acquired of the bead
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Figure A.1. Functionalized PDMS substrates function similarly to polyacrylamide gels for

performing TFM and CuBS.

(A) Measured substrate strains as a result of stretching with CuBS, (B) Brightfield images of a

micropatterned VSMC stretched to 30% applied strain, (C) Anisotropic stress-strain relationship for

VSMCs measured on PDMS coated substrates (n=3), (D) Brightfield images of a micropatterned neonatal

cardiac myocyte stretched to 15%, and (E) Corresponding traces of the total axial force exerted by the

cardiac myocyte on the substrate during contraction. (scale bars: 20 pm)
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layer during unpaced contraction of a cardiac myocyte at 0% and 15% applied strain and
used to calculate the temporal forces during contraction (Fig A.1(E)). Both the active and
passive forces exerted by the myocyte increased at greater strains compared to the
undeformed forces.
A.4  Conclusions

This work has demonstrated that PDMS membranes with a layer of PDMS 527 are
able to be functionalized with fluorescent microspheres and micropatterned with
fibronectin for cell adhesion. Strains are able to be transferred to the substrates and
micropatterned cells and using images of the fluorescent bead layer, the resulting cellular
forces and stresses are able to be obtained. Future work is need to characterize the
thickness, stiffness, and smoothness of the PDMS 527 layer to ensure that the cells are
sensing the stiffness of the spun coat layer and not the underlying membrane. Overall, this
work demonstrates that the method described above offers an effective alternative to

current methods for performing CuBS and measuring cellular mechanical properties.
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