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Abstract 

 This dissertation explores the identification and characterization of novel 

metabolites of acetate and lipidic aldehydes in animal models. Advanced metabolomics 

techniques are utilized to elucidate the metabolic pathways and health impacts of these 

compounds, which are significant due to their presence in common foods and 

endogenous production. 

 Acetate, a vital metabolite involved in numerous metabolic processes, serves as a 

precursor for acetyl-CoA, essential for energy production and biosynthesis. This research 

validates urinary N-acetyltaurine (NAT) as a potential biomarker for hyperacetatemia, 

providing a non-invasive method to monitor circulating acetate levels. 

 Lipidic aldehydes, formed during the thermal oxidation of lipids and fats, are 

highly reactive and have been shown to substantially influence cellular metabolism and 

the health of humans and animals. This study investigates the disposition of aldehydes in 

the gastrointestinal tract of pigs fed oxidized oils, assessing their biotransformation and 

influence on nutrient digestion. The findings revealed the importance and potential 

contribution of de-novo aldehyde formation within the gastrointestinal tract to host 

health. Additionally, urinary markers responsive to lipidic aldehyde intake were 

characterized and identified in a mouse model. The results demonstrated the potential for 

new methods of assessing dietary aldehyde intake. Additional lipidomic analysis of the 

oils highlights the broader impacts of other lipid oxidation products in thermally oxidized 

oils on the host metabolism and health. 
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 All these insights enhance the understanding of acetate and lipidic aldehyde 

metabolism, offering new biomarkers for monitoring their dietary intake and metabolic 

states. Meanwhile, the findings call for further investigation into the comprehensive 

profiling of lipid oxidation products in oils, and their respective disposition and metabolic 

consequences. 
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Chapter 1 Literature review 

As targets of investigation in this dissertation research, acetate and lipidic 

aldehydes are broadly present in common foods and actively produced within the 

endogenous metabolic system. Acetate, a vital metabolite, plays numerous roles in 

metabolic processes, serving as a precursor for acetyl-CoA, essential for energy 

production and biosynthesis. Meanwhile, lipidic aldehydes, formed during the thermal 

oxidation of fats, have been implicated in various adverse health effects due to their 

highly reactive nature and potential to cause cellular damage. Additionally, they are 

associated with adverse growth performance in production animals fed oxidized oils. 

Understanding the impact of these compounds, both from dietary intake and endogenous 

production, is crucial for elucidating their roles in health and disease. This dissertation 

aims to: 1) review the current knowledge and identify gaps in the research areas 

associated with acetate and lipidic aldehyde metabolism; 2) examine and validate a 

potential urinary marker for circulating acetate; 3) investigate the disposition of lipidic 

aldehydes in the gastrointestinal tract of pigs fed oxidized oils; and 4) characterize and 

identify aldehyde-responsive urinary markers in a mouse model. Ultimately, this 

dissertation seeks to contribute to the broader field of nutritional science and metabolic 

health. 

1.1 ACETATE 

1.1.1 Sources of acetate 

Acetate is an important intermediate metabolite that can originate from both 

exogenous and endogenous sources. Exogenously, acetate could come from dietary 
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sources, such as the consumption of fermented food (e.g., kimchi1) and apple cider 

vinegar.2 Medical procedures may introduce exogenous acetate into the circulation, such 

as using acetate as a buffer in hemodialysis.3  Besides the direct input, alcohol intake 

could be an indirect source of acetate. The acetaldehyde, a toxic intermediate metabolite 

of alcohol, is detoxified by aldehyde dehydrogenase and transformed to acetate.4 On the 

other hand, there are several pathways for endogenous acetate production. In the liver, 

acetate can stem from acetyl-CoA hydrolysis by cytoplasmic acylthioesterase-12 

(ACOT12) during the lipid β-oxidation process. This metabolic pathway frees coenzyme 

A for other metabolic activities5, and may be heightened by starvation.6 For cells with 

adequate nutrition supply, pyruvate could be converted to acetate via oxidative 

decarboxylation in mitochondria. This is, in fact, an acetyl-CoA-independent metabolic 

activity of keto acid dehydrogenases, through either thiamine- or reactive oxygen species 

(ROS)-dependent pathways.7,8 Additionally, acetate could be released from the acetylated 

metabolites within the system, such as acetylated proteins.9 Another source of acetate is 

the gut microbiome. Acetate is a major microbial fermentation product on indigested 

carbohydrate, which is then extensively absorbed and uptaken by the liver.10,11  

1.1.2 Disposition and metabolism  

Acetate plays versatile roles in human health and disease. It is transported into 

cells by both passive diffusion and monocarboxylate transporters-mediated facilitated 

diffusion.12 The disposition and metabolism of acetate have been extensively studied and 

summarized in reviews.10,13 
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Acetate is an immediate precursor of acetyl-CoA, which is an essential 

intermediate in both catabolic and anabolic processes of macronutrient metabolism, as 

well as the cofactor for the acetylation of protein, nucleotides, and other amino-

containing metabolites.14 Acetyl-CoA plays a role in the intersection of nutrient sensing, 

energy metabolism, and stress response. The acyl-CoA short-chain synthetase member 1 

(ACSS1), located in the mitochondria, esterifies acetate and CoA to supply the citric acid 

cycle.15 The muscle, heart, and brown adipose tissue had higher expression of ACSS1.15 

The ACSS2, on the other hand, is primarily distributed in the nucleus and cytoplasm.16 

For humans, high expression levels are found in the kidney, muscle, small and large 

intestine, and adipose tissue.17 It is responsible for capturing and recycling the acetate 

released from histone deacetylation18,19, and can be upregulated for cells deprived of 

oxygen and lipid sources.20 Meanwhile, acetate is a ligand for free fatty acid receptors 2 

(FFAR2, also known as G-protein coupled receptor 43, GPR43), which regulates 

pancreatic β-cell function21,22 and mediates inflammatory responses.23,24  

Acetate is primarily excreted via urine.25 In the kidney, acetate is metabolized to 

bicarbonate, which in turn plays a role in regulating acid-base balance. Also, in the 

kidney, the acetate excretion depends on reabsorption via the monocarboxylic acid 

transporters in the renal proximal tubule.26,27 

1.1.3 Health impacts  

In many cases, acetate is considered beneficial to host health. The acetate sourced 

from gut microbiome fermentation was considered a main contributor to the health 

benefits of high dietary fiber intake, including reducing lipolysis, lowering blood 
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cholesterol, and enhancing insulin sensitivity 11,28. Additional benefits in body weight 

reduction 29, expedited fatty acid oxidation30, and reduced pro-inflammatory cytokines 31 

were also observed. Dietary acetate supplementation also showed desirable health effects, 

such as improved glucose uptake and lowered blood glucose levels.32,33 Researchers have 

shown a notable interest in the consumption of apple cider vinegar. Clinical trials have 

been conducted worldwide to investigate the health benefits for overweight and obese2, 

diabetic34, dyslipidemic patients35, and women with polycystic ovary syndrome (PCOS) 

36. The efficacy of the clinical application of apple cider vinegar is being actively studied. 

Discussions on vinegar consumption for its health-promoting benefits have also spanned 

in media platforms.   

However, discrepancies have been reported as well.10 Perry et al. observed 

hyperinsulinemia, increased fat deposition, and weight gain in rats that experienced 

chronic elevations in gut microbiome-derived acetate, accompanied by increased plasma 

acetate levels. Notably, such findings were observed from animal models maintained on a 

high-fat and high-calorie diet.37 Additionally, acetate reportedly has a pro-cancer effect, 

utilized as an energy source and a substrate for lipogenesis and biomass accumulation for 

cancer cells, especially the aggressive types.20,38 In fact, a recent metabolomic study 

associated higher blood acetate levels with an increased risk of breast cancer.39 

Additionally, the usage of acetate as the hemodialysis buffer has been associated with the 

development of hypotension and hypoxemia through its vasodilatory effect.40 

Considering the double-edged effects of acetate on health, monitoring systematic acetate 

levels potentially pertains to research and clinical importance.  
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Currently, acetate level is assessed via blood acetate. However, blood samples are 

not always available and require invasive procedures to acquire. A previous study 

identified elevated urinary N-acetyltaurine (NAT) as a metabolite in response to the 

increased circulating acetate from the metabolism of alcohol in mice dosed with 

ethanol.41 Hence, investigating the efficacy of NAT as a urinary biomarker for NAT may 

provide a non-invasive predictor for monitoring acetate levels.  

1.2 LIPIDIC ALDEHYDES  

1.2.1 Structural xlassification of aldehydes 

Aldehydes are a group of organic compounds containing a polarized carbon-

oxygen double bond (-CH=O), known as the aldehyde group.42 Based on their structures 

and functional groups, they can be further classified mainly into two major categories: A) 

aromatic aldehydes, containing an aromatic ring structure; B) aliphatic aldehyde, with the 

aldehyde group (-CHO) directly attached to the aliphatic chain. The aliphatic aldehydes 

can be further characterized into the following sub-categories: i) alkanals, saturated 

aldehydes; ii) alkenals, which include the α, β-unsaturated aldehydes, substituted 

alkenals, bis-alkenals, and epoxy aldehydes.43  

 Aromatic aldehydes are commonly used in perfumery and organic chemistry 

industries. Some examples include vanillin, the major flavor component of vanilla, and 

benzaldehyde (C7H6O), a major component of almond oil and used as an almond 

flavor.44,45 Alkanals contain only the saturated C-C bond, such as nonanal (C9H18O). 

Alkenals refer to the aldehydes containing unsaturated C=C bonds. Usually, in fried oils, 

2-alkenals are the most common species.43 Among alkenals,  α,β-unsaturated aldehydes 
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have a C=C double bond between the α and β (2nd and 3rd) carbon, such as 2,4-

decadienal (C10H16O). Its suffix -adienal indicates the existence of two unsaturated C=C 

chains. Furthermore, some alkenals with additional functional groups, including hydroxyl 

(-OH), hydroperoxyl (-COOH), and ketone (-C=O-) groups, are classified as substituted 

alkenals.43,45 One example is 4-hydroxy-2-nonenal (C9H16O2), which has been 

extensively studied for its toxicity and carcinogenicity.46 Epoxy aldehydes contain an 

epoxy group, such as  2,3-epoxy-4-hydroxynonanal, also a lipid peroxidation product.47 

Bis-aldehydes usually contain 2 aldehyde groups (-CHO) at the terminals of the 

molecule, exemplified by malondialdehyde (MDA), a substrate for thiobarbituric acid 

reactive substance (TBARS) assay and broadly used as an oxidation indicator both in-

vivo48 and in-vitro49.  

1.2.2 Dietary sources of aldehyde 

Humans and animals can encounter aldehydes via environmental exposure, dietary 

intake, in-situ generation in the gastrointestinal tract (GI), and endogenous formation in 

the post-absorptive systems.44,50 The dietary source of aldehydes includes various foods 

and ingredients, including fruits, vegetables, meats, fish, dairy, and grain products.44  

1.2.2.1 Naturally existing aldehydes in foods 

Aldehydes are naturally found in both minimally processed (e.g., raw foods) and 

processed (or cooked) foods. The aldehydes naturally produced by plants are primary 

attributors to their sensory properties. For example, aldehydes in herbs and spices define 

their unique aromas, such as vanillin in vanilla beans and cinnamaldehyde in cinnamon.51 

Aldehydes are also naturally present in many fruits and vegetables. For example, trans-2-
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hexenal is abundant in apricot, banana, and radish52, with a fresh and leafy aroma known 

as the leafy aldehyde.53 Hexanal, a saturated alkanal, is naturally produced in plants and 

smells like cut grass.54 Natural-occurring lipid oxidation also yields aldehydes in foods 

containing oils and fats. Hexanal, as an aldehyde originated from the oxidation and 

decomposition of linoleic acid (LA)55, is a good indicator for the oxidation and flavor 

deterioration in meat and meat products.56  

1.2.2.2 Aldehydes produced by food processing 

In addition to the inherent species, various processing methods, including cooking, 

produce aldehydes in foods. In fermentation, 3-methyl butanal, a microbially produced 

branched-chain aldehyde, is a key compound ascribing to the malty aroma of fermented 

black tea51, some cheeses57, and alcoholic beverages58. Fermentation also produces flavor 

precursors, and then heating further transforms the precursors into odorant aldehydes.59 

In chocolate production, the fermentation of raw chocolate releases amino acids, fatty 

acids, and reducing sugars, which are then converted to odorant aldehydes during the 

following heated manufacturing process.59 Three aldehydes are responsible for the 

pleasing chocolate-like flavors: 2-methyl-propanal, 2-methyl-butanal, and 3-methyl-

butanal.60  

Thermal treatment of lipids is known to produce aldehydes as well.51 When heated, 

especially at higher temperatures for long periods, triglycerides can undergo extensive 

oxidation and degradation, giving rise to more than 20 different aldehyde species.61,62 The 

cooking fume contains inhalable alkanals, alkenals, and alkadienals.63 Some of these 

aldehydic species are responsible for the aroma of the foods, such as 2,4-decadienal, 



8 
 

which gave baked wheat bread a fatty smell.64 Heated oils and fats, especially cooking 

oil, are rich in aldehydes, that can be ingested61 or transferred to food matrices. For 

example, potatoes contain only 0.1% fat.65 However, in the making of French fries, 

diverse aldehydes formed in the frying oil, as a result of lipid peroxidation, can migrate 

into the potato matrix in different rates and efficiencies.43,66     

As mentioned above, aldehydes are broadly used as flavoring agents given their 

volatility and odorant sensory properties.52 Their status as Generally Regarded As Safe 

(GRAS) compounds is commonly reviewed by the Flavor Extract Manufacturers 

Association (FEMA).52,67 In a 2008 report, a total of 91 α,β-unsaturated aldehydes were 

confirmed to be GRAS and used as flavoring compounds in food manufacturing.52 

1.2.2.3 In-situ formation of aldehydes in the gastrointestinal tract 

In addition to the presence in the foods, aldehydes can be formed in the 

gastrointestinal tract (GIT) during the digestion of foods, as a result of the in-situ 

transformation of dietary lipids. In the stomach, the strong acidic environment and the 

presence of oxygen lead to the peroxidation of dietary lipids68 via a non-enzymatic 

mechanism, such as the conversion of linoleic acid (LA) to linoleic acid hydroperoxide 

(LA-OOH).50,69,70 These hydroperoxides could undergo further modification and form 

other oxidation products, including hydroxyls, epoxyketones, and aldehydes.71 LA-OOH 

was broken down to secondary oxidation products in the stomachs of rats.50  Similar 

transformations were observed from in-vitro studies. Among the formed short-chain 

volatile compounds, hexanal is the main end product from the decomposition of the 13-

hydroperoxide of LA.50,72 The in-vitro digestion studies further demonstrated that the 



9 
 

production of aldehydes is positively correlated with the degree of unsaturation of the 

fatty acid composition of the oils.73  In addition to hydroperoxides, hydroxy lipids in 

oxidized oils can decompose to aldehydes in the stomach.50 The aldehydes could be 

directly absorbed in the stomach, but the rates of decomposition and absorption are dose-

dependent. When rats were dosed with 18 µmol labeled linoleic acid hydroperoxides, 

about 50% of the decomposed products were absorbed in the stomach without 

transferring to the intestine. However, when the dose increased to 1 mmol, the 

transformation in the gastric chamber seemed to be saturated. About 8.3% of the label 

was recovered in the intestine.50  

1.2.2.4 Endogenous sources of aldehyde 

Besides exogenous and in-situ sources, aldehydes, particularly the linear aliphatic 

species, may be produced from the endogenous peroxidation and breakdown of 

unsaturated fatty acids. Lipids, either stored as non-polar triglycerides, or present as cell 

membrane constituents, are vastly distributed at cellular and subcellular locations. The 

lipid species with higher polyunsaturated fatty acid (PUFA) content are more prone to 

peroxidation, producing predominantly linear aliphatic alkenals, alkanal, alkadienals, and 

substituted alkenals.74-76 At tissue, cellular, and subcellular levels, reactive oxygen 

species (ROS) are constantly produced to initiate the peroxidation of endogenous lipids 

and yield aldehydes, such as hexanal, 2-nonenal, acrolein, malondialdehyde, and 4-

hydroxy-2-nonenal (HNE)77-80, which may be detoxified via multiple metabolic 

routes.76,81 The stressors and diseases that increase oxidative stress and ROS production, 

therefore, may heighten endogenous aldehyde production.76  



10 
 

1.2.3 Current understanding on the dietary intake of aldehydes 

Assessing the dietary intake of aldehydes is challenging, due to the diversity in 

aldehyde species and food sources.  

1.2.3.1 Aldehydes from food additives vs traditional foods 

Among all the α,β-unsaturated aldehydes used as GRAS flavoring compounds, trans-

2-hexenal makes up 66% of the total annual volume of commercial usage.52 As a food 

additive, the estimated intake of 2-hexenal food additive was 57 µg/person/day, 

consisting of only a small fraction of the estimated 2,390 µg/person/day from natural 

foods, with the highest contribution from bananas. Other α,β-unsaturated aldehydes 

shared a similar pattern, with more intake from traditional food sources than in the form 

of additives.52 For example, 2,4-decadienal is a GRAS flavoring compound, with intake 

from naturally occurring sources exceeding more than 200 fold of the additive source (0.2 

µg/kg body weight/day).52 Generally, the GRAS status is established under the 

consideration of the low quantity in the food matrix and the frequency of dietary intake. 

Therefore, aldehydes from additives account for only a shallow portion of the total 

aldehyde intake.74  

1.2.3.2 Aldehyde in thermally oxidized oils 

Fresh and commercially edible oils usually have very low levels of aldehydes, while 

the thermally oxidized oils contain diverse aldehydes. In oxidized soybean oil, the major 

aldehydes are made up of saturated alkanals, unsaturated alkenal (e.g., 2-decenal), 

substituted alkenal (e.g., 4-hydroxynonenal, HNE), and alkadienal (mostly α, β-
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unsaturated aldehydes, e.g., 2,4-decadienal). The aldehyde levels are positively correlated 

with heating time, temperature, and unsaturation level.66,82 

The exposure of lipidic aldehydes is related to detrimental events in human health.44  

It was estimated that an individual’s daily intake of total aldehydes could reach 7 

mg/kg/day, equivalent to 525 mg/day for a 75 kg adult (165 lbs). Around 70-75% of the 

total volume came from α,β-unsaturated aldehydes.44,83 Three categories of aldehydes are 

derived from lipid peroxidation: n-alkanals, trans-2-alkenals, and alka-(trans, trans)-2,4-

dienals.84 The total aldehydes in heated soybean oil (HSO) may reach ~800 mg/L, with 

2,4-decadienal making up to half of it.66 In culinary oils rich in linoleoylglycerols, 20 min 

heating at 185 °C produced 3 mmol/L alkanals, and 13 mmol/L α,β-unsaturated 

aldehydes per kilogram oil.85 The differences in dietary patterns and food/ingredient 

sources would lead to great individual and regional variances. Unfortunately, the 

threshold for maximum acceptable intake of the aldehydes has not been clearly defined.44 

Grootveld et al. provided a rational estimation of several species based on the very 

limited existing information in 2 separate reviews.44,74  

Assuming hexanal, 2-octenal, and 2,4-decadienal were each class's sole and 

representative compounds, heated sunflower oil was estimated to contain more than 300 

ppm, 1,500 ppm, and 2,000 ppm of each. Alka-(trans, trans)2,4-dienals are the most 

abundant species (e.g., 2,4-decadienal) derived from peroxidized PUFA (e.g., linoleic 

acid).66,74  As a result, the proportion of alka-(trans, trans)2,4-dienals was even higher in 

PUFA-rich lipid sources, exceeding 75%, with less than 25% total aldehydes as saturated 

alkanals.74 Following such calculation, in a 100 g serving of French fries that contain 
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15% (w/w) oil, alkadienals were estimated to be nearly 300 ppm alkadienals, approaching 

~28 mg.74  

Because the macromolecules in the food matrix can interact with aldehydes, the 

actual profile of oil-derived aldehydes in the food might deviate from the oils. For 

example, French fries, or fried potato chips, compared to their frying oils, had higher 

ratios of saturated alkanals over unsaturated aldehydes.74 The 1H-NMR examination of 

fried potato chips (10-15% oil content, w/w) revealed an approximate 1:1:1 molar ratio, 

around 120 µmol/kg, for each of the three aldehyde classes.84  It is worth mentioning that 

the oil used in this study contained equivalent concentrations of MUFA and PUFA.74,84 In 

French fries prepared in PUFA-rich oils, such as soybean oils, 2,4-decadienal alone could 

account for 50% of total aldehyde concentration.66  

Acrolein, an oil-derived aldehyde, is a known toxin and has been studied extensively. 

It is also the simplest α,β-unsaturated aldehyde. Its daily intake was estimated from foods 

containing 0.05 to 1.0 mg acrolein/kg. Though only 8 common food sources were 

included for this evaluation, the accumulated acrolein intake was 2.35/mg/day.86 At the 

same time, the Acceptable Daily Intake/Tolerable Daily Intake (ADI/TDI) for acrolein is 

1.09 mg/day via oral exposure, set by the U.S. Environmental Protection Agency.87 In 

Australia, the ADI for acrolein is 0.0005 mg/kg body weight/day, equivalent to 0.0375 

mg for a 75 kg adult (165 lbs), and is only 3% of the U.S. standard. The estimated 

2.35/mg daily intake exceeds either ADI value. Given the broad existence of acrolein in 

food sources88, its actual daily intake was estimated to be even higher, reaching 5.0 

mg/day74,86, doubling the U.S. ADI. Processed and cooked foods rich in lipids, especially 
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Ω-3 fatty acids, are major contributors to the total acrolein intake.44 French fries may 

contain 14.8 – 19.9 μg/kg acrolein, whereas the acrolein concentration could reach 7.4 – 

207.4 mg/kg in frying oils.88 Yet, the acrolein intake will vary depending on geographic 

locations and the population’s dietary pattern. On the other hand, only very few 

aldehydes (metaldehyde, acrylamide) have well-recognized or established ADI/TDI.74  

1.2.3.3 Oxidized oil in human and animal diet 

Dietary fats, including triglycerides and free fatty acids, are macronutrients. Fats 

account for about 30% of daily energy intake in a typical Western diet in the U. S.89, 

while thermally processed oils and lipids make up to half of the daily fat intake.90 

Residual frying and cooking oils from commercial food production are not deemed for 

human consumption. In the U.S., restaurants generate about 2.5 billion pounds of waste 

oils annually.91,92 Making up 1/3 of the total annual fats and oils production, the waste 

oils from restaurants are economical and environment-friendly raw materials for 

industrial use (e.g., biodiesel production) and animal feed.91,93  

Among the rendered grease, fats, and oils, vegetable oils are the most used for 

animal feed in commercial practices.94 Although rendered fats and oils are usually further 

processed for quality assurance, the feed-grade fats and oils can still be significantly 

oxidized. Shurson et al. reported a broad range of PV (0.1 to 180.8 mEq O2/kg) in a total 

of 610 oil samples obtained from a feed manufacturer.95,96 This phenomenon was 

supported by another study that surveyed 41 feed-grade fat samples from across the U.S. 

Infrared analysis detected a wide range of active oxygen content (0.5 – 184 mEq/kg).95,97  

Additionally, seasonal variations have been observed in lipid peroxidation status, as 40-
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50% of the feed-grade fats showed higher instability during the summer months.98 

Storage and feed processing procedures can also intensify the peroxidation of lipid 

components.95  

Many animal feeding trials have been conducted to evaluate the potential adverse 

influence of oxidized oil on animal health. In pig-feeding experiments, heated soybean oil 

has been broadly studied at varying incorporation ratios (wt/wt) (e.g., 3%99, 5%100, 6%101, 

7.5%102,  10%103,104). As summarized in a meta-analysis, in addition to soybean oil, other 

forms of oxidized oil were studied for swine feeding trials, including fish oil, choice 

white grease, corn oil, canola oil, maize oil, poultry, and beef fat.105 In addition to swine, 

poultry was commonly studied for feeding oxidized soybean, sunflower, corn, and 

blended oils.105  The intake of oxidized oils reduced the average daily growth (ADG) by 

5%, the average daily feed intake (ADFI) by 3%, and the G:F ratio by 2%.The different 

oil sources, fatty acid compositions, and oxidation status of the oils result in variations in 

the magnitude of the growth performance changes.105 Hung et al. also pointed out that 

comparing oxidized-oil-elicited impacts on animal growth remains challenging due to the 

lack of more accurate methods for assessing the oxidation of oils.105 The metabolic 

consequences of oxidized oil consumption and the commonly used approaches for 

analyzing aldehydes and oil oxidation status are discuss later in this chapter.  

1.2.4 Aldehydes in thermally oxidized lipids 

1.2.4.1 Schemes of aldehyde formation in thermally oxidized oils 

The process of forming lipid oxidation products (LOPs) in thermally oxidized oil is 

characterized into three stages: initiation, propagation, and termination.106 In addition to 
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thermal stress, exposure to metal ions, light, and irradiation can also trigger oxidation. 

The initiation stage is marked by hydrogen abstraction and the formation of an alkyl 

radical of FA (R·). In the propagation state, oxygen reacts with the alkyl radical to form a 

peroxyl radical (ROO·), which then accepts a hydrogen abstracted from an unsaturated 

fatty acid, yielding a hydroperoxide (ROOH), a primary LOP. In the termination stage, 

the hydroperoxides can either react with other radicals formed in the previous stages, 

forming polymers, or degrade to small non-radical molecules known as secondary LOPs, 

including acids and aldehydes.107 Commonly consumed vegetable oils (olive, soybean, 

corn, canola, and sunflower)  primarily consisting of the following unsaturated fatty 

acids: oleic acid (C18:1, OA), linoleic acid (C18:2, LA), and linolenic acid (C18:3).108 

The routes of their oxidation under heating are discussed below.  

1.2.4.2 Primary LOPs of C18 unsaturated fatty acids  

Oleic acid  

As the second-most abundant FA in soybean oil (~25%, weight) and the most 

abundant FA in olive oil (~83%, weight)108, oleic acid is a monounsaturated fatty acid 

(MUFA) with a double bond between C9 and C10. Its oxidation starts with hydrogen 

abstracted at C8 or C11. The formed alkyl radicals undergo rearrangement and oxygen 

attraction, yielding four hydroperoxides of oleic acid (OA-OOH) (Figure 1.1). The 8- 

and 11-OA-OOH are preferably produced than the 9- and 10-OA-OOH.107 
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Figure 1.1 Formation of oleic acid-derived hydroperoxides.107,109  

 

Linoleic acid 

Linoleic acid (LA) is a poly-unsaturated fatty acid (PUFA) and is the most abundant 

FA in soybean oil (~63%, weight) and sunflower oil (~60%, weight), and the second 

most abundant in canola oil (~25%, weight). Olive oil contains only ~13% (weight) of 

LA.108 It is also an Ω-6 essential fatty acid, that can only be acquired from dietary intake 

for humans and pigs. For LA, the hydrogen at C11 (the 1,4-diene structure) is easily lost 

upon oxidative stress. The radicals then form 13- and 9-LA-OOH (Figure 1.2).107 In an 

NMR study, Frankel et al. estimated that the two hydroperoxides are produced at about 

equal ratio from methyl-LA thermal oxidation.110 
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Figure 1.2 Formation of linoleic acid-derived hydroperoxides.107,109 

 

Linolenic acid 

Linolenic acid (LnA), specifically the α isoform (ALA), is an essential Ω-3 fatty acid 

for humans and pigs. It is the least abundant FA in olive, canola, soybean, and sunflower 

oil (~3%, ~15%, ~10%, ~1%, respectively, by weight).108 Its oxidation mechanism is 

similar to LA, with the hydrogen easily abstracted from C11 and C14. The additional 1,4-

diene structure (compared to LA) gives more diversity to the formed hydroperoxides of 

ALA (Figure 1.3 A).107 Yet, the ratio of these LnA-OOHs varies. The 16-LnA-OOH is 

the most dominant in the 25-80°C temperature range, making up about 48% of the total 

hydroperoxides of LnA. The second abundant species is 9-LnA-OOH (~30%). The 12- 

and 13-LnA-OOH are produced at a similar ratio of 10%.111 
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 On the other hand, the γ-linolenic acid (GLA) is an essential Ω-6 fatty acid for 

humans, commonly found in evening primrose, borage, and black currant seed oils (9%, 

21%, and 17%, respectively, by weight of total fatty acid).112-114 Its oxidation pathway is 

less studied than ALA and hence not discussed further. A putative pathway is illustrated 

in Figure 1.3 B (adapted from Frankel et al.107).  



19 
 

 

Figure 1.3 Formation of linolenic acid-derived hydroperoxides. A) From α-linolenic 

acid107,109 and B) From γ-linolenic acid (putative pathway, adapted from Frankel et al.107).  
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1.2.4.3 Aldehyde formation from hydroperoxide decomposition 

After extensive heating at high temperatures, the radicals continue to attack the 

hydroperoxides, which decompose to diverse secondary LOPs, including acids and 

aldehydes (Figure 1.4).43,106,115,116 For example, the loss of hydroxyl radical (OH·) from 

the hydroperoxide group in 9-hydroperoxide of LA (Figure 1.4 A), forms an alkoxy 

radical (RO·). The adjacent C-C bonds to the radical are then subjected to homolytic β-

scission, giving rise to smaller molecules, such as 2-nonenal and 2,4-decadienal. These 

products may further interact with the radicals formed from previous steps, converting to 

substituted alkenal, such as 4-hydroxy-2-nonenal (HNE), or breakdown to smaller 

aldehydes, such as 2-octenal and hexanal (Figure 1.4 A). It should be noted that one 

aldehyde may come from multiple hydroperoxide precursors. For example, HNE can be 

derived additionally from the 13-hydroperoxide of linoleic acid via a dihydroperoxide 

intermediate (Figure 1.4 B).  

 

O

OH

O

OOH
O

OH

9-Hydroperoxide of linoleic acid
(9-hydroperoxy-10,12-octadecadienoate)

OH

O

O

2,4-Decadienal

3-Nonenal

Homolytic β-scission

-OH

O

2-Octenal

O

Hexanal

OOH O

OH

13-Hydroperoxide of linoleic acid
(13-hydroperoxy-9,11-octadecadienoate)

O

OH

OOH

+

RO
β-scission

+H+, O2

O

OOH

4-Hydroperoxy-2-nonenal

Reduction

O
OH

4-Hydroxy-2-nonenal

RO
β-scission

-H

+H+, O2

10,13-Dihydroperoxide

O

OH

OOH OOH

OOH O

H 4-Hydroperoxy-2-nonenal

O
OH

4-Hydroxy-2-nonenal

Reduction

A B



21 
 

Figure 1.4 Formation of aldehydes from the 9- and 13- hydroperoxide of linoleic acid. A) 

Mechanisms of forming 2,4-decadienal, 2-octenal, hexanal, and 4-hydroxy-2-nonenal. B) 

Mechanisms of forming 4-hydroxy-2-nonenal via a dihydroperoxide intermediate.107,109 

 

1.2.4.3 Factors influencing aldehyde formation in thermally oxidized oils 

Fatty acid composition, temperature, and heating time are the main factors associated 

with the aldehyde yield in thermally oxidized oils.   

Fatty acid composition 

When it comes to fatty acid composition, different fatty acids, due to the different 

structural locations of the C=C double bonds, give rise to different aldehydes. 

Meanwhile, the higher degree of unsaturation is more reactive and prone to heat-induced 

autoxidation.82 Oleic is the least reactive among the C18 unsaturated FAs since it only 

has one C=C double bond.107 It is the precursor for  C7 – C11 saturated aldehydes, as 

well as 2-decenal and 2-undecenal.66,116-118 Linoleic acid has two unsaturated C=C bonds 

and is reportedly 40 times more reactive than oleic acid.107 It is the precursor for 

pentanal, hexanal, and a series of alkenals, including 2,4-decadienal, 2,4-undecadienal, 2-

octenal, 2-nonenal, and 2-heptenal.116 Additionally, LA is responsible for forming 

substituted alkenals, including 4-HNE.107 Linolenic acid, on the other hand, is more 

reactive than LA by 2.4 fold.107 It is the precursor of C4-C11 unsaturated alkenals, HNE, 

propanal, and butanal. 66,116-118 As a result, the aldehyde generated in different oils largely 

depends on their fatty acid composition. Olive oil is rich in oleic acid (83% by weight).108 

After heating at 180 °C, hexanal, nonanal, and pentanal were the three most abundant 
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aldehyde produced.119 Though olive oil consists of only 13% LA108, due to much higher 

reactivity107, the LA derivatives surpassed the OA derivatives by around 2 fold in olive 

oil heated at 180 °C.119  Similarly, canola oil's OA and LA ratio is around 2-fold (by 

weight).108 Yet, in heated canola oil, the LA-derived aldehyde could be 3 fold higher than 

OA-derived ones.119  On the contrary, soybean and sunflower oils are rich in LA (~63% 

and ~60% by weight).108 The most abundant aldehyde in heated soybean and sunflower 

oils is usually 2,4-decadienal61,66, a characteristic aldehyde originated from LA oxidation.  

The known fatty acid and monohydroperoxide precursors of selected aldehydes are 

summarized in Table 1.1.  

Table 1.1 The known fatty acid and monohydroperoxide precursors of selected aldehydes formed 
at frying temperature 43,120  

Fatty acid Monohydroperoxide Aldehydes formed 
Oleic acid OA-8-OOH Decanal, 2-Undecenal 

OA-9-OOH 2-Decenal, Nonanal 
OA-10-OOH Nonanal 
OA-11-OOH Octanal 

Linoleic acid LA-9-OOH 2,4-Decadienal, 4-HNE, 3-Nonenal, 2-Octenal 
LA-13-OOH Hexanal, 4-HNE, Pentanal 

Linolenic acid LnA-9-OOH 2,4,7-Decatrienal,  3,6-Nonadienal 
LnA-12-OOH 2,4-Heptadienal, 3-Hexenal 
LnA-13-OOH 3-Hexenal, 2-Pentenal 
LnA-16-OOH Propanal 

 

Temperature 

The aldehyde is generated at a higher rate during food processing at higher 

temperatures. The 185 °C is a typical temperature used for frying oils. The kinetics of 

aldehyde formation before and after reaching this temperature displayed distinct patterns, 
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as revealed by Wang et al. During the ramping stage, the aldehyde production in the 

soybean oil was slow and minimal. However, after reaching 185 °C, the concentration of 

aldehydes showed a dramatically steep increase within the first hour.66 Beyond this 

temperature, aldehyde production in heated oils could be accelerated. Comparing canola 

oils heated at 240°C and 180°C, the total aldehydes were generated much faster (about 4-

fold difference) at 240°C.119 Similar trend was reported for olive oil119, and soybean 

oil121,122. 

Heating time 

At frying or cooking temperatures, heating time is commonly positively correlated 

with aldehyde formation in the oil. However, prolonged heating (e.g. 6 hr66, 9 hr119, 15 

hr119) may not increase the aldehydes concentrations and could decrease them. A kinetic 

study on soybean oil showed that the rate of aldehyde production was very rapid when 

heated at 185°C for 1 hour, reaching a total aldehyde concentration of around 600 mg/L. 

Nevertheless, in the following 5 hours, the aldehyde concentration increased to about 800 

mg/L.66 The canola oil heated at 180 °C showed a similar trend, as the rate of total 

aldehyde production was the highest in the first 9 hours, then dropped dramatically.119 

Different aldehydes also have distinct patterns of production during prolonged heating. 

For example, HNE continued to increase and showed a linear correlation with heating 

time, whereas 2,4-heptadienal and 2-heptenal decreased after 1 hour of heating in the 

soybean oil.66 These phenomena have been attributed to evaporation and degradation. 

The boiling point increases with the number of carbons in the aldehydes. Those with 

carbon length less than 8 have a boiling point below 180 °C and may quickly evaporate.61 
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Their peak concentrations were reached at a lower temperature. The boiling points of C9-

C11 aldehydes, on the other hand, peaked at a higher temperature. 123 In addition to 

evaporation, aldehydes may undergo further degradation if heated extensively, especially 

for long-chain alkenals. For example, 2,4-decadienal may break down at the two double 

bonds, yielding two smaller aldehydes: hexanal and 2-octenal.124 Similarly, 2,4-

hepadienal can degrade to propanal and 2-pentenal, and 2-pentenal to formaldehyde, and 

acetaldehyde.124 

1.2.5 Approaches for analyzing aldehydes  

1.2.5.1 Thiobarbituric acid reactive substance (TBARS) assay 

The TBARS assay is a common approach to aldehyde analysis, applicable to not 

only oils but also biological specimens (e.g., muscle tissue).125 The product of the 

reaction between thiobarbituric acid and malondialdehyde (MDA) has a pink color with 

absorbance at 532-535 nm.125 However, the TBARS assay has its limitations. The assay 

could be confounded by other non-MDA compounds in the sample matrix, such as 

formaldehyde126, oxidized lipids125, and imine/amine-MDA adducts127. On the other 

hand, TBARS assay does not cover other aldehydes in oxidized oils125, such as HNE or 

2,4-decadienal. Additionally, under prolonged heating, the TBARS value tends to 

plateau66, most likely due to the equilibrium of MDA formation in oils heated at high 

temperatures.128 The interpretation of TBARS results may warrant further caution as 

well. MDA primarily derives from the oxidation of poly-unsaturated fatty acids (PUFA), 

such as linoleic acid.128 Therefore, the TBARS values only partially describe the status of 

aldehyde production.  
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1.2.5.2 p-Anisidine value (AnV) 

The p-anisidine value directly reflects the concentration of aldehydic compounds.102 

It relies on the color formed between the p-anisidine and a carbonyl group, which is 

measured spectrophotometrically at 350 nm.129 In other words, AnV not only reflects the 

free aldehydes, but also captures the non-volatile carbonyls129, which are likely aldehydic 

precursors in the form of fatty acids or triglycerides. AnV is additionally advantageous in 

animal feeding trials. For broilers and pigs fed oxidized oils, the AnV of the oils used for 

feed formulation showed the strongest inverse correlation with the growth performance, 

compared to other indicators of oils’ oxidation status.123 Hence, AnV is a promising 

predictor of animals’ growth performance, with a proposed threshold of 172.130 In 

general, oils with AnV greater than 172 would more likely impair the animal growth. 

Nevertheless, this is not without exception.130 Further studies are still needed. On the 

other hand, AnV has its shortcomings. It is more sensitive to unsaturated aldehydes (2-

alkenals, 2,4-dienals) than saturated aldehydes. Because the product formed between 

unsaturated aldehydes and p-anisidine reagent have stronger absorbance at 350 nm.129,131  

Furthermore, AnV lacks specificity for distinguishing the specific aldehyde specie, which 

is common for spectrophotometric assays.  

1.2.5.3 Chromatographic approaches 

Gas- and liquid-chromatography (GC, LC) based methods have been developed for 

detecting and quantifying lipidic aldehydes. Compared to colorimetric assays, GC- and 

LC are robust in separating and quantifying individual aldehydes from complex samples 

with higher specificity and accuracy.  
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Gas chromatography (GC) 

GC is a powerful platform for separating and detecting volatile organic compounds, 

including aldehydes.132  The target compounds need to be chemically stable. The GC 

mobile phase usually consists of carrier gases like nitrogen or helium. The carrier gas 

flows through the stationary phase, which comprises a solid coating in a GC column to 

separate the target compounds.133 GC can be connected to several different detectors for 

compound identification and quantification, including flame ionization detector (FID)134 

and mass spectrometry (MS)135. GC-MS has broad application in analyzing aldehydes as 

flavoring compounds from various solid food matrices136, fluids137, and fumes119. Fullana 

et al. quantified seven alkanals, eight 2-alkenals, and 2,4-heptadienal from the cooking 

fumes of three different cooking oils.119 Vegetable oils could be directly injected into GC 

without derivatization for analysis of aldehydes.135 Meanwhile, headspace (HS) GC-MS 

is a popular technique given most aldehydes' low boiling point and volatility. Based on 

the HS-GC-MS platform, Liu et al. identified 21 aldehydes from 10 different types of 

frying oils. Additionally, the kinetics of pentanal formation during the continuous heating 

process was suggested as a good predictor for the oil quality.135 

To maximize the detection of aldehydes by GC-MS, additional sample preparation 

techniques can be applied. Solid food matrix, such as pork, must be homogenized before 

loading into HS-GC vials.136 Solvent extraction can be applied to separate and obtain the 

lipidic content from the sample matrix.138 Chemical derivatization is another approach to 

increase the sensitivity and accuracy of aldehyde detection by GC-MS, especially for the 

species with longer carbon chain, higher molecular weight, and less volatility.139 One 
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commonly used derivatizing reagent is O-2,3,4,5,6-(Pentafluorobenzyl)-hydroxylamine 

hydrochloride (PFBHA).140 It reacts with the carbonyl group in aldehydes, forming 

aldehyde pentaflyorobenzyl oxime (PFBO) derivatives, under mild acid. Alkanals and 

alkenals can be detected via their characteristic [M-181]+ ion.141 For α,β-unsaturated 

alkenals, one additional characteristic ion with m/z 250 can be used for identification.141 

Schmarr et al. quantified long-chain alkanals, alkenals, 2,4-alkadienal in grape seed oil 

samples via PFBHA derivatization coupled with GC-MS.142 This method can also be 

applied for biological samples, though less commonly, such as quantifying hexanal and 

heptanal in blood.143 In addition to PFBHA, other derivatization reagents are available for 

GC-MS application for biological samples.139 Taking MDA analysis for example, 

available reagents include 2,3,4,5,6-pentafluorobenzyl bromide (PFB-Br) and 2,4,6-

trichlorophenylhydrazine (TCPH) for urine samples144,145, and phenylhydrazine (PH) for 

plasma and rat liver microsomes146. GC-MS platform can also be coupled with 2,4-

dinitrophenylhydrazine (DNPH) derivatization. Osório and Cardeal validated and 

quantified acrolein in French fries via this approach.147  

Liquid chromatography (LC)                              

GC is commonly used for food samples, but its application on biological samples, 

such as tissue and serum, remains challenging due to interference from other non-

aldehyde compounds (e.g., protein).140 LC-based approaches can minimize GC’s 

inherited shortcomings. It is additionally advantageous for longer-chain aldehydes, such 

as the lipidic species.140 Reverse-phase LCs are commonly used for separating target 

compounds. The mobile phase is more polar than the stationary phase (packed in the LC 



28 
 

column). During a typical RPLC run, the ions are adsorbed to the stationary phase packed 

in the LC column, which is less polar than the mobile phase. Then, the mobile phase 

gradient changes the polarity, allowing ions to elute from the column. In general, 

compounds with greater hydrophobicity will have longer retention time and elute later 

from the RP column.148 

LC can be coupled with an ultraviolet detector (UV) or a mass spectrometer (MS). 

LC-UV was one of the earliest methods developed for quantitatively analyzing 

aldehydes, usually from environmental sources. However, pre-column derivatization with 

DNPH is required. The formed carbonyl-hydrazones can be detected at 360 nm. Its 

application has been extended to food, beverage, and biological fluids (serum, plasma, 

and urine).   

On the other hand, LC-MS has an even broader application for complex samples, 

with many developed methods with high sensitivity, selectivity, and specificity towards 

aldehydes.139 Aldehydes generated in oil during the frying process were monitored via 

LC-MS analyses via DNPH149 or 2-hydrazinoquinoline (HQ)66 derivatization. The 

carbonyl group in aldehyde forms a hydrazine with HQ via a condensation reaction.150 

DNPH is broadly used for food samples151 and biological samples.152 Both approaches 

are more efficient than GC, as they allow for the quantification of both aldehyde and fatty 

acids at the same time.66,150 For GC-MS detection, fatty acids usually need to be 

derivatized to methyl esters for thermal stability, especially for those longer than 10-

carbon.153 Therefore, LC-MS workflows are more rapid and have higher throughput.  
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1.2.5.4 Other approaches 

Fourier transform infrared spectroscopy (FTIR) 

FTIR can be used to detect the carbonyl functional group.154,155 Navarra et al. 

monitored the change of aldehyde in thermally oxidized extra virgin olive oil by spectral 

change at wavelength 3530 cm-1.156 The primary LOPs, such as peroxides, can be 

characterized by spectral change at wavelength 3500 cm-1.157 Alshuiael et al. recorded the 

broader spectra corresponding to carbonyl (C=O) group in thermally oxidized sunflower 

and corn oil at wavelength 1743 cm-1.158 Nevertheless, FTIR is unable to distinguish the 

classes of carbonyl-containing compounds, such as esters, ketones, and aldehydes. The 

lack of specificity makes it an inferior option for comprehensive characterization of 

aldehydes in food and biological samples.  

Proton nuclear magnetic resonance (1H-NMR) 

Similar to FTIR, NMR can detect both the primary and secondary LOPs in oxidized 

oil samples. Goicoechea and Guillen monitored the changes of hydroperoxides, 

conjugated dienes, di-epoxides, and aldehydes in thermally oxidized sunflower oils.159 

With the standards, NMR can also distinguish different aldehydes classes, such as 

identifying alkenals, alkanals, and 2,4-alkadienals.159 Compared to LC-MS based 

approaches, NMR requires minimal sample preparation, but has much less sensitivity and 

specificity for aldehydes.  

1.2.6 Current knowledge on the in-vivo disposition of lipidic aldehydes  

Overall, lipidic aldehydes are bioavailable and are associated with many 

pathophysiological consequences, such as cardiovascular disease, cancer, and 
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Alzheimer's disease (Figure 1.5)160, due to their non-enzymatic and enzymatic 

reactivities. In epidemiology studies, dietary intake of fried food was associated with 

elevated risks for cancer, cardiovascular disease, and metabolic syndrome. 161-166 In 

animal studies, consuming highly oxidized oil led to a series of biological implications, 

including depressed appetite, increased intestinal leakage, diarrhea, deterred growth 

performance, elevated liver and kidney weight, oxidative stress, and altered blood lipid 

panel.100,103,104,167-169 The bioavailability, reactivities, and related health implications are 

discussed below.  

 

Figure 1.5 Aldehyde-related toxicity and pathogenesis in humans and animals. Modified 

from Laskar and Younus, 2019.160 

 

1.2.6.1 Bioavailability of aldehydes 

The aldehydes in heated oils are bioavailable. The octanol-water partition coefficient 

(Log P) values of major aldehydes in HSO, except acrolein, are between 1.04 and 4.23, 

which indicates high lipophilicity for efficient transepithelial diffusion in the intestine.102 

This statement was supported by detecting aldehydes in the chylomicrons of the pigs fed 

oxidized oil.170 Additionally, after oral dosing of radioisotope labeled 4-HNE in rats, 
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about 50% of the radioactivity was excreted in the urine, including the detection of 9-

hydroxy-nonenoic acid as a major urinary metabolite of HNE, which was in contrast to 

the 15% radioactivity in feces.171 The bioavailability of aldehydes was also illustrated by 

the detection of mercapturic conjugates in urine after dosing the rats with 2-nonenal, a 

major aldehyde in heated oils.172 Despite this evidence on the bioavailability of 

aldehydes, the kinetics of aldehyde absorption have not been examined in detail.    

1.2.6.2 Non-enzymatic metabolism of aldehyde and its consequences 

Aldehydes are electrophiles. Their reactivity is mainly contributed by the unique 

aldehyde group (-CH=O). The oxygen attracts the electrons of its adjacent carbon 1, 

increasing the polarity for reactions with nucleophiles.45 Saturated alkanals with longer 

carbon chains preferably form adducts with amines via Schiff base (Figure 1.6 A).45 The 

amine group of the lysine side chain and the exocyclic amino group of DNA are often 

target sites.45 Besides Schiff-type adducts, aldehydes can also form Michael-type adducts. 

For α, β-unsaturated aldehydes, the additional reactivity stems from the unsaturated C=C 

bond between the α and β carbon. The β-carbon can form adducts with thiol groups (-SH) 

in cysteine via Michael addition (Figure 1.6 B).173 Another type of Michael-type adducts 

can be formed by the covalent binding between the β-carbon and primary amine (Figure 

1.6 C), often targeting the side chain of lysine.174 Moreover, the imidazole side chain in 

histidine can form Michael adducts with α, β-unsaturated aldehydes (Figure 1.6 D)175, at 

a slower rate than the reaction with thiol.176   

The reactivity of aldehyde can be exemplified by HNE, as it contains three 

functional groups for reactions: carbonyl, α-β double bond, and hydroxyl group.175 The 



32 
 

terminal carbonyl group of HNE may react with the amine group. Meanwhile, its 

hydroxyl group is at the carbon adjacent to β carbon. It pulls the electron away from the 

carbon chain, making the β carbon more vulnerable to react with the thiol group.173 The 

diverse reactivity allows HNE to crosslink large molecules, such as proteins and DNA, 

leading to biological dysfunction and toxicity.45,177 Besides forming adducts with lysine, 

cysteine, and histidine, HNE also reacted with other amino acids, including arginine, 

threonine, tryptophan, glutamic acid, and asparagine.178,179 
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Figure 1.6 Non-enzymatic formation of adducts between aldehydes and biological 

molecules of different functional groups. A) Aldehyde forming Schiff base with an amine 

group. B) Aldehyde forming adducts via Michael addition with a thiol group. C) 
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Aldehyde forming adducts via Michael addition with a terminal amine group. D) 

Aldehyde forming adducts via Michael addition with imidazole group.  

 

Capable of forming adducts with DNA, aldehydes are genotoxic and mutagenic. For 

nucleic acids, their amine groups may form diverse adducts with aldehydes, leading to 

point mutation, deletions, insertions, and inversions. As a result, DNA strand breakage 

and destabilization were observed in the cellular model.180,181 Exposure to aldehyde also 

impaired DNA repair activity, an important checkpoint in carcinogenesis.182 As a result, 

the genotoxicity of aldehydes can be directly reflected in the development of cancer. 

Prolonged inhalation of aldehyde-rich cooking oil fume has been associated with elevated 

risks of non-smoking lung cancer, observed in epidemiology studies.183 Similarly, the 

intake of aldehyde-containing fried food is a contributor to the increased gastric164, 

colorectal165, and prostate166 cancer.  

The formation of aldehyde-amino acid adducts may lead to protein inactivation. For 

example, when the cysteine residue is modified, some mitochondrial enzymes, including 

glutathione S-transferase, are inactivated.45,160 Furthermore, since aldehyde may diffuse 

across the membrane easily, membrane proteins may be the targets of adduction, 

disrupting membrane structure.184 Depending on the target protein, exposure to aldehyde 

may induce cascading effects, such as escalated production of reactive oxygen species 

(ROS).160 In the cellular model, exposure to HNE and MDA deactivated succinate 

dehydrogenase, disrupted the electron transport chain, and therefore promoted 

mitochondrial production of superoxide. The escalated oxidative stress hindered cell 
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viability.181 For myocardium, such mitochondrial abnormalities further impacted ATP 

production and cardiac function.185 The oxidative stress is also reflected in vivo. In pigs 

fed oxidized oil, the activities of key antioxidant enzymes, catalase (CAT), glutathione 

peroxidase (GPx), and superoxide dismutase (SOD) were significantly reduced in the 

small intestine epithelial cells.100,101,186 Hepatic GPx, CAT, and SOD declined in rabbits 

fed oxidized vegetable oil.187 However, pig-feeding trials reported varying results. In 

growing pigs, only serum GPx and hepatic CAT were depleted.104 In finishing pigs, 

hepatic GPx, serum GPx, and CAT were unchanged.188 Additionally, the ROS-elicited 

oxidative modification of lysine, proline, arginine, and threonine can further produce the 

protein carbonyls (PC), a direct indicator of oxidative stress.189 HSO-feeding significantly 

increased serum PC groups in growing pigs.104 But such incidence was absent in finishing 

and nursery pigs.103,188 Additionally, aldehydes formed from lipid oxidation, such as 

HNE, may produce PC groups by Michael addition, a non-enzymatic adductation. This 

process is more prevalent than the direct oxidation of amino acids in vitro.190  

1.2.6.3 Enzymatic metabolism of aldehydes and its consequences 

The human body has aldehyde-metabolizing enzymes to mitigate the toxic effects, 

comprised of aldehyde oxidase (AOX), cytochrome P450 (CYP450) enzymes, aldo-keto 

reductases (AKRs), alcohol dehydrogenases (ADHs), short-chain 

dehydrogenase/reductases (SDRs), and aldehyde dehydrogenases (ALDHs). 

Subcellularly, these enzymes are vastly expressed in the mitochondria and cytosol of 

many organs, including gastrointestinal mucosa. They catalyze the redox conversion of 

aldehyde to less reactive compounds, such as acids and alcohols.160 Their catalytic 

mechanisms are summarized in Table 1.2.   
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ALDH is a superfamily of enzymes, present in all subcellular locations. They are the 

main enzymes responsible for detoxifying aldehydes due to their high affinity and 

abundant cellular expression.160 They are distributed in almost all subcellular organelles. 

To convert aldehydes to carboxylic acids, NAD(P)+ is needed as a cofactor.160 ALDH 

starts detoxifying dietary aldehydes in the gastric mucosa.191 Hepatic activation of ALDH 

was identified in mice as a defensive mechanism in response to HSO feeding.168 In recent 

swine-feeding projects, HSO depleted serum but not hepatic GPx.103,188 The unchanged 

hepatic GPx was also observed in a rat model.61 Yet, upregulation of GPx expression was 

reported in pigs fed oxidized rapeseed oil.192 

Additionally, the redox imbalance was revealed by the increased in-vivo expression 

of Nqo 1 and HO1. These two genes are regulated by nuclear factor erythroid 2-related 

factor 2 (Nrf2).168 Activation of the Nrf2 signaling pathway was a response to the 

consumption of oxidized rapeseed oil.192 As a transcription factor, Nrf2 plays an 

important role in the homeostasis of redox status. Some of its influences include the 

induction of antioxidant enzymes (GST, GPx, SOD).193 

Table 1.2 Catalytic reactions of aldehyde-metabolizing enzymes in humans. Modified from 
Laskar and Younus, 2019.160 

Enzyme Catalytic mechanism Subcellular location 
AOX RCHO + O2 + H2O   RCOOH + H2O2 + H+ Cytoplasm 
CYP450 RCHO + O2 + NADPH + H+  RCOOH + H2O + 

NADP+ 
Endoplasmic reticulum 

AKRs RCHO + NAD(P)H  RCH2OH + NAD(P)+ Cytoplasm 
ADHs RCHO + NAD(P)H  RCH2OH + NAD(P)+ Cytoplasm 
SDRs RCHO + NAD(P)H  RCH2OH + NAD(P)+ Microsome 
ALDHs RCHO + NAD(P)+ + H2O  RCOOH + 

NAD(P)H + H+ 
Cytoplasm, mitochondria, 
endoplasmic reticulum, and 
nucleus 
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Another important route to metabolize aldehydes is via glutathione S-transferases 

(GSTs) in the mercapturic acid (MA) pathway. They mainly metabolize alkenals and 

hydroxyalkenals. In rat hepatocytes, GST and ALDH account for the main metabolism of 

HNE, while ADH activity is very minor.194-197 In vivo, the MA pathway starts with 

glutathione (GSH) conjugation with aldehyde in the hepatocytes. Taking HNE for 

example (Figure 1.7), its β carbon is conjugated with the thiol group of GSH. GSH 

contains three structural moieties: cysteine, glutamate, and glycine. The glutamyl-glycine 

moiety is removed by γ-glutamyltranspeptidase (γ-GT) and dipeptidases (DP), forming 

the HNE-Cys thioether adduct. Then cysteine residue is further modified by 

acetyltransferase (AT), forming HNE-acetylcysteine, also known as MA adduct.198-200 

The acetylation enzyme, AT, is expressed in mainly in the liver and kidney of humans 

and rats.  

Additionally, the MA pathway interacts with the redox enzymes, ALDH and 

AKR, forming a variety of MA adducts (Figure 1.7). These adducts undergo further 

reaction and eventually become 4-hydroxynonenoic acid (HNA)-lactone-MA, HNA-MA, 

1,4-dihydroxynonene(DHN), DHN-MA.201,202 These urinary metabolites are used as 

marker for HNE.171 
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Figure 1.7 Mercapturic acid pathway for metabolizing HNE. Modified from Sidell et al., 

2003200 and Kuiper et al., 2008203.  

 

The distribution of these aldehyde-metabolizing enzymes is site-specific. GST, 

ADH, and ALDH are present in the stomach and intestines.191 ADH4 is the main 

aldehyde-reducing in the ADH family, located dominantly in the epithelial cells of the 

villi.204 In the human GI, ALDH has the strongest activity in jejunum (isoforms 1A1, 2, 

AND 3A1), and is higher than that of ADH.205 In the liver, both phase I (ADH, ALDH, 

AKR, AOX, CYP450) and phase II (GST) enzymes are active. AOX is also expressed in 

the kidneys and lungs.206 ALDH has an even broader distribution in the kidney, heart, 

lung, and brain. The isoform ALDH2 is the most abundant in the liver.207 SDR are 

expressed in the kidney and brain besides the liver.208 
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Given the requirements of the detoxifying enzymes, substrates, and corresponding 

co-factors, consumption of aldehyde-rich oxidized oils can pose a challenge to the redox 

balance in vivo. In a mice-feeding trial, hepatic GSH and ascorbic acid were decreased by 

HSO feeding.168 Aldehyde presumably contributed to this stress response168, as the 

conjugation with GSH vis GST is a common detoxifying mechanism, as mentioned 

above. Moreover, in response to the consumption of rapeseed oil-induced oxidative 

stress, the activation of Nrf2 signaling pathway could promote the synthesis of reducing 

cofactors (NADPH, GSH) for the enzymatic detoxification of aldehydes.193  

1.2.7 Current knowledge on the disposition of non-volatile lops from thermally 

oxidized oils  

Thermally oxidized oils contain a variety of non-volatile LOPs besides aldehydes. 

Their composition, assessment approaches, disposition, transformation, and interactions 

with the GI are discussed in this section.  

1.2.7.1 Composition of non-volatile LOPs 

Aldehydes are the breakdown products of primary LOPs, the fatty acid 

hydroperoxides (FA-OOH). Along with aldehydes, the FA-OOH could degrade or 

decompose to ketones, single- and bi-carboxylic acids, hydroxy-, and epoxy-acids.43 The 

free ketones and aldehydes are considered the volatile components of LOPs.  

Other larger-molecule LOPs are generally non-volatile, including dimeric TG, 

oxidized TG (TG-OX), mono-, and di-acylglycerols (MG, DG). The TG-OX contains 

shorter-chain-, oxo-, hydroxy-, keto-, epoxy-fatty acyls, and free fatty acids. A specific 

type of TG-OX contains aldehyde groups in the fatty acyl chains, referred to as glycerol 
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core aldehyde (GCA). Examples of GCAs include 9-oxononanoic acid, 7-oxo-nonanoic 

acid, 8-oxooctanoic acid, 10-oxo-8-decenoic acid, and 11/13-oxo-9-octadecenoic acid.209-

212 Epoxy-GCAs were identified in corn and sunflower oils oxidized by metal oils. These 

GCAs are relatively stable after prolonged heating (24 – 60 hours) at frying 

temperature.210 They are commonly formed via the homolytic β-scission of the 

hydroperoxides, simultaneous to the formation of volatile aldehydes. The aldehyde 

groups in GCAs can form the Schiff base with the amine group of the p-anisidine reagent. 

Consequentially, a positive correlation has been observed between total GCA and the 

AnV of frying rapeseed, sunflower, and cottonseed oils.210 

All polar species mentioned above are reflected as total polar content (TPC). TPC 

concentration in heated oil positively correlates with heating time and temperature.213 

Currently, 25-27% TPC (by weight) is the maximum threshold of frying oils used in 

commercial establishments in European countries.214 Oils with TPC above this limit are 

not deemed for re-use and need to be discarded. Typically, in an oil containing 25% TPC, 

TG-OX species take up only a small portion of 5.9-9.4% (weight).215 Additional 

regulation on epoxy fatty acids was set as the maximum of 7 g/kg for cooking and frying 

oils.216   

At frying temperature, even larger polymerized compounds, such as polymerized TG 

(PTAG), may also form.70 Oils with higher degrees of unsaturation are more prone to 

forming PTAGs upon heating.217 In European countries, the threshold for PTAG in 

cooking oil is set at 12-13%, yet 10% is recommended as the limit for replenishment.217  
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1.2.7.2 Approaches for assessing non-volatile LOPs 

The challenge of analyzing non-volatile LOPs comes from their stability, size, and 

structural diversity. The TPC content in oil can be determined by size-exclusion 

chromatography, according to the AOCS method Cd 20-91.218 However, such an 

approach is only an approximate analysis, as it does not reveal the identity of polar 

compounds and their concentrations. Chromatographic approaches, on the other hand, 

can provide more detailed information.  

Oxidized TGs, including the GCA, epoxy, and hydroxy species, can be directly 

analyzed via reverse-phase LC coupled with MS.211 The structure profiling of TG-OX 

species relied on two types of tandem MS/MS platforms: collision-induced dissociation 

(CID) and electron activated dissociation (EAD). The CID and EAD together elucidate 

the acyl chain identity. Then, EAD additionally reveals the fatty acyl chain identity at sn-

2 position.211 Even so, such findings were established based on high purity and authentic 

triglyceride standards. Oils, containing a mixture of versatile TG precursors, will add to 

the complexity of the structural analysis of TG-OX. Additional pre-column preparation is 

needed to separate and enrich the target TG-OXs for analysis, such as solid phase 

extraction.219 Besides LC-MS, GC-MS has been widely used for profiling non-volatile 

LOPs.209,210  

Nevertheless, interpretation of the chromatographic data for TG-OX is challenging 

as well. The heterogeneity of the data comes from the possible positions of unsaturation, 

oxidation, types of oxygenations, the diversity of triglyceride precursors, and the lack of a 

comprehensive database. The traditional manual interpretation approach is inefficient in 
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profiling the TG-OXs, especially those from oil or biological samples. Bioinformatic 

tools are being developed to fill in the gap and to facilitate the discovery of LOPs.220 

The PTAG in the oxidized oil can be accessed and quantified via size-exclusion 

chromatography according to the official AOAC method 993.25-1996.217  

1.2.7.3 Disposition of non-volatile LOPs in GI 

Mouth and stomach 

Lipid digestion starts in the mouth and is actioned by lingual lipase. Then, gastric 

lipase continues to de-esterify TGs and release DG and FFAs in the stomach.221 Lipases 

can hydrolyze the TG-OX and dimeric TG usually, releasing the fatty acids from glycerol 

backbones.222 However, polymerized TGs are resistant to such digestion and can pass to 

the large intestine.222 In the gastric lumen, the non-enzymatic transformation of TG-OX 

for detoxification was observed. Hydroperoxides and hydroxy lipids, due to the presence 

of oxygen and a strong acidic environment, are decomposed to aldehydes and absorbed in 

the stomach (discussed in section 1.2.3). Hydroxy lipids can be uptaken by the stomach 

and rapidly utilized for energy as well, yielding CO2.50 The fate of epoxy lipids in the 

gastric lumen is less known. In vitro digestion of oxidized sunflower and rapeseed oils 

showed the transformation to diols.223 But the quantity and reaction rate are unclear.191 In 

addition to the above-mentioned luminal non-enzymatic transformations, gastric 

glutathione peroxide in the mucosa reduces hydroperoxides to water and lipid 

alcohols.191,224 

Small intestine 
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Under normal conditions, in the small intestine, more than 95% of triglycerides are 

hydrolyzed to MG, FFA, and then uptaken.225 The digestibility of the non-volatile LOPs 

remains inconclusive. Marques-Ruiz et al. reported comparable digestibility among non-

oxidized, and oxidized-TGs from a study on oxidized trilinolein. But a less efficient  

hydrolysis of TG-OX was reported as well226, potentially as a result of pancreatic lipase 

inhibition from TG dimers, polymers222, and also hydroperoxides227. Epoxy-TG can also 

be hydrolyzed to release FFA, but at a slower rate than other TG-OX.228  

In the transport of polar compounds in oxidized oils across the intestinal apical site, 

GSH is an important mediator.191 The hydroperoxides that reach the intestine can be 

uptaken into enterocytes with sufficient presence of GSH and quickly reduced to alcohols 

by GPx. Hydroperoxides from normal dietary intake can be modified completely in the 

stomach. However, those from oxidized oils may overwhelm the gastric lumen's catalytic 

capacity and leak to the intestine.50 In this case, the intestinal GSH-dependent uptake 

capacity may be saturated, accumulating hydroperoxide in the intestinal lumen.229 In 

addition to GPx, GST is also an important enzyme in the intestine’s defensive line. 

Mainly located in the mucosal coating of epithelial cells, GST conjugates polar 

compounds, specifically epoxides, and alcohols, to glutathione, preventing them from 

directly contacting the intestinal cells. The conjugates are then excreted via feces or 

urine. 229,230 Another less-known enzyme is acetyltransferase, which conjugates fatty 

alcohols to acetyl-CoA.231 

The free fatty acids in the oxidized oil (or hydrolyzed from TGs) can be incorporated 

into lipoproteins and exported to lymph by enterocytes. The shorter-chain fatty acids 
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(C≤8), either from the free FFA in the oils, or hydrolyzed from TG-OX, can be directly 

transported to the liver.191,232 However, the transport and disposition of other non-volatile 

LOPs from the intestine to systematic distribution is unclear.191 

Large intestine  

For healthy individuals under normal conditions, more than 95% of dietary lipids are 

digested and absorbed in the small intestine. Only a small proportion reaches the large 

intestine, except for dimeric and polymeric TGs.226 But their presence throughout the 

entire GI tract is still noteworthy. By comparing diet and fecal excretions, Marques-Ruiz 

et al. reported a 50% and 90% fecal recovery of dimeric and polymerized TGs in rats 

dosed with labeled linoleic acid and oxidized olive oils.233,234 Nonetheless, their 

metabolism by gut microbiome has not been thoroughly studied. On the other hand, the 

generic changes in gut microbiome induced by oxidized oil consumption are reviewed 

later in this chapter. 

1.2.7.4 Metabolic fate of non-volatile LOPs  

The disposition and metabolic fate of dietary non-volatile LOPs have not been 

systematically characterized.  Nevertheless, as pointed out in a comprehensive review, it 

is consensus that the liver is the main organ for detoxification. Meanwhile, despite the 

absorption of non-volatile LOPs, they are mostly metabolized and transformed, without 

directly coming into contact with sensitive tissues.191 Enzymes involved in metabolizing 

aldehydes are discussed in previous sections. One additional enzyme involved in 

metabolizing TG-OX in oxidized oils is epoxide hydrolase. In the liver, epoxide 

hydrolase adds a water molecule to epoxides, forming trans diols.235 Human have two 
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isoforms, EH3 and EH4, specifically targeting fatty acid epoxides.236 However, the 

conversion of epoxides to diols is not always protective and depends on the FA epoxide 

structure.191 The detoxifying effect is applied to LCFA with epoxide in the middle. 

Nevertheless, for FAs longer than 18 carbons, their diols are more toxic.237 The structure 

of epoxide species in oxidized oils have not been comprehensively studied. Therefore, 

their rates of digestion and metabolism will need further research.  

1.2.8 Current knowledge on the interrupted nutrient metabolism associated with 

oxidized oil consumption 

The health impacts of oxidized oil consumption have been evaluated in both 

humans and animals. In epidemiology studies, dietary intake of fried food was associated 

with elevated risks for cancer, cardiovascular disease, and metabolic syndrome. 161-163 In 

animal studies, consuming highly oxidized oil led to a series of biological implications, 

including depressed appetite, increased intestinal leakage, diarrhea, deterred growth 

performance, elevated liver and kidney weight, oxidative stress, and altered blood lipid 

panel.100,103,104,167-169 Some established metabolic effects are discussed below.  

1.2.8.1 Disruption on lipid metabolism 

Oxidized oil consumption is known to activate hepatic peroxisome proliferator-

activated receptor-alpha (PPAR-α).168,238 Some LOPs in thermally oxidized oils are 

PPAR-α agonists, including cyclic and hydroxylated acids.238 In a mice-feeding trial, 13-

hydroxyoctadecadienoic acid (13-HODE), formed by oxidizing linoleic acid, was 

detected as a PPAR-α agonist in HSO. PPAR-α activation directly upregulated the β-

oxidation of fatty acids in mitochondria, likely leading to reduced serum and hepatic 
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triglyceride (TAG).168,239 Meanwhile, PPAR-α activation induced ω-oxidation of fatty 

acids, yielding medium-chain dicarboxylic acids.240,241 Suberic acid and azelaic acid were 

detected in the urine of mice fed HSO.168 Notably, for rodents, enzymes performing ω-

oxidation are mostly distributed in the liver.242 Peroxisome proliferation is associated 

with hepatic proliferation243, which likely explained the increased liver weight in animals 

fed with heated oil.103,168  

Oxidized oil may intervene in lipid metabolism via PPAR-γ activation, as observed 

in the cellular model.244 PPAR-γ is a key regulator in adipogenesis, insulin sensitization, 

and glucose metabolism. Its activation in the liver alters energy metabolism homeostasis, 

favoring lipid storage.245,246  

Cholesterol homeostasis may also be impacted by intake of oxidized oil to varying 

extents. In rats, the activation of sterol regulatory element-binding protein-2 (SREB-2), a 

transcription factor regulating cholesterol synthesis, was inhibited by intake of oxidized 

oil. Its target gene transcription for 3-hydroxy-3-methylglutaryl CoA (HMG-CoA) 

reductase and LDL receptor was reduced, lowering the serum and hepatic total 

cholesterol.247,248 However, the cholesterol-lowering effect was absent in other animal 

trials.249 Adverse trend was reported as well.169  

1.2.8.2 Disruption on amino acid metabolism  

In response to oxidized oil consumption, tryptophan-NAD+ synthesis pathway was 

activated in mice and pigs.130 This was a combined result of PPAR-α activation, oxidative 

stress, and inflammatory signaling. NAD+ is a co-factor for ALDH to metabolize 

aldehyde160 and for fatty acid β-oxidation250. It is also a precursor for NADPH, a cofactor 
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needed to regenerate GSH and combat oxidative stress. To supply the NAD+, intracellular 

tryptophan was catabolized to synthesize NAD+. Additionally, purine degradation was 

attenuated to preserve substrates for NAD+.168 In addition to tryptophan, threonine 

metabolism could be disrupted by oxidized oil consumption. In pigs fed oxidized corn 

oil, serum threonine increased while hepatic threonine decreased.130 Such imbalance was 

induced by the inhibited threonine dehydratase (TDH), reflected by the decreased hepatic 

α-ketobutyrate, a downstream metabolite of threonine. As discussed by Guo et al., the 

lipidic aldehydes were likely the underlying cause for such a phenomenon by interfering 

with the Schiff base bound between TDH and its cofactor, pyridoxal-5’-phosphate. 

Though the physiological meaning of threonine preservation is unclear, together with the 

changes of GSH and tryptophan-NAD+ pathway, the altered amino acid metabolism 

maybe protective for animals fed oxidized lipids.130  

1.2.8.3 Impact on gut microbiome 

The gut microbiome is actively involved in macro- and micronutrient metabolism.251 

However, current understanding of the interactions between the intestinal microbiome 

and oxidized oil consumption is very limited. Additionally, due to the complex 

compositional nature of oxidized oils, the impact and microbial metabolism in each class 

of LOPs are not fully understood. Therefore, most studies reported the generic changes in 

gut microbiome upon oxidized oil consumption. In rats gavaged with oxidized canola oil, 

their microbial diversity was reduced.252 Similar results were observed in pigs, where 

HSO decreased microbial diversity, altered the composition of microbes, and suppressed 

short-chain fatty acid (SCFA) production.100 In mice fed HSO, urinary metabolites 
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associated with microbial metabolism were detected. However, the associated metabolic 

pathway was not fully characterized.168  

An inhibitory effect on butyrate was observed in hamsters fed oxidized corn oil253, 

nursery pigs fed oxidized soybean oil99,100, and rats chronically fed oxidized palm oil254. 

The abundance of butyrate-producing bacteria species also decreased, such as 

Paraprevotella, Garnesiella, and Provotella of the Bacteroidota phylum100,252,253, 

Parasutterella of the Pseudomonadota phylum253, and Butyrivibrio of the Bacillota 

phylum254. However, discrepancies have been reported. Oxidized perilla and sunflower 

oil did not impact the abundance of butyric acid, nor total SCFA in rats.255 Meanwhile, 

oxidized oil feeding showed varying effects on propionic acid. A dramatic reduction by 

more than 50% was observed in hamsters fed oxidized corn oil.253 Oxidized palm, canola, 

perilla, and sunflower oil did not alter rats' fecal propionic acid concentration.254,255 In 

pig-feeding studies, the colonic propionic acid level remained comparable in the oxidized 

soybean oil group.99,100 In general, acetic and valeric acids were not influenced by 

oxidized oil feedings.99,100,252-255 One potential explanations for the varying result could 

be attributed to the varying oxidation status of the oils used in these studies. The oxidized 

corn253, lard253, and soybean oil100 used in the above-mentioned animal studies had 

remarkably higher PV (33.15253, 12.51253, and 88.5100 mEq peroxide/kg, respectively). 

During thermal processing of soybean oil, PV increased rapidly to >200 mEq peroxide/kg 

when heated from 22°C to 185°C within 1 hour, but then dropped and plateaued at about 

50 mEq peroxide/kg with prolonged heating of 6 hours.66 Additionally, these studies did 

not include p-anisidine value, or characterization of the lipidic content in the oils. 

https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/butyrivibrio
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Therefore, the mechanistic role played by oxidized oil on gut microbiome remains 

unclear. 

1.2.9 Current knowledge of the biomarker of dietary aldehydes 

Understanding the level of exposure to targeted chemicals is crucial in characterizing 

their metabolic fates and physiological impacts. Several tools are available for measuring 

dietary intake of foods, beverages, and supplements in clinical practice, such as 24-hour 

recall, food records, food-frequency questionnaires, and dietary screeners.256 However, 

these approaches heavily rely on self-reporting. Variations due to season, day-to-day 

changes, interview procedures, and questionnaire design can further affect the validity 

and reliability of these tools..256   Additionally, the analysis of collected data from these 

dietary assessment tools depends on nutrient analysis software. One example of such 

software is the Nutrition Data System for Research (NDSR) developed by the University 

of Minnesota.257 Other USDA-approved programs258 and commercial software are 

available as well. The quantitative results of dietary analysis are limited by the databases 

these software rely on. For example, NDSR uses the University of Minnesota Nutrition 

Coordinating Center Food and Nutrient Database, whereas the USDA offers several 

publicly available nutrient databases, such as the Standard Reference (SR), the Food And 

Nutrient Database For Dietary Studies (FNDDS), and Dietary Supplement Ingredient 

Database (DSID). Consequently, the quantitative assessment of nutrients is limited by the 

availability of information in these databases. 

However, lipidic aldehydes are not considered nutrients and are not reported in these 

databases, making the conventional methods ineffective for assessing dietary intake of 

these compounds. In this case, the aldehyde-associated biomarkers may provide an 
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alternative approach. In this context, aldehyde-associated biomarkers may provide an 

alternative approach. Studies have aimed to identify potential urinary biomarkers for 

dietary intake assessment of specific foods, food groups, dietary patterns, and 

supplements, as summarized in a systematic review.259 Despite this, findings on urinary 

markers for reactive aldehydes are not comprehensively characterized.  

For example, Lin et al. identified changes in urinary amino acids in mice dosed with 

2,4-decadienal, including significantly decreased alanine, proline, valine, and glutamine 

levels. These amino acids showed better sensitivity in serum towards 2,4-decadienal 

dosing. 260 However, the metabolism of amino acids is complex and can be confounded 

by other pathophysiological conditions like nephro- and urolithiasis, making urinary 

amino acids less specific for aldehydes.261 Despite this, urine samples are advantageous 

due to non-invasive collection procedures and easier accessibility. Furthermore, 24-hour 

urine samples can be collected to study the accumulation of markers of interest, whereas 

serum provides only a snapshot of the host metabolic status. 

Urinary mercapturic acid conjugates (MACs) showed specificity towards the reactive 

aldehydes. For instance, the urinary 1,4-dihydroxynonane-mercaprutic acid (DHN-MA) 

has been identified and validated as a maker for exogenous HNE.262,263 Additionally, 

various urinary MACs of HNE, octenal, and decadienal, along with their corresponding 

alcohol and acid species generated from endogenous metabolism, were identified in 

Fischer rats fed diets containing different oils with heme iron for catalyzing lipid 

peroxidation.264 The MACs of HNE stem from the MA pathway for detoxifying the 

aldehydes, as mentioned previously in this chapter. Other HNE metabolites, including 9-

hydroxy-nonanoic acid and thiomethyl and glucuronide conjugates, were detected in the 
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urine of rats dosed with HNE.265 Yet, besides HNE, various reactive aldehydes are 

present in heated oils.266 The presence of their corresponding urinary metabolites, and the 

potential efficacy for utilization as biomarkers still warrant further study.   

Overall, investigating the urinary markers of aldehydes offers valuable insights into 

the body's exposure and metabolic response to these reactive compounds. The analysis of 

urinary markers provides a non-invasive method to assess dietary and environmental 

exposure. These markers can serve as reliable indicators of oxidative stress and metabolic 

disturbances, potentially linking aldehyde exposure to various health conditions. 

Understanding urinary markers also aids in identifying individuals at risk and developing 

preventive strategies. Ultimately, studies on aldehyde-responsive markers could 

contribute to better dietary guidelines, improved public health policies, and the 

development of therapeutic interventions to mitigate the adverse effects of aldehyde 

exposure. 

1.3 CHEMOMETRICS, LIPIDOMICS, AND METABOLOMICS 

Chemometrics refers to analytical chemistry workflow with a combination of 

mathematical and statistical analysis, emphasizing the investigation of causal 

relationships.267 It is a powerful tool for investigating chemical changes in the system, 

providing quantitative and structural information on analyzed compounds. Frequently, an 

additional untargeted approach can be adopted to examine the unique markers associated 

with different samples or treatment groups. Lipidomics is a chemometric study focusing 

on fats, oils, and lipids on biological and food sample matrices.268,269 Metabolomics is 

also a chemometric approach for studying the metabolites of biological systems. 194,195 

Some technical instruments include LC, GC, NMR, and FTIR. LC and GC can be 
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coupled with different detectors, such as MS, flame ionization detector (FID), and UV 

detector. Their applications for studying oxidized oil and the associated metabolic effects 

are discussed below. 

1.3.1 Chemometric and lipidomic investigation of oxidized oils 

Chemometric and lipidomic approaches have extensive applications in studying 

edible oils. Luo et al. described a mass spectrometry-based method to identify the 

adulteration of olive oil with vegetable oil. The method was sensitive enough to identify 

vegetable oils mixed into olive oil by as low as 0.5% (v/v).270 The lipidomic approach 

was applied to track the geographical origin of goat milk via analysis of their lipid 

composition. A total of 38 lipid compounds were suggested as good predictors.271   

The lipidomic approach was also adopted to analyze oxidized oils. For the volatile 

LOPs, Wang et al. investigated the kinetics of aldehyde formation in soybean oils heated 

at frying temperature via an LC-MS-based approach.66 GC-MS-based studies were 

conducted to examine the aldehyde produced from frying oil.119 On the other hand, LC-

MS is more powerful for detecting the larger non-volatile LOPs, mainly TG 

derivatives.272  

However, the analysis of TG-OX is challenging. Firstly, different vegetables have 

varying fatty acid compositions, further complicating the TG composition.211 

Additionally, the oxidation status is easily impacted by temperature, heating time, and 

oxygen exposure, resulting in diverse TG-OX species. At the same time, the TG-OX 

species are not stable for enzymatic digestion, hydrolysis, and derivatization.211 Last but 

not least, accurate identification and elucidation of the structure of TG-OX. For example, 

the location of unsaturation on each fatty acyl chain, and the position of each fatty acyl 
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chain on the glycerol backbone, are not always identified by LC-MS. Such complexity 

makes tracking the LOPs to their parent compound very difficult. Therefore, to simplify 

the target pool, some mechanistic studies are based on purified model lipids, such as 

triolein and trilinolein.211,273,274   

In recent years, advancements in technical platforms illustrated a more detailed 

profile of non-volatile LOPs in heated vegetable oils. More than one hundred lipidic 

compounds were identified via an LC-MS-based lipidomic study, including DG, TG, TG-

OX, and oxidized DG, with varying lengths of fatty acids and oxygenated groups.211  

 
1.3.2 Metabolomic investigation of oxidized oil-induced metabolic effects 

Compared to conventional targeted approaches, such as blood biochemistry 

analysis, metabolomics provides a more comprehensive coverage of the metabolites 

within the biological specimen. LC-MS-based metabolomics is an effective platform to 

examine complex metabolic interactions, especially the subtle changes in metabolites.168 

Through a combination of sample preparation, LC-MS analysis, and data analysis, a wide 

range of metabolites can be detected and profiled, including amino acids, fatty acids, 

lipids, and organic acids. In addition to targeted quantitative analysis, untargeted 

approaches characterize unknown metabolic changes induced by corresponding 

experimental designs. This untargeted approach is now commonly implanted for studying 

the interactions between diets and metabolic consequences and assessing dietary intake of 

foods of interest.275-277  

To study the metabolic consequences of oxidized oil consumption, Wang et al. 

applied LC-MS based metabolomics platform. They revealed biological changes in the 
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mice fed heated soybean oil.168 Yuan et al. revealed serum and hepatic metabolites in 

mice in response to the intake of oils fortified with polar compounds formed in frying 

palm oil.278 Jamin et al. adopted an untargeted approach and profiled various urinary 

MACs from dietary intake of oxidized oils in rats.264 Additional multivariate data 

analysis was conducted, which revealed and strengthened the specificity of these MACs 

towards the reactive aldehydes in oils of different fatty acid profiles.264 In addition to 

biological specimens, the metabolomic approach can be applied to track the 

transformation of oxidized lipids during simulated gastrointestinal digestion.279,280 The 

study on in-vivo luminal metabolome is currently limited to a handful of studies using 

LC-UV50, GC-MS71, LC-IR71, and LC-MS170. A typical LC-MS-based metabolomics 

workflow for studying the impact of oxidized oils is illustrated in Figure 1.8.  
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Figure 1.8 A typical LC-MS based workflow for studying the metabolic impacts of 

oxidized oils in animal models. Non-heated and heated oils are fed to animals, taking 

mice and pigs as an example. Then urine, blood, tissue, and digesta samples were 

collected, processed, and derivatized as needed for LC-MS analysis. The acquired LC-

MS data further undergoes multivariate data analysis and modeling to identify the diet 

induced changes in the metabolome and the contributing markers. Further clustering 

analysis could be applied to further elucidate the correlations and shared patterns among 

the selected metabolites. Structural analysis, bioinformatics, pathway analysis, and 

quantitative analysis can be further applied to study the metabolites of interest. CSO, 

control soybean oil; HSO, heated soybean oil; LC, liquid chromatography; MS, mass 

spectrometry.       
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Chapter 2 Characterization of urinary N-acetyltaurine as a 

biomarker of hyperacetatemia in mice 
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2.1 SUMMARY 

Acetate is an important metabolite in metabolic fluxes. Its presence in biological entities 

originates from both exogenous inputs and endogenous metabolism. Because the change 

in blood acetate level has been associated with both beneficial and adverse health 

outcomes, blood acetate analysis has been used to monitor the systemic status of acetate 

turnover. The present study examined the use of urinary N-acetyltaurine (NAT) as a 

marker to reflect the hyperacetatemic status of mice from exogenous inputs and 

endogenous metabolism, including triacetin dosing, ethanol dosing, and streptozotocin-

induced diabetes. The results showed that triacetin dosing increased serum acetate and 

urinary NAT but not other N-acetylated amino acids in urine. The co-occurrences of 

increased serum acetate and elevated urinary NAT were also observed in both ethanol 

dosing and streptozotocin-induced diabetes. Furthermore, the renal cortex was 

determined as an active site for NAT synthesis. Overall, urinary NAT behaved as an 

effective marker of hyperacetatemia in three experimental mouse models, warranting 

further investigation into its application in humans. 

 

 

 

 

 

 



57 
 

2.2 INTRODUCTION 

 Acetate is a ubiquitous metabolite in nature. Its presence inside the human body 

originates from both exogenous and endogenous sources.281 Exogenously, acetate could 

be directly obtained via dietary intake of acetate-containing foods and beverages, such as 

apple cider vinegar2 and fermented foods282, or medical procedures, such as acetate 

supplementation and the infusion of acetate-containing buffers.3 Alcohol intake is an 

indirect source of acetate in humans as acetate is the end product of the ethanol–

acetaldehyde–acetate metabolic cascade in alcohol metabolism.4 Endogenously, acetate is 

produced via multiple pathways. In the liver, acetate can stem from acetyl-CoA 

hydrolysis by cytoplasmic acylthioesterase-12 (ACOT12) to free coenzyme A for other 

metabolic activities.5 For the cells under excessive nutritional supply, acetyl-CoA-

independent metabolic activities of keto acid dehydrogenases are capable of converting 

pyruvate to acetate de novo through either thiamin- or reactive oxygen species (ROS)-

dependent manners.7 Acetate could also be released from the deacetylation reactions, 

such as from acetylated proteins.9 In addition, gut microbiota produces acetate as a major 

fermentation product, which is then extensively absorbed and uptaken by the liver.10 

 The disposition and functions of acetate inside the body have been extensively 

investigated.13 Acetate is transported into cells by both passive diffusion and 

monocarboxylate transporters-mediated facilitated diffusion.12 Inside the cell, through the 

catalysis of acetyl-CoA synthetases17, the direct usage of acetate is to produce acetyl-

CoA, which is an essential intermediate in both catabolic and anabolic metabolism as 

well as the cofactor for the acetylation of proteins, nucleotides, and other amine-

containing metabolites.14 Meanwhile, acetate is a ligand of free fatty acid receptors 2 
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(FFAR2, also known as GPR43), which is a mediator for pancreatic β-cell function21 and 

immune responses.24 Acetate plays versatile roles in human health and disease through 

these metabolic and regulatory functions. In many cases, acetate is considered beneficial 

as the acetate from gut microbial fermentation of dietary fiber or from dietary 

supplementation, such as apple cider vinegar, has been shown to lower blood cholesterol, 

enhance insulin sensitivity, decrease body weight, expedite fatty acid oxidation, and 

reduce pro-inflammatory cytokines.2,29-31,35 On the other hand, the associations of acetate 

with adverse health events have also been reported.10 For example, increased plasma 

acetate levels after feeding rats with high-fat and high-calorie diets correlated with 

hyperinsulinemia, increased fat deposition, and weight gain.37 Higher blood acetate level 

was associated with increased cancer risk39, partially due to its usage as an energy source 

and a substrate for the lipogenesis and proliferation of cancer cells, especially the 

aggressive types.20,38 Additionally, acetate, when used in the buffer of hemodialysis, has 

been implicated in the development of hypotension and hypoxemia through its 

vasodilatory effect.40 Considering these double-edged effects of acetate, monitoring the 

status of circulating acetate levels carries clear values in both research and clinical 

applications. Currently, acetate levels are commonly monitored using blood samples as 

well as selected biological samples, such as the liver and fecal samples. Nonetheless, 

such biological specimens may not always be accessible due to invasive and inconvenient 

collection procedures. Hereby, we propose using urinary N-acetyltaurine (NAT) as a 

biomarker to reflect the systematic acetate level. 

 NAT was initially discovered as an ethanol metabolite in our mice ethanol-

feeding study, in which the kidney was identified as an active organ conducting the 
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reaction between acetate and taurine to form NAT.41 Subsequent studies confirmed NAT 

as an ethanol metabolite in human urine283 and further showed that urinary NAT was 

increased by endurance exercises.284,285 Considering the fact that acetate is the direct 

precursor of NAT and taurine is an abundant free amino acid, the potential utilization of 

urinary NAT as an alternative marker of hyperacetatemia from exogenous inputs or 

endogenous metabolism has been proposed41 but not investigated. This study examined 

the correlations between serum acetate and urinary NAT in three animal models of 

hyperacetatemia, including direct acetate intake by triacetin administration, indirect input 

from ethanol feeding, and endogenous acetate formation under diabetes. In addition, the 

site of NAT synthesis in the kidney was examined by comparing the NAT synthesizing 

activity between the renal cortex and medulla samples in vitro. 

2.3 MATERIALS AND METHODS 

2.3.1 Chemicals and reagents 

 The chemicals and reagents used in sample preparation, LC–MS analysis, 

structural confirmation, and quantification are listed in Table 2.1. NAT was synthesized 

and authenticated in-house in a previous study.41 

2.3.2 Animals, experimental design, and sample collection 

 Animal care and experimental procedures were approved by the University of 

Minnesota Institutional Animal Care and Use Committee (IACUC). Male C57BL/6 mice, 

8–12-weeks old, were purchased from Charles River Lab (Wilmington, MA, USA). All 

mice were housed in the University of Minnesota animal facility at a constant 

temperature of 21 °C under a 12 h light–dark cycle, with ad libitum access to water and 
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feed. The mice were first acclimated to the normal chow for 7 days before corresponding 

dosing experiments. Blood samples were collected via submandibular bleeding and 

centrifuged at 3000 × g for 20 min to obtain serum samples. The 24-h urine samples were 

collected after housing individual mice in metabolic cages for 24 h. All samples were 

stored at −80 °C prior to the analysis. 

2.3.2.1 Direct acetate intake through triacetin dosing  

 For triacetin feeding (IACUC protocol 2208-40322A, approved on 2 September 

2022), two groups of male C57BL/6 mice were gavaged with 40% (v/v in water) glycerol 

at the dose of 2.52 g/kg body weight (n = 5) and triacetin at the dose of 5.8 g/kg body 

weight (n = 4), respectively. The selected dose of triacetin was known to increase the 

acetate level in mice brains within 1–2 h of oral gavage.286 The selected dose of glycerol 

was equivalent to the molar quantity of the glycerol moiety in dosed triacetin. Serum 

samples were collected at 2 h after dosing. Urine samples were collected for 24 h after 

dosing. 

2.3.2.2 Indirect acetate input from ethanol (EtOH) dosing.  

 For ethanol feeding (IACUC protocol 1211A24284, approved on 13 December 

2012), two groups of male C57BL/6 mice were fed the control semi-solid dextrose diet (n 

= 4) and a modified semi-solid diet formulated based on the Lieber–DeCarli liquid 

ethanol diet (n = 8), respectively, for 15 days. The details on the preparation and feeding 

of semi-solid diets were described previously 41. Ethanol concentration in the diet started 

at 2.2% (v/v), increased to 4.5% on day 4, and 6.7% on day 9. Urine and serum samples 

were collected on day 0 (D0) before feeding and day 15 (D15) of feeding, respectively. 
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2.3.2.3 Endogenous acetate input from streptozotocin (STZ) dosing.  

 Diabetes was induced by intraperitoneal injection of streptozotocin (STZ) at the 

dose of 180 mg/kg (IACUC protocol 1211A24284, approved on 13 December 2012). 

Two groups of male C57BL/6 mice (n = 4 per group) were dosed with STZ alone and 

STZ with 2% (w/v) taurine in drinking water, respectively. The selected dose of taurine 

supplementation has been reported to improve the glucose tolerance of Wistar rats under 

a high-fructose diet 287. Individual mice were housed in metabolic cages with urine and 

serum samples collected on day 0 (D0) before STZ dosing and on day 6 (D6) of the 

treatment, respectively. The development of diabetes was confirmed by measuring blood 

glucose using a glucometer. 

2.3.3 Sample preparation and chemical derivatization for LC-MS analysis 

 For quantifying urinary NAT, 100 µL of urine samples were quenched with 400 

µL of 50% aqueous acetonitrile containing 5 µM sulfadimethoxine as the internal 

standard for protein precipitation. To analyze creatinine, 10 µL urine samples were 

diluted with 1,000 µL of 50% aqueous acetonitrile containing 5 µM sulfadimethoxine as 

the internal standard. These urine samples were centrifuged at 13,000 × g for 10 min, and 

their supernatants were submitted for LC–MS analysis. Serum samples were quenched 

with 2 volumes of acetonitrile containing 5 µM sulfadimethoxine as the internal standard, 

then centrifuged to acquire the supernatant. 

 For detecting and quantifying taurine, the serum and urine samples were 

derivatized by dansyl chloride (DC) prior to LC–MS analysis. In brief, 5 μL of quenched 

urine, serum, or taurine standard was mixed with 5 μL of 50 μM deuterated d5-tryptophan 
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(internal standard), 50 μL of 10 mM sodium carbonate, and 100 μL of DC (3 mg/mL in 

acetone). The mixture was incubated at 60 °C for 15 min and then centrifuged at 13,000 

× g for 10 min. Then, the supernatant was transferred to an HPLC vial for LC–MS 

analysis. 

 For detecting and quantifying acetate, the serum and urine samples were 

derivatized by 2-hydrazinoquinoline (HQ), following an established protocol 150. In brief, 

2 µL of quenched sample was mixed with 100 µL of freshly prepared acetonitrile 

solution containing 1 mM 2-2′-dipyridyl disulfide (DPDS), 1 mM triphenylphosphine 

(TPP), 1 mM HQ, and 20.8 µM deuterated d4-acetate (internal standard). After incubation 

at 60 °C for 30 min, chilled on ice, the reaction was stopped by mixing with 100 µL of 

ice-cold water. After centrifuging at 13,000× g for 15 min, the supernatant was 

transferred to an HPLC vial for LC-MS analysis. 

2.3.4 In-vitro incubation of renal tissues for NAT synthesis 

 To determine the site of NAT synthesis inside the kidney, cow kidneys were 

selected for sampling renal cortex and medulla tissues due to their large size. Fresh cow 

kidneys were obtained from grass-fed Angus beef cattle at the time of slaughtering. The 

kidney lobes were sliced perpendicular to their longitudinal axis to expose the medulla 

and cortex tissues. After the collection, the tissue samples were stored at −80 °C prior to 

the analysis. The tissue homogenates were prepared by homogenization in a buffer 

containing 320 mM sucrose, 50 mM phosphate buffered saline (PBS) solution, 1 mM 

EDTA, and protease inhibitor. The mixture was centrifugated at 600× g for 10 min to 

remove the nuclear pellet. The in vitro reaction was conducted by incubating the 
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homogenate with 20 mM taurine and 2.5 mM acetate in a phosphate-buffered saline 

solution at 37 °C for 30 min. The reaction was terminated by adding an equal volume of 

acetonitrile. The yield of NAT was quantified via the LC–MS analysis of the reaction 

mix. 

2.3.5 LC-MS Analysis 

 An aliquot of 2 µL sample from the abovementioned preparation procedures was 

injected into a Waters Acquity Ultra-Performance Liquid Chromatography (UPLC) 

system (Milford, MA, USA) and separated in a column. The eluant from the LC was then 

introduced into a Waters Xevo-G2-S or Synapt-G2Si quadrupole time-of-flight mass 

spectrometer (QTOF-MS) for accurate mass measurement and ion counting. Nitrogen 

was used as both cone gas (50 L/h) and desolvation gas (600 L/h). The mass analyzer was 

calibrated to detect ions within the range m/z 50–1200 and was monitored by intermittent 

lock mass injection. The structures of interested metabolites were analyzed by tandem 

MS (MS/MS) fragmentation with a collision energy ramp of 10–50 eV. The column, 

mobile phases, mass detection mode, capillary and cone voltages, and lock mass used for 

different metabolites are included in Table 2.2. 

 Mass chromatograms and mass spectral data were acquired and processed by 

MassLynxTM software V4.2 (Waters) in centroided format. Target compounds were 

quantified by accurate mass-based chromatograms. Standard curves of creatinine, NAT, 

N-acetyl-glutamate (NA-Glu), N-acetyl-glutamine (NA-Gln), N-acetyl-isoleucine (NA-

Ile), N-acetyl-leucine (NA-Leu), N-acetyl-phenolalanine (NA-Phe), N-acetyl-tyrosine 

(NA-Tyr), and taurine (5 to 1,000 μm) were prepared. The concentration of target 



64 
 

compounds in the samples was determined by fitting the peak area (normalized by 

corresponding internal standards) with the standard curves via QuanlynxTM (Waters).  

2.3.6 Untargeted multivariate data analysis 

 The LC–MS data were analyzed via MarkerLynxTM software V4.2 (Waters). The 

chromatographic and spectral data underwent centroiding, deisotoping, filtering, peak 

recognition, and integration. Then, a multivariate data matrix containing sample identity, 

ion identity (retention time and m/z), and ion abundance was generated and visualized via 

SIMCATM software version 13.0 (Sartorius, Göttingen, Germany). The intensity of each 

single ion was normalized to the total ion counts, and the total ion intensity was set 

arbitrarily at 10,000. The processed data matrix was further transformed by Pareto scaling 

and then analyzed using principal components analysis (PCA). Major latent variables in 

the data matrix were described in a scores scatter plot of the multivariate model. The 

chemical identity of ions of interest was determined by accurate mass measurement, 

database search (HMDB www.hmdb.ca), and elemental composition analysis. The data 

matrix generated from MarkerLynxTM V4.2 (Waters) analysis was also log-transformed, 

Pareto scaled, and then processed by Metaboanalyst 6.0 (https://www.metaboanalyst.ca/) 

to construct the volcano plot. 

2.3.7 Statistical Analysis 

 The concentrations or relative abundances of targeted metabolites were expressed 

as the mean ± standard deviation (SD). The statistical analysis was conducted by two-

way ANOVA with Fisher’s LSD tests on the rank-transformed data (RT-1, ranking of all 

http://www.hmdb.ca/
https://www.metaboanalyst.ca/
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the data together) or non-paired t-test via Graphpad Prism 5TM (Dotmatics, Boston, MA, 

USA). The difference was considered significant with the p-value < 0.05. 

2.4 RESULTS  

2.4.1 Influences of triacetin dosing on urinary NAT and other urinary metabolites 

 Direct dosing of acetate was achieved by gavaging triacetin, a triglyceride with 

three units of acetate, to mice. The triacetin treatment increased serum acetate drastically 

and decreased serum taurine at 2 h of dosing compared to the glycerol control treatment 

(Figure 2.1 A,B). In contrast, both acetate and taurine in the 24-h pooled urine were not 

affected by triacetin dosing (Figure 2.1 C,D). Nevertheless, triacetin increased urinary 

NAT by more than six times (Figure 2.1 E). To determine whether the observed increase 

of urinary NAT occurred to other acetylated amino acids, the concentrations of a group of 

N-acetyl amino acids (NAAAs) in urine were measured. The results showed that the 

concentrations of urinary N-acetyl-glutamate, N-acetyl-glutamine, N-acetyl-isoleucine, N-

acetyl-leucine, N-acetyl-phenylalanine, and N-acetyl-tyrosine were comparable between 

the glycerol and triacetin groups (Figure 2.1 F–K).  

 To further examine the uniqueness of NAT as a responsive urinary metabolite of 

hyperacetatemia, unsupervised multivariate modeling on the urinary metabolome was 

constructed using the data from both positive- and negative-mode MS analysis of urine 

samples. In the scores plot of the constructed PCA model, a clear separation of the 

glycerol control and triacetin treatment was observed (Figure 2.1 L). NAT was 

reconfirmed as a urinary metabolite contributing to the differentiation of two feeding 

groups in a volcano plot (Figure 2.1 M). Other urinary metabolites with greater fold 
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change (FC) and smaller p-values than NAT were further investigated for their structural 

identities by accurate mass-based elemental composition analysis, database search, and 

MSMS fragmentation (Table 2.3). No more acetylated metabolites were identified 

among them, except one negative ion with m/z = 309.0815 because of the neutral loss of 

the acetyl group (the loss of 42 from m/z 309 → 267) in its MSMS spectrum. However, 

this metabolite was absent in the control urine, indicating its identity as a specific 

metabolite of triacetin, not an endogenous metabolite. Overall, NAT was the sole N-

acetylated endogenous metabolite in the urine responsive to the triacetin treatment. 

2.4.2 Influences of ethanol dosing on urinary NAT 

 Ethanol feeding was performed to achieve indirect input of acetate since acetate is 

the main intermediate in ethanol metabolism. The results showed that ethanol feeding 

increased serum acetate but did not affect serum taurine (Figure 2.2 A,B). In the 

meantime, ethanol increased urinary NAT excretion (Figure 2.2 C). 

2.4.3 Influences of STZ-induced diabetes and taurine supplementation on urinary 

NAT 

 In addition to the exogenous acetate from triacetin and ethanol dosing, the effect 

of endogenous metabolism-derived acetate on urinary NAT was examined in the STZ-

induced diabetes mouse model. The influence of taurine supplementation on serum 

acetate and urinary NAT was further examined by the joint treatments of STZ injection 

and 2% taurine in drinking water. The results showed that STZ effectively induced 

hyperglycemia (Figure 2.3 A) and increased serum acetate and urinary NAT (Figure 2.3 

B,D) but did not affect serum taurine (Figure 2.3 C). On the other hand, taurine 
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supplementation increased serum taurine (Figure 2.3 C) but did not affect STZ-elicited 

effects on serum acetate (Figure 2.3 B) and urinary NAT (Figure 2.3 D). 

2.4.4 Site of NAT synthesis site in the kidney 

 The kidney was previously identified as a more active organ than the liver and 

other organs/tissues for NAT synthesis in mice.41 However, the site of NAT synthesis 

inside the mouse kidneys was not defined due to their small size. To address this 

question, bovine kidneys were used to harvest the renal cortex and medulla fractions. The 

results from the in vitro incubations showed that the NAT production from the cortex 

fraction was much greater than that of the medulla fraction (Figure 2.4), indicating that 

the renal cortex is an active site for the NAT synthesis from taurine and acetate. 

2.5 DISCUSSION 

 In this study, NAT was validated as a urinary metabolite marker of 

hyperacetatemia in three experimental mouse models, including direct dosing through 

triacetate, indirect input through ethanol metabolism, and endogenous production under 

diabetes (Figure 2.5). The biochemical events underlying NAT synthesis, including the 

sources of acetate and the biochemical properties of the reaction between acetate and 

taurine, as well as the advantages and values of NAT as a biomarker of metabolic status 

and disorders, are discussed as follows. 

2.5.1 Current knowledge of the biochemical properties of NAT synthesis 

 NAT is not the only N-acetylated amino acid (NAAA) in urine, but it was the only 

one responsive to triacetin-induced hyperacetatemia in this study (Figure 2.1). The 

biosynthesis of NAAAs has been extensively studied since they have been widely 
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characterized as the urinary markers of metabolic disorders, such as inborn errors of 

metabolism288, neurodegenerative diseases289, and kidney disease290. The formation of the 

NAAAs from proteinogenic amino acids, such as N-acetylglutamate and N-

acetylphenylalanine, is mainly through the acetylation of respective amino acids by the 

transferases using acetyl-CoA as the substrate.291 In contrast, the formation of NAT by 

kidney homogenates in the current study was through the direct reaction of taurine and 

acetate (Figure 2.4). This observation of direct taurine–acetate reaction is consistent with 

our previous investigation on the enzymatic kinetics of NAT synthesis, in which acetate 

was determined as a more favorite substrate for NAT synthesis than acetyl-CoA based on 

the facts that the taurine–acetate reaction had similar Km value (affinity) but greater Vmax 

value (capacity), in comparison with the taurine–acetyl-CoA reaction.41 Together, the 

enzymatic analysis in our previous study and the incubations of renal fractions in the 

current study have defined the properties of the unknown enzyme responsible for NAT 

synthesis as a cytosolic metalloenzyme abundant in the kidney cortex that is capable of 

catalyzing the esterification reaction between taurine and acetate without the involvement 

of ATP and CoA.41 Despite this knowledge, the exact identity of NAT synthase, its 

distribution, and its regulation remain to be determined. 

 In addition to acetate, taurine is a required substrate for NAT synthesis. Three 

known function- and distribution-related features of taurine are relevant to the NAT 

synthesis and the concentrations of its precursors in the three mouse models of 

hyperacetatemia in this study. Firstly, taurine, as a highly abundant free amino acid and 

an intracellular osmolyte, is actively synthesized inside the body. Its concentration in 

many mammalian organs and tissues, including the kidney, ranges between 5 and 50 
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mM292, which is much greater, by 2–3 orders of magnitude, than its blood concentrations, 

including the ones observed in this study. Therefore, the observed changes in serum 

taurine, including the decrease from triacetin treatment or the increase from 2% taurine 

supplement in the STZ-induced diabetes model, might have limited influence on the 

availability of intracellular taurine for the enzymatic performance in NAT synthesis, 

which may further explain the lack of increase in urinary NAT after the joint treatment of 

STZ and taurine (Figure 2.3 D). Secondarily, taurine turnover in the kidney is adjustable 

since increased urinary excretion and increased renal uptake were observed under taurine 

overloading and taurine deficiency, respectively.293,294 This robust regulation can 

effectively maintain the systematic taurine pool, hence providing adequate taurine 

substrate for NAT synthesis. Lastly, taurine is known for its antioxidant and 

cytoprotective functions, contributing to its known activities against ethanol-induced liver 

injury295 and STZ-induced diabetes in rodent models.296 It will be interesting to 

investigate whether NAT, a direct derivative of taurine, shares these beneficial activities 

of taurine in future studies. 

2.5.2 Urinary NAT as a marker of hyperacetatemia: a comparison with serum and 

urinary acetate 

 The three mouse models of hyperacetatemia in this study reflected the 

hyperacetatemic scenarios that could occur to humans through intentional acetate 

consumption, alcohol overdose, and diabetes. Many more events could also elevate serum 

acetate in humans and animals, such as vinegar consumption and supplementation, high-

fat diet, endurance exercise, gut microbial fermentation on the fiber, as well as 

pathophysiological events.37,284,285,297-299 Measuring blood acetate concentration can 
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definitely determine the status quo of acetate at the moment of sampling. However, it 

might not accurately reflect the overall status of acetate homeostasis since blood acetate 

concentration can change rapidly after acetate inputs. For example, post-prandial plasma 

acetate concentration in humans peaked at 30 min after breakfast and then decreased 

rapidly.300 Additionally, the plasma concentration of acetate in human subjects after 

consuming 15 mL of apple cider vinegar peaked at 1 h and then returned to the baseline 

after 2 h of dosing.297 Therefore, timely sampling or multiple samplings are needed to 

detect hyperacetatemia through blood acetate measurement. By contrast, urinary NAT 

has advantages for detecting hyperacetatemia based on the following considerations: (1) 

Urine is accumulative and covers a broader time window than blood; (2) for humans, 

urine collection is more compliant and less invasive than blood collection; and (3) 

detecting NAT is more convenient than detecting acetate, at least for the LC–MS analysis 

in the current study, where acetate detection required chemical derivatization, whereas 

NAT was directly detected. 

 As for urinary acetate, in contrast to the drastic increase of serum acetate, acetate 

in pooled urine samples from triacetin-treated mice did not increase. The lack of the 

change in urinary acetate, in this case, might be explained through acetate metabolism 

and renal functions in reabsorption. In the kidney, acetate is actively metabolized to 

bicarbonate, as shown by the usage of sodium acetate in dialysis, which leads to urine 

alkalinization instead of acidosis through the excretion of bicarbonate from acetate 

metabolism into urine due to compromised bicarbonate reabsorption function in the 

patients of renal diseases.299,301 In addition, monocarboxylic acid transporters capable of 

acetate uptake are highly abundant in the renal proximal tubule, which may further 
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prevent unnecessary leakage of acetate into urine.26,27 However, when this mechanism of 

metabolism and reabsorption was either overwhelmed by acetate dosing or compromised 

by renal injury, the elevations of urinary acetate were also observed25,302, leading to the 

usage of urinary acetate in the diagnosis of urinary tract infection303 and ischemia-

reperfusion injury after kidney transplantation.302 Therefore, under normal renal function, 

urinary NAT has an advantage over urinary acetate in sensitivity for detecting 

hyperacetatemia. 

 In addition to its presence in mouse urine, NAT as a constitutive molecule of 

human urine has been established.283 The elevation of its levels in human urine and blood 

has also been observed after endurance exercises.284,285 Based on the results from the 

current study, more investigations are needed to establish it as a marker of 

hyperacetatemia in humans and determine its value in the monitoring of exogenous 

acetate intake, such as vinegar supplementation, and the diagnosis of metabolic disorders. 

2.5.3 Limitations 

In addition to confirming the increases of urinary NAT in three mouse models of 

hyperacetatemia, our data analysis also revealed the limitations of the current study. 

Firstly, relatively small numbers of animals used in each model might contribute to the 

observed large variance among individual animals within the same treatment group, 

which is reflected by the high standard deviations in some measured values. Secondly, to 

explore the correlation between urinary NAT and serum acetate, their values in three 

models of hyperacetatemia were processed by linear regression, showing a significant 

correlation (Figure 2.6 A). However, this correlation was mainly caused by the values 



72 
 

from the triacetin treatment since the exclusion of triacetin data made the correlation 

insignificant (Figure 2.6 B). Such challenge of this correlation analysis can be partially 

attributed to the different properties between serum and urine because serum samples 

were collected at single time points while urine samples were accumulative. In future 

studies, a more reliable analysis of the correlation between urinary NAT and serum 

acetate may be achieved by measuring the dose–response of urinary NAT to different 

acetate inputs or by determining the area under the curve (AUC) of serum acetate during 

the period of urine collection for NAT analysis. 

2.6 CONCLUSIONS 

 The current study examined the performance of urinary NAT as an indicator of 

elevated serum acetate in three mouse models of hyperacetatemia. Considering the 

importance of acetate in general metabolic fluxes and many pathophysiological events, 

the use of urinary NAT as a marker of hyperacetatemia could provide a convenient and 

effective venue for monitoring the status of acetate-related metabolism as well as for 

clinical diagnosis. 

 

 

 

 

 

  



73 
 

2.7 TABLES AND FIGURES 

Table 2.1 Reagents and chemicals used in sample preparation and LC-MS analysis. 

Chemical/Reagents Vendor 
Acetic acid, Acetone (LC-MS grade), Acetonitrile (LC-MS 
grade, ACN), Ammonium formate, Formic acid (LC-MS grade), 
Water (LC-MS grade) 

Fisher Scientific (Houston, TX) 

2-Hydrazinoquinoline (HQ), Triphenylphosphine (TPP) Alfa Aesar (Ward Hill, MA) 
N-acetyl-L-glutamine, Ammonium carbonate ((NH4)2CO3), 2-
2´-Dipyridyl disulfide (DPDS) 

MP Biomedicals, LLC (Irvine, CA) 

Creatinine, D4-acetic acid, Dansyl chloride (DC), Leucine 
enkephalin, Sodium carbonate (Na2CO3),  

Sigma-Aldrich (St. Louis, MO) 

D5-Tryptophan Cambridge Isotope Laboratories 
(Tewksbury, MA) 

Taurine  Thermo Fisher Scientific (Waltham, 
MA) 

Acetyl-L-glutamic acid, Acetyl-L-isoleucine, Acetyl-L-leucine, 
Acetyl-L-phenylalanine, Acetyl-L-tyrosine 

Chem-Impex International (Wood 
Dale, IL) 

Ethanol (reagent alcohol) Ricca Chemicals (Arlington, TX) 
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Table 2.2 LC-MS instrumental settings for data acquisition. 

Target 
compounds 

LC column and 
temperature 

LC mobile phase Lock mass and MS 
detection mode 

Capillary 
and cone 
voltage 

Source and 
desolvation 
temperature 

Cone and 
desolvation 
gas flow 

*Collision 
gas and 
energy ramp 

Taurine (DC 
derivatization), 
and N-acetyl 
amino acids 
(except for NAT)  

Waters BEH C18 
(reverse phase), 
40 °C 

A: 0.1% formic acid in 
water  
B: 0.1% formic acid in 
ACN  

Leucine enkephalin 
([M + H]+ = m/z 
556.2771), Positive 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

Argon, 10-50 
eV 
 

Acetic acid (HQ 
derivatization)  

Waters BEH C18 
(reverse phase), 
40 °C  

A: 2 mM NH4OAc in 
water with 0.05% 
acetic acid 
B: 2 mM NH4OAc in 
95% ACN and 5% 
water with 0.05% 
acetic acid 

Leucine enkephalin 
([M + H]+ = m/z 
556.2771), Positive 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

NA 

NAT Waters BEH C18 
(reverse phase), 
40 °C 

A: 0.1% formic acid in 
water  
B: 0.1% formic acid in 
ACN 

Leucine enkephalin 
([M - H]- = m/z 
554.2615), Negative 

-0.2 kV, -
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

NA 

Creatinine Waters Amide 
(HILIC), 40 °C 

A: 0.1% formic acid in 
water  
B: 0.1% formic acid in 
ACN 

Leucine enkephalin 
([M + H]+ = m/z 
556.2771), Positive 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

NA 

 *Setting used for MSMS fragmentation analysis, if applicable 
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Table 2.3 Information on selected triacetin-responsive urinary metabolites. Enlisted metabolites are selected from the volcano plot of 
the mouse urine metabolome with greater fold change (FC) and smaller p-values than NAT (Figure 1M). Accurate mass-based 
elemental composition analysis was performed to determine potential molecular formula.  

Retention 
time (min) Detected M/Z Ion adduct FC# p-value Potential molecular 

formula Monoisotopic M/Z Mass deviation (Δppm) 

5.9152 240.232 [M+H]+ 7.7838 1.36E-06 C15H29NO^ 239.2249 3 
2.11 391.0629 [M+H]+ 7.763 2.73E-06 C14H10N6O8^ 390.056 2 

6.1748 459.4871 [M+H]+ 8.0529 5.46E-06 C28H62N2O2^ 458.4811 4 
2.1065 177.0741 [M+H]+ 8.188 5.58E-06 C7H12O5^ 176.0685 9 
6.2401 485.1465 [M-H]- 8.5178 5.75E-06 C26H22N4O6^ 486.1539 2 
2.1269 353.1073 [M+H]+ 8.4198 6.22E-06 C23H14NO3^ 352.0974 7 
6.6641 515.5503 [M+H]+ 7.7516 7.91E-06 C32H70N2O2^ 514.5437 3 
2.1197 370.1341 [M+H]+ 9.7848 1.22E-05 C14H27NO6S2^ 370.1353 3 
1.0254 309.0815 [M-H]- 8.6626 1.31E-05 C11H18O10^ 310.0907 5 
3.1667 229.0163 [M-H]- 8.7126 2.46E-05 C9H10O5S^ 230.0249 6 
0.3157 166.0169 [M-H]- 7.6126 9.07E-05 C4H9NO4S* 167.0252 6 

 #FC, fold change, calculated by the relative abundance of metabolites in the triacetin group divided by that of the glycerol group;  
 ^ Database seaech yielded no match with known urinary metabolites 
 *N-acetyltaurine, identity confirmed by comparison with authentic standard 
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Figure 2.1 Concentrations of targeted serum and urine metabolites and the multivariate 

modeling of urine metabolome after triacetin dosing. Serum samples were collected 2 h 

post dosing. Urine samples were collected after housing each mouse individually in 

metabolic cages for 24 h post dosing (n = 5 in the glycerol group, n = 4 in the triacetin 

group). (A) serum acetate, (B) serum taurine, (C) urine acetate, (D) urine taurine, (E) 

urine NAT, (F) urine N-acetyl-glutamate (NA-Glu), (G) urine N-acetyl-glutamine (NA-

Gln), (H) urine N-acetyl-isoleucine (NA-Ile), (I) urine N-acetyl-leucine (NA-Leu), (J) 

urine N-acetyl-phenolalanine (NA-Phe), (K) urine N-acetyl-tyrosine (NA-Tyr). * 

indicates p-value < 0.05 from non-paired t-test. (L) Scores plot of the PCA model on 
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combined positive- and negative-mode data on the urine metabolome, in which t[1] and 

t[2] stand for the principal components 1 and 2, respectively. (M) Volcano plot of the 

urinary metabolites contributing to the differentiation between the triacetin- and glycerol-

dosing groups. The fold-change (FC) and p-value of individual metabolites are the ratios 

of triacetin vs. glycerol control and their statistical significances, respectively. The 

metabolites with a greater FC and more significant p-value (red colored) than NAT 

(marked) were selected for further analysis (Table 2.3). 
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Figure 2.2  Serum acetate and taurine and urinary NAT after 15-day ethanol dosing. 

Serum and urine samples were collected from the control (Ctl) group (n = 4) and the 

ethanol (EtOH) feeding group (n = 8) on day 0 (D0) before feeding the semi-liquid diets 

and on day 15 (D15) of the feeding. (A) serum acetate, (B) serum taurine, (C) urine NAT. 

Two-way ANOVA tests were conducted on the rank-transformed data, followed by 

Fisher’s LSD tests to examine the differences within the same treatment across days and 

between two treatments on the same day (** p < 0.01, *** p < 0.001, **** p < 0.0001). 
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Figure 2.3 Blood glucose, serum acetate and taurine, and urinary NAT after STZ dosing and taurine supplementation. Serum and 

urine samples were collected from the STZ alone (STZ) treatment group (n = 4) and the SZT plus 2% (w/v) taurine in drinking water 

(STZ+Tau) treatment group on day 0 (D0) before STZ treatment and on day 15 (D15) after the treatment (n = 4 in each treatment 

group). (A) Blood glucose, (B) serum acetate, (C) serum taurine, (D) urinary NAT. Two-way ANOVA tests were conducted on the 

rank-transformed data, followed by Fisher’s LSD tests to examine the differences within the same group across days and between the 

two groups on each day (* p < 0.05, ** p < 0.01, *** p < 0.001).
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Figure 2.4 The yield of NAT synthesis from 30-min incubations of bovine renal cortex 

and medulla homogenates with acetate and taurine. ** indicates p < 0.01 from a non-

paired t-test. 
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Figure 2.5 The sources of hyperacetatemia and the metabolic events leading to the 

increased urinary NAT. Blood acetate can be increased by diverse direct and indirect 

exogenous inputs as well as various endogenous metabolic events. In the kidney, after 

elevated acetate reacts with taurine to form NAT in the renal cortex, free acetate may 

undergo extensive reabsorption while NAT is readily excreted into urine, making urinary 

NAT, instead of urinary acetate, highly responsive to hyperacetatemia. 

 

 

 

  

Direct Input
(Triacetin, vinegar, fermented 

food, infusion of acetate-
containing buffers)

Indirect Input
(Ethanol)

Endogenous Metabolism
(Diabetes, high-fat diet, exercise, 
microbial fermentation on fibers)

Acetate ↑

KidneyBlood

Metabolism in cortex

Acetate+Tau NAT

Acetate

Reabsor-
ption Excretion

NAT

↑
NAT

Urine

(Hyperacetatemia)

Source of acetate



82 
 

0 1000 2000 3000 4000
0

10000

20000

30000

40000

Urine NAT (μM/mM Cr)

Se
ru

m
 A

ce
ta

te
 (μ

M
)

0 500 1000 1500
0

500

1000

1500

Urine NAT (μM/mM Cr)

Se
ru

m
 A

ce
ta

te
 (μ

M
)

A B

 

Figure 2.6 Correlation of urinary NAT and blood acetate levels in the animal models of 

hyperacetatemia. The linear regression was analyzed by GraphPad. A) The correlation in 

three animal models: Triacetin-dosing, EtOH-dosing, and STZ-dosing. R-square = 0.55, 

p-value of the slope < 0.0001. B) The correlation in two animal models: EtOH-dosing, 

and STZ-dosing. R-square = 0.02, p-value of the slope = 0.4. 
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Chapter 3 Metabolomic characterization of the effects of 

oxidized soybean oil on gastrointestinal lumen and its 

association with systemic metabolism in nursery pigs 
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3.1 SUMMARY  

 Consumption of fried foods by humans and feeding recycled cooking oils to 

animals introduces significant amounts of primary lipid oxidation products (LOPs), such 

as peroxidized fatty acids, and secondary LOPs, mainly lipidic aldehydes, into their 

gastrointestinal tracts (GIT). However, the metabolic fates of these LOPs and their 

interactions with dietary components in the GIT are not well understood. This study aims 

to delineate the metabolic changes induced by oxidized lipids in the GIT through a 

nursery pig feeding trial combined with comprehensive metabolomic and biochemical 

analyses. 

 Compared to a diet containing control soybean oil (CSO), the inclusion of 10% 

heated soybean oil (HSO) impaired the growth performance of nursery pigs and induced 

hepatocyte hypertrophy. Metabolomic analysis revealed substantial alterations in the 

gastrointestinal (GI) lumen due to HSO consumption, including decreased elastase 

activity, protein digestion in the small intestine, and disrupted bile acid and gut microbial 

metabolism. These functional changes in the GI lumen likely contributed to the observed 

growth impairment. 

 Lipidomic analysis of the oils, feeds, and luminal digesta showed significant 

transformations of dietary lipids in the GI lumen, potentially leading to de-novo aldehyde 

production. Notably, HSO feeding uniquely increased free caprylic acid levels in the GI 

lumen. This study suggests that caprylic acid could serve as a promising predictor for the 

oxidation status of heated oils and its impact on host health. 
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 Furthermore, correlation analysis demonstrated that the GI caprylic acid level was 

significantly associated with post-absorption metabolites, including hepatic free amino 

acids, AMP, NAD+, choline metabolites, serum free amino acids, and growth 

performance indices, suggesting the utilization of caprylic acid as a marker for oil 

oxidation and the oxidized-oil elicited metabolic changes. Additionally, the study 

highlighted the significant role of aldehydes in the adverse metabolic effects observed, 

with luminal aldehydes showing strong inverse correlations with growth performance and 

various metabolic markers. However, the precise contributions of pre-existing and de-

novo-formed aldehydes to these metabolic disturbances remain unresolved and warrant 

further investigation. 

 

 

Keywords: Lipid oxidation; aldehydes; metabolomics; lipidomics; luminal metabolome.  
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3.2 INTRODUCTION 

Dietary fat is an essential macronutrient for humans and animals. Under thermal 

stress, oils undergo complex chemical changes, including oxidation, polymerization, and 

hydrolysis, forming a variety of lipid oxidation products (LOPs). The primary LOPs 

mainly consist of hydroperoxides (ROOH), which are unstable and reactive.304,305 

Primary LOPs further break down into secondary LOPs, including aldehydes, ketones, 

acids, and other small-molecule substances.306 About 50% of the fat in the human diet is 

exposed to thermal treatment, such as frying and cooking.90 Thermally stressed oils from 

commercial food production, mostly vegetable oils, are commonly rendered for animal 

feed production.94 Meanwhile, lipid oxidation occurs commonly for feed-grade fats and 

oils, as a wide range of peroxide values (0.4 – 7.3 mEq/kg) have been observed in the 

survey on oil samples obtained from a local feed mill in the Midwest.96 Therefore, 

thermally oxidized oils and fats are of great prevalence in the lipid intake of both 

production animals and humans. 

Consumption of thermally oxidized oil is associated with adverse metabolic and 

health effects in animals and humans. Dietary intake of fried food has been associated 

with elevated risks for cancer, cardiovascular disease, and metabolic syndrome in 

humans.161-163 In animals, consuming highly oxidized oil led to a series of biological 

implications, including depressed appetite, increased intestinal leakage, diarrhea, deterred 

growth performance, elevated liver and kidney weight, oxidative stress, and altered blood 

lipids.100,103,104,167-169 Activation of the tryptophan-NAD+ pathway with the dramatic 

decrease of circulating tryptophan was identified as a central response to heated soybean 

oil (HSO) feeding in animals.168 Among the LOPs contributing to these adverse effects, 
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aldehydes were the most active.168 As revealed in animal feeding studies, lipidic 

aldehydes, specifically C9-C11 unsaturated aldehydes, showed the strongest negative 

correlation to animal growth performance.102  

The post-absorptive metabolism of the LOPs, especially lipidic aldehydes, has 

been extensively investigated. As highly lipophilic and electrophilic compounds,   

aldehydes are bioavailable and can form adducts with amino acids, proteins, and DNAs 

via a non-enzymatic mechanism, including both Schiff base and Michael addition, hence 

exerting toxic effects on host health.45,173 On the other hand, the aldehyde-metabolizing 

enzymes, such as aldehyde dehydrogenase (ALDH)  and aldo-keto reductase superfamily 

(AKR), convert aldehydes to less-reactive acids and alcohols, respectively.160,168 

Aldehydes can also be conjugated enzymatically to glutathione (GSH) via glutathione S-

transferase (GST) in the liver and then excreted in the urine as mercapturic acid 

conjugates for detoxification.198-200  

Despite the extensive knowledge of the post-absorption metabolism of aldehydes, 

the status of aldehydes in the lumen of gastrointestinal tract (GIT) was not well 

understood. Compared to the post-absorption organs and tissues, the GIT is directly 

exposed to dietary aldehydes upon consumption of thermally oxidized oils.70 Current 

information on the interaction between aldehydes and other biochemical molecules in the 

lumen is limited to the observations that fatty acid hydroperoxides (e.g., linoleic acid 

hydroperoxide) can break down to aldehydes, such as hexanal, in the stomach50,72. Then, 

the formed aldehydes could proceed to the intestine, getting absorbed and transported to 

the liver.50 Compared to these de-novo-formed aldehydes, aldehydes in oxidized oil are 
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more abundant in concentration and more diverse in structure. Understanding their 

disposition in the GIT may reveal more novel insights into the adverse health effects of 

oxidized oil consumption.  

In addition to aldehydes, oxidized oils contain other non-volatile LOPs, including 

TG dimers, polymers, hydroxy-, epoxy-TG, and free fatty acids.211,307,308 Except for the 

dimeric and polymeric TG species, most non-volatile LOPs can be digested and absorbed 

in the small intestine.226 But their transformation in the GI lumen is not well understood. 

The hydroxy, epoxy-TG, fatty accids, and aldehydes are polar compounds in the oxidized 

oil, which have shown undesirable metabolic effects in-vitro309 and in-vivo310. However, 

unlike aldehydes, the specific disposition and metabolic pathways of the non-volatile 

LOPs have not been fully characterized either.191 Therefore, more research is warranted 

to better understand their associations and contributions to animal growth and health.102  

In this study, we fed HSO to nursery pigs, and then investigated the changes in 

the luminal metabolome to obtain novel knowledge regarding the disposition of HSO, 

especially its lipidic aldehyde content in the GI lumen, and their interactions with 

digestive enzymes and metabolites, as well as their associations to the host metabolism.  

3.3 MATERIALS AND METHODS 

3.3.1 Chemicals 

 The chemicals and reagents used for sample preparation, LC-MS analysis, and 

quantification are included in Table 3.1.  
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3.3.2 Experimental design, animal management, and sample collection 

3.3.2.1 Preparation of CSO and HSO oils 

 Control soybean oil (CSO) was heated at 187oC for 42 hours with constant 

airflow at 30 L/min to obtain heated soybean oil (HSO). The peroxide value (PV) of the 

oils was analyzed via the standardized method AOCS Cd 8b-90. The p-anisidine value of 

the oils was analyzed via the standardized method AOCS Cd 18-90. The oxidized fatty 

acid level (OFA%) was analyzed by Barrow-Agee Laboratories (Memphis, TN). 

3.3.2.2 Animal management and sample collection 

 All animal care and use procedures for this experiment were approved by the 

Institutional Animal Care and Use Committee at Iowa State University. A total of 60 

weaning barrows were obtained from a commercial farm at 28 days of age, then 

transported to and housed at the Iowa State University Swine Nutrition Farm (Ames, IA). 

They were fed a common starter diet to acclimate and optimize feed intake. Then, piglets 

were randomly allotted into 10 pens (3 pigs/pen, initial average BW of 6.2 kg). Pigs were 

fed the corresponding experimental diet for 28 days and allowed ad libitum access to feed 

and water. On day 28, pigs and feed were weighed for calculation of average daily weight 

gain (ADG), average daily feed intake (ADFI), and weight gain: feed intake (G:F) ratio. 

At the end of the trial, one focal pig was chosen and sacrificed from each pen. Digesta 

from the stomach, duodenum, proximal jejunum, distal ileum, cecum, and proximal colon 

were collected from each pig for further metabolomics analysis. The whole liver sample 

was collected and weighed for the liver weight:body weight (LW:BW) ratio calculation. 
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All collected samples were flash-frozen in liquid nitrogen and stored at -80 oC until 

further analysis.  

3.3.3 LC-MS-based chemometrics and metabolomics 

3.3.3.1 Sample preparation for LC-MS analysis  

 The oil content in the feed was extracted. For 1 gram of CSO and HSO feed 

samples, the oil content was extracted by two volumes of dichloromethane (v/w). To 

remove the water and insoluble contents, the extracts were then filtered through a column 

packed with anhydrous sodium sulfate. Then, the dichloromethane was evaporated under 

nitrogen. The extracts were weighed and stored at -80°C till further use. The original oils 

and their respective feed extracts were diluted by 100,000-fold in n-butanol containing 1 

µg/mL tripentadecanoin (TG15:0) prior to LC-MS analysis. 

 For extracting the lipids in digesta, 50 mg digesta (stomach, jejunum, and colon 

only due to limited sample quantity) was weighed and mixed with 5 volumes of n-butanol 

containing 1 µg/mL tripentadecanoin (TG15:0) as internal standard. The mixture was 

sonicated in the ice bath for 30 min, vortexed for 30 min, and centrifuged 13,000 ×g for 

15 min to obtain the supernatant. The extract from the stomach was further diluted 10-

fold and then stored at -20°C for later use.  

 For extracting the aqueous phase, 50 mg of digesta sample was weighed and 

mixed with 10 volumes of 50% aqueous acetonitrile (ACN) containing 50 µM d5-

tryptophan, 2 µM sulfadimethoxine, 510 µM d4-acetic acid, 5 µM 13C-1-glycocholic acid, 

10 µg/mL 13C-1,2-palmitic acid, and 100 µM d6-acetone as internal standard. The 

mixture was sonicated in the ice bath for 10 minutes. After centrifuging at 13,000 ×g for 
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15 min, the supernatant was acquired. All extracts were further diluted 10-fold and then 

stored at -20°C for later use.  

 Liver extracts were prepared based on the Bligh and Dyer method.311 In brief, 100 

mg frozen liver samples were mixed with and homogenized in 500 µL methanol 

containing 180 µM d6-acetone, 90 µM d5-tryptophan,  459 µM d4-acetic acid, 36 µg/mL 

13C2-palmitic acid, 9 µM sulfadimethoxine, 9 µM glycyrrhetinic acid, and 20 µM 

tripentadecanoin (TG15:0) as internal standards. Then, 400 µL water and 500 µL 

chloroform were added into the mixture. After sonication in the ice bath for 1 min, the 

mixture was centrifuged at 1,3000 × g for 10 minutes for phase separation. The top layer 

was extracted as the aqueous phase and was stored at −80 °C before LC-MS analysis.  

3.3.3.2 Chemical derivatization 

 For detecting and quantifying fatty acids, aldehydes, and metabolites containing 

carboxylic acid functional group, the oil, feed extract, and diluted digesta aqueous extract 

samples were derivatized with 2-hydrazinoquinoline (HQ), following a modified 

protocol.150 In brief, 2 µL of aqueous extraction, oil, or feed extraction, was mixed with 

100 µL of freshly prepared acetonitrile solution containing 1 mM 2-2´-dipyridyl disulfide 

(DPDS), 1 mM triphenylphosphine (TPP), 1 mM HQ. In fatty acid and aldehyde 

standards, the acetonitrile solution contained additional 90 µM d6-acetone. The mixtures 

were incubated at 60 °C for 30 min, chilled on ice, and mixed with 100 µL of ice-cold 

water to stop the reaction. After centrifuging at 13000g for 15 min, the supernatant was 

transferred to an HPLC vial for LC-MS analysis. 
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 For detecting and quantifying amino acids and metabolites containing amine 

functional group, the aqueous extraction of digesta was derivatized with dansyl chloride 

(DC) prior to LC-MS analysis. In short, 5 μL of digesta extraction was mixed with 5 μL 

of water, 50 μL of 10 mM sodium carbonate, and 100 μL of DC (3 mg/mL in acetone). 

For amino acid standard mixtures, 5 μL of 50 μM d5-tryptophan (internal standard) was 

added instead of water. After incubation at 60°C for 15 min and centrifugation at 13,000 

×g for 10 min, the supernatant was obtained and transferred to an HPLC vial for LC-MS 

analysis. 

3.3.3.3 LC-MS analysis 

 A 2 µL sample aliquot was injected into a Waters Acquity ultraperformance 

liquid chromatography (UPLC) system (Milford, MA) and separated in a BEH column. 

The eluant from LC was then introduced into a Waters Xevo-G2-S or Synapt-G2Si 

quadrupole time-of-flight mass spectrometer (QTOF-MS) for accurate mass measurement 

and ion counting. The mass analyzer was calibrated to detect ions within the range m/z 50 

– 1200 and was monitored by intermittent injection of lock mass. The LC-MS 

instrumental settings used for different metabolites are included in Table 3.2. The 

acquired chromatograms were processed by MassLynxTM V4.2 (Waters). The structures 

of interested metabolites were analyzed by tandem MS fragmentation with a collision 

energy ramp of 10-50 eV. For quantitative analysis, the individual peak areas of target 

compounds were calculated, scaled to the peak area of internal standards, and fitted into a 

calibration curve via QuanlynxTM (Waters).  
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3.3.3.4 Untargeted multivariate data analysis and marker characterization 

 The MarkerLynxTM software V4.2 (Waters) was utilized to examine 

chromatographic and spectral data. This process involved constructing a data matrix 

incorporating sample identities, ion characteristics (specifically retention time and m/z 

values), and ion abundance. This matrix was derived through a series of steps, including 

centroiding, deisotoping, filtering, and recognizing and integrating peaks. Ion intensities 

were quantified by normalizing single ion counts (SIC) against the total ion counts (TIC) 

observed across the entire chromatogram. Subsequently, the refined data matrix was 

imported into SIMCATM software (version 13.0, Umetrics, Kinnelon, NJ). The data 

underwent Pareto scaling transformation before undergoing principal components 

analysis (PCA). Each metabolite's relative abundance was determined by scaling the total 

ion intensity to a fixed value of 10,000. The primary latent variables within the data 

matrix were illustrated using a scores scatter plot derived from the multivariate model. 

Metabolic changes induced by HSO feeding were pinpointed by examining ions that 

significantly contributed to the principal components and the delineation of sample 

groups, as observed in the loadings scatter plot. Chemical identities were ascertained 

through a combination of accurate mass measurement, elemental composition analysis, 

database searches (including HMDB www.hmdb.ca and LIPID MAPS 

www.lipidmaps.org), fragmentation processes, and comparisons with authentic standards 

when feasible. 

3.3.4 Analysis of trypsin and elastase activity 

 Elastase activity was assessed via a colorimetric assay with modification.312 In 

brief, the digesta was extracted by x10 volume of 50 mM Tris-HCl buffer with 0.1% 

http://www.hmdb.ca/
http://www.lipidmaps.org/
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Tween-20, pH 8. Then 100 µL of the extracted supernatant or prepared elastase standard 

solution was incubated at 37°C with 15 µL of 2 mg/mL N-succinyl-L-alanyl-L-alanyl-L-

alanine-p-nitroanalide (Suc-AAA-pNA) and 85 µL of 50 mM Tris-HCl buffer, pH 8, 

followed by a 30-min kinetic reading at 410 nm. The absorbance change between 0-30 

minutes was used to calculate the elastase enzyme activity. One elastase unit cleaves 1 

mmol of Suc-AAA-pNA per minute at 37°C, pH 8.  

 Trypsin activity was assessed via a colorimetric assay with modification.313 In 

short, 25 µL of extracted supernatant or prepared trypsin standard solution was incubated 

at 37°C with 15 µL of 4 mg/mL N-α-benzoyl-DL-arginine-p-nitroanilide (BAPA) and 

160 µL of 50 mM Tris-HCl buffer, pH 8, containing 20 mM CaCl2. The reaction mixture 

proceeded to a 30-min kinetic reading at 410 nm. One trypsin unit cleaves 1 mmol of 

BAPA per minute at 37°C, pH 8.  

3.3.5 In vitro digestion of oils and feeds 

 The experimental procedures for simulated in-vitro gastric and intestinal digestion 

of oils and feeds were adopted from an established protocol for smaller volumes.314 The 

procedure started with simulated gastric digestion by mixing 125 mg feed or 15 µL of oil 

with 500 µL of prepared simulated gastric fluid (SGF, prepared according to established 

protocol314) and heated at 37°C with constant shaking on a thermomixer. At the end of 

the 1-hour incubation, 100 µL sample was withdrawn and quenched with 2 volumes of 

acetonitrile. The remaining mixture was adjusted to pH 7 with 1 M sodium hydroxide, 

then proceeded to simulated intestinal digestion by adding 1 volume of simulated 

intestine fluid containing porcine pancreatin and bile extract (SIF, prepared according to 
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established protocol314). After 1 hour incubation at 37°C, 100 µL sample mixture was 

withdrawn and quenched by adding 2 volumes of acetonitrile. The quenched sample 

mixtures were centrifuged at 13,000 ×g for 15 min. Each digestion was conducted in 5 

replicates. The acquired supernatant proceeded to chemical derivatization and LC-MS 

analysis to quantify aldehydes and fatty acids.  

3.3.6 Analysis of protein carbonyls (PC) in feeds and digesta 

 Because the free lipidic aldehydes in the sample matrix could result in an 

overestimation of PC content315, the feed samples were washed with hexane prior to 2,4-

dinitrophenylhydrazine (DNPH) assay. In brief, 2 grams of feed was mixed with 6 mL 

hexane and vortexed for 5 minutes. Then, the mixture was centrifuged at 13,000 ×g for 

10 minutes. The liquid was discarded. This washing process was repeated for 3 times. 

The remaining solid residues were air-dried under a hood at room temperature to allow 

for the evaporation of any leftover hexane. After drying, 250 mg feed was mixed with 5 

mL water. A tissue homogenizer was used to maximize the protein extraction. After 

sonicating for 1 hour, the mixture was centrifuged at 5,000 ×g for 15 min. The obtained 

aqueous fraction was filtered through a 0.2 µm syringe filter. Then the filtered protein 

extraction solution proceeded to DNPH assay, based on an established protocol with 

modifications.316  

 For reacting with DNPH, 100 µL of 10 mM DNPH (dissolved in 2M HCl) was 

added to 500 µL protein extraction solution and incubated at room temperature for 1 

hour. For blanking, 100 µL of 2 M HCl was added into protein extracts without DNPH. 

Then 0.6 mL of 20% trichloroacetic acid (TCA) was added into the mixture. After 
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chilling on ice for 20 min, the mixture was centrifuged at 13,000 ×g for 10 min. The 

aqueous fraction was then removed. To remove excessive DNPH, the precipitated pellet 

was washed with 500 µL of ethanol:ethyl acetate (v:v) for 3 times. After the last wash, 

the pellet was dried in a fume hood for 1 hour and resuspended in 500 µL of 6 M 

guanidine (dissolved in 20 mM PBS pH 6.5). The final solution was then transferred to a 

UV-compatible 96-well plate for measuring the absorbance at 366 nm by a Spectra Max 

250 96-well plate reader (Molecular Devices 577, Sunnyvale, CA). 

3.3.7 Thiobarbituric acid-reactive substance (TBARS) assay 

 Oil and serum samples were submitted to TBARS assay, following an established 

protocol with modifications.317 The reaction solution contained 15% w/v trichloroacetic 

acid, 0.375% w/v 2-thiobarbituric acid, and 0.25 N hydrochloric acid. Then, in a 2-mL 

screw cap centrifuge tube, 20 µL of serum was mixed with 200 µL of the reagent 

solution. For oil samples, 5 µL of oils were mixed with 15 µL water and 200 µL of the 

reaction solution. Each type of oil was measured in 4 replicates. The mixture was 

incubated in boiling water (>95°C) for 30 minutes. After chilling on ice, the mixtures 

were centrifuged at 13,000 ×g for 15 min. Then the supernatants were transferred to a 96-

well plate for spectrophotometer measurement of absorbance at 532 nm. Standards were 

prepared by mixing 1,1,3,3,-tetramethoxypropane in water with concentrations ranging 

from 2.5 – 500 µM. 

3.3.8 Statistical analysis 

 The statistical analysis on the quantity of metabolites, the relative abundance of 

compounds, and enzyme activities were conducted by unpaired t-test to compare CSO 
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and HSO groups via GraphPad Prism version 10.0.1 (La Jolla, CA). The difference was 

considered significant with a p-value <0.05 and a trend with a p-value between 0.05 and 

0.1.  

 Pearson’s correlation analysis between small intestine elastase activity, bile acids, 

and free amino acids was performed by GraphPad Prism 10. The correlation analysis 

leading to the correlation heatmap was conducted by R using the associate and heat 

functions from the package ‘microbiome’ 

(https://github.com/microbiome/microbiome/blob/master/R/heat.R).  

3.4 RESULTS 

3.4.1 Oxidative status of oils and feeds 

 The oxidation status of CSO and HSO was first evaluated by proximal analysis, 

including thiobarbituric acid reactive substances (TBARS), peroxide value (PV), p-

anisidine value (AnV), and oxidized fatty acid percentage (OFA%). HSO was notably 

oxidized, marked by the increased PV (CSO vs. HSO, 0.8 vs. 3.9, mEq/kg), AnV (CSO 

vs. HSO, 1.81 vs. 466), OFA% (CSO vs. HSO, 0.92% vs. 6.9%), and TBARS (Figure 

3.1 A). Following the increase of AnV and TBARS, the lipidic aldehydes in the HSO oil 

and the feed extract were quantified (Figure 3.1 B and C). In HSO, the most abundant 

aldehyde was 2,4-decadienal (DDE), making up more than 50% of the total aldehyde 

pool, followed by HNE (Figure 3.1 B). In the HSO feed extract, the aldehyde profile 

differed from the HSO, with hexanal as the highest concentration (Figure 3.1 C). The 

DNPH assay further indicated a significantly higher PC level in the HSO feed than CSO 

feed (Figure 3.1 D).  

https://github.com/microbiome/microbiome/blob/master/R/heat.R
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3.4.2 Influences of HSO on animal growth and physiology 

 Nursery pigs in the HSO group had lower weight gain and less feed intake 

compared to the CSO group (Figure 3.2 A and B). The HSO group also had a lower 

weight gain: feed intake ratio (G:F, Figure 3.2 C). The liver weight: body weight 

(LW:BW, %) ratio was greater in the HSO group, indicating hepatic hypertrophy (Figure 

3.2 D).   

3.4.3 Influence of HSO consumption on the luminal metabolome  

3.4.3.1 Characterizing the fatty acids and lipidic aldehydes in the GI lumen  

 Given the presence of abundant aldehyde species in oils and feeds, the digesta 

was analyzed for fatty acids and aldehydes. Notably, in the digesta, the CSO and HSO 

had greater differences in the stomach (S), duodenum (D), and jejunum (J) (Figure 3.3 

A). Then, the magnitude of the differences became smaller in the ileum, cecum, and 

colon, yet still clearly separated (Figure 3.3A). To identify the metabolites contributing 

to the differences between CSO and HSO digesta samples, the orthogonal partial least 

squares discriminant analysis (OPLS-DA) was conducted. In the S-plot of the OPLS-DA 

model (Figure 3.3B), the markers in the upper right corner were increased by HSO 

treatment, whereas the ones in the lower left corner were decreased by HSO treatment 

(hence higher in CSO). Through comparison with authentic standards, some of these 

metabolites were identified as aldehydes and fatty acids (metabolites iD – vD, listed in 

Table 3.3).  

 The five listed metabolites belonged to two classes: lipidic aldehydes and fatty 

acids (Table 3.3).  Metabolites ivD and vD were identified as hexanal and nonanal (Table 



99 
 

3.3). Given the great abundance of aldehydes in HSO oil and feed, the distribution of 

other lipidic aldehydes in the GI lumen, in addition to hexanal and nonanal, was further 

quantified. Compared to oil and feed, the aldehyde profile underwent further 

transformation in the GI lumen. In both CSO and HSO groups, hexanal, pentanal, and 

nonanal were the top 3 species making up more than half of the total aldehyde pool in all 

the GI lumen locations (Figure 3.3 C). Meanwhile, the HSO group showed significantly 

higher aldehyde concentration in the jejunum, with an increased trend in the duodenum, 

cecum, and colon, but lacked statistical significance in the stomach and ileum (Figure 3.3 

C). Since aldehydes were substantially present in the GI lumen, the luminal PC content 

was further determined to investigate potential interactions between aldehydes and 

protein-derived metabolites. For the DNPH assay, only digestas from the stomach, 

jejunum, cecum, and colon were examined due to limited quantity. Interestingly, HSO 

feeding only elevated the PC content in the cecum and colon, but not in the stomach or 

jejunum (Figure 3.3 D). 

 Metabolites iD – iiiD were caprylic acid (CA), oleic acid (OA), and linoleic acid 

(LA). Their concentrations were further quantified (Figure 3.3 E – G). HSO feeding 

significantly decreased the concentration of OA and LA in the stomach (Figure 3.3 F 

and G). The colon LA was also decreased by HSO, but not in any other GI locations 

(Figure 3.3 G). On the contrary, caprylic acid (CA), a medium-chain fatty acid, was 

elevated significantly throughout all GI segments by HSO feeding (Figure 3.3 E). 

Despite its low abundance in the GI lumen compared to the C18 fatty acids, the CA in the 

HSO group increased by up to 5-fold more than the CSO group (Figure 3.3 E).    
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3.4.3.2 Characterizing the triglyceride species in the GI lumen and oils 

 Free fatty acids in the GI lumen primarily originate from the digestion of dietary 

triglycerides. To determine the sources of caprylic acid, lipidomic analysis on oils and the 

butanol extract of digesta from the stomach, jejunum, and colon. The differences between 

CSO and HSO groups were visualized via the principal component analysis (PCA) of 

digesta samples. In the scores plot of the PCA models, site-specific separations of digesta 

samples were observed. HSO feeding induced a clear shift in the triglyceride profile in 

the stomach and colon, but not in the jejunum (Figure 3.4 A). The gastric and colonic 

lipidome were further compared in separate models. In the PCA model of the gastric 

lipidome, the clustering and separation of samples were driven by the dietary groups 

(Figure 3.4 B). In an S-plot of a corresponding OPLS-DA model comparing the 

differences between CSO and HSO groups, the markers contributing to the separation 

were selected for structural analysis (IG – VIIG in Figure 3.4 C). Their structures were 

identified via database search, tandem MSMS, and elemental composition analysis as 

five triglycerides, labeled as TG1 – 5 (Table 3.4). The identification of the ion VIG (TG4) 

and MSMS fragmentation is illustrated in Figure 3.4 D. Two groups of triglycerides 

were identified: hydroxyl and caprylic-acid-containing TG (TG-CA) in the form of 

ammonia and sodium adducts were increased by HSO (Table 3.4, Figure 3.4 E - I). 

Since the stomach is the first site of lipid digestion after the oral cavity. The triglycerides 

in both oils and feeds were examined by lipidomic analysis. The results showed the 

separation of CSO and HSO and their respective feeds in the PCA models (Figure 3.5 A 

and 3.5 E). The same triglycerides containing hydroxy-fatty acids and caprylic acid were 

detected in the HSO group but were absent in the CSO group (Figure 3.5 A-H).  
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 The separation of CSO and HSO groups in the colon lipidome was confirmed by 

the PCA modeling (Figure 3.6 A). The metabolites elevated in the HSO group were 

identified in the S-plot of an OPLS-DA model (Figure 3.6 B). These metabolites were 

present in the HSO group, but largely absent in the CSO group (Figure 3.6 C – K). 

Elemental composition analysis, preliminary tandem MSMS analysis, and database 

search indicated the potential identities as cholesterol and sterol-related species (Table 

3.5), as exemplified by the MSMS spectrum shown in Figure 3.6 L.  

 Caprylic acid is not a constituent of soybean oil. To elucidate the connections 

between the free caprylic acid in the GIT and the detected caprylic acid-containing TGs 

in the oil and GIT, the oils and feed were subjected to in-vitro digestion, simulating the 

digestion in the stomach and small intestine. In the simulated gastric digestion, HSO feed, 

but not the oil, yielded free CA. In the simulated intestinal digestion, both HSO feed and 

oil increased the free CA (Figure 3.7 A and B). The concentration of 2,4-decadienal, the 

most abundant aldehyde in HSO oil, was also increased by the simulated gastric and 

intestinal digestion of HSO and HSO feeds in the HSO group compared to the CSO 

group (Figure 3.7 C and D). 

3.4.4 Influences of HSO on the metabolic events inside the GI lumen 

3.4.4.1 Influence of HSO consumption on the proteolytic function in the GIT 

 Protein digestion in the GIT is essential for supplying the essential amino acids 

for growth. The proteolytic activity in the GIT was hence investigated (Figure 3.8).  
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 The quantification of the free amino acids in the GI lumen showed that HSO 

significantly decreased the concentration of free amino acids (FAAs) in the small 

intestine, but lacked influence on the FAAs in the stomach and large intestine (Figure 3.8 

A). Examing of the relative abundance of lysine and methionine, two essential amino 

acids important for nursery pigs’ growth, showed that HSO decreased lysine in the 

duodenum and cecum and methionine in the ileum and cecum (Figure 3.8 B and C). 

Additionally, both dietary groups had comparable nitrogen content in the stomach and 

ileum (data not shown), and the HSO might negatively impact the proteolytic activities in 

the small intestine. To further validate this hypothesis, the activities of trypsin and 

elastase, two proteolytic enzymes in the small intestine, were determined using the 

digesta from the duodenum, jejunum, and ileum. The results showed that trypsin activity 

remained comparable between the two groups (Figure 3.8 D), but the elastase activity 

was reduced (Figure 3.8 E). 

 Effective digestion of protein is essential for the intake of essential amino acids 

for nursery pigs. The correlation analysis between the elastase activity and free amino 

acid level in the small intestine showed a significant positive correlation (Figure 3.8 F). 

Soy isoflavones are known inhibitors of elastase.318 Hence, the concentration of major 

soy isoflavones in the digesta was quantified, since the feed was formulated with soybean 

meal. However, the distribution of daidzin and genistin, and their respective aglycones, 

daidzein, and genistein, were comparable digesta of CSO and HSO groups (data not 

shown). To determine whether free aldehydes could contribute to the decrease in elastase 

activity, in-vitro co-incubations of porcine elastase was performed, showing that the 
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porcine elastase activity was not impacted by DDE or the stomach digesta from HSO 

group (data not shown).  

3.4.4.2 Influence of HSO consumption on the bile acid metabolism 

 Besides facilitating the transportation and absorption of lipids in the small 

intestine and interacting with microbial metabolism in the large intestine, bile acids assist 

in the digestion of protein in the small intestine.319 The bile acid concentrations from the 

duodenum to the colon were hence determined (Figure 3.9 A). HSO feeding reduced the 

total bile acid level in the duodenum, jejunum, and cecum (Figure 3.9 A). The ratio of 

secondary to primary bile acid, which indicates the microbial transformation of primary 

to secondary bile acids, remained comparable between the two groups (Figure 3.9 B). 

The Pearson’s correlation analysis indicated a significant positive correlation between the 

total bile acid and amino acid levels in the small intestine (Figure 3.9 C).  

 Bile acids are produced in the liver and stored in the gallbladder. To determine the 

cause of decreased bile acids in digesta, the concentrations of bile salts in the gallbladder 

were further quantified. The total bile salts in the gallbladder were decreased in the HSO 

group (Figure 3.9 D) due to the decrease of  GHDCA, GCDCA, TCDCA, and TUDCA 

(Figure 3.9 E). 

3.4.4.3 Influence of HSO consumption on the gut microbial metabolism 

 Short-chain fatty acids (SCFA) are the hallmarks of gut microbial metabolism. 

The concentration of five SCFAs was quantified in the cecum and colon (Figure 3.10). 

HSO decreased the concentration of propionic acid (Figure 3.10 B), butyric acid (Figure 

3.10 C), and isovaleric acid (Figure 3.10 E), but lacked impact on acetic acid (Figure 
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3.10 A) and valeric acid (Figure 3.10 D). The total SCFA in the cecum and colon was 

also reduced by HSO feeding (Figure 3.10 F).  

3.4.5 Influence of HSO on the post-absorptive metabolism 

 As the potential consequences of HSO-elicited changes in the luminal 

metabolome, changes in the hepatic metabolome were investigated. The analysis of the 

aqueous fraction of the liver extract showed a clear separation between the CSO and HSO 

groups in the scores plot of a PCA model (Figure 3.11 A). The markers contributing to 

the separation of CSO and HSO groups were further identified from an S-plot of an 

OPLS-DA model (Figure 3.11 B). In addition, as the key antioxidants, the concentration 

of hepatic glutathiones was quantified. Notably, the reduced glutathione (GSH), oxidized 

glutathione (GSSG), and GSH/GSSG ratio were comparable between the two groups 

(Figure 3.11 C – E). HSO feeding decreased the concentrations of choline, 

phosphocholine (PhosC), and glycerophosphocholine (GPC) (Figure 3.11 F – H), but 

increased the concentrations of NAD+ and adenosine monophosphate (AMP) (Figure 

3.11 I and J).  

 Because the proteolytic activity in the GI lumen was negatively impacted by HSO 

feeding (Figure 3.8), the potential influence on the post-absorption amino acid 

homeostasis was investigated by quantifying the free amino acids (FAAs) in the liver, 

serum, and muscle (Table 3.6). HSO reduced the concentrations of alanine, valine, 

proline, and tryptophan concentrations in the liver, but decreased their concentrations in 

the serum and muscle. The liver and serum also exhibited opposite trends in the 

concentrations of phenylalanine, asparagine, aspartate, arginine, and total amino acids.   
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 The correlations of HSO feeding induced substantial changes in the digesta with 

impaired growth performance, and the hepatic metabolome of nursery pigs was analyzed. 

The Pearson’s correlation coefficient was calculated and visualized in heatmaps (Figure 

3.12). The correlation between the growth performance indices and the luminal 

metabolites could be categorized into two major categories: A1 and A2 (Figure 3.12 A). 

The metabolites in the A1 cluster showed significant positive correlations with ADFI, 

ADG, and G:F ratio (Figure 3.12 A), including duodenum elastase activity, gastric oleic 

and linoleic acids, total free amino acids in the small intestine, and the cecum SCFAs. At 

the same time, significant negative correlations were identified with gastric oxidized 

triglycerides, jejunum, and colon aldehydes, as well as the caprylic acid in the entire GI 

lumen.  

 The correlation analysis between the luminal metabolites and the post-absorption 

metabolites (Figure 3.12 B) showed that luminal aldehyde, caprylic acid, TG-OH, and 

TG-CA positively were correlated with hepatic FAA, AMP, and NAD+, and negatively 

correlated with choline metabolites and serum FAA. The B2 group metabolites, including 

the SCFAs, bile acids, and C18 fatty acids in the stomach, exhibited trends opposite to 

those of the B1 group. The B3 group metabolites and markers, which are associated with 

the proteolytic activity in the small intestine, overall lacked significant correlation with 

post-absorption metabolites.  

3.5 DISCUSSION 

 To our knowledge, this is the first attempt to characterize and track the fates of 

lipidic aldehydes and their metabolic impacts in the luminal metabolome after feeding fed 
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thermally oxidized oil, as summarized in Figure 3.13. The GIT is the first line of contact 

with the HSO and the dietary aldehydes. The intake of lipidic aldehydes from HSO was 

considered a significant contributor to HSO-induced adverse metabolic events in 

animals.168 However, the distribution of aldehydes and their interaction with other 

nutrients and functional metabolites in the GI lumen has not been fully characterized. In 

the current feeding trial, the HSO feeding introduced a substantial quantity of lipidic 

aldehydes into the GIT (Figure 3.3), compromised intestinal protein digestion (Figure 

3.8) and animal growth (Figure 3.2). Additionally, the de-novo formation of aldehydes 

occurred in the GI lumen (Figure 3.13) from the decomposition of pre-existing and 

newly formed oxidized lipids. The lipidomic analysis additionally revealed caprylic acid 

and the caprylic acid containing TGs as potential and potent indicators that can connect 

the oil’s oxidation status to animal health. The influence and contribution of HSO feeding 

to nutrient digestion, metabolism, and host health are discussed below.  

3.5.1 The lipidic aldehyde profile exhibited a significant shift when comparing oil to 

feed extract 

 Aldehydes are secondary lipid oxidation products, and exhibited significant and 

inverse correlation with the growth performance of production animals fed thermally 

oxidized oils.102 The TBARS assay and the LC-MS analysis confirmed the substantial 

amount of aldehydic content in HSO (Figure 3.1 A and B). The profile of lipid 

aldehydes underwent a notable shift from oil to feed (Figure 3.1 C). In HSO, the most 

abundant species was 2,4-decadienal (DDE), followed by 4-hydroxynonenal (HNE). This 

finding was consistent with a previous report from our lab.66 DDE and HNE are the 

oxidative products of linoleic acid, accounting for over half of the fatty acid pool of 
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soybean oil.320 However, in the feed, hexanal was the most abundant species, comprising 

more than half of the free aldehyde pool (Figure 3.1 C), with DDE only accounted for 

13% in the feed (data modified from Figure 3.1 C).  

 One plausible explanation for the shift in the aldehyde profile is the continuous 

degradation of DDE. During thermal oxidation, LA is first oxidized to its hydroperoxides 

(LA-OOH)107, which further decomposes to hexanal (15%), and DDE (14%).321 As a 

highly reactive α,β-unsaturated aldehyde, DDE can further decompose to hexanal322, 

since an exponential decrease of DDE and increased hexanal co-occurred in oils 

continuously heated at 200 °C were observed.124 Therefore, the thermal processing in the 

production of swine feeds might potentially promote the transformation of DDE to 

hexanal. Besides DDE, hexanal could derive from the thermal degradation of 2-

octenal124, a C8 aldehyde that was decreased from 4.5% in HSO to 0.7% in HSO feed.  

 The change of the aldehyde profile in the feed would also be attributed to the 

reactivity of aldehyde towards amino acids. Lipidic α,β-unsaturated aldehydes can form 

carbonyl adducts with amino acids.45,173 In the present study, the HSO feed had higher PC 

levels than the CSO feed (Figure 3.1 D), indicating the adduct formation in the feed 

matrix. Since hexanal, a saturated aldehyde, is less reactive than DDE, an α,β-unsaturated 

aldehyde, it is likely that more hexanal remained in the feed (Figure 3.1 C).  

3.5.2 De-novo formation of aldehydes in the GI lumen  

 Compared to the oil and feed extract, the lipidic aldehyde composition in the GIT 

underwent more changes. The hexanal remained as the most abundant aldehyde in the GI 

lumen (Figure 3.3 C). Together with nonanal and pentanal, these three species made up 
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more than 75% of the total aldehyde pool in the digesta of the HSO group (Figure 3.3 

C). These three aldehydes were also detected at ample concentrations in the GIT of the 

CSO group (Figure 3.3 C). Since comparable PC values were observed between the two 

feeding groups in the gastric and jejunal digesta (Figure 3.3 D), the changes in the 

aldehyde profile in the GI lumen could be attributed to the de-novo formation.   

 The potential precursors for the de-novo formation of aldehydes are the oxidized 

triglycerides (TG-OXs) in the HSO, a constituent in thermally oxidized vegetable 

oils.280,323 These TG-OX species contain one or more oxygenated functional groups, 

including epoxyl, hydroxyl, hydroperoxyl, and ketone groups.280,323 In the present study, 

hydroxylated triglyceride (TG-OH) was detected in the HSO, HSO feed (Figure 3.5), and 

gastric digesta (Figure 3.4). TG-OHs can further decompose to secondary LOPs, such as 

aldehydes, in heated oils.280 Furthermore, the in-vivo study showed that the hydroxylated 

linoleic acid (LA-OH) could decompose and produce hexanal in the stomach of rats 

dosed with LA-OH.50     

 Another potential precursors for the de-novo formation of aldehydes are the 

aldehyde-containing TGs in thermally oxidized oils.280 These species are also known as 

the glycerol-core aldehydes (GCAs). However, the current analysis of the oils did not 

detect their presence. Further modification and optimization of the chromatographic 

workflow might be needed to fully characterize the TG-OXs in the HSO, feed, and 

digesta.  

 Besides the pre-existence in the HSO, the precursors for the de-novo formation of 

aldehydes could be produced locally.69 The highly acidic environment and availability of 
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oxygen in the stomach can promote lipid peroxidation.68 Linoleic acid could be oxidized 

to LA-OOH in the stomach6,25,26, which can be reduced to hydroxide through a 

glutathione-dependent pathway in the gastric mucosa.224 Additionally, two studies by 

Kanazawa et al. demonstrated the enzymatic-independent decomposition of ingested TG-

OXs to aldehydes in the stomach.50,71 The orally dosed LA-OOH was found to transform 

into hydroxides and epoxyketones in the stomach.50 Hence, the de-novo formation of TG-

OOH could further contribute to the observed TG-OH pool in the stomach. These 

observations may also explain the presence of aldehydes in the digesta of CSO group pigs 

(Figure 3.3 C). Nevertheless, more studies are needed to examine the underlying events 

behind the de-novo formation of aldehyde in the GIT.   

3.5.3 Caprylic acid as a predictor for the oxidation status of heated oil 

 The oxidation status of heated oils is typically assessed by PV, TBARS, p-

anisidine values, etc. Yet, these indices have their own limitations due to their chemical 

natures and may not accurately reflect the quality of extensively oxidized oils.102 For 

example, free aldehydes are reactive and volatile, making them susceptible to further 

degradation during processing124, as shown by the increase of hexanal levels in fried 

foods stored at room temperature.324 Similarly, concerns have been raised on the 

reliability of p-anisidine value in the prediction of feeding heated oil to production 

animals.130 This study identified caprylic acid (C8:0) as an alternative predictor for oil 

quality and animal growth.  

 Caprylic acid, a saturated medium-chain fatty acid, is not a main constituent of 

soybean oil.325 Therefore, the caprylic-acid-containing triglycerides (TG-CA) should be 
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considered as LOPs, as they were detected in the oil, feed extract, and digesta of the HSO 

group, but not the CSO group (Figure 3.4 and 3.5). Interestingly, free caprylic acid 

concentrations were consistently higher across all GI locations in the HSO group. 

(Figure 3.3 E). Meanwhile, medium-chain fatty acids (MCFA) like caprylic acid are 

generally absorbed faster than long-chain fatty acids due to their direct incorporation into 

the portal circulation..326 Additionally, the ratio of CA to DDE in the GIT remained 

comparable between CSO and HSO groups (data not shown). Therefore, the caprylic acid 

detected in the GIT likely resulted from the continuous hydrolysis of TG-CA species 

originating from the HSO (Figure 3.3 E).  

 Structurally, caprylic acid is a known degradation product of the 9-

hydroperoxides of oxidized fatty acids, including OA, LA, and LnA.327,328 The 

decomposition of the 9-hydroperoxide of LA additionally yields a 2,4-decadienal 

simultaneously.328 This is consistent with the findings from the in-vitro digestion of oils 

and feeds, which showed similar distribution patterns of caprylic acid and DDE (Figure 

3.7).  

 Compared to highly volatile and reactive aldehydes, caprylic acid is more stable 

and potentially a more reliable quality marker than p-anisidine value, especially for 

extensively oxidized oils. The concentration of caprylic acid in the heated soybean oil 

showed significant positive correlations with the non-volatile LOPs, including the total 

polar content, polymerized TG, oxidized TZ, epoxy, keto, and hydroxy acids.213 The co-

occurrence of the caprylic acid to unsaturated fatty acid ratio and the increased oxidation 

of soybean oils have also been observed.329 Established methods for profiling fatty acids 
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in oils, such as gas chromatography after derivatization to fatty acid methyl esters, make 

it feasible to quantify caprylic acid in oxidized oils.325 Furthermore, the application of 

caprylic acid as an oxidation indicator could extend to other oils, as it is not a natural 

fatty acid in many vegetable oils.325 However, additional heated oil samples and animal 

feeding trials are necessary to validate the correlation between caprylic acid 

concentrations, oil oxidation status, and animal growth performance. 

3.5.4 HSO consumption interfered with the proteolytic activity in the GI lumen 

 Proteolytic enzymes are crucial for digesting dietary proteins into peptides and 

amino acids in the gastrointestinal tract (GIT) of pigs. These enzymes, secreted by the 

pancreas as inactive proenzymes, play an essential role in the growth of young weaning 

piglets. Trypsin is activated from trypsinogen by enteropeptidase and subsequently 

activates elastase from proelastase.330 The adequate secretion of these pancreatic enzymes 

plays an important role in pigs’ growth, especially for the young weaning piglets.331 

Supplementation of the pancreatic enzymes in the diet has been shown to enhance growth 

performance332, whereas enzyme insufficiency can impair nutrient utilization and 

growth.333  

 Pancreatic trypsin and elastase are both serine proteases, containing serine in their 

catalytic triads.334 To initiate the proteolytic process, serine functions as a nucleophile, 

activating the carbonyl site of the peptidyl substrates and forming a high-energy 

transitional state tetrahedral intermediate that facilitates substrate cleavage.334 Due to the 

nucleophilic nature, serine may bond with aldehydes, which are electrophilic. The formed 

analog tetrahedral intermediate blocks the active site from interacting with the substrates, 
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hence inhibiting enzyme activities. Some peptidyl aldehydes function as serine protease 

inhibitors based on such principles, such as leupeptin.335 Since HSO feeding decreased 

elastase activity in the small intestine, we explored the potential contribution of 

aldehydes in this observation. However, co-incubation of elastase with DDE, the 

predominant aldehyde in HSO, did not reveal any inhibitory effects (data not shown). 

Trypsin activity also remained unaffected by DDE. Therefore, the role of aldehydes in 

inhibiting trypsin or elastase activity in the GIT remains inconclusive. 

 Elastase is a marker of pancreatic health due to its resistance to intestinal and 

bacterial degradation.336 Low fecal elastase levels (<200 µg/g stool)  are indicative of 

exocrine pancreatic insufficiency (EPI) in humans.337 Although fecal samples were not 

collected from the pigs in the current feeding trial, the absence of differences in free fatty 

acid levels in the jejunum between CSO and HSO groups suggested normal lipolytic and 

pancreatic exocrine function (Figure 3.3 F and G). Additionally, soybean isoflavones, 

known inhibitors of trypsin activity, did not differ between dietary groups, nor did they 

impact trypsin or elastase activity in co-incubation studies (data not shown). The cause 

and the molecular mechanism of the inhibitory effect on proteolytic enzymes need more 

study.  

 In the small intestine, the elastase activity showed a significant correlation with 

total free amino acid (FAA) concentration (Figure 3.8 F), indicating that decreased 

elastase activity contributed to reduced FAA levels in the small intestine of HSO-fed pigs 

(Figure 3.8 A). Another plausible contributing factor was the reduced total bile acids in 

the small intestine (Figure 3.9 A), where it showed a positive correlation with total free 
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amino acids (Figure 3.9 C). The primary function of bile acid is to promote lipid 

digestion and absorption. A less-known function of bile acid is to aid in protein 

digestion.319,338 In-vitro, bile acids facilitate the protein unfolding and expedite the 

hydrolysis of proteins by pancreatic proteases.319,339 Yet the in-vivo molecular mechanism 

is not fully understood. In the current study, the combined reduction in elastase activity 

and bile acids likely impaired dietary protein digestion, potentially contributing to the 

decreased growth performance observed in HSO-fed pigs. 

 Protein is essential to the growth and health of nursery pigs. The decreased 

intestinal proteolytic activity may further explain the decreased ADG and G:F ratio in the 

current trial (Figure 3.3). Decreased nutrient digestibility was observed in animals 

consuming oxidized oil.101,340 In a meta-analysis, decreased G:F was observed in 17 out 

of the total 65 studies examined, but 48 out of 65 studies observed no difference.105 The 

underlying biochemical mechanisms contributing to the variations in the G:F of animals, 

therefore, need more investigation.103 

3.5.5 Bile acid and choline metabolism were affected by HSO feeding  

 Overall, HSO feeding decreased the total bile acid concentration in the 

duodenum, jejunum, and cecum (Figure 3.9 A). As discussed above, in the small 

intestine, bile acid concentration likely affected the amino acid digestion (Figure 3.9 C); 

whereas in the lower GI, the microbial metabolism of bile acid was indifferent between 

the two groups (Figure 3.9 B).  

 For pigs, bile acids are synthesized in the liver, starting from the hydroxylation of 

cholesterol by cholesterol 7α-hydroxylase (CYP7A1), the rate-limiting step in the bile 
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acid biosynthesis pathway.341 CYP7A1 activity is transcriptionally regulated by the 

farnesoid X receptor (FXR), which, upon activation, inhibits hepatic bile acid uptake and 

promotes bile acid efflux into the gallbladder.342,343 FXR upregulation in the HSO group 

likely reduced hepatic bile acid synthesis, resulting in decreased bile salts in the 

gallbladder (Figure 3.9D) and lower bile acid levels in the GI lumen (Figure 3.9A).

 FXR activation also upregulates PPARα, promoting fatty acid β-oxidation.344 But 

in a previous study, the PPARα was thought to be activated by binding with dietary 

oxidized fatty acids, which are known PPAR ligands.168 Such a shift in fatty acid 

metabolism was considered a contributor to the decreased serum total triglyceride and has 

been reported in animals consuming oxidized lipids.168,345 PPARα activation additionally 

down-regulates the transporters responsible for hepatic BA uptake and efflux.346 

Therefore, the reduction of BA in the GI lumen and gallbladder could be a joined effect 

from the FXR and PPARα activation. Nevertheless, the interplay between bile acid 

metabolism, FXR activation, and the host metabolism in the current study warrants 

further study.   

 The reduction in available bile acid in the GIT was likely connected to the 

reduced total bile salts in the gallbladder (Figure 3.9 D). The gallbladder bile acid pool 

was attributed mostly to the decreased GHDCA, GCDCA, TCDCA, and TUDCA 

(Figure 3.9 E). GHDCA is a member of the hyocholic acid (HCA) family. The HCA 

species are of health benefits, known for their association with resistance to type 2 

diabetes.347 Consumption of oxidized oil is known to impair glucose metabolism and 

increase insulin resistance.348,349 In the current study, Although glucose homeostasis was 

not investigated, other HCA species (HCA and HDCA) were reduced in the GI lumen 
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(Figure 3.9 A). Meanwhile, the proportion of GHDCA, on the contrary, increased in the 

HSO group (data modified from Figure 3.9 E). However, the proportion of GHDCA in 

the GI lumen was indifferent (data modified from Figure 3.9 A). Such findings suggest 

that the GHDCA reduction was more likely attributed to the decrease of the total bile 

acids. Nevertheless, the connections between HSO-induced alteration in the HCA species 

and glucose homeostasis warrant further study.  

 T/G-CDCA are produced from deoxy-HCA (DHCA), an intermediate in the 

hepatic BA synthesis pathway.350 DCHA can be produced from several different routes of 

cholesterol hydroxylation, via CYP7A1, sterol 27-hydroxylase (CYP27A1), sterol 25-

hydroxylase, and sterol 24-hydroxylase (CYP46A1).350 The proportion of T/G-CDCA in 

the gallbladder decreased in the HSO group (data modified from Figure 3.9 E), 

suggesting their decrease was likely attributed to the reduction in total BA availability 

and their synthesis or downstream metabolic pathways. TUDCA, an FXR antagonist347 

and a therapeutic agent for treating cholestatic liver disease351, is synthesized from 

conjugating taurine to UDCA. In the duodenum and cecum, the concentration of UDCA 

was reduced in the HSO group (Figure 3.9 A). In the liver, taurine concentration was 

decreased in the HSO group (Table 3.6). Although serum methionine, a taurine 

precursor, was decreased, liver methionine levels were unaffected (Table 3.6). 

Comparable hepatic glutathione (GSH) and its oxidized product (GSSG) between groups 

indicated that the taurine synthesis pathway was maintained (Figure 3.11). Study on 

animal model of endogenous taurine synthesizing ability had reported that depletion of 

dietary taurine decreased the ratio of taurine-conjugated BAs significantly while 

increased that of unconjugated species.352 However, the ratio of taurine-conjugated to 
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total bile acids in the gallbladder and GI lumen was unchanged, suggesting that HSO 

feeding influenced systemic methionine homeostasis to sustain hepatic taurine production 

(data modified from Figure 3.9). Further study is needed to elucidate these mechanisms 

and their metabolic consequences. 

 Microbial metabolism is another important component of bile acid metabolism. In 

the current study, the secondary to primary BA ratio was comparable throughout the GIT 

(Figure 3.9 B). However, the observed reduction in luminal and gallbladder bile acids 

may correlate with gut microbiome changes beyond secondary bile acid synthesis. 

Unique metabolites enriched in the HSO group (Figure 3.6, Table 3.5) likely represent 

bile acid-fatty acid (BA-FA) conjugates. The most known BA-FA conjugates are 

synthetic pharmacological agents with cholesterol-lowering, triglyceride-lowering, and 

gallstone-preventing effects.353,354 In the stools of health subjects, the BA-FA conjugates 

were detected and identified as predominantly C16- and C18-FA-linked isodeoxycholic 

acid and isolithocholic acids. Moreover, these compounds were absent in the bile, serum, 

and urine, hence suggesting a gut microbial origin.355 Yeast lipase had been shown to 

esterify C12-16 FA to BAs.356  However, their in-vivo biosynthesis schemes and 

contribution to host metabolism have not been fully elucidated, but they might contribute 

to the decreased luminal bile acids in the HSO group. 

 Correlation analysis revealed a significant positive relationship between jejunal 

bile acids and hepatic choline levels (Figure 3.12 B). Choline and phosphocholine are 

precursors for phosphatidylcholine, a crucial component of cell membranes and 

lipoproteins. Phosphatidylcholine is essential for hepatic very low-density lipoprotein 
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(VLDL) production, which transports triglycerides and cholesterol esters.357 Choline 

deficiency can lead to non-alcoholic fatty liver disease by impairing triglyceride export 

via VLDL.358 Additionally, phosphatidylcholine could comprise up to 40% of the organic 

content in bile.359 Consumption of oxidized oil had varying impacts on VLDL 

cholesterol, with both increased trend360,361 and indifference169 reported. In addition, 

increased serum total cholesterol (TC), HDL-cholesterol (HDL-C)169, and LDL-

cholesterol (LDL-C)345 have been observed as well, which could be atherogenic.345 As 

oxidized oil consumption has shown to reduce hepatic triglyceride concentration168, the 

decrease of hepatic choline in the current study hence likely disrupted cholesterol 

homeostatis.  

 Considering the findings from the present study, HSO consumption likely 

disrupted the choline, cholesterol, and bile acid homeostasis. More investigation is 

needed to reveal the underlying mechanism and its influence on host health.   

3.5.6 Gut microbial metabolism was affected by HSO 

 Microbial dysbiosis was associated with undesirable health effects, such as redox 

imbalance, intestinal barrier impairment, and inflammation.100 Consumption of thermally 

processed oils and fats has been shown to influence animals’ gut microbiota.99,100,252-255 

However, the molecular mechanism of oxidized oil exerted microbial dysbiosis has not 

been fully elucidated. Short-chain fatty acids (SCFA) are characteristic metabolites of gut 

microbial metabolism. In the current trial, the HSO feeding selectively decreased the 

production of propionic acid and butyric acid (Figure 3.10 B and C).  
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 Inhibitory effects on butyrate were observed in hamsters fed oxidized corn oil253, 

nursery pigs fed oxidized soybean oil99,100, and rats chronically fed oxidized palm oil254. 

These studies also reported reduced abundance of butyrate-producing bacteria species, 

such as Paraprevotella, Garnesiella, and Provotella of the Bacteroidota phylum100,252,253, 

Parasutterella of the Pseudomonadota phylum253, and Butyrivibrio of the Bacillota 

phylum254. Nonetheless, discrepancies exist. For instance, For instance, oxidized perilla 

and sunflower oil did not affect butyric acid or total SCFA levels in rats.255 Additionally, 

the impact of oxidized oil feeding on propionic acid varied: a dramatic reduction by more 

than 50% was observed in hamsters fed oxidized corn oil.253 Oxidized palm, canola, 

perilla, and sunflower oil did not alter the fecal propionic acid concentration of rats.254,255 

In pig-feeding studies, the colonic propionic acid level remained comparable in the 

oxidized soybean oil group.99,100 In general, acetic and valeric acid were not influenced 

by oxidized oil feedings.99,100,252-255  

 The varying results could be due to differences in the oxidation status of the oils 

used. The peroxide values of the oxidized corn253, lard253, and soybean oil100 used in 

above mentioned animal studies were significantly higher (33.15253, 12.51253, and 88.5 

mEq peroxide/kg respectively than the HSO in the current trial (3.9 meq). During thermal 

processing of soybean oil, PV increased rapidly to >200 mEq peroxide/kg when heated 

from 22°C to 185°C within 1 hour, but then dropped and plateaued at about 50 mEq 

peroxide/kg with prolonged heating of 6 hours.66 Furthermore, these studies did not 

account for p-Anisidine values or lipidic aldehyde content, leaving the mechanism of 

oxidized oil effects on the gut microbiome inconclusive.  

https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/butyrivibrio
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 Our data showed that HSO feeding significantly increased free aldehydes, protein 

carbonylation, and caprylic acid levels in the colon (Figure 3.3 C, D, E). Hexanal and 

caprylic acid are potential modulators of the gut microbiome. Total free aldehyde 

concentration showed a significant inverse correlation with total SCFA concentration in 

the colon (data not shown, p-value = 0.007). Additionally, colonic PC level showed a 

trend to correlate with total SCFA (data not shown, p-value = 0.06). Hexanal, one of the 

most abundant aldehydes in the HSO group (Figure 3.3 C), negatively correlated with 

colonic SCFA (data not shown, p-value = 0.01). As a natural flavor compound in fruits 

and vegetables, hexanal has antimicrobial activity and protects food against spoilage.362 

In-vitro, it exerts a bactericidal effect by altering the fatty acid composition of the 

cytoplasmic membrane362, and hence increasing the membrane permeability.363 This 

suggests that hexanal selectively inhibits gut microbiota, contributing to decreased SCFA 

and microbial dysbiosis. The in-vivo mechanisms, however, require further study.  

 Caprylic acid, known for its antimicrobial properties364, was another potential 

modulator. Unfortunately, its concentration in oxidized oils was not reported in the 

aforementioned animal studies. Meanwhile, colonic caprylic acid did not show significant 

correlation with total SCFA (data not shown, p-value > 0.1), indicating that the impact of 

caprylic acid concentration on microbial metabolism needs further validation. 
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3.5.7 Post-absorptive amino acid homeostasis was substantially altered by HSO 

feeding 

 In the post-absorption system, the amino acid homeostasis between the liver and 

serum was significantly skewed, with an apparent increase of most FAAs in the liver, and 

a decrease in the serum (Figure 3.13, Table 3.6).  

 The decreased serum tryptophan and increased liver NAD+ (Table 3.6, Figure 

3.11) can be explained by the heightened need for NAD+ synthesis in animals fed 

oxidized oils, which is a known hallmark in animals fed oxidized oils.130,168 Yet, 

interestingly, the hepatic tryptophan increased (Table 3.6), contrary to other studies 

where it was unaffected by oxidized oil consumption.130 Such variation could be due to 

differences in oil quality and the extent of oxidation. The HSO oil in the current study 

had a dramatically increased AnV, exceeding the reported AnV of 138 in the oxidized 

corn oil used by Guo et al.130 This severe oxidation likely impaired growth (Figure 3.2 

A-C), suggesting a heightened need for tryptophan catabolism for NAD+ production and 

hence requiring for more tryptophan in the liver. Yet, the changes in hepatic tryptophan 

transportation were not examined in the present trial.  

 Besides tryptophan, oxidized oil consumption could influence the metabolism of 

other amino acids.130,168 Similar trends were observed in this trial, including decreased 

serum alanine and glutamate, and increased hepatic proline, citrulline, and histidine 

(Table 3.6). As discussed by Guo et al., Guo et al. suggested that the decrease of serum 

alanine and glutamate could result from PPARα activation, which represses glucose 

utilization and glycolysis.130 In contrast to the findings by Guo et al., in the current trial, 
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liver alanine was increased, whereas glutamate was indifferent, warranting for more 

investigation into the molecular mechanisms.  

 The increased hepatic proline, a proteogenic amino acid, was thought to be 

associated with tryptophan-NAD+ pathway activation, as the NAD+ feeds into NADPH, a 

key cofactor for proline biosynthesis168 The metabolism of citrulline is tied with arginine 

and ornithine in the urea cycle.365 In this study, the HSO group had higher hepatic 

citrulline and ornithine but lower arginine concentrations than the CSO group (Table 

3.6). This could indicate an expedited urea cycle in the HSO group, where arginine was 

metabolized by arginase (ARG) to urea and ornithine, which is then converted to 

citrulline by ornithine transcarboxylase (OTC).366 However, the enzyme activity and its 

implications for host health need further exploration. Elevated serum citrulline levels are 

associated with muscle mass loss in aging populations.367 Given the impaired protein 

digestion and growth in the HSO group, it is plausible that muscle loss was increased 

compared to the CSO group, but this requires further investigation. 

 In addition to the above-mentioned events, the hepatic PPARα activation likely 

contributed to the increased hepatic FAAs and decreased serum FAAs. The hepatic 

PPARα extensively influences amino acid metabolism, down-regulating hepatic amino 

acid catabolism, such as transamination and deamination.368 The peroxisome contains 

many enzymes carrying out diverse biological activities.369 PPARα activation, associated 

with peroxisome proliferation, potentially increases the need for protein synthesis and 

enzyme production in the liver to handle HSO-induced metabolic challenges, resulting in 

increased FAAs in the liver.   
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3.5.8 Correlation of luminal to animal growth and post-absorptive metabolism  

 The GIT plays an essential role in the digestion and absorption of nutrients 

needed for animal health and growth. Considering the drastic influence on the growth of 

HSO-fed pigs, correlation analysis was conducted to investigate the potential contribution 

of changes in the luminal metabolome to host health. In the correlation coefficient 

heatmaps (Figure 3.12), the C8:0 concentration in the GIT exhibited a substantial 

correlation with the growth performance and the post-absorptive metabolites. 

 As discussed above, caprylic acid can potentially reflect the oils’ oxidation status. 

It showed significant positive correlations with hepatic free amino acids, AMP, and 

NAD+
, and negative correlations with choline metabolites, serum free amino acids, ADG, 

and G:F ratio. Hence, dietary caprylic acid is not only indicative of oil oxidation status 

but also shows potential associations with post-absorptive metabolism and overall host 

health. These findings support the proposed utilization of caprylic acid as a predictor for 

oil oxidation status in animals fed oxidized oil. Additionally, the TG-CA, and TG-OH in 

the stomach showed a similar pattern to the caprylic acid, further emphasizing the 

interconnections among these lipid oxidation products and their association with host 

health. Moreover, the luminal caprylic acid was the only luminal metabolite that showed 

a significant and negative correlation to the hepatic GPC (Figure 3.12 B). 

 Aldehydes were previously thought as the major contributor to the adverse 

metabolic effects in animals fed oxidized oils, and this is supported by the findings from 

the current study. The luminal aldehydes showed significant inverse correlations to the 

growth performance indices and hepatic AMP and NAD+, as well as a negative 
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correlation to serum FAAs (Figure 3.12 B). However, the extent to which pre-existing 

and de-novo formed aldehydes contributed to the HSO-elicited impacts on host health 

remains unresolved.   

 Meanwhile, as expected, the amino acid concentrations in the small intestine had 

robust correlations with animal growth, including ADG and G:F ratio (Figure 3.12). One 

potential interpretation is that HSO feeding reduced feed conversion efficiency in nursery 

pigs and adversely affected protein digestion. About 65 – 76% of production cost is spent 

on feeds. The impaired feed conversion efficiency potentially poses a significant 

challenge to the production animal industry.370 Therefore, identifying a more reliable and 

accurate quality indicator of oxidized oil could potentially benefit the industry. 

3.6 CONCLUSION 

 In conclusion, the study demonstrated that HSO significantly impair the growth 

performance of nursery pigs. Analysis of the luminal metabolism revealed HSO-elicited 

alterations in the GI, including reduced digestion of amino acids, reduced bile acid 

concentration, and shifts in gut microbial metabolism. These changes were closely 

correlated with animal growth and systematic metabolism. Further examination of the 

hepatic metabolome suggested substantial changes in cholesterol and amino acid 

homeostasis. Additionally, correlation analysis identified dietary caprylic acid as a 

promising marker for predicting the oxidation status of oils and associated animal growth 

performance. However, the precise role of aldehydes in these metabolic disturbances 

remains unresolved. Further research is required to elucidate the mechanisms behind the 

de-novo aldehyde formation and to distinguish their effects from pre-existing dietary 
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aldehydes in HSO. Understanding these processes will be crucial for developing 

strategies to mitigate the adverse effects of oxidized oils on animal health and growth. 
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3.7 TABLES AND FIGURES 

Table 3.1 Reagents and chemicals used for sample preparation, LC-MS analysis, quantification, and biochemical assays.  

Chemical/Reagents Vendor 
Acetone (LC-MS grade), Acetonitrile (LC-MS grade, ACN), Ammonium formate, 
Calcium chloride (CaCl2), Dichloromethane (GC grade), Formic acid (LC-MS grade), 
Isopropanol (LC-MS grade), Methanol (LC-MS grade), n-Butanol (HPLC grade), 
Sodium chloride (NaCl), Sodium sulfate (anhydrous),  Water (LC-MS grade) 

Fisher Scientific (Houston, TX) 

2-Hydrazinoquinoline (HQ), Triphenylphosphine (TPP), p-Anisidine,  Alfa Aesar  
(Ward Hill, MA) 

Ammonium carbonate ((NH4)2CO3), 2-2´-Dipyridyl disulfide (DPDS), Sodium 
hydroxide (NaOH) 

MP Biomedicals, LLC  
(Irvine, CA) 

D4-acetic acid, Amino acid standards, Dansyl chloride (DC), Dimethyl sulfoxide 
(DMSO), Leucine enkephalin, Magnesium chloride (MgCl2), Potassium chloride 
(KCl), Potassium phosphate monobasic (KH2PO4), Reserpine, Sodium bicarbonate 
(NaHCO3), Sodium carbonate (Na2CO3), Sodium dodecyl sulfate (SDS), 2-
Thiobarbituric acid, Trypsin (porcine pancreas), Tween 20 

Sigma-Aldrich  
(St. Louis, MO) 

2,4-Dinitrophenylhydrazine (DNPH), N-Hexane, Hydrochloric acid (HCl),  Honeywell  
(Charlotte, NC) 

D5-Tryptophan Cambridge Isotope Laboratories (Tewksbury, MA) 
D6-acetone, Elastase (porcine pancreas), 1,1,3,3-Tetramethoxypropane, Trichloroacetic 
acid, BCA assay kit 

Thermo Fisher Scientific (Waltham, MA) 

N-Benzol-DL-arginine-4-nitroanilide hydrochloride (BAPA) Chem Impex  
(Wood Dale, IL) 

N-succinyl-L-alanyl-L-alanyl-L-alanine-p-nitroanalide (Suc-AAA-pNA) Vivitide (Korea) 
Tris base Amresco (Solon, OH) 
Ethanol (reagent alcohol) Ricca Chemicals (Arlington, TX) 
Ethyl acetate Mallinckrodt Chemicals (Ireland) 
Guanidine hydrochloride, Isooctane TCI (Japan) 
13C-1,2-palmitic acid CDN Isotopes (Canada) 

https://www.google.com/search?sca_esv=562779362&rlz=1C1GCEA_enUS1042US1042&sxsrf=AB5stBinf9rwew_kdVOguCidfE6VNtAyWw:1693935882378&q=Waltham&si=ACFMAn86XkhxzOC35jo3k1ec_mUa4PwHgnEtN6tbGWMWaJ9RAhkE35Kp-KcBUxfZPnI-rdHgH4RjjMJBXZXJTdq0LxZ49wVg_D-IDmSLsJdx_jt7J3B62hRApRbaC8Aw8K37AUEifLC3EYdrh1PYyDk1Dy1U0-sULJYhE8J6Kur93qvWg386HqK0p5UEkgS3djmEWscWLjHQ&sa=X&ved=2ahUKEwi-9an0gpSBAxVvmokEHWrJCrcQmxMoAXoECF0QAw
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Table 3.2 LC-MS instrumental settings for data acquisition.  

Target 
compounds 

LC column 
and 

temperature 
LC mobile phase 

Lock mass and 
MS detection 

mode 

Capillary 
and cone 
voltage 

Source and 
desolvation 
temperature 

Cone and 
desolvation 

gas flow 

Collision 
gas and 
energy 
ramp 

Amino acids (DC 
derivatization)  

Waters BEH 
C18, 40 °C 

A: 0.1% formic acid in water  
B: 0.1% formic acid in ACN  

Leucine enkephalin 
([M + H]+ = m/z 
556.2771), Positive 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

Argon, 10-
50 eV 
 

Fatty acids, 
aldehydes (HQ 
derivatization)  

Waters BEH 
C18, 40 °C  

A: 2 mM NH4OAc in water 
with 0.05% acetic acid 
B: 2 mM NH4OAc in 95% 
ACN and 5% H2O with 0.05% 
acetic acid 

Leucine enkephalin 
([M + H]+ = m/z 
556.2771), Positive 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

Argon , 10-
50 eV 

Triglycerides  Waters BEH 
C8, 60 °C 

A: 40% MeOH in water, with 
0.1% formic acid, 10 mM 
ammonium formate 
B: 100% MeOH, with 0.1% 
formic acid, 10 mM 
ammonium formate  

Reserpine ([M + 
H]+ = m/z 
609.2812), Positive 

0.2 kV, 
40 V 

120 °C, 500 °C  
 

40 L/hr, 600 
L/hr (N2) 

Argon , 10-
50 eV 

Hepatic 
hydrophilic 
metabolites 

Waters Amide, 
40 °C 

A: 0.1% formic acid in water  
B: 0.1% formic acid in ACN  

Leucine enkephalin 
([M + H]+ = m/z 
556.2771), 
Positive; or 
Leucine enkephalin 
([M - H]- = m/z 
554.2615), 
Negative 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

Argon, 10-
50 eV 
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Table 3.3 Identification of HSO-induced changes in the luminal metabolome from an S-plot of an OPLS-DA model, based on data 
from HQ derivatization and LCMS analysis.  

 
Compound 

name 
RT 

(min) 
Detected 

m/z 
Monoisotopi

c m/z 
Molecular formula (with 

HQ adduct) 
Molecular formula (without 

HQ adduct) 
Mass deviation 

(Δppm) 

iD Caprylic acid 
(C8:0) 6.2 286.19 286.1919 C17H23N3O+ C8H16O2 -6.64 

iiD Oleic acid 
(C18:1) 8.51 424.3332 424.3328 C27H41N3O+ C18H34O2 0.94 

iiiD Linoleic acid 
(C18:2) 8.21 422.318 422.3171 C27H39N3O+ C18H32O2 2.13 

ivD Hexanal 6.05 242.1666 242.1657 C15H19N3
+ C6H12O 3.72 

vD Nonanal 6.82 284.2128 284.2127 C18H25N3
+ C9H18O 0.35 
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Table 3.4 Identification of the markers associated with HSO oil intake in the gastric lipidome. 

Ion 
label 

TG 
label RT 

Detected 
m/z 

Detected 
ion 

adduct 
Accurat

e m/z 
Putative 
identity Putative structure 

Molecular 
formula 

Mass 
deviation 
(ΔPPM) Major fragments 

IG TG1 6.53 914.7825 [M+NH4]+ 914.7813 TG 54:5;O TG(18:1/18:2/18:2-OH) C57H100O7 1 897, 879, 617, 601 

IIG TG2 6.22 912.7665 [M+NH4]+ 912.7656 TG 54:6;O TG(18:2/18:2/18:2-OH) C57H98O7 1 895, 877, 615, 599 

VG TG3 6.22 764.6794 [M+NH4]+ 764.6768 TG-44:2 TG(8:0/18:1/18:1) C47H86O6 3 747, 603, 465 

IIIG TG4 5.89 767.62 [M+Na]+ 767.6166 TG-44:3 TG(8:0/18:1/18:2) C47H84O6 4 623, 601, 487, 
484, 465, 463 

VIG TG4 5.89 762.6617 [M+NH4]+ 762.6612 TG-44:3 TG(8:0/18:1/18:2) C47H84O6 0.6 745, 601, 465, 463 

IVG TG5 5.52 765.6035 [M+Na]+ 765.6009 TG-44:5 TG(8:0/18:2/18:2) C47H82O6 3 621, 599, 485, 463 

VIIG TG5 5.52 760.6461 [M+NH4]+ 760.6455 TG-44:4 TG(8:0/18:2/18:2) C47H82O6 0.8 743, 599, 463 
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Table 3.5 Putative identification of the markers associated with HSO oil intake in the colon lipidome. 

 

Retention 
time 
(min) 

Detected 
m/z 

Putative 
molecular 
formula 

Adduct 
form 

Putative 
adduct 

m/z 
Mass deviation 

(Δ ppm) Identity 
Major 

fragments 

Ic 3.55 473.3988 C31H52O3 [M+H] + 473.3989 -0.21 α-tocopherol 
acetate 165, 207* 

IIc 2.85 575.4672 C36H62O5 [M+H] + 575.467 0.35 Sterol specie  

IIIc 3.24 576.4984 C36H65NO4 [M+NH4] + 576.4986 -0.35 Unresolved  

IVc 3.89 613.519 C40H68O4 [M+H] + 613.5196 -0.98 Sterol specie  

Vc 2.6 615.4593 C38H62O6 [M+H] + 615.4619 -4.22 Unresolved  

VIc 4.01 615.5324 C35H70N2O6 [M+H] + 615.5312 1.95 Sterol specie  

VIIc 3.24 629.5142 C40H68O5 [M+H] + 629.514 0.32 Sterol specie  

VIIIc 3.38 631.5295 C40H70O5 [M+H] + 631.5296 -0.16 Sterol specie  

IXc 4 632.5612 C40H73NO4 [M+NH4]+ 632.5612 0.00 Sterol specie  

*Compared with the MS/MS spectra from HMDB 
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Table 3.6 Free amino acids in liver, serum, and muscle. (* P<0.05, ** P<0.01*** P<0.001, N.S., not significant, from unpaired t-test 
between CSO and HSO dietary treatments) 

  Liver (nmol/g tissue)  Serum (μM)  Muscle (nmol/g tissue)  

Amino Acids CSO HSO P-value CSO HSO P-value CSO HSO P-value 
Alanine 2,903.40±368.84 3,308.80±459.04 * 251.94±51.86 155.07±36.32 *** 3,242.52±1,444.83 1,569.69±584.74 ** 
Glycine 7,554.19±553.56 7,686.90±862.07 N.S. 746.22±207.21 590.73±142.91 N.S. 14,643.54±2,495.62 11,618.91±1,373.60 ** 
Taurine 3,129.87±1,221.58 1,803.30±844.94 * 90.60±39.97 63.66±25.06 N.S. 3,194.28±558.95 2,823.66±964.96 N.S. 

Phenylalanine 783.25±103.10 1,069.30±162.83 ** 68.31±12.05 57.48±8.60 * 110.79±28.75 120.69±20.18 N.S. 
Methionine 429.95±83.06 476.90±117.47 N.S. 35.64±13.47 21.90±5.68 * ND ND NA 
Glutamate 9,129.35±1,116.26 10,081.30±1,427.54 N.S. 204.84±75.65 101.04±36.29 ** 2,074.59±589.77 1,870.29±562.44 N.S. 

Serine 3,370.17±405.14 5,750.90±1,158.57 *** 93.63±23.89 79.02±18.96 N.S. 439.65±91.07 643.77±235.92 * 
Valine 1,630.64±174.51 2,086.70±357.84 ** 155.52±24.02 112.47±30.78 ** 382.68±61.76 300.60±95.35 * 

Threonine 1,742.40±262.73 1,995.90±226.06 * 164.97±51.29 123.93±55.60 N.S. 1,010.61±423.41 657.45±330.78 N.S. 
Iso/Leucine 1,616.24±227.58 1,891.90±382.64 N.S. 99.09±15.86 73.23±16.24 ** 220.68±44.36 161.82±52.97 * 
Asparagine 4,229.92±531.12 4,894.30±685.60 * 143.64±36.31 99.51±34.64 * 1,114.47±374.36 1,053.63±249.70 N.S. 

Aspartate 2,026.72±405.57 3,116.30±762.28 ** 16.50±6.64 8.82±2.40 ** 229.59±50.56 237.33±27.30 N.S. 
Proline 1,638.41±186.01 1,962.00±335.01 * 243.42±52.99 172.62±37.93 ** 1,912.95±519.91 1,249.29±569.22 * 

Tyrosine 2,651.40±313.06 2,544.90±386.13 N.S. 87.42±21.08 68.70±18.20 * 164.79±84.95 136.08±76.79 N.S. 
Citruline 27.49±10.67 49.40±18.37 ** 36.93±10.20 39.09±9.26 N.S. 251.37±105.70 385.92±87.28 ** 
Arginine 890.43±170.98 706.10±187.34 * 87.15±21.22 65.76±20.55 * 984.78±315.82 981.45±311.55 N.S. 

Lysine 1,863.25±234.60 2,202.80±457.46 N.S. 78.30±23.86 45.24±23.38 ** 510.30±295.72 389.97±222.46 N.S. 
Histidine 452.62±114.95 695.20±98.80 *** 23.85±8.77 20.07±4.63 N.S. 29.88±17.18 50.49±17.61 * 

Tryptophan 103.66±8.03 127.30±23.72 * 24.51±7.35 12.42±4.63 ** 10.08±3.59 6.39±4.68 * 
γ-Aminobutyric 

acid 13.99±4.25 14.40±3.40 N.S. 0.11±0.16 0.09±0.15 N.S. 20.52±9.92 14.04±5.91 N.S. 

Ornithine 607.91±149.34 1,248.50±243.43 *** 47.25±12.59 42.24±16.09 N.S. 1,363.41±536.53 1,336.59±538.71 N.S. 
Glutamine 7,007.48±1,077.83 8,646.70±2,843.15 N.S. 478.44±191.67 329.31±55.90 * 11,905.56±3,475.31 14,426.28±5,947.92 N.S. 

Total 53,802.74±3,568.38 62,359.80±5,780.97 ** 3,178.26±644.21 2,282.37±385.24 ** 43,817.04±6,940.54 40,034.97±6,797.68 N.S. 



131 
 

 

Table 3.7 Identification of functional hepatic metabolites influenced by HSO feeding. Identities confirmed by comparison with 
authentic standards. 

RT 
Detected 

m/z 
Adduct 

form Identity 
Molecular 
formula 

Monoisotop
ic m/z Mass deviation (Δ ppm) 

4.0862 308.0913 [M+H] + GSH C10H18N3O6S+ 308.0916 -1.0 
6.2725 613.1581 [M+H] + GSSG C20H33N6O12S2

+ 613.1598 -2.8 
4.1681 104.1076 [M+H] + Choline C5H14NO+ 104.1075 1.0 
4.1607 184.0738 [M+H] + Phosphocholine (PC) C5H15NO4P+ 184.0739 -0.5 
4.1643 258.1108 [M+H] + Glycerophosphocholine (GPC) C8H21NO6P+ 258.1106 0.8 
5.8831 664.1156 [M+H] + NAD+ C21H28N7O14P2

+ 664.1169 -2.0 
4.8025 348.0711 [M+H] + AMP C10H15N5O7P+ 348.0709 0.6 
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Figure 3.1 Characterization of heating-induced changes in the aldehyde content of oils 

and the feeds.  A) TBARS values of the oils. B) The concentration of free aldehydes in 

the oils. C) The concentration of free aldehydes in the feeds. D) The protein carbonyl 

(PC) content in the feed. (n = 5, * P<0.05, ** P<0.01, **** P<0.0001, from unpaired t-

test between CSO and HSO.) 
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Figure 3.2 Growth performance of nursery pigs fed with CSO and HSO feeds (n = 10 for 

each group). A) Average daily weight gain (ADG). B) Average daily feed intake (ADFI). 

C) G:F ratio. D) Liver weight (LW):body weight (BW) ratio (%). (* P<0.05, ** P<0.01, 

*** P<0.001, from unpaired t-test between CSO and HSO) 
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Figure 3.3 Characterization of the fatty acids and lipidic aldehydes in the GI lumen after 

CSO and HSO feeding (6-10 samples for each GI segment). A) The trajectory plot of the 

distribution of digestas from different GI locations. The coordinates are calculated as the 

average of the samples in respective groups from the scores plot of a PCA model. Data 
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acquired from LC-MS analysis of HQ derivatized digesta samples. S. stomach; D, 

duodenum; J. jejunum; I, ileum; Ce, cecum; Co, colon. B) Loadings plot of the OPLS-

DA model of digesta samples, comparing the difference of all GI locations between CSO 

and HSO groups. Markers in the upper right corners had higher abundance in HSO group, 

whereas the ones in the lower left corners had higher abundance in CSO group. Markers 

labeled iD - vD were identified and listed in Table 3.3. C) Free aldehyde content in the GI 

lumen was detected and quantified by LC-MS based analysis. D) PC concentration in the 

digesta, determined by the DNPH assay (only digesta samples from S, J, Ce and Co were 

sufficient to supply DNPH assay). Quantification of E) CA, F) OA, and G) LA in the GI 

lumen. (* P<0.05, ** P<0.01, *** P<0.001, from unpaired t-test between CSO and HSO 

dietary treatments in each GI segment). 
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Figure 3.4 Modeling and characterization of the digesta lipidome from CSO and HSO 

feeding (butanol extraction) (n = 9-10 for each group). A) The scores plots of a PLS-DA 

model on the analysis of the triglyceride profiles of stomach (S), jejunum (J), and colon 

(Co) digesta (butanol extract). B) The scores plots of a PCA model on the triglyceride 

profiles of stomach (S). C) The S-plot of an OPLS-DA model on the butanol extract of 

stomach digesta. Compounds IG - VIIG (labeled in red) were HSO-responsive markers 

and only detected in HSO group. These markers were identified as 5 TG species, listed in 

Table 3.4.  D) Frgmentation pattern of ion [M+NH4]+=762.6617. The fatty acid 

composition was determined by the neutral loss from the parent ion to the daughter ion. 
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E-I) The relative abundance of TG1-TG5 in gastric digesta (corresponding to ions IG - 

VIIG listed in Table 3.4).  (* P<0.05, ** P<0.01, *** P<0.001 from unpaired t-test 

between CSO and HSO groups). 
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Figure 3.5 Modeling and characterization of the lipidome of oils and the feeds (n = 5 for each group). A) The scores plots of the a 

PCA model on CSO and HSO. B) The S-plot of an OPLS-DA model on CSO and HSO. TG1 and TG5 are labeled in red. C) Relative 

abundance of TG1, TG(18:1/18:2/18:2-OH),  in oil. D) Relative abundance of TG5, TG(8:0/18:2/18:2), in oil. E) The scores plots of a 

PCA model on the lipid extracts of CSO and HSO feeds. F) The S-plot of an OPLS-DA model on the lipid extracts of CSO and HSO 

feeds. TG1 and TG5 are labeled in red. G) Relative abundance of TG1, TG(18:1/18:2/18:2-OH),  in feed extract. H) Relative 
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abundance of TG5, TG(8:0/18:2/18:2),  in feed extract. (* P<0.05, ** P<0.01, **** P<0.0001 from unpaired t-test between CSO and 

HSO groups). 
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Figure 3.6  Modeling and characterization of of the lipidome (butanol extraction) of 

digestas from colon (n = 9-10 for each group; Other digesta had limited quantity and was 

unavailable for butanol extraction). A) The scores plots of a PCA model on the 

triglyceride profiles of colon digesta. B) The S-plot of an OPLS-DA model on the 

lipidome of colon digesta. The putative identification of IC – IXC (labeled in red) are 

listed in Table 3.5. The relative abundance of selected IC – IXC are shown in C-K). L) 

MS/MS fragments of the VIC - 615+ ion. (**** P<0.0001 from unpaired t-test between 

CSO and HSO dietary treatments) 
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Figure 3.7  In-vitro digestion of oils and feeds. (n = 5). The relative abundance of 

caprylic acid from the incubation of A) oils and B) feeds. The concentrations of 2,4-

decadienal in the digestion fluid from the incubation of C) oils and B) feeds were. (** 

P<0.01, *** P<0.001 from unpaired t-test between CSO and HSO groups) 
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Figure 3.8 Characterization of the proteolytic activity in the GI lumen. A) Free amino 

acid levels in the stomach, jejunum, and colon were quantified by LC-MS-based analysis 

(n = 9-10 for each group; some samples had limited quantity and were unavailable for 

enzyme assays). The percentage of B) lysine, C) methionine, in the total free amino acid 

pool in the GI. D) Trypsin activity and E) elastase activity in jejunum determined by 

colorimetric assays. (Green bars: CSO; Orange bars: HSO. * P<0.05, ** P<0.01, from 

unpaired t-test between CSO and HSO groups). F) Pearson’s correlation between the 

elastase activity and jejunal total free amino acid. 
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Figure 3.9 Influence of HSO on the bile acids in digesta and gallbladder bile. A) 

Concentration of total bile acid in digesta (n = 5-10 for each group). B) The ratio of 

secondary to primary bile acids in digesta. C) Pearson’s correlation between the total bile 
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acid concentration to the total free amino acid concentration in the small intestine. D) 

Concentration of total bile salts in gallbladder. E) Concentration of individual bile acids 

in the gallbladder bile. (* P<0.05, ** P<0.01 from unpaired t-test between CSO and HSO 

groups). THCA, taurohyocholic acid; GHCA, glycohyocholic acid; HCA, hyocholic acid; 

THDCA,  taurohyodeoxycholic acid; GHDCA, glycohyodeoxycholic acid; HDCA, 

hyodeoxycholic acid; GCA, glycocholic acid; LCA, lithocholic acid; CDCA, 

chenodeoxycholic acid; CA, cholic acid; TCDCA, taurochenodeoxycholic acid; GCDCA, 

glycochenodeoxycholic acid; UDCA, ursodeoxycholic acid; TDCA, taurodeoxycholic 

acid; TLCA, taurolithocholic acid; GLCA, glycolithocholic acid; TUDCA, 

tauroursodeoxycholic acid.  
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Figure 3.10 Short chain fatty acids (SCFA) in the cecum and colon. (n = 10 for each 

group). Concentrations of A) acetic acid, B) propionic acid, C) butyric acid, D) valeric 

acid, E) isovaleric acid, and F) total SCFA.  (* P<0.05, from unpaired t-test between 

CSO and HSO  groups). 
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Figure 3.11 Influence of HSO on the hepatic metabolome. A) The scores plot of a PCA 

model constructed based on the LC-MS data acquired from the analysis of the polar 

fraction of the liver extracts. B) The S-plot of an OPLS-DA model comparing the hepatic 

metabolome of CSO and HSO groups. C) Concentration of glutathione (GSH). D) 

Concentration of oxidized glutathione (GSSG). E) GSH/GSSG ratio. F) Concentration of 

choline. G) Concentration of phosphocholine (PhosC). H) Concentration of 

glycerophosphocholine (GPC). I) Relative abundance of NAD+. The ion intensity of 

NAD+ in the CSO groups was below the quantitation limit and hence annotated as zero. 
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J) relative abundance of adenosine monophosphate (AMP). (** P<0.01, *** P<0.001, 

**** P<0.0001 from unpaired t-test between CSO and HSO groups). The identification 

of these markers are listed in Table 3.7. 
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Figure 3.12 Heatmap of Pearson’s correlation coefficient between the pigs’ growth 

performance indices, hepatic metabolites (affected by HSO feeding), and key functional 

metabolites in the GI lumen. A) Correlation between the growth performance indices and 

the functional metabolites in GIT. Based on the dendrogram and the cluster analysis, the 

GI metabolites are clustered into two groups: A1 and A2. B) Correlation between the 

hepatic and serum metabolites and GI functional metabolites. Based on the dendrogram 

and the cluster analysis, the GI metabolites are clustered into three groups: B1, B2, and 

B3. Significant correlations (non-adjusted p < 0.05) are marked with ×. ALD, aldehyde; 
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FAA, free amino acids; BA, bile acids; SCFA, short-chain fatty acids; S, stomach; J, 

jejunum; Co, colon; GIT, gastrointestinal tract; L, liver.  
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Figure 3.13 Summary of HSO induced changes in the GI metabolome and post-absorptive metabolism in pigs fed HSO. SI, small 

intestine; LI, large intestine; AnV, p-anisidine value; OFA, oxidized fatty acids; ALD, aldehyde; TG-OX, oxidized triglycerides; TG-

CA, caprylic acid-containing triglyceride; OA, oleic acid; LA, linoleic acid; CA, caprlic acid; BA, bile acid; PC, protein carbonyl; 
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BA-FA, bile acid-fatty acid conjugates; FA, fatty acids; LW:BW, liver weight:body weight; FAA, free amino acids.  Dashed lines 

indicate a potential pathway or interaction between metabolites.
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Chapter 4 Influence of aldehyde abatement on heated soybean 

oil-elicited metabolic changes in mice 
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4.1 SUMMARY 

 Heated cooking oils are a constitutive component of contemporary human diets 

and a common ingredient in animal feed. Aldehydes, the most reactive lipid oxidation 

products (LOPs) in heated oils, are widely considered contributors to the adverse health 

effects of heated oil consumption. However, the specific contribution of aldehydes to 

these adverse metabolic effects remains undefined. This study adopted a novel silica-

based approach to remove most free aldehydes from heated soybean oil (HSO). Young 

mice were then fed four diets containing control and heated soybean oils with varying 

aldehyde concentrations. 

 Lipidomic analysis of the oils revealed that silica treatment reduced free 

aldehydes by 80% in the HSO but did not impact identified oxidized triglycerides and 

caprylic-acid-containing triglycerides. Despite reducing free aldehydes, silica treatment 

did not completely mitigate the adverse metabolic effects associated with HSO 

consumption, indicating the presence of other reactive compounds contributing to these 

effects, such as the non-volatile oxidized triglycerides. The mice's growth performance 

did not differ significantly among the four dietary groups. However, the liver weight to 

body weight (LW:BW) ratio was higher in both HSO and HSO-Si groups, indicating 

hepatocyte hypertrophy. Subsequent metabolomic analysis of the luminal metabolome of 

the gastrointestinal tract (GIT) revealed changes in the digestion and metabolism of 

amino acids and bile acids. Further analysis on the liver and serum suggested that the 

activation of tryptophan-NAD+ pathway and PPARα, and oxidative stress were primarily 

driven by LOPs other than the free aldehydes in HSO.  
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 Novel urinary metabolites potentially associated with the free aldehydes in the 

HSO were identified via the metabolomic analysis of the urines, which likely formed de 

novo in the GI lumen. Additional in-vitro assays further revealed their identities as 

acetylated adduct of 2,4-decadienal and lysine, but the exact structure and synthetic 

pathways still warrant more study.  

 Overall, the findings from this study highlighted the complexity of LOPs in HSO 

and underscored the need for further analysis of their compositions and impacts on host 

health. The urinary marker might serve as a biomarker for the metabolic processing of 

free lipidic aldehydes, reflecting the dietary intake of heated oils. 

 

 

Keywords: Lipid oxidation; aldehydes; metabolomics; lipidomics; biomarker.  
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4.2 INTRODUCTION 

 Fats and lipids are essential macronutrients. American’s Dietary Guideline 

recommends allocating 20-35% of daily calorie intake from fats and lipids. 

Approximately half of the fats and lipids consumed daily are thermally processed, such as 

by frying.90 Fried food is commonly consumed. The study on the Million Veteran 

Program revealed that 32% and 17% of the cohort consume fried foods 1-3 and 4-6 times 

weekly.371 

 For humans, fried food consumption is known to be associated with elevated risk 

for chronic diseases, such as type 2 diabetes and coronary heart disease. 161-163,371 In 

animals, using thermally oxidized oil as a feed ingredient has been linked to a series of 

biological implications, including depressed appetite, increased intestinal leakage, 

diarrhea, deterred growth performance, elevated liver and kidney weight, oxidative stress, 

and altered blood lipid panel.100,103,104,167-169 Studies on the underlying metabolic changes 

revealed a series of changes in amino acid metabolism induced by heated oils, hallmarked 

by the activation of the tryptophan-NAD+ pathway, altered glutathione homeostasis, and 

decreased threonine catabolism.130,168 Some of these metabolic responses carry protective 

effects, while others are damaging. The balance between these events may determine the 

consequences of heated oil exposures, as reflected by the inconsistent effects on animal 

growth in feeding trials.105  

 The undesirable metabolic changes are generally considered to be contributed by 

the wide range of lipid oxidation products (LOPs) generated from the oxidation, 

decomposition, and polymerization of triglycerides. Recent studies reported that lipidic 
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aldehydes, a class of secondary LOPs, especially the C9-C11 unsaturated species, showed 

strong inverse correlations with animal growth, as observed in pig and poultry feeding 

experiments.102 Aldehydes are known reactive molecules, capable of reacting with large 

biological molecules, proteins, and DNAs.182,184 However, the contribution of aldehydes 

to the observed adverse metabolic changes remains undefined, because the heated oils 

used for feeding were confounded by the presence of other LOPs, which have not been 

comprehensively profiled. Additionally, the study on the luminal metabolome of pigs fed 

HSO (Chapter 3) further revealed the de-novo formation of aldehydes. The contribution 

of pre-existing and de-novo-formed aldehydes to the host metabolism and health has not 

been clearly defined.  

 Given the current knowledge gap, a mouse feeding trial was conducted to 

distinguish the contribution of free lipidic aldehydes to the HSO-induced metabolic 

effects. Mice feeds were formulated with oils containing varying concentrations of lipidic 

aldehydes. The aldehyde-responsive markers were identified and characterized by the 

LC-MS-based metabolomics.  

4.3 METHODS 

4.3.1 Preparation of oils and mouse feed 

 Control soybean oil (CSO) was purchased from a local grocery store. The HSO 

was prepared using a previously established method.66 In brief, 300 mL of soybean oil 

was placed into a 500 mL round-bottom glass flask, and then heated in an electric heating 

mantle with bubbling air (50 mL/min). The temperature ramped up slowly from room 
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temperature to (22 °C) to 185 °C in 1 hour and was held at 185 °C for an additional 6 

hours. The HSO was let cool down to room temperature for mouse feed preparation.  

 To achieve abatement of free aldehydes from HSO, silica beads (SiliaBond 

Piperazine, Silicycle, Canada) were mixed with HSO at 1:5 ratio (w/v). The silica beads 

contain a functionalized piperazine group attached to the silica base, which can interact 

with aldehydes. The scheme of reaction is illustrated in Appendix Figure A1. The 

mixture was incubated at room temperature (22 °C) for 6 hours. After centrifugation at 

3,000 × g for 30 min, the oil on the top layer was carefully transferred into a 50 mL 

centrifuge tube without stirring the silica on the bottom. The acquired silica-processed 

HSO (HSO-Si) was stored at 4 °C till further use. In addition, silica-processed CSO 

(CSO-Si) was prepared using the same approach to monitor the potential confounding 

effects of silica-based treatment.  

 Mice feed was formulated as the AIN-93G diet.372 Oils were incorporated at 7% 

(w/w) into the respective diets. The formed pellets were dried in a dehydrator at 45 °C 

(115 °F) for 24 hours.  

4.3.2 Animal treatment and sample collection 

 Animal care and experimental procedures were approved by the University of 

Minnesota Institutional Animal Care and Use Committee (IACUC) (protocol number 

2109-39393A, approved on September 17, 2021). Female C57BL/6 mice (total n=16), 8-

9 week-old, were purchased from Charles River Lab (Wilmington, MA). All mice were 

housed in the University of Minnesota animal facility at a constant temperature of 21 oC 

under a 12 h light-dark cycle, with ad libitum access to water and feed. Mice were first 
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acclimated to the control AIN-93G diet (same as CSO diet) for 7 days, then randomly 

assigned to 4 feeding groups (4 mice/group): CSO, HSO, CSO-Si, HSO-Si. Then the 

mice were fed experimental diets for 28 days. Feed intake and body weight were 

monitored and measured twice per week. On the last day of the feeding, mice were 

weighed, transferred to, and housed individually in a metabolic cage for 24 hours. Fecal 

samples and 24-hour urine samples were collected. Then blood samples were collected 

by submandibular bleeding and centrifuged at 2,000 × g for 10 minutes to obtain serum. 

Mice were then euthanized by carbon dioxide and dissected for collection of ileal and 

cecum digesta, whole liver, and whole kidney samples. The liver samples were weighed 

prior to flash frozen in liquid nitrogen. All samples were stored at −80 °C till further use.  

 In a separate trial, male mice (n = 4 for control and gavage, respectively) were fed 

the AIN-93G diet and then gavaged with 2,4-decadienal (20 mg/mL in CSO). Then 24-

hour urine samples were collected after housing each mouse individually in metabolic 

cages.  

4.3.3 Lipidomics and metabolomics 

4.3.3.1 Sample preparation for LC-MS analysis 

 The reagents and chemicals used for sample preparation and LC-MS analysis are 

listed in Table 4.1. Oils and the lipid phase of feed extracts were diluted by 100,000 in n-

butanol containing 1 µg/mL tripentadecanoin (TG15:0) as an internal standard prior to 

LC-MS analysis. The lipid phase of the feed extract was prepared based on a previously 

described procedure.66 In brief, the dried pellets were grounded and mixed with two 

volumes of dichloromethane (w:v). The mixture passed through a column packed with 
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anhydrous sodium disulfate for removing water and insoluble residuals. Then the 

dichloromethane was evaporated under nitrogen. The aqueous phase of the feed extract 

was prepared by mixing the grounded pellets with 5 volumes of 50% aqueous acetonitrile 

containing 2 µM sulfadimethoxine. The supernatant was acquired after vortexing, 

sonicating, and centrifugation at 13,000 ×g for 10 min. All the extracts were then stored 

at -80°C till further use. 

 Urine samples were mixed with 5 volumes of 50% aqueous acetonitrile 

containing 2 µM sulfadimethoxine and centrifuged at 13,000 × g for 10 min to remove 

proteins and insoluble substances. Fecal and digesta samples were mixed with 50% 

aqueous acetonitrile (1:10, w/v) containing 50 µM d5-tryptophan, 2 µM 

sulfadimethoxine, 510 µM d4-acetic acid, 5 µM 13C-1-glycocholic acid, 10 µg/mL 13C-

1,2-palmitic acid, and 100 µM d6-acetone as internal standard. The mixture was sonicated 

for 10 minutes. After centrifuging at 13,000 ×g for 15 min, the supernatant was extracted. 

Serum samples were mixed with 2 volumes of acetonitrile, then centrifuged for 13,000 

×g for 10 min to obtain the supernatant.  

 Liver and kidney extracts were prepared based on the Bligh and Dyer method.311 

In brief, 100 mg frozen liver samples, or one whole kidney, were mixed with and 

homogenized in 500 µL methanol containing 180 µM d6-acetone, 90 µM d5-tryptophan,  

459 µM d4-acetic acid, 36 µg/mL 13C-1,2-palmitic acid, 9 µM sulfadimethoxine, 9 µM 

glycyrrhetinic acid, and 20 µM tripentadecanoin (TG15:0) as internal standards. Then, 

400 µL water and 500 µL chloroform were added into the mixture. After sonication in an 

ice bath for 1 min, the mixture was centrifuged at 13,000 × g for 10 minutes for phase 
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separation. The top layer was extracted as the aqueous phase. All samples were stored at 

−80 °C for further analysis.  

4.3.3.2 Chemical derivatization 

 For detecting and quantifying fatty acids, aldehydes, and metabolites containing a 

carboxylic acid functional group, the oils, digesta extract, and the aqueous extract of liver 

and kidney, urine, and serum samples were derivatized with 2-hydrazinoquinoline (HQ), 

following a modified protocol.150 In brief, 2 µL of aqueous sample was mixed with 100 

µL of freshly prepared acetonitrile solution containing 1 mM 2-2´-dipyridyl disulfide 

(DPDS), 1 mM triphenylphosphine (TPP), 1 mM HQ. In fatty acid and aldehyde 

standards, the acetonitrile solution contained additional 90 µM d--acetone. The mixtures 

were incubated at 60 °C for 30 min, chilled on ice, and mixed with 100 µL of ice-cold 

water to stop the reaction. After centrifuging at 13,000 × g for 15 min, the supernatant 

was transferred to an HPLC vial for LC-MS analysis. 

 For amino acid quantification, the serum and the aqueous extraction of liver 

proceeded to dansyl chloride (DC) derivatization prior to LC-MS analysis. Briefly, 5 μL 

of sample was mixed with 5 μL of water, 50 μL of 10 mM sodium carbonate, and 100 μL 

of DC (3 mg/mL in acetone). In the amino acid standard mixture, 5 μL of 50 μM d5-

tryptophan (internal standard) was added instead of water. After incubation at 60°C for 

15 min and centrifugation at 13,000 ×g for 10 min, the supernatant was transferred to a 

HPLC vial for LC-MS analysis. 
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4.3.3.3 LC-MS analysis 

 An aliquot of 2 µL sample was injected into a Waters Acquity ultraperformance 

liquid chromatography (UPLC) system (Milford, MA) and separated in a BEH column. 

The eluant from LC was then introduced into a Waters Xevo-G2-S or Synapt-G2Si 

quadrupole time-of-flight mass spectrometer (QTOF-MS) for accurate mass measurement 

and ion counting. Nitrogen was used as both cone gas (50 L/h) and desolvation gas (600 

L/h). The mass analyzer was calibrated for detecting ions within the range m/z 50 – 1200 

and monitored by intermittent injection of lock mass. The column, mobile phases, mass 

detection mode, and lock mass used for different metabolites are included in Table 4.2. 

The acquired chromatograms were processed by MassLynxTM V4.2 (Waters). The 

structures of interested metabolites were analyzed by tandem MS fragmentation. For 

quantitative analysis, the individual peak areas of target compounds were calculated, 

scaled to the peak area of internal standards, and fitted into a calibration curve via 

QuanlynxTM (Waters).  

4.3.3.4 Untargeted multivariate data analysis and marker characterization 

 After processing by MarkerLynxTM software (Waters), a multivariate data matrix 

is produced based on the chromatographic and spectral data via centroiding, deisotoping, 

filtering, peak recognition, and integration. The matrix contains sample identity, ion’s 

retention time and m/z, and ion abundance. The intensity of each ion was calculated by 

normalizing the single ion counts (SIC) versus the total ion count (TIC). After Pareto 

scaling, principal component analysis (PCA) was conducted by importing the data matrix 

into SIMCATM software version 13.0 (Sartorius, Göttingen, Germany). The total ion 

intensity was artificially set as 10,000, which was then used to determine each 
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metabolite's relative abundance. Major latent variables in the data matrix were described 

in a scores scatter plot of multivariate model. The compounds influenced by feeding were 

identified by analyzing ions contributing to the principal components and to the 

separation of sample groups in the loadings scatter plot. The chemical identity was 

determined by accurate mass measurement, elemental composition analysis, database 

search (HMDB www.hmdb.ca; LIPID MAPS www.lipidmaps.org/), MSMS 

fragmentation, and comparison with authentic standards if possible. 

 

4.3.4 p-Anisidine value (AnV) measurement 

 The p-Anisidine was measured according to the Official Method Cd 18–90 from 

the American Oil Chemists Society (AOCS).373 Briefly, 0.1 g of oil sample was mixed 

with 5 mL of isooctane, followed by 30-min vertexing and 10-min centrifugation at 

18,000× g, and the supernatant was collected for the AnV analysis according to the 

official method. HSO oil was mixed with 30 mL of isooctane instead for accurate 

absorbance measurement.  

4.3.5 Thiobarbituric acid-reactive substance (TBARS) assay 

 Oils were submitted to TBARS assay. The reagent solution was prepared to 

contain 15% w/v trichloroacetic acid, 0.375% w/v 2-thiobarbituric acid, and 0.25 N 

hydrochloric acid. Then, in a 2-mL screw cap centrifuge tube, 20 µL of serum was mixed 

with 200 µL of the reagent solution. For oil samples, 5 µL of oils were mixed with 15 µL 

of water and 200 µL of the reagent solution. The mixture was incubated in boiling water 

(>95°C) for 30 minutes. After chilling on ice, the mixtures were centrifuged at 13,000 ×g 

for 15 min. Then the supernatants were transferred to a 96-well plate for 

http://www.hmdb.ca/
http://www.lipidmaps.org/
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spectrophotometric measurement of absorbance at 532 nm. Standards were prepared by 

mixing 1,1,3,3,-tetramethoxypropane in water with concentrations ranging from 2.5 – 

500 µM. 

4.3.6 Coincubation of lysine and 2,4-decadienal 

 Lysine, d8-lysine (CAS No: 344298-93-7, lysine-3,3,4,4,5,5,6,6-D8), 15N-lysine 

(CAS No: 204451-50-3, lysine-2-15N), Nα-acetyl-lysine and Nε-acetyl-lysine were 

incubated with 2,4-decadienal respectively for elucidating the structure of the urinary 

marker. Briefly, 100 μL of lysine, isotopes, or acetyl-lysine (1 mM in water) was mixed 

with 740 μL water, 60 μL of sodium carbonate (10 mM in water), and 100 μL of 2,4-

decadienal (20 mM in ethanol). The mixture was then incubated at 45 °C for 15 min to 

expedite adduct formation. Then, the mixture was submitted to LC-MS/MS analysis.  

4.3.7 Statistical analysis 

 The statistical analysis on the concentration, relative abundance of metabolites, 

and results of biochemical assays were conducted by two-way ANOVA via R (HSO × 

Silica) and GraphPad Prism 10 (Boston, MA). Significant main effects and interactions 

were considered when the p-value < 0.05. The analytes of interests were further analyzed 

by Fisher’s LSD tests to examine the different between groups. The groups annotated 

with different letters indicated significance when the p-value <0.05.  

4.4 RESULTS 

4.4.1 Evaluating the oxidative status of oils and feed extracts 

 Heating is known to change the chemical properties of oils extensively. 

According to the p-Anisidine (AnV) and TBARS values of the four oils, heating induced 
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the formation of aldehydic compounds in the heated oils, compared to the non-heated 

ones (Figure 4.1 A and B). Further LC-MS analysis also confirmed the formation of 

aldehydes in the HSO (Figure 4.1 C). After silica treatment, the AnV and TBARS value 

of HSO-Si decreased by about 50% (Figure 4.1 A and B). Meanwhile, the LC-MS 

analysis revealed a reduction of total free aldehydes by 80% after silica treatment in the 

HSO-Si (Figure 4.1 C). The abatement rate was higher for 2-alkenals and 2,4-dienals, 

exceeding 90%, but was lower for saturated alkanals, below 70%. These species were 

also the primary contributors to the separation and clustering of the four oils in a PCA 

model (Figure 4.1 E and F). Their m/z, molecular formula, detected ion adduct form, 

and mass deviation are listed in Table 4.3, with identities confirmed by comparison with 

authentic standards. On the other hand, an abundant quantity of aldehydes was detected 

in the feed extract (Figure 4.1 D), but the composition differed from the oils (Figure 4.1 

C). The reduction of total free aldehydes was reflected in the HSO-Si feed, but to a much 

smaller extent than the respective oils (Figure 4.1 D).  

 The lipidomic analysis compared the CSO and HSO for their triglyceride profiles. 

The major triglyceride species in the soybean oils eluted between 6 and 8 min were 

identified. The analysis of the oils’ chromatograms revealed that the concentration of 

TGs rich in polyunsaturated fatty acids (PUFA) was more sensitive to heating and was 

lowered in the HSO oil. Meanwhile, the main TG profile in the oils remained comparable 

after silica treatment (Figure 4.2 A). The PCA modeling revealed that the main 

difference in the oils was driven by the chemical changes induced by heating, which was 

more predominant than the Si treatment (Figure 4.2 B). In the S-plot of an OPLS-DA 

model, the lipid species contributing to the separation were examined (Figure 4.2 C). 
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The oxidized triglycerides (TG-OXs), including the species that were additionally 

oxygenated (Figure 4.2 D and E) and that contained a caprylic acyl chain (TG-CAs) 

(Figure 4.2 F and G) were significantly increased in HSO and HSO-Si while minimally 

impacted by silica abatement. The identification of these triglycerides are listed in Table 

4.4. 

4.4.2 Animal health and growth 

4.4.2.1 Influence in the distribution of free amino acids in the GI 

 Based on the analysis of the pig luminal digesta in the Chapter 3, the digestion of 

proteins was expected to be altered by HSO feeding. Via targeted LC-MS analysis, the 

composition of free amino acid pool in ileum and cecum digesta, and feces was 

determined (Table 4.5 – 4.7). To minimize the confounding effect of the varying volume 

of digesta and feces collected, the amino acid composition is presented and compared as 

a percentage of the total amino acid pool. HSO and HSO-Si feeding significantly 

increased the proportion of lysine in the ileal digesta and feces (Table 4.5 and Table 

4.7), but decreased that of lysine in the cecal digesta (Table 4.6). Silica abatement lacked 

the efficacy to affect the percentage of free lysine. Instead, consumption of CSO-Si and 

HSO-Si appeared to increase the lysine excretion in feces (Table 4.7). Such fluctuation 

was largely contributed by the fact that the fecal samples were collected over a 24-hour 

window. Additionally, unlike serum samples, fecal pellets were not homogenous.  

4.4.2.2 Influence on the bile acid and microbial metabolism 

The bile acids in the gallbladder, ileal and cecal digesta, and feces were quantified 

and presented as the proportion of the total bile acid (BA) pool (Table 4.8 – 4.11). In the 
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gallbladder and ileum, HSO and HSO-Si intake raised the proportion of taurocholic acid 

(TCA) (Table 4.8 - 4.9). Whereas in the cecum and feces, the percentage of deoxycholic 

acid (DCA) increased, and that of lithocholic acid (LCA) decreased, neither of which was 

ameliorated by HSO-Si (Table 4.10 – 4.11). Meanwhile, the secondary to primary bile 

acid (and the conjugated primary BA) ratio was determined for cecum and feces, 

calculated by the proportion of DCA+LCA+UDCA+MDCA / TMCA+TCA+MCA+CA. 

Notably, the consumption of heated oils had a main effect on increasing this ratio in the 

cecal digesta and feces. It was ameliorated by the silica processing in the feces only 

(Table 4.10 – 4.11). 

In the cecum, as the hallmark of microbial activity, the concentration of short-chain 

fatty acids (SCFAs) was determined (Figure 4.3). HSO feeding increased the levels of all 

four SCFAs, and was reduced to a level comparable to CSO group in the HSO-Si group 

(Figure 4.3).  

4.4.2.3 Influence on animal growth and key functional metabolites in the liver and 

serum 

 Heated oil consumption has been shown to influence the growth performance, 

hepatic redox status, and serum amino acid profile in animals.168 In the current study, 

even though the average daily weight gain (ADG) was comparable across the four 

groups, the liver weight to body weight ratio (LW:BW) was elevated in both HSO and 

HSO-Si groups (Figure 4.4 A and B). The hepatic glutathione status was evaluated to 

assess the changes in antioxidant activity. Consumption of heated oils, regardless of 

aldehyde abatement, increased hepatic reduced glutathione (GSH) and GSH:glutathione 
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disulfide (GSH/GSSG) ratio but lacked the main effect on the GSSG level in the HSO 

and HSO-Si groups (Figure 4.4 D).  

 The concentrations of serum and liver amino acids were quantified (Table 4.12 – 

4.13). The serum tryptophan and lysine were decreased in HSO and HSO-Si groups, and 

were not reversed by aldehyde abatement (Table 4.12).  In the liver, the HSO feeding 

only had main effects on histidine and taurine, but lacked impact on tryptophan (Table 

4.13).  

 Considering the lack of impact of HSO-Si feeding compared to the HSO feeding 

on the growth, hepatic amino acid, and glutathiones, the feeding-induced changes in the 

systematic metabolism were not investigated. Instead, further analysis was devoted to the 

urinary metabolome to identify potential aldehyde-responsive markers.  

4.4.3 Characterizing the changes in the urine metabolome 

4.4.3.1 Markers associated with HSO intake 

 The metabolites contributing to the discrimination between CSO, CSO-Si, HSO, 

and HSO-Si samples in the urine metabolome model were subjected to further 

characterization. To start, the influence of HSO feeding, regardless of silica processing, 

was examined in a PCA model (Figure 4.5 A). Notably, the primary contributor to the 

separation along the principal component 1 (x-axis) was whether the oil had undergone a 

heating process (Figure 4.5 A). Subsequently, the S-plot of an OPLS-DA model showed 

the urinary metabolites that were impacted by both HSO and HSO-Si (CSO and CSO-Si 

vs HSO and HSO-Si), with the metabolites that were more abundant in HSO and HSO-Si 

labeled (Figure 4.5 B). HSO-responsive urinary metabolites were previously identified in 
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mice fed HSO.168 The di-carboxylic acid, hydroxyalkenoic acids, and glycine conjugates 

of hydroxyalkenoic acids were examined in the current study. Two hydroxyalkenoic 

acids, with the molecular formula of CnH2n-2O3, were identified. The other two were 

putatively determined di-carboxylic acids, with the formula of CnH2n-2O4. Their identity 

and relative abundance in the urine samples are shown in Table 4.14 and Figure 4.5 C – 

F and L. These HSO-responsive metabolites had very low relative abundance in CSO 

and CSO-Si groups. At the same time, HSO-Si did not mitigate their abundance, 

compared to the HSO (Figure 4.5 C – F and L).  

 Five potential exposure markers were identified (Figure 4.5 B, G–K; Table 

4.14). Their absence in the CSO and CSO-Si groups, along with the increase in the HSO 

and HSO-Si groups, suggest their potential association with HSO exposure. Following 

structural analysis, metabolites iU - vU displayed two neutral losses of 18 Da. Meanwhile, 

elemental composition analysis indicated that iU and iiU shared a formula of CnH2n-2O2. 

Database search suggested their identity as octenoic and nonenoic acids. Authentic 

standards of 2- and 3-octenoic acid were then submitted to HQ derivatization. However, 

their retention time was 6.07 min, distinct from the urinary marker iU. Hence, metabolites 

iU and iiU are unlikely carboxylic acids. Instead, they potentially consist of an aliphatic 

carbon-hydrogen chain with hydroxy groups and two degrees of unsaturation. In addition 

to iU and iiU, iiiU had a molecular formula of CnH2n-6O5, whereas ivU and vU shared a 

molecular formula of CnH2n-4O4.  Furthermore, metabolites iU-vU were not detected in the 

feed extracts, suggesting an endogenous origin. 
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 Then, the urine of mice gavaged with 2,4-decadienal was analyzed for the 

targeted examination of these metabolites. Despite the detection of some of the 

metabolites in the list (Table 4.14), their relative abundance was not changed by 

additional 2,4-decadienal intake (data not shown).  

4.4.3.2 Markers associated with lipidic aldehyde intake 

 Compounds contributing to the separation of HSO from HSO-Si in this PLS-DA 

model in the direction of PC2 (y-axis) (Figure 4.6 A) were further studied (Figure 4.6 B) 

to elucidate the influence of aldehyde abatement on the mice urinary metabolome. 

Notably, four metabolites shared similar distribution patterns, showing a unique increase 

in the HSO feeding group only and near absence in the CSO and CSO-Si groups (Figure 

4.6 C-F).  

 To determine the origin of these four ions, the aqueous phase of diet extract, 

digesta, as well as the aqueous extract of liver and kidney were examined. Remarkably, 

these ions were not detected in the aqueous extract of feed, liver, and kidney (Table 

4.15). Further analysis revealed that two ions, with m/z of 321+ and 319+ (Iu and IIu in 

Figure 4.6 and Table 4.15), were detected in the ileal and cecal digesta, and feces of 

HSO group. Notably, the relative abundance of the 321+ ion in the HSO group gradually 

increased from ileal digesta to feces, and was significantly reduced in the HSO-Si group 

(Figure 4.6 G-I), proving their responsiveness to the presence of free aldehydes in the 

oil. Upon tandem MS/MS analysis, the 321+ and 319+ ions displayed similar fragments 

and were further analyzed to determine their putative molecular formula and structure. 
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 After elemental composition analysis and isotope modeling, the molecular 

formula of parent ions and their fragments were determined, as shown in Table 4.16. 

Both parent ions, 321+ and 319+, shared two fragments with m/z of 130+ and 84+. The 

130+ fragment showed a molecular formula of C6H12NO2
+, consistent with pipecolic acid, 

a lysine oxidation product. Additionally, the parent ions exhibited a shared neutral loss of 

42 Da, consistent with the neutral loss of an acetyl group. Therefore, it can be reasonably 

inferred that 321+ and 319+ shared highly similar structural moieties, potentially 

comprising an acetyl group, lysine-based moiety, and a 10-carbon moiety.  

 To better understand the identity of these two markers, lysine, and its two isotope 

forms were incubated with 2,4-decadienal (DDE), a 10-carbon α,β-unsaturated aldehyde, 

and the most abundant aldehyde in HSO. The results revealed that lysine coincubated 

with 2,4-decadienal generated two distinct adducts, characterized by m/z of 281+ and 

279+, which shared a fragment of 84+. Subsequent experiments showed that the 84+ 

fragment had a m/z shift of 8 and 1 Da, respectively, when incubating d8-lysine and 15N-

lysine with 2,4-decadienal, which confirmed its origin from lysine (Table 4.16).  

Moreover, the 279+ ion had a fragment of 150+, which did not exhibit any m/z shift when 

lysine isotopes were introduced. Consequently, it was established that the 10-carbon 

fragment was derived from 2,4-decadienal.   

 In another experiment, Nα-acetyl-lysine was incubated with 2,4-decadienal, which 

resulted in the formation of an ion with m/z of 321+ that displayed an identical 

fragmentation pattern to the 321+ ion found in urine (Table 4.16). Notably, it was 

intriguing that the synthetic and urinary 321+ displayed distinct retention times with 0.5 
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min apart. The difference in retention time was further confirmed by spiking mice urine 

with the reaction solution from Nα-acetyl-lysine and 2,4-decadienal coincubation. The 

synthetic 321+ and the urinary 321+  again exhibited two distinct peaks of the same m/z 

(data not shown), with the synthetic counterpart eluted 0.5 min later than the urinary 

metabolite. At the same time, when incubating 2,4-decadienal with Nε-acetyl-lysine, an 

adduct with m/z of 321+ was formed but had a significantly lower yield than incubating 

with the Nα form (data not shown). In a separate animal feeding trial, mice were kept on 

the AIN-93G diet and gavaged with 2,4-decadienal. A urinary metabolite with m/z of 

321+ was detected in the dosed mice but not in the non-gavaged control. Subsequent 

analysis revealed a fragmentation pattern identical to the previously detected urinary and 

synthetic 321+ ions. However, this metabolite displayed a retention time approximately 

0.5 min later than the urinary 321+ ion from mice fed HSO diet. Hence, it is reasonable to 

conclude that the urinary 321+ ion of HSO-fed mice in the current feeding trial likely 

EXISTED IN AN ISOMERIC FORM TO FROM ITS SYNTHETIC COUNTERPARTS.   

4.5 DISCUSSION 

 The current study aimed to identify the metabolic events associated with the free 

aldehydes through feeding HSO and HSO-Si to young mice, which had most of the free 

aldehydes removed. Through the metabolomic analysis of the digesta, feces, liver, 

kidney, serum, gallbladder, and urine, a series of metabolic changes associated with 

heated oil consumption were identified, including the PPARα activation, aldehyde 

detoxification activity, oxidative stress, tryptophan-NAD+ pathway activation, and bile 

acid metabolism (Figure 4.7). A novel urinary metabolite with m/z = 321+ was identified 

as a free-aldehyde-responsive marker, likely derived from the interaction between free 
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lysine, 2,4-decadienal, and microbial metabolism within the gastrointestinal (GI) lumen 

(Figure 4.7). The detailed metabolic pathways responsible for the events described above 

and the investigation of the urinary markers’ structure are discussed below.  

4.5.1 Influences of silica-based aldehyde abatement on the chemical composition of 

HSO  

 Based on the current findings, Si-PPZ was an effective adsorbing agent for 

lowering the free aldehyde concentration in HSO by over 80% (Figure 4.1 C). However, 

this substantial decrease was not fully reflected in the proximate analyses. From the p-

anisidine and TBARS values, the application of Si-PPZ removed the total aldehydic 

content by 56% and 60%, respectively (Figure 4.1 B and A). The disparities among LC-

MS, p-anisidine analysis, and TBARS analysis were primarily due to their different 

chemical natures. 

 LC-MS analysis, known for its high specificity and accuracy, quantified 

individual free lipidic aldehydes in heated soybean oil. This method, developed and 

validated to investigate the kinetics of aldehyde formation in heated soybean oil66, is 

advantageous for quantitative aldehyde analysis. Conversely, p-anisidine (AnV) and 

TBARS are proximate approaches commonly used for assessing secondary LOPs.   

 The primary amine in the p-anisidine reagent forms a Schiff base with the 

carbonyl or aldehyde group in 2-alkenals and 2,4-dienals, and the AnV value of oxidized 

oils showed a strong inverse correlation with animal growth.102 However, one limitation 

of the AnV assay is its higher colorimetric absorbance for products formed from 

unsaturated aldehydes than from saturated alkanals.131 In the current study, the LC-MS 
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quantitative analysis revealed that Si-PPZ adsorbs unsaturated aldehydes more effectively 

than saturated alkanals (Figure 4.1 C). Therefore, the incomplete reflection of total 

aldehyde reduction in the AnV values suggests that aldehydic species remain in the 

heated oil in forms other than free aldehydes. Meanwhile, TBARS assay displayed a 

similar reduction trend to AnV (Figure 4.1 A). TBARS is commonly used for detecting 

malondialdehyde (MDA). Principally, each MDA molecule can react with 2 TBA 

molecules where each MDA molecule reacts with two TBA molecules to give a red 

chromophore absorbable at 532 nm.374 Thus, the AnV and TBARS results confirm the 

presence of compounds containing additional carbonyl and aldehydic groups in the 

heated oils, even after silica treatment.  

 One potential example of such compounds is 9-oxononanoic acid generated from 

the homolytic β-scission of the hydroperoxide of oleic, linoleic, and linolenic acid.107,210 

The terminal carbonyl group can form a Schiff base with primary amines, AnV reagent 

included. Significant correlations between total glycerol core aldehyde (GCA) content 

and the AnV of frying rapeseed, sunflower, and cottonseed oils have been observed210, 

and the free form of 9-oxononanoic acid can be detected in oxidized oils.323,375 However, 

unlike aldehydes, 9-oxononanoic acid was not a major contributor to the compositional 

differences between heated and control soybean oil, revealed by a kinetic study of oil 

oxidation at frying temperature.66 In the current study, multivariate data analysis 

identified lipidic aldehydes as more dominant markers separating the heated and non-

heated oils (Figure 4.1 E and F). Nevertheless, 9-oxononanoic acid may exist as a 

glycerol core aldehyde (GCA), and remain bonded to the glycerol backbone.210 Similar 

elevated GCAs were observed in heated oils, including those containing 7-oxo-nonanoic 
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acid, 8-oxooctanoic acid, 10-oxo-8-decenoic acid, and 11/13-oxo-9-octadecenoic acid.209-

212 These GCAs are fairly stable after prolonged heating (24 – 60 hours) at frying 

temperature.210 It is reasonable to conclude that the GCAs were likely present in the HSO 

and HSO-Si, but were not identified via the lipidomic analysis of the oils.  

 Despite the extensive alteration in the chemical profile of the aldehydic LOPs, Si-

PPZ exerted minimal impact on the major triglyceride species in the oils (Figure 4.2 A). 

Triglycerides with higher degrees of unsaturation were more sensitive to heating, 

showing a significant reduction in their abundance (Figure 4.2 A), consistent with 

previous findings in heated soybean oil.168 Additionally, the untargeted lipidomic analysis 

showed that heating decreased the triglycerides containing unsaturated fatty acids and led 

to the formation of additionally oxygenated TG (TG-OX) and triglycerides containing a 

caprylic acyl chain (TG-CA) (Figure 4.2 D- G, Table 4.3), which were not removed by 

Si-PPZ. Profiling oxidized triglycerides, including GCAs, might be necessary to provide 

a more comprehensive evaluation of the oxidation status of oils. 

4.5.2 Influences and significance of aldehyde abatement on animal growth 

 Growth performance was found to be hindered in animals consuming thermally 

oxidized oils, as evidenced by studies in pigs105, poultry102,105, and mice.168 However, 

inconsistencies have been noted, with some animals showing tolerance and comparable 

growth to control groups.105,130 The AnV level and the concentration of C9-C11 

unsaturated aldehydes were identified as effective predictors of animal growth.102 

Furthermore, Guo et al. suggested an AnV threshold of 172, below which oils did not 
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adversely impact growth, possibly due to protective amino acid metabolism, though 

exceptions exist.105,130  

 In the current trial, the HSO utilized had an AnV of around 200, which is above 

the suggested threshold of 172, yet the average daily gain (ADG) of mice in the HSO 

group did not differ from the CSO group (Figure 4.4 A). This discrepancy is potentially 

associated with the differing levels of oil oxidation. Comparing the oxidation status of 

oils used in different studies is challenging due to varying quality indicators and the 

limitations of their chemical natures. Xu et al. assessed oxidized oils with AnV maxing at 

134 and total GCA maxing at 0.24 mg/g oil210,  while other studies reported heated oils 

with AnV about 45 accumulated approximately 0.21 mg/g oil of GCAs.209 The HSO used 

in the current study had an AnV around 200, and the total free aldehydes were 

approximately 500 µg/g oil (equivalent to 0.5 mg/kg oil) (Figure 4.1 B and C). AnV has 

been shown to positively correlate with the concentration of 4-hydroxynonenal (HNE) in 

the oxidized oils.376 But its correlation with GCA has not been comprehensively 

characterized. Therefore, the applicability of the suggested cutoff of AnV at 172 as a 

tolerance threshold for predicting animal growth needs further investigation.  

 As indicated by the AnV value of the HSO-Si oil used in the current study, the 

aldehydic species other than the free aldehydes in the HSO impacted animal health 

(Figure 4.1B, Figure 4.4).  Identifying and analyzing these compounds, such as GCAs, 

is challenging, requiring advanced analytical techniques and robust databases. Lipidomic 

studies used high-purity triglyceride standards like triolein and trilinolein211, which could 

only reflect TG oxidations to a limited extent due to diverse lipid profiles in dietary oils. 
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Alternatively, thin-layer chromatography (TLC) can be applied to separate and analyze 

GCAs via GC-MS but requires extensive pre-column sample treatment.209,210,377  

 Furthermore, the toxicity of GCAs has not yet been thoroughly studied. 

According to the Safety Data Sheet, 9-oxononanoic acid is not classified in the Globally 

Harmonized System and has no known information on its toxicity or carcinogenicity. 

However, the aldehyde functional group still enables interaction with biological 

molecules, as shown in an in-vitro study.378 As a result, comprehensive profiling of 

GCAs and polar contents of oils showing high AnV is needed to better understand the 

effects of oxidized oil consumption on metabolism. 

4.5.3 Influence and significance of aldehyde-independent metabolic effects 

4.5.3.1 Activation of tryptophan-NAD+ pathway, and PPARα 

 Tryptophan, an essential amino acid, is crucial in various physiological functions. 

In humans, approximately 30% of the tryptophan pool is allocated for protein synthesis, 

while a mere 1% contributes to serotonin synthesis. Significantly, over 66% of non-

proteogenic tryptophan (more than 95% of its non-protein usage) is utilized in the 

tryptophan-NAD+ pathway to synthesize NAD+.379,380 The upregulation of this pathway 

was considered a central metabolic response to HSO consumption, hallmarked by the 

decrease of serum tryptophan.168 This phenomenon stems from a confluence of factors, 

including upregulated PPARα activation, a response to metabolic stress, and aldehyde 

detoxification, with NAD+ serving as a cofactor for the enzymes involved.168   

 In the current experiment, HSO-induced tryptophan-NAD+ activation was 

evidenced by the decreased serum tryptophan (Table 4.12) and a trend towards increase 
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of hepatic tryptophan (p=0.08, Table 4.13), consistent with previous reports on animals 

fed oxidized corn and soybean oil.130,168 Notably, the change in serum tryptophan 

persisted even with dietary aldehyde abatement, as evidenced by the lack of main effect 

from Silica processing on the serum tryptophan (Table 4.12).  

 A plausible explanation for the lack of improvement in serum tryptophan could 

result from the activation of peroxisome proliferator-activated receptor (PPAR). The 

subtype PPARα is expressed in organs involved in active fatty acid β-oxidation, 

particularly in the liver.381 Consumption of heated oil reportedly upregulated the PPAR 

target genes involved in hepatic lipid transport and catabolism.168,239,382 Physiologically, 

this activation manifests as peroxisome proliferation and hepatomegaly, observed as an 

increased liver weight to body weight (LW:BW) ratio in animals fed HSO.9 This 

condition remained unaltered in the HSO-Si group (Figure 4.4 B). Metabolically, the 

upregulation of PPARα was indicated by changes in urinary suberic and azelaic acid 

levels (Figure 4.5 E and F), which likely resulted from the peroxisomal ω-oxidation of 

fatty acids due to PPARα upregulation. Under normal conditions, ω-oxidation of fatty 

acids is a minor catabolic pathway, compared to β-oxidation. Thus, the urinary 

dicarboxylic acids are suggested as convenient markers for PPARα activity and 

peroxisomal fatty acid oxidation.168 The relative abundance of these medium-chain 

dicarboxylic acids increased significantly in both HSO and HSO-Si groups, unaffected by 

aldehyde abatement (Figure 4.5 E and F). As a result, the PPARα upregulation was 

likely attributed by compounds in the HSO other than the free aldehydes.   
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 Animal feeding studies have confirmed that oxidized fatty acids (OFAs), such as 

hydroxy- and cyclic-fatty acids, are more potent ligands of PPARα than unoxidized 

ones.238,383,384 OFAs and OFA-containing triglycerides are common and abundant 

compounds in thermally oxidized oils.211 The current study identified triglycerides 

containing OFAs and increased in HSO oil (Figure 4.2 D and E). Based on the statistical 

analysis, silica treatment appeared to adsorb and lower the abundance of OFA-containing 

triglycerides (Figure 4.2 D and E). However, compared to the dramatic extent to which 

free aldehydes were decreased (Figure 4.1 C), the reduction of OFA-containing 

triglycerides was much milder, reasonably lacking potency in reversing the physiological 

response of PPARα.  

 Besides PPARα, aldehyde-metabolizing enzymes, such as aldehyde 

dehydrogenases (ALDHs), also require NAD(P)+ as a cofactor.168 The upregulation of 

aldehyde detoxification activity was evidenced by the increased urinary hydroxyalkenoic 

acids and their glycine conjugate in HSO and HSO-Si groups (Figure 4.5), which likely 

derived from the oxidation of their respective hydroxyalkenals by ALDH.168 Considering 

the significant reduction of total free aldehydes in the oils and the absence of reduction 

urinary hydroxyalkenoic acids in the HSO-Si group, it is reasonable to assume the 

presence of aldehyde-containing compounds in the HSO and HSO-Si other than free 

aldehydes. This hypothesis again aligned with the changes in the TBARS and AnV 

values of oils (Figure 4.1 A and B), strengthening the need for comprehensive 

characterization of the triglycerides in the oxidized oils.  
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4.5.3.2 Stress response  

 Consumption of oxidized oils has been previously linked to exacerbated oxidative 

stress in animal models.103,104,130,167,168 In the current trial, evidence of oxidative stress 

included elevated hepatic glutathione (GSH) levels and an increased GSH/GSSG ratio in 

both HSO and HSO-Si groups (Figure 4.4 C and E), suggesting an overall shift towards 

a more reduced state within the hepatic environment. Nonetheless, the dynamic interplay 

between oxidants and antioxidants in response to oxidized oil intake appears complex.  

 Previous studies have reported varying effects of oxidized oil consumption on 

hepatic GSH levels. In a previous mice feeding trial, HSO consumption resulted in a 

decrease in hepatic GSH concentrations.168 The discrepancy might be attributed to 

differences in aldehyde concentrations - the previous trial's HSO had approximately 800 

mg/L total aldehydes (AnV and GSH/GSSG ratio not reported)168, significantly higher 

than the HSO in the current study (Figure 4.1 C). In that trial, the high aldehyde 

concentrations likely overwhelmed the antioxidant capacity, preventing the effective 

regeneration of GSH from GSSG. Conversely, in the current study, the mice likely 

retained the effective GSSG to GSH turnover. Regenerating GSH from GSSG, the 

enzyme glutathione reductase needs NADPH as electron donor, which is a direct 

phosphorylation product of NAD+.385 Therefore, the tryptophan was probably further 

consumed to fulfill the intensified need of NAD+, which partially explained the lack of 

changes in serum tryptophan in the HSO-Si compared to HSO (Table 4.12). 

 The variability in reports of glutathione levels complicates comparisons across 

studies. The GSH and GSH/GSSG ratio reduction were observed in mice chronically fed 
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used palm oil (oxidation status not reported), accompanied by liver injury.386 Weaning 

piglets fed oxidized linseed oils (peroxide value 225 mEq O2/kg oil) showed decreased 

hepatic GSH and unchanged GSSG.387 Rats consuming thermally processed sunflower 

oils (peroxides concentration = 157.1 and 133.6 mM/kg oil) also exhibited lowered 

hepatic GSH levels, though the GSH/GSSG ratio was not reported.388 Increased hepatic 

glutathione reductase activity was noted in another trial with oxidized sunflower oils 

(peroxide value = 262 mmol/kg oil), but without measuring GSH concentration.389 

Another rat-feeding trial showed reduced liver GSH and comparable glutathione 

reductase activity after feeding thermally oxidized coconut and mustard oils (AnV 

elevated, at 0.685 and 4.320, respectively).390 These studies employed different measures 

of oil oxidation status and did not consistently report free aldehyde concentrations, 

complicating direct comparisons of dose-dependent effects on hepatic glutathione  

 Despite the significant reduction in free aldehydes in HSO-Si, oxidative stress 

persisted, as indicated by the GSH levels and GSH/GSSG ratio in the HSO-Si group 

(Figure 4.4 C and E). Lipid peroxidation products, particularly lipidic aldehydes, are key 

contributors to redox imbalance and GSH depletion in the context of oxidized oil 

consumption.130,168 GSH is used not only in neutralizing free radicals from lipidic 

hydroperoxides but also in detoxifying aldehydes via the mercapturic acid pathway.200,203 

Although silica treatment reduced free aldehydes, the presence of glycerol core aldehydes 

(GCAs) and other lipid oxidation products may still require detoxification, increasing the 

need for GSH (Figure 4.4 C and E).  
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 The persistence of oxidative stress despite aldehyde abatement suggests the 

involvement of other electrophilic aldehyde-containing compounds in HSO and HSO-Si. 

The metabolic fate of GCAs remains unclear, underscoring the need for further 

investigation into the roles of lipid oxidation products beyond free aldehydes. 

Comprehensive characterization of these compounds might be beneficial for better 

understanding their impact on oxidative stress and hepatic glutathione metabolism. 

4.5.3.3 Luminal metabolome and functional metabolites 

 As discussed in the previous chapter, heated oil consumption extensively changed 

the luminal metabolome of pigs. Due to the significantly smaller size of the mice GI tract, 

digesta collection was limited to the ileum and cecum, with feces collected as the 

terminal point of the GI metabolome.  

 In contrast to the pigs, the proportion of lysine in the total free amino acid pool 

was elevated in heated oil groups and remained unaffected in the Si-processed groups in 

the ileum and cecum (Table 4.5 and Table 4.6). Cocurrently, the fecal elimination of 

lysine was elevated by HSO, and even further increased by HSO-Si (Table 4.7). 

Additionally, the free lysine in the serum (Table 4.12) was decreased in the HSO and 

HSO-Si groups. These findings suggest that HSO consumption likely impacted protein 

digestion and absorption, as implicated in the previous chapter. However, in the pig 

study, lysine in the intestinal lumen decreased with HSO feeding, contrasting with the 

increased ileal and fecal lysine observed in the current mice study (Table 4.5 and Table 

4.7). Lysine uptake in the intestine occurs via the system B0 neutral amino acid 

transporter B0AT1 (SLC6A19), whose binding site consists of cysteine, phenylalanine, 
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leucine, asparagine, and serine. 391,392 The sulfhydryl group in cysteine393, and terminal 

amine group in asparagine are potential targets for non-enzymatic interaction with 

aldehydes. It is plausible that luminal aldehydes affected this amino acid transporter, 

though direct evidence of such inhibition has not been clearly established. Digestive 

enzyme activities were not determined due to the limited quantity of mice digesta 

samples. Investigating the influence of HSO and HSO-Si on protein digestibility would 

be meaningful. 

 Interestingly, besides lysine, the distribution of other free amino acids in the feces 

was changed extensively by the feedings, showing the main effects of both oil oxidation 

and silica treatment (Table 4.7). The gut microbiome can catabolize, utilize, ferment, and 

even synthesize amino acids394, indicating that variations of free amino acids from cecal 

digesta to feces potentially reflect altered gut microbial metabolism. The underlying 

mechanism and association with host metabolism warrant further study.  

 In addition to the amino acids, the bile acid profile in the luminal metabolome 

was affected by HSO feeding. In the gallbladder, HSO intake exerted a main effect and 

decreased the proportion of TCDCA, MCA, TUDCA, while increased that of TCA. 

(Table 4.8), indicating an extensive alteration in the non- and conjugated primary bile 

acids. Interestingly, the taurine was not affected in the serum (Table 4.12) and was 

increased in the liver (Table 4.13), suggesting the adequate supply of taurine for primary 

bile acid conjugation. In the cecum and feces, the proportion of DCA stood out and 

showed a dramatic increase and was indifferent in HSO and HSO-Si groups, though its 

precursor, CA395, was unaffected by the feedings (Table 4.10 and Table 4.11). DCA is a 
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secondary bile acid, produced via the microbial metabolism of CA396 and has been 

associated with increased cardiac output and blood pressure in rats.397 The increase of 

fecal DCA was considered to have a promoting effect on colorectal tumor398, intestinal 

inflammation399, and intestinal barrier dysfunction.400 Dietary intake significantly 

modulates DCA metabolism. As observed in a human study, the DCA was increased by 

2- to 10-fold after consumption of an animal-based diet rich in meat, dairy, and eggs.401 

High-fat diet and high-protein intake could also increase fecal402 and serum403 DCA, 

respectively. However, due to the lack of response to aldehyde abatement in HSO-Si 

group, the implication of the increased DCA percentage in the cecum and fecal BA pool 

was not further investigated.  

4.5.4 Influence and significance of aldehyde-dependent metabolic effects 

4.5.4.1 Novel urinary biomarker identification 

 Lipidic aldehydes, such as 2,4-decadienal and 4-hydroxynonenal (HNE), are 

reactive compounds with potential toxicity, known to interact with key biological 

molecules including DNA and proteins.45,173,175,404 These aldehydes have shown strong 

inverse correlations with animal growth.102 In the current experiment, two novel urinary 

exposure markers were identified, annotated as 321+ and 319+ ion. Based on the MSMS 

fragmentation pattern and comparison with synthetic lysine-DDE adducts, the structural 

moieties of the two markers were putatively determined (Table 4.16). Given their 

distribution in the GI tract and response to the HSO-Si feeding, it is reasonable to 

presume their origin from microbial-catalyzed acetylation on the 2,4-decadienal-lysine 

adduct.  
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 Lysine, an essential amino acid for growing mice, contains a unique primary 

amine group on the side chain (Nε), which is reactive towards aldehydes via forming 

Schiff-base and Michael-type adducts.45,173,175,404 Both ε and α positions can form 

adducts, with higher activity at the ε end.404 Many reported adducts showed fragments of 

84+ and 130+ from the lysine moiety404, which aligned with the fragmentation pattern of 

the urinary 321+ and 319+ ions in the current study. Additionally, Although both Schiff-

base and Michael-type lysine-DDE adducts can form, the Schiff-base is preferred by 

basic amino acid residues.405 For instance, a typical Nα-acetyl-lysine-DDE Schiff-type 

adduct has a m/z of 323+ (Figure 4.8 A), which was synthesized from coincubating Nα-

acetyl-lysine with DDE. An oxidized form with m/z of 321+ was detected from the same 

incubation experiment (Figure 4.8 B, Table 4.16), containing a pipecolic acid moiety 

and displaying the same fragmentation pattern as the urinary 321+. However, the urinary 

321+ had an earlier retention time, possibly due to the rearrangement of the decadienal 

moiety (Figure 4.8 C).  

 DDE, known for its reactivity with amino acids, can rearrange and form pyridine 

structures.406-408 For example, the formation of 2-pentylpyridine in the reaction between 

DDE and phenylalanine was documented.408 This process is also sensitive to pH, showing 

the highest yield in a neutral environment.409 Additionally, a pyridine-type structure was 

observed in DDE-modified proteins, but was detected as a dimeric DDE adduct.410 

Similarly, a compound containing a butyl pyridine structure was formed from hexenal 

reaction with ammonia.411 These pyridine-type adducts were mostly observed in-vitro, 

such as soybean protein isolates409, or in reactions of authentic standards.408,411 The 

typical pH in the small and large intestines ranges between 6-7.5, which is relatively 
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neutral. Therefore, the formation of a lysine-DDE adduct containing a pyridine structure 

in the GI tract appears feasible. Our in-vitro study also confirmed that the Nα-acetyl-

lysine rearranged to an acetylated pipecolic acid without enzymatic facilitation (Table 

4.16). This finding aligns with studies reporting the presence of 2-pentylpyridines in 

foods, as a result of Maillard reaction between amino acids and oxidized lipids.322 

However, neither the free form of 2-pentylpyridine, nor lysine-DDE adducts (m/z = 279+ 

or 281+) were detected in the aqueous extract of the feed extracts or digesta, warranting 

further study into the interactions of amino acid-aldehyde adducts in the GI lumen. 

 The presence of an acetyl group in the 321+ metabolite raises questions about its 

origin. While aldehydes can interact with amino acids non-enzymatically, acetylation 

typically involves enzymes such as acetyltransferase. Lysine acetylation is a common 

post-translational modification in both pro- and eukaryotes, usually occurring on the ε-

position of protein-bound lysine. However, the gut microbiome can produce Nα-acetyl-

lysine, which antagonizes SCFA production.412 Moreover, the Nα-acetyl-ε-(2-

propenal)lysine (APL) was identified as a urinary marker for malondialdehyde.413 Its 

urinary excretion increased in rats fed oxidized cod liver oil and decreased in those fed 

hydrogenated coconut oil, a highly saturated oil. McGirr et al. suggested that this urinary 

metabolite could result from the pre-existing APL in the MDA-albumin complex, or in-

vivo formation, given the detection of APL in the urine of mice fed only the sodium 

MDA salt.413 However, the detailed pathway leading to APL formation remains to be 

fully characterized.  



186 
 

 Based on the detection sites and the increasing relative abundance from the ileum 

to feces (Table 4.15, Figure 4.6), we propose a potential pathway for the de-novo 

formation of 321+ (Figure 4.9). This cascade initiates with DDE (Figure 4.9 A) 

oxidation, producing an epoxide, 4,5-epoxy-2-decenal (Figure 4.9 B). Such 

transformation was observed in the thermal oxidation of linoleic acid, as an oxidation 

product of 2,4-decadienal414, and the autooxidation of arachidonic acid.415 At the same 

time, free lysine (Figure 4.9 C), becoming available in the stomach as protein hydrolysis 

begins, reacts with the aldehyde group of 4,5-epoxy-2-decenal at the active ε-position, 

yielding a hydroxy-DDE-lysine (Figure 4.9 D). This intermediate is hypothesized to 

undergo further rearrangement, forming a pyridine structure de novo (Figure 4.9 E). 

Eventually, the gut microbiome in the large intestine carries out the α-acetylation of 

lysine and yields the 321+ metabolite (Figure 4.9 F).  

 Considering the similarities in MSMS fragmentation patterns as detailed in Table 

4.4, it is reasonable to presume 319+ as an oxidation product of the 321+ metabolite. This 

hypothesis was additionally supported by the m/z shift of fragments (Table 4.16), 

suggesting the additional oxidation site on the DDE arm. However, in our attempts to 

synthesize the 321+ metabolite, coincubation of N-acetyl-lysines with DDE failed to 

produce ions with m/z of 319+. Alternatively, a potential origin of this compound is the 

decatrienal, produced from oxidized linolenic acid (LNA).416 Soybean oil contains about 

8% linolenic acid320, which provides the viable precursor for decatrienal. However, 

decatrienal is not a dominant species in the aldehyde pool of HSO266, requiring further 

studies to elucidate the origin and formation pathway of 319+.   
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 Previous animal studies revealed that DDE is quickly detoxified in the liver, 

transforming to a carboxylic acid, alcohol, or GSH-conjugate, which are further 

metabolized and excreted as 2,4-decenoic acid and cysteine-conjugated 2,4-decadienol, 

serving as urinary biomarkers for mice gavaged with DDE.417 The difference in urinary 

biomarkers was unlikely attributed to the varying DDE dosages. In our current study, 

mice fed the HSO diet had an average daily feed intake of 2.4g (data not shown), 

equivalent to 39 mg DDE for a 20 g mouse. Mice were also gavaged with 20 mg/mL 

DDE-containing oil, equivalent to 20 mg DDE for a 20g mouse. Pan et al. adopted a 

range of doses of DDE, including 0.5, 1, and 2mg DDE /g body weight.417 The highest 

dose was equivalent to 40 mg DDE for a 20-g mouse, comparable to the dosing of DDE 

in the current aldehyde abatement feeding study. Therefore, the chemical nature and 

potential dose-dependent response of the 321+ and 319+ markers still warrant more 

investigation.  

4.5.4.2 Gut microbial metabolism 

 The gut microbial metabolism showed responses to aldehyde abatement via two 

aspects. The first aspect was the increased secondary to primary BA ratio in HSO groups 

in the cecal digesta and feces (Table 4.10 and 4.11). Interestingly, in the feces, this trend 

was relieved by HSO-Si (Table 4.11), suggesting the potential association with free 

aldehydes in the oils. Given the known association between gut microbial metabolism on 

bile acid and host health418, it will be interesting to investigate the aldehyde-specific 

influence on the gut microbiome. 
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 The second aspect was implicated by observing cecal short-chain fatty acids 

(Figure 4.3). It is intriguing that all four SCFAs were elevated by HSO and then 

ameliorated by HSO-Si (Figure 4.3). Such a trend contrasts with the findings from other 

feeding studies in which animals were fed oxidized oils and experienced decreased 

butyrate99,100,253,254, or indifferent butyrate255, propionate254,255, acetate, and 

valerate99,100,252-255. The potential reasons for the discrepancies were discussed in the 

previous chapter. Meanwhile, the molecular mechanisms of oxidized lipid’s influence on 

the microbiome remain an area to further study.    

4.6 CONCLUSION 

 Overall, the current study adopted a novel approach to remove the free aldehydes 

in the HSO via silica treatment to identify potential aldehyde-dependent events among 

the HSO-elicited metabolic changes. Despite the effective reduction of total aldehyde 

content, the AnV and TBARS values suggested the potential presence of other aldehyde-

containing compounds, such as GCAs. However, more lipidomic analysis would be 

needed to characterize the oxidized lipid species in the HSO comprehensively. Even 

though the growth performances of HSO and HSO-Si groups were comparable to the 

control groups, characterization of the urinary metabolome revealed novel urinary 

metabolites potentially related to the metabolism of 2,4-decadienal and lysine.  To our 

knowledge, the current study is the first to report the detection of a urinary metabolite 

featuring a DDE and acetyl-lysine moiety. Nonetheless, the structure and biosynthesis 

pathway of the identified markers still warrants additional investigation.  
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4.7 TABLES AND FIGURES  

 
Table 4.1 Reagents and chemicals used for sample preparation, LC-MS analysis, quantification, and biochemical assays.  

Chemical/Reagents Vendor 
Acetone (LC-MS grade), Acetonitrile (LC-MS grade, ACN), Ammonium formate, Dichloromethane (GC 
grade), Formic acid (LC-MS grade), Isopropanol (LC-MS grade), Methanol (LC-MS grade), n-Butanol 
(HPLC grade), Sodium chloride (NaCl), Sodium sulfate (anhydrous), Water (LC-MS grade) 

Fisher Scientific (Houston, TX) 

2-Hydrazinoquinoline (HQ), Triphenylphosphine (TPP), p-Anisidine,  Alfa Aesar (Ward Hill, MA) 
Ammonium carbonate ((NH4)2CO3), 2-2´-Dipyridyl disulfide (DPDS), Sodium hydroxide (NaOH), Nε-
acetyl-lysine 

MP Biomedicals, LLC  
(Irvine, CA) 

D4-acetic acid, Amino acid standards, Dansyl chloride (DC), Dimethyl sulfoxide (DMSO), Leucine 
enkephalin, Magnesium chloride (MgCl2), Potassium chloride (KCl), Potassium phosphate monobasic 
(KH2PO4), Reserpine, Sodium bicarbonate (NaHCO3), Sodium carbonate (Na2CO3), 2-Thiobarbituric 
acid, 15N-lysine (lysine-2-15N), Bile acid standards, Glycocholic acid-13C1  

Sigma-Aldrich  
(St. Louis, MO) 

2,4-Dinitrophenylhydrazine (DNPH), N-Hexane Honeywell (Charlotte, NC) 
D5-Tryptophan Cambridge Isotope Laboratories (Tewksbury, 

MA) 
D6-acetone, Trichloroacetic acid, BCA assay kit Thermo Fisher Scientific (Waltham, MA) 
Ethanol (reagent alcohol) Ricca Chemicals (Arlington, TX) 
Ethyl acetate Mallinckrodt Chemicals (Ireland) 
Guanidine hydrochloride, Isooctane TCI (Japan) 
13C-1,2-palmitic acid, d8-lysine (lysine-3,3,4,4,5,5,6,6-D8) CDN Isotopes (Canada) 
Nα-acetyl-lysine Chem-Impex International (Wood Dale, IL) 
Aldehyde standards Bedoukian Research (Danbury, CT) 

 

  

https://www.google.com/search?sca_esv=562779362&rlz=1C1GCEA_enUS1042US1042&sxsrf=AB5stBinf9rwew_kdVOguCidfE6VNtAyWw:1693935882378&q=Waltham&si=ACFMAn86XkhxzOC35jo3k1ec_mUa4PwHgnEtN6tbGWMWaJ9RAhkE35Kp-KcBUxfZPnI-rdHgH4RjjMJBXZXJTdq0LxZ49wVg_D-IDmSLsJdx_jt7J3B62hRApRbaC8Aw8K37AUEifLC3EYdrh1PYyDk1Dy1U0-sULJYhE8J6Kur93qvWg386HqK0p5UEkgS3djmEWscWLjHQ&sa=X&ved=2ahUKEwi-9an0gpSBAxVvmokEHWrJCrcQmxMoAXoECF0QAw
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Table 4.2 LC-MS instrumental settings for data acquisition. 

Target compounds 

LC column 
and 

temperature LC mobile phase 

Lock mass and 
MS detection 

mode 

Capillary 
and cone 
voltage 

Source and 
desolvation 

temperature 

Cone and 
desolvation 

gas flow 

Collision 
gas and 
energy 
ramp 

Amino acids (DC 
derivatization), and 
urine samples (non-
derivatized)  

Waters BEH 
C18, 40 °C 

A: 0.1% formic acid in water  
B: 0.1% formic acid in ACN  

Leucine enkephalin 
([M + H]+ = m/z 
556.2771), Positive 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

Argon, 10-
50 eV 
 

Fatty acids, 
aldehydes (HQ 
derivatization)  

Waters BEH 
C18, 40 °C  

A: 2 mM NH4OAc in water 
with 0.05% acetic acid 
B: 2 mM NH4OAc in 95% 
ACN and 5% H2O with 0.05% 
acetic acid 

Leucine enkephalin 
([M + H]+ = m/z 
556.2771), Positive 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

Argon , 10-
50 eV 

Triglycerides  Waters BEH 
C8, 60 °C 

A: 40% MeOH in water, with 
0.1% formic acid, 10 mM 
ammonium formate 
B: 100% MeOH, with 0.1% 
formic acid, 10 mM 
ammonium formate  

Reserpine ([M + 
H]+ = m/z 
609.2812), Positive 

0.2 kV, 
40 V 

120 °C, 500 °C  
 

40 L/hr, 600 
L/hr (N2) 

Argon , 10-
50 eV 

Bile acids Waters BEH 
C18, 40 °C 

A: 10 mM NH4OAc, pH 9, in 
water  
B: 95% ACN with 5% A 

Leucine enkephalin 
([M - H]- = m/z 
554.2615), 
Negative 

0.2 kV, 
40 V 

120 °C, 350 °C  
 

50 L/hr, 600 
L/hr (N2) 

Argon, 10-
50 eV 
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Table 4.3 Identification of aldehydes in heated soybean oils. 
 

Molecular 
formula Detected ion 

Detected 
molecular 
formula 

Detected 
m/z 

Monoisotopic 
mass of 

detected ion 

Mass 
deviation 
(Δ ppm) 

2-Heptenal C7H12O [M+HQ]+ C16H20N3 254.1663 254.1657 2.36 
2,4-Heptadienal C7H10O [M+HQ] + C16H18N3 252.1506 252.1501 1.98 
2-Octenal C8H14O [M+HQ] + C17H22N3 268.1817 268.1814 1.12 

2,4-Nonadienal C9H14O [M+HQ] + C18H22N3 280.1814 280.1814 0.00 

2,4-Decadienal C10H16O [M+HQ] + C19H24N3 294.1971 294.1970 0.27 
2-Decenal C10H18O [M+HQ] + C19H26N3 296.2123 296.2127 -1.35 
4-HNE C9H16O2 [M+HQ] + C18H24N3O 298.1916 298.1919 -1.13 
2-Undecenal C11H20O [M+HQ] + C20H28N3 310.2284 310.2283 0.25 
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Table 4.4 Identification of triglyceride species from soybean oils.  
 

TG species 
Molecular 
formula 

Detected 
ion 

Detected 
molecular 
formula 

Detected 
m/z 

Monoisotopic 
mass of 

detected ion 

Mass 
deviation 
(Δ ppm) Major fragments 

Io TG(18:2/18:2/18:3) C57H96O6 [M+NH4]+ C57H100NO6
+ 894.7554 894.7551 0.34 595, 597, 599, 877 

IIo Tripentadecanoin* C48H92O6 [M+NH4]+ C48H96NO6
+ 782.7222 782.7238 -2.04 523 

IIIo TG(18:2/18:2/18:2) C57H98O6 [M+NH4]+ C57H102NO6
+ 896.7714 896.7707 0.78 599, 879 

IVo TG(16:0/18:2/18:2) C55H98O6 [M+NH4]+ C55H102NO6
+ 872.7702 872.7707 -0.57 575, 599, 855 

Vo TG(18:1/18:2/18:2) C57H100O6 [M+NH4]+ C57H104NO6
+ 898.7886 898.7863 2.56 599, 601, 881 

VIo TG(16:0/18:1/18:2) C55H100O6 [M+NH4]+ C55H104NO6
+ 874.7859 874.7863 -0.46 575, 577, 601, 857 

VIIo TG(18:1/18:1/18:2) C57H102O6 [M+NH4]+ C57H106NO6
+ 900.8015 900.8020 -0.56 599, 604, 603, 883 

VIIIo TG(16:0/18:1/18:1) C55H102O6 [M+NH4]+ C55H106NO6
+ 876.8015 876.8020 0.57 577, 603, 859 

IXo TG(18:1/18:1/18:1) C57H104O6 [M+NH4]+ C57H108NO6
+ 902.8176 902.8176 0.00 603, 885 

 TG(18:0/18:1/18:3-O) C57H100O7 [M+Na]+ C57H100O7Na+ 919.7314 919.7366 -5.65 319, 321, 599, 621, 637, 
639 

 TG(18:0/18:1/18:2-O) C57H102O7 [M+Na]+ C57H102O7Na+ 921.7417 921.7523 -11.50 319, 321, 601, 623, 639, 
641 

 TG(8:0/18:1/18:2) C47H82O6 [M+NH4]+ C47H86NO6
+ 762.6549 762.6611 -8.13 463, 465, 601, 745 

 TG(8:0/18:2/18:2) C47H84O6 [M+NH4]+ C47H88NO6
+ 760.6395 760.6455 -7.89 463, 599, 621, 743 

*compared with authentic standard 
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Table 4.5 Amino acid profile in the ileum digesta. *Indicates statistical significance (p-value < 0.05 from non-paired two-way 
ANOVA test) 

% (by µg/mL) CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 

Alanine 1.65 ± 0.72 1.70 ± 0.72 1.49 ± 0.42 1.63 ± 0.86 0.75 0.78 0.90 
Arginine 11.64 ± 1.42 12.66 ± 2.24 12.28 ± 1.27 12.63 ± 0.59 0.69 0.37 0.66 
Asparagine 5.14 ± 1.12 4.93 ± 1.55 6.35 ± 1.09 6.25 ± 0.55 * 0.79 0.91 
Aspartic acid 3.13 ± 0.11 3.21 ± 0.94 3.55 ± 0.40 3.49 ± 0.53 0.25 0.98 0.81 
Citrulline 0.12 ± 0.13 0.31 ± 0.43 0.25 ± 0.19 0.10 ± 0.06 0.74 0.84 0.19 
Glutamate 9.93 ± 1.48 10.28 ± 1.06 9.60 ± 1.03 11.35 ± 2.04 0.62 0.18 0.36 
Glutamine 4.81 ± 0.61 5.09 ± 1.42 3.97 ± 1.23 4.16 ± 0.59 0.11 0.65 0.93 
Glycine 3.84 ± 0.16 3.69 ± 0.15 3.98 ± 1.00 3.79 ± 0.19 0.65 0.53 0.93 
Histidine 1.74 ± 0.35 1.66 ± 0.44 1.66 ± 0.29 1.68 ± 0.16 0.84 0.86 0.78 
Iso/Leucine 6.54 ± 0.84 5.68 ± 0.51 5.11 ± 0.73 4.76 ± 0.75 * 0.12 0.49 
Lysine 9.88 ± 1.07 9.33 ± 1.26 11.75 ± 1.85 10.96 ± 0.86 * 0.33 0.85 
Methionine 2.51 ± 0.50 2.72 ± 0.29 2.14 ± 0.50 2.34 ± 0.42 0.11 0.36 0.98 
Ornithine 0.03 ± 0.02 0.13 ± 0.11 0.09 ± 0.07 0.04 ± 0.04 0.63 0.45 0.07 
Phenylalanine 6.63 ± 1.53 5.47 ± 1.68 5.78 ± 1.05 5.21 ± 0.40 0.40 0.20 0.65 
Proline 2.67 ± 0.33 2.10 ± 0.26 2.39 ± 0.23 2.07 ± 0.40 0.35 * 0.46 
Serine 5.19 ± 0.40 5.11 ± 1.36 5.21 ± 1.62 5.33 ± 0.68 0.84 0.98 0.86 
Taurine 6.86 ± 2.75 10.87 ± 2.63 6.91 ± 0.60 7.01 ± 1.28 0.08 0.07 0.08 
Threonine 4.22 ± 0.30 3.45 ± 0.53 4.00 ± 0.48 3.92 ± 0.44 0.60 0.08 0.15 
Tryptophan 1.62 ± 0.79 0.96 ± 0.40 2.49 ± 0.96 1.98 ± 0.76 * 0.15 0.85 
Tyrosine 5.89 ± 3.56 6.05 ± 1.82 5.92 ± 3.59 6.45 ± 0.97 0.87 0.80 0.89 
Valine 5.99 ± 0.51 4.57 ± 0.87 5.11 ± 0.78 4.85 ± 0.83 0.45 * 0.16 
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Table 4.6 Amino acid profile in the cecum digesta. *Indicates statistical significance (p-value < 0.05 from non-paired two-way 
ANOVA test) 

% (by µg/g digesta) CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 

Alanine 6.86 ± 0.95 6.10 ± 0.41 6.05 ± 0.38 6.13 ± 0.49 0.22 0.28 0.19 
Arginine 2.82 ± 0.95 2.69 ± 0.37 5.87 ± 2.62 4.12 ± 2.93 0.08 * * 
Asparagine 2.04 ± 0.78 3.63 ± 0.37 2.00 ± 0.53 3.29 ± 0.97 0.60 * 0.68 
Aspartic acid 1.70 ± 0.28 3.31 ± 0.94 1.19 ± 0.72 1.81 ± 0.93 * * 0.22 
Citrulline 1.22 ± 0.73 2.43 ± 1.08 2.21 ± 0.31 1.56 ± 0.75 0.87 0.48 * 
Glutamate 15.19 ± 3.86 17.75 ± 4.07 12.54 ± 4.40 14.01 ± 5.30 0.18 0.38 0.81 
Glutamine 3.10 ± 2.04 3.09 ± 1.08 2.57 ± 0.68 6.95 ± 2.47 0.97 0.21 0.78 
Glycine 3.93 ± 0.44 3.41 ± 0.18 3.85 ± 1.27 3.13 ± 0.33 0.61 0.10 0.77 
Histidine 0.04 ± 0.06 0.03 ± 0.03 0.04 ± 0.03 0.04 ± 0.02 0.29 0.77 0.59 
Iso/Leucine 13.91 ± 2.61 10.18 ± 2.10 13.75 ± 2.41 11.25 ± 4.48 0.77 0.06 0.69 
Lysine 0.72 ± 0.43 0.61 ± 0.11 0.51 ± 0.19 0.54 ± 0.13 * 0.37 0.44 
Methionine 2.47 ± 1.12 1.56 ± 0.47 1.78 ± 0.95 1.97 ± 1.02 0.77 0.45 0.25 
Ornithine 2.19 ± 0.44 2.44 ± 0.25 2.12 ± 0.22 2.49 ± 0.75 0.79 0.83 0.84 
Phenylalanine 9.58 ± 4.29 7.57 ± 1.54 11.41 ± 2.13 8.68 ± 2.48 0.32 0.12 0.80 
Proline 3.69 ± 0.48 2.73 ± 0.23 2.53 ± 0.32 3.13 ± 0.26 * 0.30 * 
Serine 4.50 ± 0.56 3.25 ± 0.41 4.20 ± 0.40 3.14 ± 1.11 0.56 * 0.78 
Taurine 1.32 ± 2.14 1.52 ± 1.62 2.07 ± 3.02 4.07 ± 4.49 0.30 0.48 0.56 
Threonine 4.37 ± 0.42 4.62 ± 0.16 4.15 ± 0.63 3.76 ± 1.28 0.18 0.87 0.41 
Tryptophan 2.64 ± 1.50 1.83 ± 0.63 3.08 ± 0.76 2.39 ± 1.16 0.37 0.19 0.92 
Tyrosine 6.22 ± 5.52 11.30 ± 1.40 7.07 ± 1.07 8.83 ± 5.50 0.69 0.11 0.42 
Valine 11.48 ± 2.12 9.96 ± 2.12 11.00 ± 1.08 8.71 ± 1.83 0.36 0.06 0.68 
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Table 4.7 Amino acid profile in the feces. *Indicates statistical significance (p-value < 0.05 from non-paired two-way ANOVA test) 

% (by µg/g feces) CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 
Alanine 9.60 ± 0.49 10.60 ± 1.18 9.71 ± 0.21 7.98 ± 2.11 0.05 0.66 * 
Glycine 3.56 ± 0.43 4.57 ± 1.16 4.08 ± 0.16 3.62 ± 0.67 0.48 0.54 * 
Taurine 0.78 ± 0.98 1.34 ± 2.20 0.21 ± 0.12 12.79 ± 9.19 0.10 * * 
Phenylalanine 3.19 ± 0.55 3.16 ± 0.14 3.04 ± 0.10 2.54 ± 0.64 * 0.11 0.11 
Glutamate 23.61 ± 5.21 19.89 ± 4.07 17.39 ± 1.16 13.97 ± 4.53 * 0.11 0.77 
Serine 4.70 ± 0.45 5.18 ± 1.24 6.15 ± 0.12 4.21 ± 0.93 0.48 0.08 * 
Valine 15.18 ± 2.32 13.43 ± 2.88 12.33 ± 0.94 8.16 ± 2.77 * * 0.31 
Threonine 3.96 ± 0.41 3.55 ± 0.56 4.74 ± 0.21 2.88 ± 0.85 0.43 * * 
Leucine/Isoleucine 8.53 ± 1.18 7.70 ± 1.21 7.21 ± 0.60 4.57 ± 1.53 * * 0.10 
Asparagine 1.43 ± 0.64 2.33 ± 1.57 3.42 ± 0.53 3.44 ± 1.48 * 0.21 0.61 
Aspartic acid 4.05 ± 1.34 2.97 ± 0.65 3.27 ± 0.44 1.78 ± 0.65 0.07 * 0.65 
Proline 2.09 ± 0.59 3.28 ± 1.56 1.87 ± 0.21 2.37 ± 0.58 0.19 0.12 0.40 
Citrulline 3.57 ± 1.03 2.97 ± 1.69 2.95 ± 0.76 1.52 ± 0.76 0.10 0.08 0.36 
Tyrosine 2.41 ± 0.51 2.28 ± 1.24 2.61 ± 0.29 2.61 ± 0.83 0.76 0.62 0.82 
Methionine 2.31 ± 0.34 2.77 ± 0.30 2.56 ± 0.26 2.64 ± 0.42 0.89 0.20 0.25 
Arginine 2.71 ± 0.77 3.48 ± 2.32 6.07 ± 0.39 9.61 ± 3.65 * * * 
Lysine 5.47 ± 0.44 8.12 ± 0.62 8.65 ± 0.19 12.57 ± 3.17 * * * 
Histidine 0.29 ± 0.13 0.37 ± 0.11 0.33 ± 0.07 0.33 ± 0.11 0.94 0.36 0.57 
Tryptophan 0.44 ± 0.06 0.42 ± 0.08 0.33 ± 0.03 0.24 ± 0.10 * 0.08 0.18 
Ornithine 0.34 ± 0.09 0.31 ± 0.06 0.32 ± 0.12 0.54 ± 0.30 0.06 0.06 * 
Glutamine 1.80 ± 0.49 1.26 ± 0.84 2.75 ± 0.15 1.62 ± 0.45 * * 0.38 
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Table 4.8 Bile acid profile of gallbladder. *Indicates statistical significance (p-value < 0.05 from non-paired two-way ANOVA test). 
MCA, muricholic acid; TMCA, Tauromuricholic acid; CA, cholic acid; TCA, Taurocholic acid; TDCA,  Taurodeoxycholic acid; 
TCDCA, Taurochenodeoxycholic acid; TUDCA, Tauroursodeoxycholic acid. 

% of total BA (by µg/mL) CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 

CA 0.09 ± 0.03 0.15 ± 0.17 0.08 ± 0.05 0.09 ± 0.04 0.53 0.54 0.58 
TCDCA 3.63 ± 0.59 2.79 ± 0.24 2.00 ± 0.46 1.76 ± 0.20 * 0.38 0.52 
MCA 0.18 ± 0.07 0.18 ± 0.08 0.07 ± 0.03 0.02 ± 0.03 * 0.24 0.12 
TMCA 48.22 ± 2.69 45.12 ± 1.36 47.86 ± 5.22 51.04 ± 1.85 * * 0.19 
TUDCA 8.87 ± 1.63 10.44 ± 0.65 7.28 ± 1.78 8.50 ± 0.47 * 0.43 0.30 
TDCA 4.22 ± 0.28 5.72 ± 2.41 2.05 ± 0.96 1.91 ± 0.91 0.11 0.89 0.10 
TCA 34.78 ± 1.81 35.61 ± 2.30 40.65 ± 3.10 36.67 ± 2.56 * 0.07 0.80 
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Table 4.9 Bile acid profile of ileum digesta. *Indicates statistical significance (p-value < 0.05 from non-paired two-way ANOVA 
test). MCA, muricholic acid; TMCA, Tauromuricholic acid; CA, cholic acid; TCA, Taurocholic acid; UDCA, Ursodeoxycholic acid; 
TDCA,  Taurodeoxycholic acid; TCDCA, Taurochenodeoxycholic acid; GCA, Glycocholic acid.   

% of total BA (by µg/mL) CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 

MCA 1.19 ± 2.28 2.38 ± 4.49 0.37 ± 0.36 1.27 ± 1.97 0.49 0.45 0.91 
TMCA 45.62 ± 6.27 41.54 ± 3.94 44.10 ± 3.87 45.44 ± 3.78 0.61 0.56 0.26 
CA 2.57 ± 4.92 4.64 ± 8.69 1.46 ± 1.53 1.99 ± 2.88 0.49 0.63 0.77 
TCDCA 5.14 ± 1.48 4.24 ± 2.41 1.93 ± 0.49 2.21 ± 1.07 * 0.69 0.45 
GCA 0.29 ± 0.11 0.36 ± 0.07 0.29 ± 0.10 0.16 ± 0.06 * 0.49 * 
TDCA 7.06 ± 2.02 9.87 ± 7.09 4.55 ± 0.63 3.41 ± 2.20 * 0.67 0.33 
TCA 38.05 ± 3.91 36.79 ± 8.48 47.24 ± 1.39 45.41 ± 3.90 * 0.56 0.91 
UDCA 0.08 ± 0.09 0.18 ± 0.32 0.06 ± 0.03 0.10 ± 0.13 0.60 0.43 0.71 
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Table 4.10 Bile acid profile of cecum digesta. *Indicates statistical significance (p-value < 0.05 from non-paired two-way ANOVA 
test) MCA, muricholic acid; TMCA, Tauromuricholic acid; CA, cholic acid; TCA, Taurocholic acid; UDCA, Ursodeoxycholic acid; 
TDCA,  Taurodeoxycholic acid; LCA, lithocholic acid; DCA, deoxycholic acid; GCA, Glycocholic acid.   

% of total BA (by µg/g digesta) CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 

MCA 57.56 ± 30.60 66.11 ± 13.08 37.07 ± 3.80 42.41 ± 8.20 0.84 0.79 0.19 
TMCA 10.26 ± 18.95 1.49 ± 1.60 1.87 ± 2.41 7.70 ± 9.20 0.40 0.37 0.34 
LCA 0.88 ± 0.55 1.21 ± 0.28 0.51 ± 0.21 0.65 ± 0.19 * 0.20 0.60 
CA 4.69 ± 4.90 4.47 ± 5.14 9.22 ± 11.15 6.99 ± 6.35 0.35 0.74 0.79 
DCA 13.17 ± 7.63 19.88 ± 7.93 42.24 ± 10.00 33.19 ± 11.92 * 0.81 0.12 
TDCA 0.87 ± 1.56 0.25 ± 0.29 0.71 ± 0.65 0.65 ± 0.49 0.79 0.46 0.54 
TCA 7.96 ± 15.31 0.51 ± 0.24 0.83 ± 1.08 3.96 ± 5.09 0.66 0.60 0.22 
UDCA 4.60 ± 3.03 6.08 ± 1.23 7.54 ± 1.46 4.46 ± 0.88 0.49 0.40 * 
DCA+LCA+UDCA+MDCA / 
TMCA+TCA+MCA+CA  0.30 ± 0.26 0.37 ± 0.14 1.05 ± 0.38 0.64 ± 0.29 * 0.23 0.10 
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Table 4.11 Bile acid profile of feces. *Indicates statistical significance (p-value < 0.05 from non-paired two-way ANOVA test). 
MCA, muricholic acid; TMCA, Tauromuricholic acid; CA, cholic acid; TCA, Taurocholic acid; UDCA, Ursodeoxycholic acid; 
TDCA,  Taurodeoxycholic acid; TCDCA, Taurochenodeoxycholic acid; LCA, lithocholic acid; DCA, deoxycholic acid; GCA, 
Glycocholic acid.   

% of total BA (by µg/g feces) CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 

MCA 56.99 ± 6.03 56.18 ± 15.87 34.70 ± 2.14 33.80 ± 6.46 * 0.85 0.99 
TMCA 1.08 ± 0.43 5.94 ± 8.56 0.58 ± 0.25 8.08 ± 6.36 0.76 * 0.63 
LCA 5.19 ± 2.05 4.28 ± 1.65 1.76 ± 0.51 0.59 ± 0.28 * 0.15 0.85 
CA 4.56 ± 4.34 7.23 ± 9.37 2.95 ± 1.10 10.95 ± 8.52 0.76 0.14 0.44 
DCA 23.19 ± 1.80 17.46 ± 5.59 46.74 ± 1.75 33.05 ± 11.03 * * 0.23 
TCA 0.78 ± 0.33 3.20 ± 2.89 0.78 ± 0.40 7.75 ± 6.36 0.22 * 0.22 
UDCA 8.22 ± 1.81 5.71 ± 0.38 12.50 ± 1.12 5.77 ± 2.26 * * * 
DCA+LCA+UDCA+MDCA / 
TMCA+TCA+MCA+CA  0.58 ± 0.07 0.38 ± 0.11 1.57 ± 0.17 0.70 ± 0.0.33 * * * 
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Table 4.12 Amino acid profile in the serum. *Indicates statistical significance (p-value < 0.05 from non-paired two-way ANOVA test) 

µM CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 

Alanine 106.88 ± 20.09 102.30 ± 29.17 101.83 ± 40.05 85.68 ± 9.43 0.44 0.46 0.68 
Glycine 93.95 ± 25.01 103.28 ± 19.17 91.30 ± 32.75 86.50 ± 17.97 0.44 0.86 0.57 
Taurine 201.00 ± 36.02 156.83 ± 105.12 235.70 ± 135.89 205.13 ± 24.15 0.37 0.42 0.88 
Phenylalanine 33.50 ± 10.53 24.03 ± 5.02 29.18 ± 5.98 20.83 ± 3.36 0.29 * 0.87 
Glutamate 14.63 ± 5.24 16.78 ± 3.78 20.68 ± 18.85 14.03 ± 1.19 0.75 0.66 0.40 
Serine 64.40 ± 8.40 61.25 ± 15.98 64.23 ± 26.56 58.33 ± 7.36 0.85 0.59 0.87 
Valine 108.03 ± 21.05 79.73 ± 25.83 96.98 ± 39.76 73.68 ± 8.60 0.53 0.07 0.85 
 Threonine 81.43 ± 26.50 75.50 ± 33.55 88.10 ± 42.41 80.58 ± 8.01 0.71 0.67 0.96 
Iso/Leucine 34.25 ± 5.03 27.40 ± 5.87 37.88 ± 12.94 24.13 ± 4.50 0.97 * 0.40 
Asparagine 25.35 ± 10.46 14.95 ± 10.99 19.30 ± 8.48 15.93 ± 4.38 0.58 0.15 0.45 
Aspartic acid 3.25 ± 0.95 3.78 ± 1.26 4.80 ± 4.11 3.28 ± 0.43 0.64 0.66 0.37 
Proline 75.73 ± 30.57 52.50 ± 36.54 76.50 ± 46.96 45.38 ± 10.80 0.85 0.13 0.82 
Citrulline 11.08 ± 1.76 10.93 ± 3.55 11.18 ± 4.86 10.33 ± 1.93 0.88 0.77 0.83 
Tyrosine 28.73 ± 14.18 18.40 ± 9.25 23.08 ± 7.54 16.20 ± 3.88 0.42 0.09 0.72 
Methionine 20.68 ± 6.14 15.13 ± 7.04 22.93 ± 11.91 16.63 ± 1.71 0.63 0.15 0.92 
Glutamine 246.53 ± 66.98 224.65 ± 35.86 178.73 ± 78.98 181.28 ± 19.27 0.07 0.73 0.67 
Arginine 21.50 ± 3.17 21.93 ± 2.04 19.38 ± 9.21 16.90 ± 3.06 0.19 0.70 0.59 
Lysine 95.68 ± 25.40 98.08 ± 36.00 74.30 ± 40.11 47.60 ± 26.53 * 0.47 0.39 
Tryptophan 32.90 ± 7.51 31.48 ± 8.53 22.30 ± 3.53 21.33 ± 6.13 * 0.73 0.95 
Histidine 28.00 ± 6.94 19.85 ± 5.37 20.73 ± 8.61 19.28 ± 1.69 0.23 0.15 0.30 
Ornithine 9.95 ± 1.01 5.05 ± 2.48 4.78 ± 5.02 5.83 ± 4.54 0.25 0.31 0.13 
Total 887.45 ± 151.93 760.58 ± 223.93 765.15 ± 324.22 636.63 ± 44.58 0.27 0.25 0.99 
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Table 4.13 Amino acid profile in the liver. *Indicates statistical significance (p-value < 0.05 from non-paired two-way ANOVA test) 

µg/g liver CSO CSO-Si HSO HSO-Si Heat Silica Heat:Silica 
Alanine 161.74 ± 32.30 173.57 ± 18.45 169.42 ± 12.73 179.21 ± 21.97 0.57 0.36 0.93 
Asparagine 54.79 ± 18.17 42.73 ± 11.66 47.55 ± 10.18 45.46 ± 15.52 0.76 0.34 0.50 
Aspartic acid 31.37 ± 19.26 30.71 ± 3.66 20.45 ± 1.78 27.17 ± 3.49 0.17 0.56 0.47 
Glutamate 184.19 ± 111.93 205.10 ± 35.87 126.22 ± 34.69 192.90 ± 58.12 0.32 0.22 0.51 
Glutamine 284.45 ± 92.73 381.70 ± 76.67 412.52 ± 75.95 424.13 ± 75.97 0.06 0.20 0.31 
Glycine 138.29 ± 20.71 146.13 ± 6.98 121.17 ± 9.53 131.22 ± 21.68 0.07 0.29 0.89 
Histidine 63.79 ± 7.72 68.83 ± 4.36 77.45 ± 6.19 81.20 ± 9.76 * 0.25 0.86 
Iso/Leucine 56.39 ± 14.75 54.33 ± 8.53 57.66 ± 4.06 65.28 ± 12.71 0.28 0.62 0.39 
Lysine 149.98 ± 31.91 126.08 ± 21.81 117.13 ± 17.75 119.05 ± 27.08 0.14 0.40 0.33 
Methionine 24.97 ± 8.76 23.61 ± 4.27 20.89 ± 4.22 26.93 ± 7.90 0.91 0.49 0.29 
Ornithine 64.01 ± 23.91 49.53 ± 7.60 49.61 ± 12.98 42.40 ± 28.14 0.30 0.30 0.72 
Phenylalanine 49.71 ± 12.30 48.66 ± 6.36 47.10 ± 5.68 55.49 ± 7.25 0.62 0.39 0.28 
Proline 53.57 ± 15.45 47.55 ± 10.82 46.15 ± 12.31 50.07 ± 16.86 0.73 0.88 0.49 
Serine 67.83 ± 14.97 73.51 ± 12.53 60.61 ± 7.43 82.02 ± 17.97 0.93 0.07 0.28 
Taurine 1,663.29 ± 115.83 1,502.95 ± 134.24 1,708.53 ± 84.66 1,753.60 ± 144.85 * 0.36 0.12 
Threonine 57.44 ± 9.95 60.21 ± 8.77 52.97 ± 4.93 67.22 ± 16.92 0.82 0.15 0.32 
Tryptophan 7.57 ± 1.40 7.88 ± 1.95 8.07 ± 0.92 10.55 ± 2.17 0.08 0.12 0.22 
Tyrosine 65.78 ± 20.63 56.47 ± 10.87 49.19 ± 5.17 66.50 ± 15.14 0.65 0.58 0.08 
Valine 66.65 ± 17.09 63.02 ± 10.24 63.64 ± 5.22 70.68 ± 15.67 0.73 0.80 0.43 
Total 3,245.79 ± 336.60 3,162.59 ± 166.84 3,256.32 ± 103.37 3,491.09 ± 293.91 0.19 0.55 0.22 
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Table 4.14 Detection of HSO-responsive urinary metabolites (n=4 in each group). The putative identities and molecular formulas of 
these markers were elucidated via tandem MS/MS, isotope modeling, and elemental composition analysis.  *Identity confirmed by 
comparison with authentic standards. (DDE, 2,4-decadienal; Y = detected; ND = not detected) 

Metabolite RT (min) 
Molecular 
formula 

Adduct 
form of 
detected 

ion 

Molecular 
formula of 

detected ion 

Accurate 
m/z of 

detected 
ion 

M/Z of major 
fragments 

Presence in 
DDE 

gavaged 
mice urine 

Hydroxypentenoic acid 3.47 C5H8O3 [M+HQ]
+
 C14H16N3O2

+
 258.1232  Y 

Hydroxyoctenoic acid 4.95 C8H14O3 [M+HQ]
+
 C17H22N3O2

+
 300.17  Y 

Suberic acid* 4.5 C8H14O4 [M+HQ]
+
 C17H22N3O3

+
 316.1661  Y 

Azelaic acid* 4.95 C9H16O4 [M+HQ]
+
 C18H24N3O3

+
 330.1818  Y 

iU 4.84 C8H14O2 [M+HQ]
+
 C17H22N3O

+
 284.1763 266, 144, 125 ND 

iiU 5.68 C9H16O2 [M+HQ]
+
 C18H24N3O

+
 298.1919 280, 144, 130, 128 ND 

iiiU 4.93 C12H18O5 [M+HQ]
+
 C21H26N3O4

+
 384.1923 366, 348, 144, 126 ND 

ivU 6.07 C13H22O4 [M+HQ]
+
 C22H30N3O3

+
 384.2287 366, 348, 226, 144, 128 ND 

vU 5.35 C14H22O4 [M+HQ]
+
 C23H30N3O3

+
 396.2287 378, 360, 234, 144, 128 ND 

Glycine conjugates of 
hydroxydecenoic acid 

3.92, 4.0, 
4.18 

C12H22NO3 [M+H]
+
 C12H22NO4

+
 244.155  Y 
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Table 4.15 Detection of selected urinary markers in the digesta and organ extract of mice (n=4 in each group). N.D. = not detected in 
all group samples. Y = detected with the highest abundance in HSO group samples. 

 
RT Detected M/Z Ion adduct Feed extract Ileum Cecum Feces 

Liver 
extract 

Kidney 
extract Urine 

IU 3.5003 321.2186 [M+H]
+
 N.D. Y Y Y N.D. N.D. Y 

IIU 2.9176 319.2026 [M+H]
+
 N.D. Y Y Y N.D. N.D. Y 

IIIU 3.2483 308.1543 [M+H]
+
 N.D. N.D. N.D. N.D. N.D. N.D. Y 

IVU 3.9951 337.2134 [M+H]
+
 N.D. N.D. N.D. N.D. N.D. N.D. Y 
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Table 4.16  LC-MS/MS analysis of 321+ and 319+ ions in the urine. Parent and major fragment ions obtained from co-incubation of 
lysine, d8-lysine,15N-lysine, Nα-acetyl-lysine respectively with 2,4-decadienal are listed with their putative molecular formulas. *d8-
Lysine substituted lysine for coincubation with 2,4-decadienal. #15N-Lysine substituted lysine for coincubation with 2,4-decadienal. 
##Nα-acetyl-lysine substituted lysine for coincubation with 2,4-decadienal. **Nε-acetyl-lysine substituted lysine for coincubation with 
2,4-decadienal. 

  
321

+ 319
+ 

Nα-acetyl-
lysine

##
 

Nε-acetyl-
lysine** 

Lysine + 2,4-
Decadienal 

d8-
Lysine* 

15
N-

Lysine
# 

Lysine + 2,4-
Decadienal 

d8-
Lysine* 

15
N-

Lysine
# 

  Ions Putative  
formula Ions Putative  

formula Ions Ions Ions Putative  
formula Ions Ions Ions Putative  

formula Ions Ions 

Parent ions 321
+ C18H29N2O3

+ 319
+ C18H27N2O3

+ 321
+
 321

+
 281

+ C16H29N2O2
+ 289

+ 282
+ 279

+ C16H27N2O2
+ 287

+ 280
+ 

Major 
fragment 

ions 

279
+ C16H27N2O2

+ 277
+ C16H25N2O2

+ 279+          

150
+ C10H16N

+ 148
+ C10H14N

+ 150
+
 150

+
 152

+ C10H18N
+ 152

+ 152
+ 150

+ C10H16N
+ 150

+ 150
+ 

130
+ C6H12NO2

+ 130
+ C6H12NO2

+ 130
+
          

84
+ C5H10N

+ 84
+ C5H10N

+ 84
+
 84

+
 84

+ C5H10N
+ 92

+ 85
+ 84

+ C5H10N
+ 92

+ 85
+ 
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Figure 4.1 Oxidative status of the oils and feeds. A) TBARS of four oils; B) p-Anisidine 

value of four oils; C) Aldehyde concentrations in oils; D) Aldehyde concentrations in the 

feed extracts (n = 4 in for each oil; Two-way ANOVA tests were conducted, followed by 

Fisher’s LSD tests for examining the difference of CSO vs HSO, and oils with and 

without silica treatment; ****p<0.0001).  Evaluation of the lipid profile of the oils used 
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for mice feeding. E) The scores plot of a PCA model on CSO, CSO-Si, HSO, and HSO-

Si. Data obtained from the HQ derivatization and LC-MS/MS analysis of the oils. F) The 

loadings plot of the PCA model in E). Markers contributing to the separation of heated 

oils from the non-heated oils along the direction of PC1 (x-axis) were identified and 

listed in Table 4.4 
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Figure 4.2 Lipidomic analysis of the four oils used in mouse feeding. A) The overlayed 

BPI chromatographs of oils for retention time 6-8min, normalized by the largest peak as 

100%. The main peaks corresponds to TG species as determined by tandem MS/MS 

analysis: Io) TG(18:2/18:2/18:3), IIo) Internal standard, tripentadecanoin, TG(15:0), IIIo) 

TG(18:2/18:2/18:2), IVo) TG(16:0/18:2/18:2), Vo) TG(18:1/18:2/18:2), VIo) 

TG(16:0/18:1/18:2), VIIo) TG(18:1/18:1/18:2), VIIIo) TG(16:0/18:1/18:1), IXo) 

TG(18:1/18:1/18:1). B) The scores plot of a PCA model on CSO, CSO-Si, HSO, and 
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HSO-Si oils. Data obtained from the LC-MS based lipidomic analysis of the oils. C) The 

S-plot of an OPLS-DA model of non-heated and heated oils. Markers uniquely enriched 

in HSO, and decreased in CSO, were identified, and listed. D-G) Relative abundance of 

markers uniquely enriched in HSO identified in C). n = 3 in each diet group. Two-way 

ANOVA tests were conducted, followed by Fisher’s LSD tests for examining the 

difference of non-heated and heated oils, and with and without silica treatment. (*p<0.05, 

**p<0.01, ***p<0.001, ****p<0.0001). The identification of triglyceride species are 

listed in Table 4.3. 
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Figure 4.3 Cecum short-chain fatty acids of mice after 28-day feeding. Concentrations of 

A) acetic acid, B) propionic acid, C) butyric acid, D) valeric acid. (n = 4 in each diet 

group; Two-way ANOVA tests were conducted, followed by Fisher’s LSD tests for 

examining the difference of CSO vs HSO, and oils with and without silica treatment; 

*p<0.05, **p<0.01, ***p<0.001, ****p<0.000). 
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Figure 4.4 Growth performance and metabolites associated with amino acid metabolism in liver and serum. A) Average daily gain 

(ADG). B) Liver weight: body weight ratio (LW:BW). C) Liver glutathione (GSH) concentration. D) Liver oxidized glutathione 

(GSSG) concentration. E) GSH/GSSG ratio in liver. F) Amino acid profile of serum, shown as percentage of total amino acid pool. G) 

Concentration of tryptophan in serum. G) Concentration of lysine in serum. (n = 4 in each diet group. Two-way ANOVA tests were 

conducted, followed by Fisher’s LSD tests examining the difference of CSO vs HSO, and oils with and without silica treatment. 

*p<0.05, **p<0.01, ***p<0.001, ****p<0.0001)
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Figure 4.5 Identification of HSO-responsive urinary markers. A) PCA model of the urine 

from mice fed four diets for 28 days with overview of the scores plot with PC1 and PC3. 

Data acquired from the LC-MS analysis via BEH C18 column and with HQ 
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derivatization in positive ionization modes. B) S-plot of an OPLS-DA model constructed 

based on the PCA model in A), maximizing the differences related to the main effect of 

HSO. Four HSO-responsive markers consistent with the previous report were identified. 

The relative abundance of C) hydroxypentenoic acid, D) hydroxyoctenoic acid, E) 

suberic acid, and F) azelaic acid.  G-K) The relative abundance of HSO-responsive 

markers (iU – vU) that were nearly absent in CSO and CSO-Si. L) Relative abundance of 

glycine conjugates of hydroxydecenoic acids. (n = 4 in each diet group. Two-way 

ANOVA tests were conducted, followed by Fisher’s LSD tests for examining the 

difference of CSO vs HSO, and oils with and without silica treatment. *p<0.05, 

**p<0.01, ***p<0.001, ****p<0.0001). 
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Figure 4.6 Identification of urinary marker associated with HSO intake and were 

responsive to HSO-Si feeding. A) Scores plot of a PLS-DA model constructed on the 

urine from mice fed four diets for 28 days. Data acquired from LC-MS analysis via BEH 

C18 column in positive and negative mode. B) Loadings plot of the PLS-DA model. 

Markers IU-VU were selected and showed good correlation to HSO exposure. C-F) The 

relative abundance of the selected markers in the mice urine. G-I) The relative abundance 

of the 321+ ion in ileum digesta, cecum digesta, and feces (n = 4 in each diet group. Two-

way ANOVA tests were conducted, followed by Fisher’s LSD tests examining the 
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difference of CSO vs HSO, and oils with and without silica treatment. *p<0.05, 

**p<0.01, ***p<0.001, ****p<0.0001). 
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Figure 4.7 Summary of free aldehyde and other LOPs in the HSO induced metabolic changes in mice. *indicates free-aldehyde-

dependent pathway and metabolites, which were changed by HSO consumption and was responsive to HSO-Si feeding. ALD, 

aldehyde; LOP, lipid oxidation products; SI, small intestine; LI, large intestine; Lys, lysine; Gln, glutamine; Tau, taurine; Trp, 

tryptophan;  SCFA, short-chain fatty acids.; DDE, 2,4-decadienal.; GSH, glutathione;  LW:BW, liver weight to body weight;  ADG, 

average daily growth; ADFI, average daily feed intake; G:F daily weight gain to feed intake ratio; TCA, taurocholic acid; UDCA, 
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ursodeoxycholic acid; TDCA,  taurodeoxycholic acid; TCDCA, taurochenodeoxycholic acid; TUDCA, tauroursodeoxycholic acid;  

DCA, deoxycholic acid; LCA, lithocholic acid. 
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Figure 4.8 Putative structure, fragmentation pattern, and the MS/MS spectra of synthetic 

and urinary markers. A) A proposed structure of 323+, a Schiff-type adduct between DDE 

and Nα -acetyl-lysine. B) Proposed structure of synthetic 321+, obtained from the 

reaction between Nα- or Nε-acetyl-lysine coincubation with DDE. C) A proposed 

structure of urinary 321+, containing a pyridine structure. The IUPAC nomenclature is 1-

acetyl-2-carboxy-6-(6-pentylpyridin-1(2H)-yl)piperidin-1-ium.  DDE, 2,4-decadienal.  
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Figure 4.9 Proposed scheme of the formation of 321+ marker in the GI lumen. A) 2,4-

decadienal. B) 4,5-epoxy-2-decenal. C) Lysine. D) Hydroxy-DDE-lysine. E) DDE-

Lysine adduct, rearranged. F) Urinary 321+ metabolite, acetylated DDE-lysine adduct, 

with the IUPAC nomenclature 1-acetyl-2-carboxy-6-(6-pentylpyridin-1(2H)-yl)piperidin-

1-ium.    
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APPENDIX 

Appendix Figure A1 Scheme of reaction between a functionalized silica (Si-Piperazine) 
with an aldehyde.  
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