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Abstract 

Mutation in genes encoding for U2AF1, SRSF2, and SF3B1 are commonly mutated in 

myelodysplastic syndromes (MDS) and other hematological malignancies, highlighting 

a unique genetic vulnerability for targeted therapies. Recent studies showed that 

perturbing RNA splicing by pharmacological modulators selectively sensitizes RNA 

splicing mutant cancers in vitro and in vivo models. However, the use of 

pharmacological modulators in clinical trials did not show improved efficacy in patients 

carrying RNA splicing factor mutations, pointing to a need for drug combination 

strategies. We previously reported that RNA splicing perturbation caused by 

pharmacological splicing modulators trigger aberrant accumulation of R-loops, a three-

stranded nucleic acid structure consisting of an RNA:DNA hybrid and a displaced 

single-stranded DNA and depend on R-loop response signaling for survival. Based on 

these findings, we hypothesize that targeting different R-loop response pathways 

enhances cancer cell killing when combined with RNA splicing modulators. Here, we 

identified that RNA splicing modulator, pladienolide B (Plad-B) elicited a poly ADP-

ribosylation (PARP) response in an R-loop dependent manner. PARP inhibitor, olaparib, 

induced more DNA damage in cells treated Plad-B, suggesting a new therapeutic drug 

combination that may enhance cell death. Surprisingly, we found that the PARP 

response in Plad-B treated cells requires both PARP1 and PARP2 function. This is in 

stark contrast to their known functions in DNA repair where PARP1 plays the dominant 

role. Taken together, we propose a two-step model where PARP1 initiates and PARP2 

amplifies the ADP-ribosylation signaling to prevent R-loop-associated genomic 

instability. Importantly, our results highlight a new R-loop regulatory signaling mediated 

by PARP1/2 and a potential of repurposing FDA-approved PARP inhibitors to treat 

MDS patients harboring splicing factor mutations either as a monotherapy or in 

combination with RNA splicing modulators.  
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Introduction 

Myelodysplastic syndrome (MDS) is a heterogeneous, malignant bone marrow failure 

that occur when hematopoietic stem cells (HSC) cannot differentiate and start to 

dominate in the bone marrow1. In MDS, abnormal malignant HSCs gain a growth 

advantage over normal HSCs, and the resulting daughter cells overwhelm the bone 

marrow, so that, unlike other hematopoietic malignancies, clonal cells retain the ability 

to mature2. Malignant cells also slow the tissue’s ability to create healthy 

hematopoietic stem cells when they spread through the marrow3. As a result, patients 

have fewer viable blood cells in circulation. MDS is diagnosed primarily in elderly white 

people and has slightly higher frequency in men than women4,5. Approximately 30% 

of high-risked MDS patients progresses to develop secondary acute myeloid leukemia 

(sAML), which is a severe and rapidly progressing type of blood cancer6,7. There are 

two existing standard treatment options: hypomethylating agents (HMAs) and 

allogeneic hematopoietic cell transplantation (HCT)8. HMAs (azacitidine, intravenous 

decitabine, and oral decitabine) are the standard of care for MDS patients. They have 

been shown as effective in lower-risk and higher-risk MDS, suggesting a role of early 

intervention using these agents9. However, 50% of patients relapse within 2 years and 

are associated with poor prognosis and limited therapeutic options10. HCT can be 

effective in curing patients who have failed therapy with HMA11. However, the 

complexity of the disease hinders patients from becoming eligible for transplantation 

procedure. First, finding matched bone marrow donors for HCT is very challenging. 

Second, patients are prone to infections due to low defective hematopoiesis or 

develop co-morbidities during the pre-transplantation process. Third, the disease 

might progress to a high-proliferative stage where HCT is either no longer a suitable 

treatment option or may yield low success rate. Moreover, increasing age comes with 

an increasing prevalence of comorbid conditions and poorer tolerance to high 

intensity therapy before HCT, which may lower successful HCTs12,13. Taken together, 

there remains a high unmet need for new targeted therapeutic strategies for MDS 
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patients.  

Somatic heterozygous mutations in the spliceosome genes, U2AF1, SRSF2, SB3F1, 

and ZRSR2, commonly occur in over 50% patients with hematologic malignancies 

including MDS and sAML, and are mostly mutually exclusive14,15. Although the 

mechanisms by which splicing factor mutations contribute to the pathogenesis of MDS 

remain unclear, the occurrence of these mutations early in disease development 

suggests that these may be driver mutations16, and these mutations are enriched 

across a spectrum of clonal myeloid disorders including MDS and sAML17. Bone 

marrow cells from patients or from genetically-engineered mouse models harboring 

missense mutations at specific amino acids in MDS-associated U2AF1, SRSF2, 

SF3B1 mutations have been shown RNA splicing perturbation. In contrast, ZRSR2 

has nonsense or frameshift mutations in the coding region, and these alterations are 

expected to result in loss of function. Expression of MDS-associated spliceosome 

mutations in cell lines also altered RNA splicing17–20. Therefore, these studies suggest 

that cells expressing spliceosome mutations alter RNA splicing, which may have an 

important contribution to MDS pathophysiology.  

RNA splicing removes introns within newly made precursor messenger RNA (pre-

mRNA) transcripts to generate mature messenger RNAs (mRNA). RNA splicing 

process involves several steps that are catalyzed by the spliceosome, a complex of 

small nuclear ribonucleoproteins (snRNPs): U1, U2, U4, U5 and U6, and their 

associated proteins21. Introns have 5′ and 3′ splice site (SS) and a branch point 

sequence (BS). These are characterized by consensus nucleotide sequences, which 

are recognized by the RNA part of the snRNPs. First, RNA splicing is initiated by the 

binding of U1 snRNP (U1) to the 5′ SS. U2 snRNP binds to the BS. Subsequently, U1 

is replaced by a complex of U4-U5-U6 snRNPs. With the participation of U5, the 3′ 

SS of the intron is brought into proximity, cut, and joined to the 5′ SS. After U4 snRNP 

is released, U6 and U2 can bind, producing a lariat. Then, the resulting lariat is 

released with U2, U5 and U6 bound to it, and the exons are joined. This process is 
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repeated until all introns in the pre-mRNA of a gene are removed22,23. However, 

somatic mutations in SF3B1, SRSF2, and U2AF1 affecting splicing regulatory 

sequences can alter pre-mRNA splicing, leading to alternative selection of exon 

inclusion, exon skipping, intron retention, and 5′ or 3′ splice sites24. Many aberrantly 

spliced transcripts have been associated with spliceosome mutations to date, but only 

a few events are functionally associated with disease phenotypes25. This raises the 

possibility that splicing-independent mechanisms may contribute to MDS disease and 

may represent novel modalities for targeted therapies. 

We and others previously showed that RNA splicing perturbation by either 

pharmacological modulators or expression of spliceosome mutants, such as 

U2AF1S34F, increased the aberrant accumulation of R-loops26,27. R-loop is a 

transcription intermediate resulting from a RNA:DNA hybrid and a displaced strand of 

single-strand DNA (ssDNA)26. Importantly, R-loop accumulation is independent of 

misplicing events in splicing mutant cells. R-loops have physiology functions. For 

example, R-loop is responsible for class switch recombination for immunoglobulins28. 

R-loop formation correlated with GC skew at promoter protects the region from the 

primary de novo DNA methyltransferase in early development29, and promotes a 

chromatin architecture that defines the termination region for a substantial subset of 

mammalian genes30. However, the aberrant accumulation and/or distribution of R-

loop are also associated with genomic instability. The collisions between R-loops and 

DNA replication forks can generate DNA double-strand breaks (DSBs), which 

ultimately drive cells to apoptosis if not properly repaired31. Therefore, inhibition of R-

loop regulators in cancers with the aberrant R-loop accumulation could lead to more 

DNA damage accumulation and cell death, representing a potential therapeutic 

treatment for MDS. There are several mechanisms to downregulate R loop in cells. 

For example, DNA topoisomerase I (TOP1) suppresses the formation of R-loop 

through SUMOylation removing the negative supercoils behind RNA polymerases32. 

R-loops could be unwound by RNA:DNA helicases, such as Senataxin (SETX) and 



4 

 

Aquarius (AQR), when they are formed33,34. Additionally, replication proteins A (RPA), 

a ssDNA-binding heterotrimeric complex, senses and coats ssDNA which recruits 

RNase H1 to remove the RNA moiety within RNA:DNA hybrids to resolve R-

loops31,35,36. Overexpression of RNase H1 is sufficient to reduce R-loops and R-loop-

associated genomic instability26. RPA at R-loops also elicits ATR, but not ATM, kinase 

signaling pathway to respond to aberrant R-loops or genomic instability they induce27. 

Cells expressing spliceosome mutations accumulate R-loops and activate R-loop 

associated ATR kinase for survival37. Using specific ATR inhibitors, ATR inhibition 

induces more DNA damage in leukemia cells expressing mutant splicing factors, 

selectively kills cells expressing splicing factor mutations. Therefore, targeting R-loop-

associated ATR kinase represents a potential targeted therapy for MDS/AML patients 

harboring splicing factor mutations. Taken together, these studies highlight that 

targeting distinct R-loop response pathways beyond ATR provides a new therapeutic 

opportunity in cancers that harbor SF mutations such as MDS and sAML.  

Our unpublished work showed that spliceosome mutant leukemias are preferentially 

sensitive to inhibitors targeting Poly (ADP-Ribose) Polymerase 1/2 (PARP1/2), such 

as olaparib, veliparib, talazoparib, niraparib, and rucaparib (Liu and Sinha, et. al., 

manuscript in prepration). PARP1 is a member of Poly (ADP-Ribose) Polymerases 

(PARPs; also known as ADP-ribosyl transferases) family, which catalyze Mono/Poly-

ADP-ribosylation (MAR/PAR). ADP-ribosylation involves the transfer of ADP-ribose 

residues onto target substrates, in response to DNA damage38,39. Among 17 PARP 

family member, PARP1 is a founding member of this family which conducts more than 

90% of total PARylation activity at least in response to DNA damage. PARP2, 

functions as a backup PARP enzyme in the absence of PARP1 and generates less 

than 10% of total PARylation in response to DNA damage40. Therefore, inhibition of 

PARP1 is an attractive strategy for the treatment of cancers.  

Based on our observation that splicing mutant leukemias induced R-loops and trigger 

PARP1 response, we asked whether the R-loop-associated PARP1/2 response is a 
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unifying mechanism caused by general RNA splicing perturbation. In my thesis project, 

I utilized mRNA splicing modulators such as pladienolide B (Plad-B) and MS023 to 

evaluate R-loop and ADP-ribosylation status. Plad-B is a naturally occurring macrolide 

that target the splicing factor SF3b1 complex to induce RNA splicing alterations41–43. 

Additionally, MS023, another mRNA splicing modulator, is a Type I protein arginine 

methyltransferase (PRMT) inhibitor. The PRMT family members methylate multiple 

components of the splicing machinery to ensure its functionality. Inhibition of type I 

PRMTs suppresses symmetric or asymmetric dimethylation of arginine reduces 

splicing fidelity44–46. Thus, inhibiting type I PRMTs may simultaneously affect RNA 

splicing activity and R-loop accumulation. We identified that RNA splicing modulator, 

Plad-B elicited ADP-ribosylation response in an R-loop dependent manner. PARP 

inhibitor, olaparib, induced more DNA damage in cells treated Plad-B, suggesting a 

new drug combination that may enhance cancer cell killing. Surprisingly, we found 

that both PARP1 and PARP2 enzymes are important for PARP response in Plad-B 

treated cells, which is in contrast to their known functions in DNA repair where PARP1 

plays the major role. PARP1 loss completely abrogated all ADP-ribosylation induced 

by hydrogen peroxide and Plad-B or MS023. Interestinlgly, while loss of PARP2, but 

not PARP1, showed no defect in hydrogen peroxide-induced ADP-ribosylation, loss 

of PARP2 drastically reduced ADP-ribosylation induced by either Plad-B or MS023. 

These results suggest that both PARP1 and PARP2 play an important role in 

suppressing R-loop-associated genomic instability in mRNA splicing modulators 

treated cells. Taken together, our study established a link between R-loop induced 

PARP1/2 activation and RNA splicing perturbation. We propose a two-step model 

where PARP1 initiates and PARP2 amplifies the ADP-ribosylation signaling cascade 

in response to R-loop accumulation. Importantly, our results also highlight a potential 

of repurposing FDA-approved PARP inhibitors to treat MDS patients harboring 

splicing factor mutations either as a monotherapy or in combination with RNA splicing 

modulators.  
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Methods 

Cell culture. HeLa and HEK293T cells were cultured in Dulbecco’s modified Eagle’s 

medium (DMEM) supplemented with 10% Fetal Bovine Serum (FBS), 4 mM L-

glutamine, and 1% penicillin/streptomycin. To generate HeLa cells expressing GFP-

tagged doxycycline-inducible RNase H1, HeLa cells were infected by Lentivirus 

containing RNaseH1-GFP and were selected by neomycin. 200ng/ml doxycycline for 

24h was used to induce expression of RNaseH1-GFP. HeLa cells expressing GFP-

tagged doxycycline-inducible RNase H1 were cultured in DMEM medium 

supplemented with G418 (600 μg/ml). For the generation of stable PARP1KO or 

PARP2KO cell lines, HeLa cells were transfected with 2 ug of PX459-sgPARP1-1 

plasmid or PX459-sgPARP2-1 plasmid using Lipofectamine 3000 Transfection 

Reagent (ThermoFisher Scientific) following manufacturer’s instructions for 24 hours. 

Gibco™ Puromycin Dihydrochloride purchased from Fisher Scientific was used for 

the selection after 24h transfection. After 2 days, the transfected cells were validated 

for loss of PARP1 or PARP2 protein expression and Plad-B induced PARylation using 

western blotting. For PARP1 rescue, PARP1KO cells were transfected with 2 ug of 

pCMV-PARP1-3xFlag-WT, pCMV-PARP1-3xFlag-7xKQ, or pCMV-PARP1-3xFlag-

E988K plasmid using Lipofectamine 3000 Transfection Reagent. After 24h 

transfection, the transfected cells were treated with 24H Plad-B and then were 

analyzed by assessment of MAR/PAR and PARP1 levels by immunoblot. The HeLa 

cell line was used as a wild-type control.  

Generation of PARP1 mutant plasmids. To generate PARP1 mutations from pCMV-

PARP1-3xFlag-WT, two oligonucleotide primers were designed for cloning reaction 

via PCR (Table 1). The PCR products were generated by using Phusion High-Fidelity 

DNA Polymerase and verified by agarose gel electrophoresis that our target fragment 

was amplified. The target fragment was collected from agarose gel for purification 

using Gel/PCR DNA Fragments Extraction Kit. By using the In-Fusion HD Clong Kit, 

the purified fragments were fused together and transformed into DH5α Competent 
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Cells (18265017, Invitrogen). All mutations were validated by Sanger sequencing.  

 

Table 1. Primer sequences used for mutagenesis  

Mutagenesis Forward primer Reverse primer 

pCMV-PARP1-3xFlag-ZnF 

 

5’-

ATTCCCCtaAAGTACATTG

TCTATGATATTGCTCAGG-

3’ 

5’-

TGTACTTtaGGGGAATATAC

GGTCCTGTTTTTTAAC-3’ 

pCMV-PARP1-3xFlag-

ΔBRCT 

 

5’-

GAGAATGAAATTAACTCT

TAAAGGAGGAG-3’ 

5’-

GTTAATTTCATTCTCTTTTC

AGATTTGGGGAATATACGG

TCCTGTTTTTTAAC-3’ 

pCMV-PARP1-3xFlag-

ΔWGR 

 

5’-

AAGGGCCAGGTCAAGCT

GACAGTAAATCCTGGCA

CCAAG-3’ 

5’-

CTTGACCTGGCCCTTGCT

TTTTTTG-3’ 

pCMV-PARP1-3xFlag-

E988K 

 

5’-

ATATAACaAGTACATTGTC

TATGATATTGCTCAGG-3’ 

5’-

ATGTACTtGTTATATAGTAG

AGAGGTGTCATTCAC-3’ 

 

Inhibitors and antibodies. Inhibitors used in this study: pladienolide B (16538, 

Cayman), MS023 (S8112, SelleckChem), Olaparib (AZD2281, SelleckChem), 

Veliparib (ABT-888, SelleckChem). Antibodies used in this study: anti-pan-ADP-ribose 

binding reagent (MABE1016, Millipore), Poly/Mono-ADP Ribose (83732, CST), 

PARP1 (9532, CST), PARP2 (39044, Active Motif), KU70 (4588, CST), Phospho- 

RPA32 (S33) (A300-246A, Bethyl), RPA32 (MA1-26418, Invitrogen), RPA70 (A300-

241A, Bethyl), GFP (A11122, Invitrogen), Flag (F7425, Sigma), Phospho Histone 

H2A.X (Ser139) (9718S, CST), Phospho Histone H2A.X (Ser139) (05-636, Millipore), 



8 

 

Ku70 (GTX70271, GeneTex). 

Immunoblots. Cells were collected and lysed by lysis buffer (100 mM Tris PH 6.8, 1% 

Sodium dodecyl sulfate). The lysis of cells was denatured at 100 degrees Celsius for 

15 min. Protein concentrations were determined by PierceTM BCA Protein Assay Kit 

from Fisher and mixed 1:1 with 2× SDS-PAGE loading buffer (100 mM Tris at pH 6.8, 

12% glycerol, 3.5% SDS, 0.2 M DTT). Samples were ran on either 8 or 12% 

polyacrylamide gels at 100V for 90 min. Proteins were transferred onto PVDF 

membranes for 1.5 h at 250 mA. The membranes were blocked in 5% blocking buffer 

(ex. 5g DifcoTM Skim Milk in 100ml 1x TBST) for 1h and then incubated with primary 

antibodies overnight at 4°C. Next day, blots were washed with 1x TBST (20 mM Tris, 

150 mM NaCl, 0.05% Tween® 20) and incubated with secondary antibodies on the 

shaker for 1h. Then, the membranes were incubated in ClarityTM Western ECL 

Substrate for 5 min and visualized with ChemiDocTM MP Imaging System from BIO-

RAD.  

Immunofluorescence. HeLa cells were grown on the coverslips in 6-well plates. For 

one day treatment, 60k cells/ml were seeded. Cells were fixed with 3% PFA/2% 

sucrose solution on ice for 15 min and washed with cold 1x PBS. Subsequently, cells 

were permeabilizated with 1x PBS containing 0.5% Triton and treated in the blocking 

buffer (10% DifcoTM Skim Milk, 3% BSA, 0.05% Tween in 1x PBS) on platform shaker 

at room temperature for 1h. Cells were incubated with primary antibodies for 2h. After 

the incubation of primary antibodies, cells were washed with 1x PBST (PBS + 0.05% 

Tween) and incubated with secondary antibodies for 1h. Then, cells were stained with 

DAPI (1 ug/mL) after final wash of 1x PBS to visualize nuclei. The images were 

captured by Leica imaging microscope and analyzed by ImageJ software.  

Immunoprecipitation. 18h prior to transfection, 2.5 million HEK293T cells were 

seeded. Cells were transfected with various Flag-tagged PARP1 plasmids expressing 

either PARP1WT, PARP1ZnF, PARP1ΔWGR, PARP1ΔBRCT, or PARP1E988K with calcium 
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phosphate and harvested after 72h. Cell pellets were lysed in NETN lysis buffer 

(50mM Tris pH 7.5, 150 mM NaCl, 0.5% NP-40, 1mM PMSF, 5mM NaF, 1mM NaOrVa, 

1mM DTT, 1x protease inhibitor). Flag-tagged proteins were immunoprecipitated by 

using 50uL of Anti-FLAG Magnetic Beads (M8823, Sigma) on the rotor in 4℃ cold 

room overnight. Beads were washed three times with NETN lysis buffer before using. 

Subsequently, proteins conjugated with beads were washed three times with NETN 

lysis buffer containing 150 mM NaCl and once with lysis buffer containing 250 mM 

NaCl. 

Results 

Pladienolide B induces RNA splicing perturbation and elicits a PARP response 

through R-loops.  

Our unpublished works have established that leukemias expressing either SRSF2P95H 

or U2AF1S34F mutations induce R-loops and PARP1 activation (Liu, Sinha, et. al., 

manuscript in preparation). Next, we asked whether RNA splicing perturbation by 

mRNA splicing modulators would also induce PARP1 response through R-loops. In 

order to evaluate PARP activity in HeLa cells, we monitored endogenous Mono- and 

Poly-(ADP-ribosylated) (MAR/PAR) protein levels as a measure of total PARP activity. 

Pladienolide B (Plad-B), a mRNA splicing modulator which targets SF3B1, the core 

component of the U2 small nuclear ribonucleoprotein (U2 snRNP) complex, to induce 

RNA splicing alterations41–43. Plad-B treated HeLa cells increased MAR/PAR levels 

(Figures 1A and 1B, lanes 2). Treating cells with PARPi, olaparib or veliparib, in the 

presence or absence of Plad-B suppressed the Plad-B induced MAR/PAR levels 

(Figures 1A and 1B, lanes 3 and lanes 4). Collectively, these results suggest that Plad-

B induces ADP-ribosylation in a PARP dependent manner. 

Cells treated with Plad-B has been shown to induce R-loops26,27. Next, we asked 

whether the Plad-B-induced MAR/PAR levels arises from R-loop. To address this 

question, we generated doxycycline inducible GFP-tagged RNase H1D210N (RNase 
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H1D210N-GFP) expressing HeLa cells. RNase H1D210N mutation abolishes the catalytic 

activity of RNase H1 but it retains binding affinity to RNA:DNA hybrids. Therefore, 

RNase H1D210N-GFP can be applied to fixed cells as a versatile imaging tool as a 

measure of R-loop levels in cells. We treated GFP-tagged RNase H1D210N expressing 

HeLa cells with either DMSO or Plad-B in the presence of doxycycline for 24h and 

measured R-loop levels by immunofluorescence using GFP specific antibody. Plad-B 

treated HeLa cells exhibited higher chromatin-bound RNase H1D210N-GFP levels 

compared to DMSO treated HeLa cells (Figure 1C), confirming that Plad-B treatment 

increased R-loop levels as previously reported26,27. To test whether PARP activity is 

R-loop dependent, we generated HeLa cells that expresses a doxycycline inducible 

GFP-tagged nuclear RNase H1 (RNase H1-GFP) to resolve R-loops. Overexpression 

of RNase H1-GFP in Plad-B-treated HeLa cells drastically suppressed MAR/PAR 

level, suggesting that Plad-B induced ADP-ribosylation is R-loop dependent (Figure 

1D). Taken together, these results demonstrate that RNA splicing perturbation by 

mRNA splicing modulator, Plad-B triggers R-loop accumulation and PARP activation.  
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Figure 1. RNA splicing perturbation by Plad-B elicits PARP response through 

R-loops. (A) HeLa cells were treated with DMSO (-), or pladienolide-B (Plad-B; 3 nM 

and 24h) in the presence or absence of olaparib (10 μM and 1h) or (B) veliparib (10 

μM and 1h) followed by assessment of MAR/PAR and PARP1 levels by immunoblot. 

(C) HeLa cells inducibly expressing nuclear RNase H1D210N-GFP were treated with 

DMSO or Plad-B (3 nM and 24h) followed by immunofluorescence. GFP intensity of 

individual cells were analyzed (n>3600). Red bars represent the mean γH2AX level in 

the indicated groups. Statistical analysis was performed using unpaired two-tailed 

Student’s t-test (***, p<0.001). (D) HeLa cells that inducibly express nuclear RNase 

H1-GFP were treated with either DMSO or Plad-B (3 nM and 24h), followed by 

MAR/PAR levels assessment by immunoblot. 
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RNA splicing perturbation by Plad-B induces ADP-ribosylation is mediated by 
both PARP1 and PARP2. 

Since PARP inhibitors, olaparib and veliparib, target both PARP1/2 enzymes47, we 

next asked which enzymes are important for PARP activation. First, we singly deleted 

PARP1 or PARP2 gene by CRISPR-Cas9 to generate PARP1KO and PARP2KO HeLa 

cells, respectively. To functionally validate our knockout cell lines, we treated wildtype 

and PARP1KO and PARP2KO HeLa cells with hydrogen peroxide (H2O2), a commonly 

used chemical to trigger ADP-ribosylation caused by high reactive oxidative stress. 

Consistent with previous reports40,48,49, we validated that PARP1KO, but not PARP2KO, 

HeLa cells completely abrogated H2O2-induced MAR/PAR levels using two different 

antibodies, MAR/PAR and anti-pan-ADP-ribose binding reagent, pan-ADPr (Figures 

2A). These data suggest that PARP1 plays a major role in H2O2-induced DNA damage 

response.  

Next, we asked whether PARP1 also plays a role in Plad-B-induced ADP-ribosylation. 

We treated wildtype and PARP1KO cells with Plad-B for 24 hours and monitored PARP 

activity in total cell extracts. Deletion of PARP1 completely abrogated elevated 

MAR/PAR levels, suggesting that Plad-B-induced ADP-ribosylation is PARP1 

dependent (Figure 2B). To address whether PARP1 enzymatic activity is essential for 

ADP-ribosylation, we overexpressed either Flag-tagged PARP1WT, PARP17KQ, or 

PARP1E988K mutants in PARP1KO cells. PARP17KQ mutant disrupts serine ADP-

ribosylation and greatly inhibits auto-modification of PARP1, thereby reducing PARP1 

activity50. PARP1E988K, a PARylation-deficient PARP1, loses its PARylation activity but 

retains some MARylation activity51. Overexpression of Flag-tagged PARP1WT, but not 

PARP17KQ mutant, rescued Plad-B induced MAR/PAR levels in PARP1KO HeLa cells 

(Figure 2C). Similarly, PARP1E988K, but not PARP1WT, also failed to rescue Plad-B-

induced MAR/PAR levels in PARP1KO cells (Figure 2D). These results suggest that 

PARP1 activity is required for Plad-B induced ADP-ribosylation. Surprisingly, 

PARP2KO cells also reduced Plad-B-induced MAR/PAR levels, but not completely 
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abrogated as observed in PARP1KO cells (Figure 2E). Similar reduced MAR/PAR 

levels were observed in a second PARP2KO cell line, generated using an independent 

gRNA sequence (PARP2KO #2). In addition, the reduced MAR/PAR levels in PARP2KO 

cells were also observed using the pan-ADPr antibody (Figure 2F). Taken together, 

these results suggest that RNA splicing perturbation by Plad-B induces R-loops and 

elicits a unique PARP response mediated by both PARP1 and PARP2, which is in 

stark contrast to the PARP1-dependent, but PARP2-independent functions in H2O2-

induced DNA damage context.  
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Figure 2. PARP1 and PARP2 enzymes play important roles in the PARP activity in Plad-

B-treated cells. (A) Parental, PARP1-knockout or PARP2-knockout HeLa cells were treated 

with Hydrogen peroxide (H2O2; 400 μM and 10min) followed by assessment of PARP1, PARP2, 

MAR/PAR, and pan-ADPr levels by immunoblot. (B) Parental or PARP1-knockout HeLa cells 

were treated with Plad-B (24h and 3 nM) followed by assessment of MAR/PAR and PARP1 

levels by immunoblot. (C) PARP1-knockout HeLa cells overexpressing either wild-type (WT), 

an inactive form (7KQ) of PARP1, or (D) another inactive form (E988K) of PARP1 cDNA were 

treated with Plad-B (24h and 3 nM) followed by assessment of total PARylation. (E) Parental, 

PARP1-knockout or PARP2-knockout HeLa cells were treated with Plad-B (24h and 3 nM). 

PARP activity was measured using MAR/PAR mAb, and (F) pan-ADPr binding reagent by 

immunoblot.  
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RNA splicing perturbation by Plad-B elicits PARP1/2 response to prevent DNA 

damage. 

To evaluate the functional consequences of PARPi on Plad-B treated cells, we 

monitored levels of both MAR/PAR and γH2AX, a marker of DNA damage, in cells 

treated with Plad-B for 24h in the presence or absence olaparib. In the absence of 

olaparib, Plad-B treated cells exhibited higher MAR/PAR levels than wildtype cells 

(Figure 3A). Co-treatment of Plad-B and olaparib for 24h completely abrogated Plad-

B-induced MAR/PAR levels that coincide with an induction of γH2AX levels (Figure 

3A). Moreover, the γH2AX levels was significantly higher in combined Plad-B and 

olaparib than individual drug treatment alone or DMSO-treated as observed by 

immunofluorescence (Figure 3B and C). Taken together, these results suggest that 

RNA splicing perturbation by Plad-B treatment creates a reliance on PARP1/2 activity 

to prevent DNA damage.  
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Figure 3. Plad-B treated cells required PARP1/2 activity to prevent DNA damage. (A) 

HeLa cells treated with DMSO (-), olaparib (10 μM and 24h), Plad-B (24h and 3 nM), or 

combined PARPi+Plad-B followed by assessment of PAR and γH2AX levels by immunoblot, 

or by (B-C) immunofluorescence, where γH2AX intensity of individual cells were analyzed 

(n>3600). Red bars represent the mean γH2AX level in the indicated groups Statistical 

analysis was performed using unpaired two-tailed Student’s t-test (***, p<0.001). 
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RNA splicing perturbation by MS023 elicits PARP1/2 response arises from R-

loop accumulation.  

The surprising link between RNA splicing perturbation by Plad-B, R-loop, and 

PARP1/2 response led us to ask whether the same phenomenon would be observed 

using other pharmacologic splicing modulators. To address this question, we used 

MS023, a compound that inhibits Type I protein arginine methyltransferases (PRMTs) 

by suppressing symmetric or asymmetric dimethylation of arginine46. Treatment of 

MS023 was previously shown to reduce splicing fidelity and to promote alternative 

splicing44. We treated cells with MS023 in HeLa cells to monitor PARP response. 

Similar to Plad-B treatment, MS023 elicited an increased ADP-ribosylation (Figure 4A). 

PARP1KO cells completely abrogated MS023-induced MAR/PAR levels. Importantly, 

PARP2KO cells also reduced elevated MAR/PAR levels (Figure 4A). Similar reduction 

in MAR/PAR levels was observed using a second antibody, pan-ADPr (Figure 4A, 

lower panel). Moreover, 24h PARPi treatment completely suppressed increased level 

of PAR by 24h MS023 treatment (Figure 4B). To test whether PARP response induced 

by MS023 arises from R-loops, we treated RNase H1-GFP HeLa cells with MS023 in 

the presence or absence of doxycycline to induce RNase H1 expression. Induction of 

RNase H1 in MS023 treated cells reduced MAR/PAR levels, showing that MS023 

induced increase in MAR/PAR levels is R-loop dependent (Figure 4C). Taken together, 

these data demonstrate that both PARP1 and PARP2 enzymes are critical to elicit a 

robust ADP-ribosylation response in MS023-treated cells that arise from accumulated 

R-loops.  
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Figure 4. MS023 induced perturbation in RNA splicing elicits PARP response through 

R-loops. (A) Parental, PARP1-knockout or PARP2-knockout HeLa cells were treated with 

MS023 (10 nM, 24h) followed by assessment of MAR/PAR and pan-ADPr levels by 

immunoblot. (B) HeLa cells were treated with DMSO (-), or MS023 (10 nM, 24h) in the 

presence or absence of olaparib (PARPi) (10 μM and 1h) followed by assessment of MAR/PAR 

levels by immunoblot. (C) HeLa cells inducibly expressing nuclear RNase H1 were treated 

with Plad-B (3 nM, 24h) or DMSO followed by MAR/PAR and pan-ADPr levels assessment by 

immunoblot. 
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PARP1 BRCT domain and activity is required for replication protein A (RPA) 

interaction.  

The link between R-loop accumulation and PARP1 response led us to wonder how 

PARP1 enzyme is recruited to R-loops. We previously identified that RPA-coated 

ssDNA is a potential sensor of R Loops. Thus, we investigated whether PARP1 

recruitment to R-loop could be mediated through RPA interaction. We overexpressed 

flag-tagged wildtype PARP1 in HeLa cells and immunoprecipitated using anti-Flag 

antibody. Immunoprecipitation of Flag-tagged wild-type PARP1 captured endogenous 

RPA7, a subunit of RPA complex (Figure 5A). This result suggests that RPA-ssDNA 

at R-loops could facilitate PARP1 recruitment and activity. 

PARP1 comprises of three main domains including an N-terminal DNA-binding 

domain (residues 1–353), an auto-modification domain (residues 389–643), and a 

catalytic domain in the C-terminal (CAT) (residues 662–1014). Three zinc finger 

domains are DNA-binding domains. ZnFI and ZnFII are required for recognition and 

binding to DNA damage sites, while ZnFIII has an important role in the enzyme 

activation upon DNA binding. The central auto-modification domain composed of a 

breast cancer type 1 susceptibility protein (BRCA1), C-terminal (BRCT) motif, and the 

WGR domain serves as the sites for PARylation. BRCT motif mediates protein–

protein interactions, while the WGR domain interacts with ZnFI, ZnFIII, CAT, and the 

DNA and is important for DNA-dependent activity of the catalytic domain51. To 

determine PARP1 domains that promotes RPA interaction, we generated a point 

PARP1 mutation (PARP1E988K) and truncation mutants without the BRCT domain 

(PARP1ΔBRCT), the WGR domain (PARP1ΔWGR), or all of the domains except for the 

ZnF domains (PARP1ZnF) (Figure 5B). To evaluate the interaction efficiency across 

different mutants, we measured the ratio of immunoprecipitated RPA70 normalized to 

the amount of Flag-tagged PARP1 pulldown. Similar to wild-type PARP1, PARP1ΔWGR 

did not affect its RPA interaction (Figure 5C). Interestingly, PARP1ZnF and PARP1ΔBRCT 

decreased the RPA interaction. PARP1E988K dramatically reduced the interaction with 
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RPA (Figure 5C). Taken together, these data suggest that RPA interaction is mediated 

through PARP1’s BRCT domain and is required PARP1 enzymatic activity.  

 

Figure 5. PARP1 potentially interact with replication protein A (RPA) to suppress R-

loops in cancer cells. (A) Diagrams (not to scale) of full length, point mutation, and truncated 

human PARP1. ZnFI: zinc finger I, ZnFII: zinc finger II, ZnFIII: zinc finger III, BRCT: BRCA1 C-

terminal. The major domains and active catalytic sites are marked. (B) HeLa cells were 

transfected with PARP1WT, (C) PARPZnF, PARP1ΔWGR, PARP1ΔBRCT, and PARP1E988K. Level of 

RPA70 and Flag were analyzed by PARP1 immunoprecipitation and western blot.   
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Discussion 

Here, we identified that RNA splicing modulators, Plad-B and MS023 elicited a poly 

ADP-ribosylation response in an R-loop dependent manner. PARP inhibitor, olaparib, 

induced more DNA damage in cells treated Plad-B, suggesting a new synthetic 

lethality modality. Surprisingly, both PARP1 and PARP2 enzymes are important for 

the PARP response in Plad-B- and MS023-treated cells, which is in contrast to their 

known functions where PARP1 plays the major role in DNA repair. Importantly, our 

results also highlight a potential of combining RNA splicing modulators and PARP 

inhibitors to treat MDS patients harboring splicing factor mutations. 

PARP1 is a member of Poly (ADP-Ribose) Polymerases (PARPs) family which 

catalyze Poly ADP-ribosylation (PARylation) chain to itself and to multiple target 

proteins during DNA repair, stabilization of replication forks, modification of chromatin 

structures, and transcriptional regulation38,40. In the previous research, we identified 

that PARP functions are required to promote splicing factor mutant cell survival, 

preventing accumulated DNA damage arising from aberrant R-loop accumulation. 

Splicing factor mutant cells are sensitive to PARPi, highlighting that PARPi could be a 

potential therapeutic agent for MDS or other cancers harboring splicing factor 

mutations. Here, we demonstrated that RNA splicing perturbation by splicing 

modulators, such as Plad-B and MS023, promoting the aberrant accumulation of R-

loop activates PARP response for survival in HeLa cells. These data provide potential 

rationale to combine PARPi with RNA splicing modulators that improve therapeutic 

efficacy for MDS patients harboring splicing factor mutations. Future study will be 

important to test the combination of RNA splicing modulators and PARP inhibitors 

sensitize splicing factor mutant MDS/sAML in clinical models. One splicing modulator 

has entered clinical trials. H3B-8800 is orally bioavailable and appears efficacious 

against tumors with splicing factor mutations, not limited to SF3B1 but also 

encompassing U2AF1 and SRSF252. Additionally, four PARP inhibitors have been 

approved by FDA in various indications: olaparib, niraparib, and rucaparib in high-
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grade serous ovarian cancers, and olaparib and talazoparib in metastatic breast 

cancers53. Therefore, which combination of splicing modulator and PARPi is much 

more efficient in MDS or other myeloid malignancies that harbor different splicing 

factor mutations warrants further investigation. 

 

 

Figure 6. Summary. The panel shows that mRNA splicing modulator trigger the aberrant 

accumulation of R-loops to render cells more dependent on PARP1 activity to prevent R-loop-

associated genomic instability. Therefore, combining Plad-B with PARPi induced higher DNA 

damage in an R-loop-dependent manner. 

 

Previously, we identified RPA is a key sensor of R-loops and binds to the displaced 

ssDNA at R-loops26. The RPA-coated ssDNA at R-loops may recruit and associate 

with PARP1 through the interaction between RPA and PARP1. In line with this notion, 

we identified that RPA interacts with PARP1 mediated through BRCT domain (Figure 

5). Interestingly, PARP1 activity is also required. It will be important to determine 

whether PARP1 activity promotes PARP1 recruitment to R-loops or stabilizing PARP1 

association to R-loops. Alternatively, RPA-PARP1 interaction may be in complex with 

other R-loop regulators, such as DXH9, or XRN2 54,55. Future studies will be necessary 

to pinpoint how PARP1 recognizes R-loops and how PARP1 activity regulates R-loops 

to prevent DNA damage.  
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Figure 7. Proposal model for PARP1/2 functions in R-loop regulation. A proposal model 

shows two modes of PARP1/2 response. In H2O2 treatment, PARP1 is recruited to DNA 

damage site. PARP1, but not PARP2, initiates and amplifies the major ADP-ribosylation. In 

Plad-B treatment, PARP1 is associated with R-loops and initiates ADP-ribosylation. PARP2 

may amplify the rest of ADP-ribosylation through conducting either linear or branched 

PARylation, or conduct new PAR chain by modifying another substrate in PARP1 dependent 

manner.  

 

In this study, we surprisingly found that both PARP1 and PARP2 are required to mount 

robust ADP-ribosylation response to RNA splicing modulators. This is in contrast to 

H2O2-induced PARylation where only PARP1, but not PARP2, is required. Here, we 

propose a two-step model where PARP1 first primes ADP-ribosylation at R-loops and 

PARP2 then amplifies ADP-ribosylation. How PARP2 amplifies ADP-ribosylation at R-

loops is not known. It possible that PARP2 extends existing the ADP-ribosylated 

chains catalyzed PARP1. Alternatively, PARP2 may be recruited by the MAR/PAR 

chains primed by PARP1 and subsequently ADP-ribosylates additional proteins. 
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Finally, PARP2 may catalyze either linear and branched PAR chains as recently 

reported56. Future studies are needed to better understand how PARP1 and PARP2 

regulates R-loops. Importantly, these mechanistic insights may provide additional 

PARP1 and/or PARP2 substrates as potential therapeutic biomarkers for PARPi 

sensitivity or new targets for future targeted therapeutic development.  

The increased DNA damage caused be the combined splicing modulator and PARPi 

highlight a potential new drug combination to treat MDS patients harboring splicing 

factor mutations. Additionally, The Cancer Genome Atlas (TCGA) highlighted that 119 

splicing factor genes carry putative driver mutations over 33 tumor types57 such as 

chronic lymphocytic leukemia (CLL), clonal hematopoiesis (CH), mantle cell 

lymphoma (MCL)58, and solid tumors including adenoid cystic carcinoma, breast 

cancer, pancreatic cancer, bladder carcinoma, skin cutaneous melanoma, and lung 

adenocarcinoma57,59–63. Therefore, future studies will also be important to test which 

cancer mutations induce aberrant accumulation of R-loops. If aberrant R-loop 

accumulation is a common cellular response in these cancers, targeting PARP1/2 

response pathway could also be a potentially targeted therapy for cancers beyond 

myeloid malignancies. Importantly, our results highlight that FDA-approved PARP 

inhibitors could be potentially therapeutic agents to treat myeloid malignancies or 

other cancers harboring splicing factor mutations either as a monotherapy or in 

combination with RNA splicing modulators.  
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