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Abstract 

Oxygen and cells play a key role in tissue engineering. In this work, we have 

developed methods to address two key factors: (1) fabrication of oxygen-

generating biomaterials for a sustained release of oxygen, (2) isolation of target 

cells with collective merits of high specificity, high yield, and minimal biochemical 

and biophysical perturbation. Inability to supply sufficient oxygen is one of the 

major reasons for cell death and tissue necrosis in the initial phase after 

transplantation of engineered constructs. In this work oxygen-generating 

microparticles and films were developed by incorporating polycaprolactone (PCL) 

with calcium peroxide (CaO2) to achieve a sustained oxygen delivery. 

Electrospraying and heat-press techniques were used for the preparation of 

PCL/CaO2 microparticles and films and compared with traditional techniques of 

homogenization and solvent-cast. Pancreatic β cells was utilized to evaluate the 

ability of oxygen-generating materials to support cell survival. The results show 

that cell viability and metabolic activity were significantly improved both in two-

dimensional and three-dimensional hypoxic culture with the presence of oxygen-

generating biomaterials. Heat-press technique enables fabricated PCL/CaO2 films 

to release oxygen for more than 3 weeks in a hypoxia incubator with 2% oxygen, 

and the oxygen release rate can be adjusted to a manner without compromising in 

vitro angiogenesis process. To compare with most of reported studies with 

peroxide/biodegradable polymer-based oxygen-generating biomaterials, a 

prolonged oxygen release with an elevated metabolic activity of cells was achieved 

in this work. Affinity‐based cell separation is label‐free and highly specific, but it is 
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difficult to efficiently and gently release affinity‐captured cells due to the multivalent 

nature of cell‐material interactions. A label-free cell separation platform composed 

of a capture substrate and a cell‐releasing molecular trigger was developed in this 

work to address this challenge. The capture substrate is functionalized with an 

antibody, which captures target cells specifically, and a coiled-coil A. The cell-

releasing molecular trigger B-PEG, a conjugate of a coiled-coil B and polyethylene 

glycol, can drive efficient and gentle release of the captured cells, because A/B 

heterodimerization brings B-PEG molecules to the substrate and PEG chains 

adopt extended conformations and break nearby multivalent cell-substrate 

interactions. Unlike most of current cell isolation strategies, no enzymes or 

excessive shear stress are involved, and the released cells have neither external 

molecules attached nor endogenous cell-surface molecules cleaved, which might 

be critical for the viability, phenotype, and function of sensitive cells.  
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Chapter 1. Introduction 

1.1 Tissue Engineering 

1.1.1 Importance of Tissue Engineering 

Tissue Engineering (TE) is an interdisciplinary field that combines engineering 

and life sciences for the purpose of developing biological substitutes to improve, 

restore or maintain tissue function.[1] Langer and Vacanti brought the term of 

tissue engineering to the broad scientific community in 1993.[1] TE seeks novel 

strategies to solve problems associated with diseased or damaged tissue, address 

the issues associated with transplants,  and to overcome limitations of mechanical 

devices and surgical reconstructions in clinical applications.[2] For example, 

transplant rejection and severe shortage of donor tissues are a major issue 

worldwide for organ transplantation; mechanical devices, such as prosthetic 

valves/joints, stents, and dialysis or plasmapheresis apparatuses may face 

problems of infections, poor biocompatibility and short material durability; surgical 

reconstructions, such as using colon to replace esophagus, or myocutaneous flaps 

to replace diseased tissues, utilize non-native tissue types to replace the function 

of native tissue, which may not function properly in the new host ultimately causing 

morbidity at the donor sites.[3] Unlike the traditional approaches in repairing 

damaged tissues, TE provides more definitive solutions to develop in vitro tissues 

for the repair of in vivo tissues according to the needs of each individual patient.  

TE also enables in vitro study of human physiology and diseases. The real 

environment for cells in the body is three-dimensional (3D), in which cells attach 
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to Extra-Cellular Matrix (ECM) and are surrounded by other cells. The proliferation, 

differentiation, migration and even apoptosis of a cell is determined by in vivo cell-

cell and cell-ECM interactions through biochemical and mechanical cues.[4] 

Conventional two-dimensional (2D) cultures in a petri dish do not fully mimic the 

in vivo physiological conditions in terms of gene expression, cell-cell 

communication, and diffusion of molecules (nutrients, oxygen, etc.).[5] Animal 

models integrate complexity of cell-cell interactions in tissues, [6] however, those 

models are time-consuming to develop, highly costly, and unable to completely 

capture the important features of human responses.[6] A 3D construct that 

combines human cells, scaffolds and/or bioactive molecules enables the creation 

of normal and disease platforms to better mimic the in vivo environment and study 

human physiology and diseases.  

1.1.2 Key Factors of Tissue Engineering 

      There are three basic elements that are vital for TE: cells, scaffolds, and 

biomolecules. 

      Cell source selection is critical in designing engineered constructs. Cells 

should be able to integrate into the scaffold and produce matrices of new tissue. 

Embryonic stem cells (ESCs) or adult stem cells (ASCs) are becoming two 

promising cell sources.[7] ESCs have the potential to be differentiated into any 

lineage, however, ethical controversies and risk of forming teratomas have 

restricted their clinical applications. ASCs have less differentiation capacity than 

ESCs, but tissue derived from ASCs are believed to be safer in transplantation.[8] 

ASCs isolated from muscle,[9, 10] umbilical cord [11, 12] and adipose tissue [13, 
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14] are widely investigated currently. Induced Pluripotent Stem Cells (iPSCs) are 

an alternative cell type.[15] However, the reprogramming mechanisms should be 

thoroughly investigated before their usage in clinical applications.  

      Scaffolds should provide an appropriate microenvironment that incorporate 

biophysical, biomechanical and biochemical cues necessary for cells functions.[16] 

Nature-derived scaffolds are able to better mimic the native ECM, which helps cell 

morphogenesis and function. However, nature-derived scaffolds vary in the origin, 

isolation, and level of purity, which compromise its reproducibility.[17] Synthetic 

scaffolds  customized to mimic ECM functionalities, however, it is more challenging 

to modify biological molecules and peptides to the scaffolds precisely mimic tha 

native ECM environment.[18]  

      Biomolecules, such as growth factors, chemokines, and cytokines, are also 

critical in facilitating cell proliferation and differentiation. A gradient of such factors 

is important in modulating chemotaxis, morphogenesis and wound healing.[19, 20] 

Those signaling molecules are either added in culture media or conjugated to  

scaffolds in for TE applications. The controlled release of different biomolecules in 

a systematic manner will allow for better development of tissue engineered 

constructs.[21, 22] 

1.1.3 Current Challenges in Tissue Engineering 

      Even though remarkable progress has been achieved in the field of TE in the 

last three decades, many challenges still need to be addressed for clinical 

applications. 
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      First, one of the major challenges associated with TE is the inability to supply 

sufficient nutrients and oxygen in the initial phase after implantation. As a result, a 

considerable amount of cell death occurs due to insufficient vascularization in the 

engineered tissues. Because the diffusion limit of oxygen is only 100-200 µm in 

the human body, and the infiltration of vasculature from host  tissue into implants 

is limited to several tenths of micrometers per day, metabolic activity of cells will 

be greatly affected due to the absence of oxygen.[23, 24] As a result of this, the 

current applications of engineered tissues are limited to thin or avascular tissue 

constructs, such as cartilage and skin.[25] 

      Secondly, cell source plays an important role in TE. Cells that are used for TE 

can be divided into three categories, autologous cells from a patient’s own body, 

allogenic cells from humans but are not patient derived, and xenogeneic cells from 

animals. Autologous cells are the optimal choice for TE as other two types of cells 

are immunogenic. However, isolation of a sufficient number of autologous cells 

from patients is very difficult. Furthermore, some types of cells are very fragile thus 

requiring very gentle separation techniques to harvest, as harsh separation 

technique can cause irreversible damage to the cells. 

1.2  Oxygen Delivering Biomaterials in Tissue Engineering 

1.2.1 The Importance of Oxygen 

      Oxygen is a crucial metabolic substrate and signaling molecule for cells, which 

is delivered through circulatory system in mammals. To generate the same amount 

of adenosine triphosphate (ATP) under hypoxic conditions, mammalian cells need 

15 times more glucose than those in normoxic conditions. Cell necrosis will occur 
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in ischemic tissues as ATP is depleted. [26] Oxygen molecules also hold significant 

importance in molecule signaling. For examples, ESCs and Mesenchymal stem 

cells (MSCs) tend to reduce their differentiation capacity for maintaining stem cell 

markers under hypoxic conditions.[27] Hypoxia-inducible factor-1α (HIF-1 α) 

protein will be stabilized in response to hypoxic conditions while it will be degraded 

under normoxic conditions,[28] and HIF-1 α is involved in cell differentiation and 

proliferation.[29] For example, low oxygen tension can promote chondrogenesis in 

rat MSCs through the regulation of HIF-1 α,[30] and HIF-1 α isoforms can also be 

regulated by hypoxia-induced microRNA-42 expression in human endothelial cells 

to promote angiogenesis.[31] 

1.2.2 The Need for Oxygen Delivering Materials    

      Limited diffusion of oxygen distance through engineered tissues is a major 

hurdle for TE. To overcome this limit in vivo, blood capillary should grow into 

transplanted tissues or connect to pre-vascularized scaffolds. However, it takes 1-

2 weeks for blood vessels to completely infiltrate a 3 mm implant and more than 

one month to infiltrate a 5 mm implant.[32] Cells at the center of the implant are 

likely to die before the ingrowth of vasculature from the host tissue. Pre-

vascularized tissues implants have also been explored by researchers, however, 

there is no oxygen or nutrient supplement during the time host vasculature 

connects with the engineered vessel network, which may result in a high level of 

cell death within the scaffold. To overcome these problems, oxygen delivering 

materials necessary to maintain cell metabolic activity and viability before the 

ingrowth of host vessels can occur. 
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1.2.3 Current Oxygen Delivery Methods 

      Peroxides   Peroxides are the most widely studied oxygen-generating 

materials, which contain hydrogen peroxide,[33-35] and solid peroxides, such as 

sodium percarbonate,[36-38] calcium peroxide,[39, 40] magnesium peroxide[36]. 

Solid peroxides can react with water and generate intermediate hydrogen peroxide, 

which will decompose into molecular oxygen and water, as shown in the equations 

below. 

      CaO2 + 2H2O  Ca(OH)2 + H2O2                              (Calcium peroxide) 

      MgO2 + 2H2O  Mg(OH)2 + H2O2                              (Magnesium peroxide) 

      (Na2CO3)2 + 3H2O  4Na++ 2CO32- + 3H2O2     (Sodium percarbonate) 

      2 H2O2   O2 +2 H2O 

      Peroxides have been encapsulated into biomaterials or hydrogels as oxygen-

generating materials. Different forms have been explored to achieve a sustained 

release of O2 in a relative long period of time. For example, PLGA/sodium 

percarbonate scaffolds was reported by Harrison et al.,[36] these scaffolds were 

shown to cumulatively release oxygen for 70 hours in vitro. In vivo wound healing 

study showed that tissue necrosis was greatly decreased with the protection of 

oxygen-generating films for the devascularized skin flaps on day 3, while no 

significant improvement was achieved at 1 week as oxygen was depleted before 

the ingrowth of vessels from host tissue to the engineered scaffolds. 

Calcium peroxide is the most heavily investigated solid peroxide for applications 

in oxygen-generating biomaterials. The purity of calcium peroxide is much higher 

than magnesium peroxide, making this more ideal for biological applications. 
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Furthermore, the decomposition reaction of calcium peroxide is slower than that of 

sodium percarbonate, allowing for a slower, more sustained release of oxygen 

form oxygen-generating materials comprised from calcium peroxide. Stabler et 

al.[40, 41] incorporated calcium peroxides into polydimethylsiloxane (PDMS) and 

fabricated an oxygen-generating film named OxySite. The calcium peroxide inside 

the very hydrophobic but oxygen permeable polymer was able to generate a 

relatively high concentration of oxygen for at least 14 days. Also, the cell culture 

studies with pancreatic islets and β cells under hypoxic conditions showed viability 

and functionality were greatly improved in the presence of oxygen-generating films. 

      Perfluorocarbons (PFCs)  Perfluorocarbons are fluorinated carbons 

compounds with the formula CxFy. They are low in polarizability and are miscible 

with high volumes of non-polar gases. The high solubility of gases, such as O2, 

CO, CO2, and NO, is due to weak intermolecular interactions in the fluorocarbon 

fluids.[42] Henry’s law states that the solubility of oxygen is proportional to the 

partial pressure of oxygen in a given environment, which will dictate the amount of 

O2 dissolved in PFCs.[43] This enables the storage and release of oxygen to 

dependent on the oxygen concentration and metabolic needs of a given tissue. 

There are many in vitro and in vivo applications of PFCs in TE. For example, 

perfluorooctylbromide (PFOB) emulsions were encapsulated within alginate beads 

to improve cell survival and metabolic activity in engineered liver scaffolds.[44] 

Cells cultured with those oxygen-releasing beads were able to achieve higher 

viability and better metabolic activity after 1 week of culture in normoxic condition. 

In another study, fluorinated-zeolite microparticles were incorporated into salt-
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leached poly(carbonate urethane) through solvent  cast technique.[45] A 

monolayer of perfluorodecyltrethoxysilane was coated on to the surface of zeolite 

Y. This method does not use surfactant to prepare PFC emulsions, which is ideal, 

because surfactants are potentially cytotoxic to cells. Cell proliferation and 

infiltration were greatly improved when smooth muscle cells were cultured with the 

PFC containing scaffolds after 1 week in normoxic condition. 

While oxygen-generating biomaterials prepared with PFC have demonstrated 

improved cell viability and metabolic activity, a major drawback associated with 

PFCs is their short oxygen release period. PFC-based materials can only provide 

sufficient oxygen to cells within 8 days in normoxic conditions or 3 days in hypoxic 

conditions.[46-48] Furthermore, most of the oxygen is rapidly released within the 

first 24 h.[48] 

      Hemoglobin (Hb)     Hemoglobin extracted from human or mammalian red 

blood cells has been used as a hemoglobin-based oxygen delivery material. The 

conformational change of hemoglobin allows its binding and release of oxygen. 

When the partial pressure of O2 (pO2) surpasses a threshold, oxygen will bind to 

hemoglobin, and when the pO2 of the environment drop, oxygen will be released. 

Oxygen binding to hemoglobin has a sigmoidal relation with the partial pressure of 

oxygen, which allows that the release of oxygen will only happen in hypoxic 

conditions. 

      Hemoglobin-based oxygen carriers (HbOCs) have been added into cell culture 

media to supply oxygen in 3D culture. For example, Centis et al.[49] reported that 

the viability of cells was increased and HIF-1α was reduced when cells in fibrin gel 
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were cultured in a media supplemented with hemoglobin. The encapsulation of 

cells inside the fibrin matrix prevented the direct contact between cells and 

hemoglobin, which reduced the oxidative stress produced by hemoglobin. Some 

studies have shown that genes related to reactive oxygen species (ROS) are 

upregulated when hemoglobin was supplied in the culture media.[50] So far the 

application of hemoglobin oxygen carriers in TE is still limited for this reason. To 

compare with PFC oxygen carriers, fewer successful clinical trials have been 

achieved with hemoglobin-based biomaterials.[51] One major drawback found for 

hemoglobin in clinical trials is hypertension, which is due to the extravasation of 

nitric oxide and burst release of oxygen in arterioles. Both of these could cause 

vasoconstriction, resulting in hypertension.[52] 

      Other Techniques     Microtank, a microscopic hollow polymeric balloon that 

hyperbarically loaded with 100% oxygen, was reported by Cook and his 

colleagues.[53] The microtanks were then incorporated in PCL for the delivery of 

oxygen. The release duration of oxygen from this material is approximately 24 

hours. Another technique utilized the photosynthetic property of algae to generate 

oxygen.[54, 55] The expression of HIF-1α was greatly reduced when fibroblasts 

were co-cultured with algae in an explosion to continuous light. In another 

study,[56] myoglobin-polymer-surfactant complex was anchored on the cell 

membrane of human MSCs to provide oxygen delivery molecule to each individual 

cell. The engineered cells were embedded within polyglycolic acid (PGA) scaffolds 

and harvested after 35 days of culture. The ratio of type II to type 1 collagen was 
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significantly increased, and the necrosis at the center of scaffolds was greatly 

reduced.  

1.2.4 Current Barriers of Delivering Biomaterials 

     Although oxygen is highly important for tissue engineered constructs, the 

delivery of oxygen should be well controlled. Hypertension is one potential concern 

if rapid burst release of oxygen occurs. Burst release of oxygen will generate high 

level of reactive oxygen species (ROS), which could result in oxidative damage to 

cells.[57] To overcome this challenge, catalase has been used in many studies 

with oxygen-generating biomaterials. It is an enzyme that converts the ROS, 

hydrogen peroxide into oxygen and water molecule. However, some researchers 

argue that the absence of catalase in oxygen-generating biomaterials is a safer 

approach, because ROS is a biological signaling molecule involved in regulating 

cell differentiation and inflammatory response,[58, 59] and the changes in ROS 

concentration may influence those cellular activities. Achieving a long oxygen 

release duration is another challenge. As discussed above, most studies only show 

high oxygen concentrations for less than 1 week under hypoxic conditions, which 

cannot satisfy the time needed for vasculature formation. PDMS/CaO2 film have 

demonstrated the ability to achieve sustained release of high oxygen levels for at 

least 2 weeks, while the non-biodegradable nature of PDMS may hamper in vivo 

applications. Another concern is the release of cations, such as magnesium and 

calcium, and hydroxyl ions associated with peroxides-based oxygen-generating 

materials. This may cause a change in pH, which can adversely affect cells. 
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However, a well-designed hydrophobic material can slow down the release of ions 

and keep the pH in the surrounding area close to physiological value. 

1.3 Cell separation in Tissue Engineering 

1.3.1 Cell Separation Introduction 

      Cell separation is widely used in different areas of biological and biomedical 

research. Isolation of distinct population of cells from a heterogeneous mixture of 

cells enables the enrichment of a specific population and the study of a distinct cell 

type. Cell separation also allows the enumeration of cells in blood and aid in 

repopulating the immune system.[60] Enriched cells can be introduced to a patient 

for achieving a therapeutic purpose as well.[61] For example, cells isolated from 

blood and bone marrow are the most commonly used in clinical therapy. 

Leukocytes separated through cell reduction apheresis is a treatment for patients 

with leukemia.[62]  With the rapid development of stem cell therapy, cells 

separated from adipose, intestine and various tissues have shown potential for 

applications in TE and regenerative medicine.[63, 64] As an optimal cell source is 

very important for TE applications, different cell separation techniques haven been 

developed, and those techniques are generally based on four methodologies: 

density, adherence, affinity binding, and lab-on-a-chip.[65] In the next section, 

examples will be given to outline the four methodologies. 

1.3.2 Current Cell Separation Techniques 

      Density     Centrifugation is widely used in the density-based techniques, in 

which cells are separated based on differences in density. This is particularly 
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useful in the separation of mononuclear cells from blood. Plasma, mononuclear 

cells, erythrocytes and granulocytes can be separated into different layers through 

centrifugation.[65] Large scale operation is one advantage associated with this 

technique, however, many cell types cannot be separated through this method 

because they do not have a large difference in density. To overcome this problem, 

different centrifugation medium and different angular velocities can be used in 

multiple rounds of centrifugation. However, a high purity of target cells is difficult 

to obtain with this technique. This technique can be used as a first step to sort cells 

from many unwanted cells, although additional separation techniques are required 

to sort target cells after this pre-enrichment step. 

      Adherence     Adherence is the simplest technique in cell separation, and it is 

routinely used to isolate cells from digested tissues. For example, to isolate dental 

pulp stromal cells, dental pulp tissue is digested by enzymes, filtered and seeded 

on tissue culture plate. Adherent stromal cells can be obtained after several days 

of culture.[66] However, this method is not able to achieve a high level of purity of 

cells. Some novel separation methods based on cell adherence have been 

developed recently. For example, in a study reported by Nagase et al.,[67] the 

thermal responsive polymer, Poly(N-isopropylacrylamide) (PNIPAm) with various 

lengths was grafted on glass surfaces for cell separation. They demonstrated that 

PNIPAm with a moderate length had different cell detachment rates when a 

heterogenous populations of cells were seeded. Thus, difference in adherence 

between human umbilical vein endothelial cells (HUVECs) and human skeletal 
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muscle myoblast cells (HSMMs) allowed them to be sequentially released from the 

surface. 

      Affinity Binding      Affinity binding techniques use antibody or other ligands 

to bind cell surface antigens/receptors to achieve separation, and this method 

generally provides higher purity. Fluorescence-activated cell sorting (FACS) and 

magnetic-activated cell sorting (MACS) are the most commonly used 

techniques.[68, 69] Cells are first labeled with fluorescent antibodies in FACS, the 

binding fluorophores on cells were then excited by laser and those cells with an 

excitation above a threshold level will be separated. While cells are first labeled 

with magnetic nanoparticle-conjugated antibody in MACS, cells will be separated 

by passing the cell solution through a column with a strong magnetic field, in which 

unlabeled cells are eluted, and target cells are collected after the removal of 

magnetic field. However, one main disadvantage associated with FACS and 

MACS is the permanent and irreversible labelling. Fluorescent antibodies and 

magnetic nanoparticle-conjugated antibodies cannot be removed from the surface 

of separated cells.  

    Various new affinity binding-based techniques through antibody-cell or ligand-

cell binding have been developed in recent years. For example, Adams et al.[70] 

modified epithelial cell adhesion molecule (EpCAM) onto the surface of a 

microfluidic device to selectively isolate circulating tumor cells (CTCs) from a whole 

blood sample. Enzymatic digestion in combination with an integrated conductivity 

sensor enables the release and enumeration of the captured cells without cell 

staining and microscopic visualization. In a another study, monolithic 
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polyacrylamide and polydimethylacrylamide cryogel modified with protein A ligand 

was used to separate CD34+ umbilical cord blood cells, and highly interconnected 

large pores in the cryogel enabled the passthrough of mammalian cells in the 

matrix.[71] Other than antibody binding methods, DNA aptamers have also been 

used in the separation of specific cells in many studies.[72, 73]  

      Lab-on-a-chip     Label-free lab-on-a-chip method is a relatively new cell 

separation technique that utilizes numerous cellular intrinsic biomarkers to isolate 

cells in microfluidic systems. Cell markers including cell size, shape, and electrical 

polarizability are employed in the label-free cell separation.[74] For example, Ji et 

al.[75] reported four types of silicon-based microfilters for isolating white blood cells 

(WBCs) from red blood cells (RBCs) in whole blood. RBCs are 6-9 µm in diameter 

and 1.8-2.8 µm in thickness, while WBCs are larger than 6-10 µm in diameter. 

Their designed microfilters have a same cut-off size of 3.5 µm, which only allow 

RBCs to pass through, but WBCs will be stopped by the filters. Another example 

is to use field-flow fractionation (FFF) for the isolation of cells along the length of a 

microfluidic channel.[76] FFF means a field, such as flow, electric field, or gravity 

acts perpendicularly to the flow of a primary channel. Given the characteristics of 

the flow velocity inside microfluidic device takes a parabolic shape (largest at the 

center, lowest at the wall), cells that are easily affected by an external field will be 

driven to move closer to the wall inside the channel, while cells that feel a weaker 

force remain at the center and are eluted more quickly from the channel. The 

different retention time of cells inside the channel leads to the cell separation. 

1.3.3 Current Barriers of Cell Separation 
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       Isolation of a specific population of cells with high number, high purity, and 

high recovery rate is still a major challenge. A high purity after cell separation is 

very important in many applications. The density and adherence techniques 

discussed above can only separate a cell population with low purity, despite having 

the advantage of large-scale operation. Thus, these two techniques are mainly 

used in pre-enrichment of target cells. Affinity binding is currently the first choice 

for isolating specific cell populations with high purity. However, the techniques 

such as FACs and MACs require labelling cells before separation, which may 

cause potential damage to cell membranes and lead to cell death. Also, the 

hydrodynamic stress applied to the cells during cell sorting process in FACs may 

cause cell damage as well.[77] Most of the newly developed affinity binding-based 

techniques also label cellular membranes with antibodies or other ligands after cell 

separation and having those molecules attached to the surface of cells may cause 

potential damage. Label-free lab-on-a-chip methods hold some potential in 

improving cell separation. However, reaching a high purity is still a major problem 

for this technique, because resolving the differences among cell types is not easy 

to achieve in many cases.[74] Isolation of rare cells and the recovery of isolated 

cells is another major challenge. For example, bone marrow only contains of 1 

stem cell out of 105 cells.[78] Also, those stem cells are very fragile, and harsh cell 

separation conditions can easily damage the  membrane and cause the loss of 

differentiation capacity.   

    The work presented in this dissertation contains two major parts, both of which 

relate to the current challenges in TE. Chapter 2 and chapter 3 are the fabrication 
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and application of oxygen-generating materials, which provide new strategies in 

solving the oxygen deficiency in engineered tissues.  Chapter 4 and chapter 5 are 

the development of novel cell separation techniques, which can be applied in 

isolating cells for TE and other biological research. 
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Chapter 2. Oxygen-Generating Microparticles  

2.1 Introduction 

      Millions of people suffer from life threatening diseases associated with organ 

failure every year.[79] Due to limited number of available organ donors, the 

demands for artificial tissue replacement is increasing. Tissue Engineering (TE) 

provides a route to repair or replace damaged/diseased tissues.[80] To fabricate 

regenerative tissues, sufficient oxygen and nutrients supplements are essential to 

facilitate the survival and functionality of metabolically active cells embedded in the 

three dimensional (3D) engineered constructs. Functional vascular networks are 

required to transport nutrients, oxygen and waste in native tissue, however, it will 

take several days to weeks for host blood vessels to infiltrate into implanted tissues 

or to integrate with pre-vascularized scaffolds.[81, 82] During this period of time, 

the deficiency of nutrients and oxygen within implants will build up and ultimately 

cause cell death and graft failure. 

      Low oxygen diffusion through engineered tissues has been a major hurdle for 

both in vitro and in vivo applications in TE. Oxygen can not diffuse more than 200 

µm from adjacent capillaries in native tissues, which means passive diffusion is 

not adequate to support cell survival in non-vascularized tissues with a size larger 

than 1 mm3.[83, 84] For example, an in vitro study of bone engineering has shown 

the bone formation was only obtained at the edges of scaffolds with a depth of 200 

µm.[85] Another in vivo study of hepatocytes implantation for liver repair shows 

that more than 95% of cells died within 1 week, and most of the live cells located 
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in the periphery of scaffolds, which were adjacent to host vasculature.[86] In non-

vascularized scaffolds, cells at the center tend to die due to an oxygen gradient 

caused by oxygen diffusion and oxygen consumption of cells, which limits the 

effective application of large engineered tissues in in vivo repair/replacement. 

      Introduction of oxygen releasing materials to decrease apoptosis and necrosis 

in transplanted tissues becomes an attractive approach in TE applications.[39, 87] 

Microparticles-based oxygen-releasing biomaterials is an attractive formation, 

since small microparticles can be encapsulated together with cells and provide 

oxygen to adjacent cells without overcoming the diffusion limit of oxygen in tissue. 

Perfluorocarbon (PFC) and hemoglobin-based oxygen carrier (HbOC) have been 

wildly investigated in the past decade. The fluorinated carbon chains in PFCs 

enables them to be highly suitable oxygen carriers. HbOCs utilize hemoglobin 

extracted from human or mammalian red blood cells to charge and deliver oxygen. 

In vitro and in vivo studies of PFC and HbOC-based oxygen releasing materials 

have demonstrated the ability to improve cell survival and to promote cell 

differentiation for several tissue types,[44, 88-90] however, initial burst release and 

inability to maintain a sustained release of oxygen are potential hurdles for in vivo 

applications. Solid peroxides and hydrogen peroxide-based oxygen-generating 

materials provide an alternative approach for oxygen delivery, involving the 

decomposition of peroxides into oxygen. Calcium peroxide (CaO2) has a higher 

purity than magnesium peroxide (MgO2) and a more moderate reaction rate than 

sodium percarbonate (2Na2CO3·3H2O2), which attracts more attention among all 

the solid peroxides in developing oxygen-generating materials. [87, 91] 
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      Encapsulating CaO2 within polymers can facilitate a long-term release of 

oxygen.[84, 91] The release rate of oxygen is mainly dependent on the 

hydrophobicity, degradation mechanism and surface area of polymers.[92] CaO2-

based poly(trimethylene carbonate)  (PTMC) microspheres have been reported by 

Steg et al..[92] PTMC is an amorphous and hydrophobic polymer that can be 

degraded through surface erosion. PTMC/CaO2 microspheres were prepared 

through oil-in oil technique by homogenizing an acetonitrile solution of PTMC/CaO2 

mixture in mineral oil. However, due to the high hydrophobicity of the polymer, the 

amount of oxygen released from microspheres was very limited after the initial 

burst release on the first day. A supplement of an enzyme named cholesterol 

esterase was needed to promote the degradation rate of PTMC for a higher level 

of oxygen release, however, microspheres still showed very unstable oxygen 

release kinetics, which could be a potential challenge for the in vivo success.  

     Other degradable polymer-based oxygen releasing biomaterials were also 

reported in recent years. Fan et al. [93] encapsulated a complex of hydrogen 

peroxide (H2O2) and poly(2-vinlypyrridione) (PVP) within a poly(lactide-co-

glycolide) (PLGA) microsphere shell through a co-axial elctrospraying technique. 

Oxygen tension released from the microspheres into a sealed culture plate can be 

maintained above 15% for 14 days in a hypoxic incubator (1% O2). The H2O2-

based oxygen-generating microspheres improved cell viability of cardiomyocytes, 

endothelial cells and cardiac fibroblasts in hypoxic culture compared to cells grown 

without microspheres. However, the oxygen release data would be more 

convincing if the oxygen measurement was conducted in an open system, in which 
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gas exchanged between the solution of H2O2-containing microspheres and gas in 

the hypoxia incubator. An open system can better mimic the real in vivo hypoxic 

condition in tissues than the sealed plate used in the study. In addition, in vitro cell 

survival was characterized after only 48 h of hypoxic culture with H2O2-containing 

microspheres, which will be more convincing if characterization was conducted 

after a longer time of hypoxia culture. Lee et al.[94] loaded perfluorooctane 

emulsion (oxygen carrier) in hollow polycaprolactone (PCL) microparticles for the 

oxygen delivery. Murine calvaria pre-osteoblast cells cultured on the PFC-loaded 

PCL microparticles were able to proliferate within 5 days of hypoxic culture. 

Dissolved oxygen in the cell culture medium surrounding PFC-loaded PCL 

microparticles showed a significantly higher level than the group with PFC-free 

PCL microparticles during cell culture. However, the size of hollow PCL 

microparticles was 100-500 µm, which was too large to be encapsulated together 

with cells in 3D matrix without affecting cell-cell and cell-matrix interactions. Also, 

the PFC loaded inside the hollow PCL was non-degradable. Therefore, it will be a 

potential problem to remove the PFC after oxygen depletion during in vivo 

applications. Commercially available polymer microtanks, a microscopic hollow 

polymeric balloon that hyperbarically loaded with 100% oxygen, was utilized by 

Cook and his colleagues for oxygen delivery.[53] The microtanks were 

subsequently incorporated in PCL for the delivery of oxygen. However, oxygen 

was depleted after only 24 h of release, and microtanks used in the study were not 

biodegradable, which was another challenge for its in vivo application. 
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      Herein two techniques, homogenization and electrospraying, are used to 

prepare polycaprolactone/CaO2 microparticles for oxygen generation. 

Polycaprolactone (PCL) is a commercially available, hydrophobic and 

biodegradable polymer with a higher degradation rate than PTMC but a lower 

degradation rate than PLGA. To obtain a sustained and prolonged oxygen release, 

we utilized the electrospray technique and prepared double walled PCL/CaO2 

microparticles, in which an additional outer layer of PCL was introduced to protect 

the inner layer of PCL/CaO2 microparticles. The PCL/CaO2 microparticles’ 

morphology, oxygen release characteristics, and abilities to support cell survival in 

hypoxic conditions were investigated. 

2.2 Materials and Methods 

      2.2.1 Milled CaO2 Particles Preparation 

      1 g of CaO2 powder (75 % purity, 200 mesh, Sigma-Aldrich 466271) was milled 

in a mortar for 10 min to reduce the particle size. The milled CaO2 powder was 

transferred to a 15 mL-centrifuge tube with 10 ml of 100% ethanol (Fisher Scientific 

4355223), sonicated for 2 min and vortexed for 1 min to disperse the CaO2 particles. 

The suspension was then allowed to settle for 5 min so large CaO2 particles could 

precipitate. The supernatant with small CaO2 particles was then transferred into a 

new 15 mL-centrifuge tube and collected by centrifugation at 4500 relative 

centrifugal force (RCF) for 5 min. The CaO2 particles were dried in vacuum for at 

least 24 h before use.  

      2.2.2 Homogenized PCL/CaO2 Preparation  
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      As shown in Figure 2.1, a 8% PCL (w/v) with 10% CaO2 (w/v) suspension was 

prepared by adding 300 mg of milled CaO2 particles into 3 mL of dichloromethane 

(DCM, Fisher Scientific MK48794). The suspension was sonicated for 1 min and 

240 mg of PCL pellets (Mw 48,000-90,000, Sigma-Aldrich 704105) were then 

added. The suspension was sonicated again and vortexed to disperse CaO2 

particles and to completely dissolve PCL. The mixed PCL/CaO2 suspension was 

then added quickly into 35 ml of 1.5% polyvinyl alcohol (PVA, Sigma-Aldrich P8136) 

solution in water under stirring of homogenizer (Silverson L4RT) at 3000 

revolutions per minute (RPM). After 5 min of homogenizing at 3000 RPM, the 

homogenized PCL/CaO2 suspension was stirred on a stir plate in fume hood for 

an additional 3 h to allow the evaporation of DCM solvent, then the particles were 

collected by centrifugation at 4500 RCF for 1 min. The particles were then 

resuspended in 1 ml of water. To neutralize unencapsulated CaO2 particles in the 

suspension, 6 M Hydrochloric acid (HCl, Fisher Scientific A144C212) was added 

until the pH of the suspension reached approximately 5. The purified PCL/CaO2 

particles were collected through centrifugation and washed with distilled water 3-4 

times, then the PCL/CaO2 particles were dried in vacuum for at least 3 days before 

use. 

      2.2.3 Electrosprayed PCL/CaO2 Preparation 

     To prepare electrosprayed single wall PCL/CaO2, 240 mg of milled CaO2 

particles were added in 6 mL of DCM, and the suspension was sonicated for 1 min, 

followed by the addition of 480 mg of PCL pellets into the suspension. The 

suspension was sonicated again and vortexed until the PCL was fully dissolved to 
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obtain an 8% PCL (w/v) with 4% CaO2 (w/v) suspension. The suspension was 

loaded into a 10 ml syringe (Henke Sass Wolf, 4100-X00V0) and connected to a 

nozzle (inner diameter 0.6 mm, 20-Gauge, Tong Li Tech). The solution was 

pumped out at a speed of 1 mL/h (New Era Pump System, Inc. NE-1600) during 

spray drying (Figure 2.1). To prepare electrosprayed double wall PCL/CaO2, 6 ml 

of 8% PCL (w/v) with 10% CaO2 (w/v) suspension in DCM was prepared using the 

same method described above for the preparation of single wall PCL/CaO2 

solution. A 10 ml of 16% PCL (w/v) in DCM solution was prepared separately. The 

two components were loaded into two different 10 mL syringes and connected to 

a co-axial needle (Coaxial spinneret, Tong Li Tech). As shown in Figure 2.1, 16% 

PCL (w/v) solution was connected to the outer capillary (inner diameter 1.45 mm, 

15-Gauge, Tong Li Tech) and pumped out at a speed of 2 or 4 mL/h. 8% PCL (w/v) 

with 10% CaO2 (w/v) suspension was connected to the inner capillary (outer 

diameter 0.63 mm, inner diameter 0.33 mm, 23-Gauge, Tong Li Tech) and pumped 

out at a speed of 0.5 (with the outer capillary’s speed at 2 mL/h) or 1 mL/h (with 

the outer capillary’s speed at 4 mL/h) during the spray drying. A voltage generator 

(Gamma High Voltage Research, Inc.) supplied a high voltage (~ 8 kV) to the 

nozzle, the distance between nozzle tip and grounded collector was 10 cm. The 

grounded collector was a 14 cm diameter petri dish with aluminum foil on the 

bottom and supplied with 30 mL of 100% ethanol. The sprayed particles in ethanol 

were collected by centrifugation at 4500 RCF for 1 min, and the particles were 

dried in vacuum for at least 3 days before use. 

      2.2.4 Microparticles Characterization 
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      The morphology of fabricated microparticles was observed with a scanning 

electron microscope (SEM, JEOL 6500). Microparticles were attached to SEM 

sample holders through carbon tape and coated with platinum under argon 

atmosphere by a platinum sputter module in a high-vacuum evaporator. The 

specimens were imaged at an accelerating voltage of 5 kV with a working distance 

of 10 mm in secondary electron mode. Mean diameters and standard deviation 

of microparticles were measured by ImageJ, a free image process tool developed 

by the National Institutes of Health. In brief, a SEM image was imported into the 

ImageJ, a scale was set by converting a distance in pixels to a known distance, 

the scale bar, which was shown on the image. A “straight line” tool in the ImageJ 

was used to manually draw a line along the diameter of each particle, then 

“measure” tool was used to measure the size of each particle, the measurement 

process was repeated until all particles on one image was measured and the 

measured diameter of each particle was recorded. For each type of 

microparticles, three SEM images with a 300× magnification were used in the 

measurement. Then the data was imported to OriginPro 8.5.1 (OriginLab), the 

relative frequency of particles at different sizes was calculated through the 

function of “Frequency Counts” under the analysis tool of “Descriptive Statistics” 

in the software. The size distribution was obtained by plotting relative frequency 

(percent) of particles vs. the diameter of particles in the OriginPro 8.5.1. The 

average size of microparticles (µ) = 
∑

, the standard deviation (σ) =
( ̅)

, 
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the coefficient of variation (CV) = , in which n is the total number of particles, 𝑥  is 

each of the size of the particles, �̅� is the mean of 𝑥 .  

    To characterize the distribution of CaO2 in PCL/CaO2 microparticles, 2% (w/v) 

of Alizarin S red solution was prepared by dissolving Alizarin S red (LabChem Inc) 

in Millipore water, then the pH was adjusted to 4.2-4.5. The solution was 

transferred into a 50-mL tube and centrifuged at 8000 rpm (Beckman Coulter, 

Avanti JXN-30) for 1 min to remove undissolved alizarin S red particles. 500 µL of 

Alizarin S red solution was incubated with 10 mg of PCL/CaO2 microparticles for 1 

h at room temperature. The stained PCL/CaO2 particles were collected by 

centrifugation and thoroughly washed with water 3-4 times. The particles were 

imaged by Carl Zeiss Axio Observer Z1 fluorescence microscope at 20× 

magnification. DsRed channel (excitation/emission: 563/581 nm) was used to 

collect the red fluorescence.  

      To quantify the amount of CaO2 encapsulated in PCL/CaO2 microparticles, 20 

mg of PCL/CaO2 microparticles were added into 1 ml of DCM in a glass vial (Fisher 

03-339-21D) to dissolve PCL. The glass vial was centrifuged at 4500 RCF for 6 

min, and the DCM solution with PCL dissolved in was discarded. This operation 

was repeated for an additional 2 times. Then the glass vial was dried in fume hood 

with cap off for 3 h, and the weight of glass vial before and after adding PCL/CaO2 

microparticles was measured. The amount of CaO2 was obtained by subtracting 

the weight of glass vial from the weight of the glass vial with CaO2. 

      2.2.5 Oxygen Release Measurement 
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      Free CaO2, homogenized and elctrosprayed PCL/CaO2 microparticles were 

sterilized with 70% ethanol for 30 min, particles were collected through 

centrifugation at 4500 RCF for 1 min and dried in tissue culture hood for 2 h. Then 

10 mg of free CaO2 and PCL/CaO2 microparticles containing 10 mg of CaO2 

particles were added into each well of a 48-well plate, with a final volume of 600 

µL of phosphate-buffered saline (PBS) in each well and incubated at hypoxic 

incubator (Thermo Scientific, Series 8000WJ) at 37 °C with 2% O2 and 5% CO2. 

The O2 concentration was measured with an Oxygen Microsensor (Pyroscience, 

OXR50-OI) at different time points until day 6. The oxygen microsensor was 

connected to Pyro Oxygen Logger software (available on the website of 

Pyroscience) through Firesting O2 (Pyroscience, FSO2-01). The oxygen probe 

was calibrated before each time point of measurement using 2-point in water mode. 

In brief, the oxygen probe was inserted in a 25 mL glass vial with 10 mL of PBS 

with a temperature of 37 °C and the measured value was calibrated as the oxygen 

partial pressure in air. To calibrate 0% oxygen partial pressure, nitrogen gas was 

purged into the glass vial with 10 ml of PBS for 5 min, then the oxygen probe was 

inserted into the PBS, the measured value was calibrated as oxygen partial 

pressure in 0% oxygen condition (nitrogen gas was purged into PBS for 3, 4 and 

5 min, and at each time point the oxygen concentration was measured. At 5 min 

the reading reached to equilibrium and was set as 0% oxygen). At each time point 

of measurement, the 48-well culture plate was taken out from the hypoxic incubator, 

and oxygen probe was quickly inserted into each well to measure the oxygen level. 

The entire process took approximately 3 min.  
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      2.2.6 MIN6 β Cell Culture 

      MIN6 β cells (passage 30-40) were grown in Dulbecco’s modified Eagle’s 

medium (DMEM, high glucose, Thermo Fisher 11965-092) in 5 mL of T25 cell 

culture flask at 37°C, 5% CO2 and humidified air incubator. The medium was 

supplemented with 10% fetal bovine serum (FBS, Atlanta Biologicals S11550), 

0.05 mM β-mercaptoethanol (Life Technologies 21985023), 1% Penicillin-

streptomycin (Life Technologies 15070-063), 1 mM Pyruvate (Thermo Fisher 

Scientific 11360070) and 2 mM Glutamax (Life Technologies 35050061). Cell 

culture media was changed every 2 days. Once cells in the culture flask reached 

to 80-90% confluency, the cells were sub-cultured into 3 flasks. In brief, the cell 

culture media was aspirated, and the flask was gently rinsed with 3 mL of PBS and 

the PBS was then aspirated. 1 mL of 0.25% Trypsin-EDTA (VWR 82003-688) was 

added and incubated at 37 °C for 3 min, the side of the flask was tapped to detach 

cells. Then 5 mL of media was added to neutralize the trypsin, 2 mL of the cell 

suspension was distributed into each new T25 flask, and additional fresh media 

was added to a final volume of 5 mL in each flask. Cells were cultured in 37°C, 5% 

CO2 and humidified air incubator. 

      2.2.7 2D and 3D Culture of MIN6 Cells with PCL/CaO2 Microparticles 

      PCL/CaO2 microparticles were sterilized with 70% ethanol for 30 min, particles 

were then collected through centrifugation at 4500 RCF for 1 min and dried in 

tissue culture hood for 2 h. The particles were incubated with cell culture media 

overnight at 37 °C in a humidified incubator before all 2D and 3D cell experiments. 

Media supplied with 1 mg/mL catalase (Sigma C1345) were prepared and filtered 
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by 0.2 µm filter. For 2D experiments, 150,000 MIN6 cells were seeded in 24-well 

cell culture insert (VWR 10769232, 6.5 mm in diameter), PCL/CaO2 microparticles 

with 10 mg of CaO2 particles were added beneath the insert, the final media 

volume was 700 µL. The cells were incubated in a hypoxic incubator (2% O2, 5% 

CO2) at 37 °C for 2 days or 1 week. For 3D experiments, homemade PDMS rings 

with a diameter of 6 mm and a thickness of 2 mm were placed at the center of 

each well of 24-well plate (a 8 mm punch (McKesson Brand #1316) was used to 

punch a PDMS film to get a 8 mm PDMS disk, then a 6 mm punch (McKesson 

Brand #1315) was used to punch the center of the 8 mm PDMS disk, a PDMS ring 

with a diameter of 6 mm hole was obtained), 2 million/mL MIN6 cells in 45 µL of 5 

mg/mL fibrinogen solution were gelled inside the PDMS ring in the 37 °C humidified 

incubator for 30 min to form a final fibrin gel thickness of 1.5 mm. PCL/CaO2 

microparticles containing 10 mg of CaO2 particles in 200 µL media were added 

into the grove between the wall of each well and the periphery of PDMS ring, when 

the particles sank down to the bottom of the well, an additional 400 µL of media 

was added to cover the PDMS ring and cells in the fibrin gel. The plate was 

incubated in the hypoxic incubator (2% O2, 5% CO2) at 37 °C for 2 days or 5 days. 

The media was changed every 2 days. 

      2.2.8 LDH Release 

      Lactate dehydrogenase (LDH) release in 2D or 3D cell culture was quantified 

by LDH Cytotoxicity Assay Kit (Thermo Fisher Scientific 88953) after 48 h of 

hypoxic culture. In brief, 50 µL of cell culture media supernatant was mixed with 

50 µL of reaction reagent in an optically clear 96-well plate (Sarstedt 82.1581) and 
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incubated at room temperature for 30 min. The enzyme reaction was stopped by 

adding 50 μL of stop solution. The absorbance was measured at 480 nm with a 

reference wavelength at 690 nm using a multi-mode microplate reader (Cytation 3, 

Biotek). 

      2.2.9 Live/Dead Imaging 

      Cell viability of 2D and 3D cultures was visualized by Live/ 

Dead staining the cells with 4 µM ethidium homodimer-1 (Thermo Fisher Scientific 

E1169) and 4 µM calcein AM (Thermo Fisher Scientific C3099) in culture media 

and imaged by Carl Zeiss Axio Observer Z1 with an ApoTome at 5× magnification. 

Z-stacked images were acquired by using a high-resolution AxioCam MRm digital 

camera and Zeiss AxioVision 4.8 software in Apotome mode. GFP channel 

(excitation/emission: 489/509 nm) and DsRed channel (excitation/emission: 

563/581 nm) were used to collect green and red fluorescence, respectively. For 

2D-cultured samples, the cells were incubated with 300 µL of staining media for 

30 min in a 37 °C humidified incubator, then the media was replaced with fresh 

media and incubated for additional 10 min before imaging. For 3D-cultured 

samples, the fibrin gel encapsulated with cells was carefully detached from the 

culture plate and stained with 600 µL of staining media for 2.5 h in a new 48 well-

culture plate under gentle shaking in a 37 °C humidified incubator, then the media 

was replaced with 600 µL of fresh media and incubated for additional 1 h before 

imaging. The gel was placed on a glass slide with the top of the gel facing to the 

glass slide and covered with a cover glass and imaged by fluorescence 

microscopy in ApoTome mode.  
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      2.2.10 AlamarBlue Assay 

      The metabolic activity of MIN6 cells was quantified by an AlamarBlue assay 

(Thermo Fisher Scientific DAL1025). 10% v/v AlamarBlue reagent was prepared 

with fresh cell culture media. For 2D-cultured samples, the culture media was 

aspirated, and 300 µL of 10% v/v alamarBlue solution was added into each well 

and incubated under gentle shaking at 37 °C in a humidified incubator for 3 h. For 

3D-cultured samples, fibrin gels were transferred into each well of a 48-well plate, 

1 mL of 10% v/v alamarBlue was added into each well and incubated under gentle 

shaking at 37 °C in a humidified incubator for 3 h. Then 120 µL media from each 

well were loaded into a 96-well plate and the fluorescent intensity was measured 

at 560/590 nm (excitation/emission) using a multi-mode microplate reader 

(Cytation 3, Biotek). 

      2.2.11 Statistical Analysis 

      Results were expressed as mean ± SD. Two-tailed Student’s t tests were used 

to evaluate the statistical significance. Differences were considered significant at 

p < 0.05. 

2.3 Results  

      2.3.1 Microparticles Characterization 

      The morphology and size distribution of microparticles are presented in Figure 

2.2. Electrosprayed double wall PCL/CaO2 particles were larger in size than 

electrosprayed single wall and homogenized PCL/CaO2. Three SEM images of 

each sample with a magnification of 300× were used to quantify the size 
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distribution of the particles (Figure 2.2f). The size of double wall PCL/CaO2 

microparticles (1-4 mL/h) prepared with a pump rate of 1 mL/h for the inner core 

and 4 mL/h for the outer shell was the largest among all types of oxygen-generating 

microparticles (average particle size ± standard deviation = 26.4 ± 5.1 µm), and 

homogenized PCL/CaO2 was the smallest type with an average particle size of 

11.7 ± 5.9 µm. No obvious pores were found on the surface of electrosprayed 

PCL/CaO2 particles (Figure 2.2a-c). However, pores were found on the surface of 

many homogenized PCL/CaO2 particles (Figure 2.2d). This may result in a burst 

release of O2 and the O2 release duration may be decreased since H2O molecules 

can easily penetrate into particles through pores.  

      The CaO2 distribution inside oxygen-generating particles was characterized by 

Alizarin Red S staining (Figure 2.3). Calcium was stained red by the dye. Strong 

red fluorescence can only be observed in CaO2-containing samples (Figure 2.3a-

d), not in PCL samples (Figure 2.3e), indicating that CaO2 was encapsulated in 

oxygen-generating microparticles. A strong fluorescence was observed at the 

center of many electrosprayed double wall PCL/CaO2 (1-4 mL/h) particles (Figure 

2.3a). This suggests that CaO2 was entrapped inside the core phase of double wall 

particles, and the outer shell could serve as a protecting layer to avoid a burst 

release of O2 when incubating with water. Electrosprayed double wall PCL/CaO2 

(0.5-2 mL/h) particles (Figure 2.3b) also had a strong red fluorescence localized at 

the center of some particles, however, some of the particles were entirely covered 

by red fluorescence signal or had a very weak signal. This suggests that double 

wall PCL/CaO2 prepared at the speed of 1-4 mL/h can better encapsulate CaO2 
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within the core phase of particles than those prepared at the speed of 0.5-2 mL/h. 

To compare with electrosprayed double wall PCL/CaO2 particles, CaO2 distributed 

throughout many of electrosprayed single wall PCL/CaO2 particles, as evidenced 

by an entire coverage of red fluorescence on electrosprayed single wall PCL/CaO2 

particles (Figure 2.4c). Some of the homogenized PCL/CaO2 particles (Figure 2.4d) 

displayed a very weak red fluorescence, while some of particles were fully covered 

by red fluorescence, indicating that CaO2 was not evenly distributed in 

homogenized PCL/CaO2 particles. 

      The amount of CaO2 in oxygen-generating particles was quantified by 

subtracting PCL from PCL/CaO2. Three samples of each type of PCL/CaO2 

microparticle from three different batches were utilized in the analysis. To control 

the final CaO2 amount in different types of PCL/CaO2 microparticles to a similar 

level, the initial concentration of CaO2 in DCM was 10% (w/v) for the fabrication of 

all samples except for single wall PCL/CaO2, which was 4%. As shown in Figure 

2.4, the amount of CaO2 was in a similar level without a statistical difference (p > 

0.05) for all types of oxygen-generating particles, which was approximately 17%-

18% w/w. It was a slightly higher in electrosprayed single wall PCL/CaO2 than in 

other types of oxygen-generating particles, even though the initial CaO2 

concentration was 4% in the single wall PCL/CaO2 solution while it was 10% in 

other formulations. This suggests that electrosprayed single wall PCL/CaO2 had a 

higher encapsulation efficiency. 

      2.3.2 Oxygen Release 
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      The oxygen measurement was conducted at least 2 times, with 3 samples in 

each group. The result of first 24 h of oxygen release in hypoxic incubator is shown 

in Figure 2.5a. Microparticles were sterilized with 70% of ethanol for 30 min and 

dried for 2 h before the oxygen release experiment. A burst release of oxygen at 2 

h was observed in all CaO2-containing samples. O2 concentration in free CaO2 

sample reached to the highest level among all samples at 24 h, and single wall 

PCL/CaO2 released the highest amount of O2 among CaO2-containinng PCL 

microparticles within 24 h. The release profiles of both double wall PCL/CaO2 

samples were similar starting from 4 h.  

     The 6 day O2 release profiles are shown in Figure 2.5b. O2 concentration in free 

CaO2 sample rapidly dropped from ~43% at day 1 to ~5% at day 2, indicating a 

severe and transient oxygen-generating feature of free CaO2. The homogenized 

PCL/CaO2 sample only generated O2 at a relatively high level (~10%) in the first 3 

days, but its O2 level dropped to ~5% at day 4. O2 released from both double wall 

PCL/CaO2 samples can maintain at a relatively high level (~10%) in the first 4-5 

days, and the 1-4 mL/h sample generated higher level of O2 than 0.5-2 mL/h 

sample from day 2. This demonstrated that the protection from outer layer for 1-4 

mL/h sample was better than 0.5-2 mL/h sample in double wall PCL/CaO2 samples, 

which can also be verified by the oxygen release profile of the first 24 h (Figure 

2.5a), a higher amount of oxygen was generated from 0.5-2 mL/h sample due to a 

fast depletion of CaO2 at the initial 2-4h. Among all PCL/CaO2 groups, the oxygen 

level was the highest in the single wall PCL/CaO2 group at the first 5 days of 

oxygen release. 



 

34 
 

      2.3.3 Enhanced Cell Viability of MIN6 cells 

      To verify that oxygen generated from PCL/CaO2 particles can augment cell 

survival in hypoxia, MIN6 cells were cultured with and without PCL/CaO2 particles 

in 2D and 3D environments for 48 h in hypoxic condition (2% O2) and compared 

with cells cultured in normoxic condition. The cell death was assessed through the 

measurement of LDH release (Figure 2.6a), and the cell metabolic activity was 

measured by alamarBlue assay (Figure 2.6b). The measurement was conducted 

at least twice, with 3 samples for each group every time. The metabolic activity of 

PCL group was statistically lower than all the PCL/CaO2 groups in 48 h of 2D 

hypoxic culture (p < 0.01), however, there was no significant difference of LDH 

release between PCL/CaO2 groups and PCL group in 2D hypoxic culture. In 48 h 

of 3D culture experiment, the metabolic activity of PCL group was statistically lower 

than all the electrosprayed PCL/CaO2 groups in hypoxic culture (p < 0.05 or p < 

0.01). However, the LDH release was in a similar level in all groups. It should also 

be noted that the metabolic activity of single wall PCL/CaO2 group in hypoxic 

culture was even higher than PCL group in normoxic culture, likely owing to the 

higher oxygen generation from single wall particles at the initial stage. 

      The influence of oxygen-generating particles on the viability of MIN6 cells in 

hypoxic condition were examined in a longer time of 2D culture as well. MIN6 cells 

seeded in cell inserts were cultured with PCL/CaO2 particles for 1 week in a 2% 

O2 hypoxic incubator. The live/dead staining results are shown in Figure 2.7. The 

cell density and aggregates size of oxygen-generating samples (Figure 2.7c-f) 

were much larger than that of the PCL group (Figure 2.7a) in hypoxic condition 
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and were comparable to the PCL group in normoxic condition (Figure 2.7b). 

AlamarBlue assay results are shown in Figure 2.8. The results were based on 3 

different samples for each group, and this measurement was conducted at least in 

three different experiments. The results show that double wall PCL/CaO2 (1-4 mL/h) 

group achieved a higher metabolic activity, compared to single wall and 

homogenized PCL/CaO2 groups after 1 week of hypoxic culture (p <0.01). While 

the PCL group in hypoxic condition had the lowest metabolic activity, and the 

homogenized PCL/CaO2 group had a lower metabolic activity than all the other 

electrosprayed PCL/CaO2 groups. Both live/dead staining and alamarBlue 

analysis results verify that oxygen-generating microparticles were able to increase 

cell viability and metabolic activity in hypoxic culture, and electrosprayed 

PCL/CaO2 particles were more effective than homogenized PCL/CaO2 particles in 

supporting the survival of 2D cultured cells in hypoxic condition. 

      To evaluate the potential of using oxygen-generating particles in a long time of 

3D hypoxic culture, MIN6 cells were seeded in fibrin gel and cultured with 

PCL/CaO2 particles for 5 days in a hypoxic incubator. This was conducted at least 

in two different experiments, with 3 samples in each condition every time. 

Live/dead staining results show that significant cell death was found in the PCL 

group (Figure 2.9a) and homogenized PCL/CaO2 group (Figure 2.9c), while the 

density of live cells was the highest in the single wall PCL/CaO2 group, followed 

by the double wall PCL/CaO2 (1-4mL/h) group in hypoxic culture condition. 

AlamarBlue assay results (Figure 2.10) verify that cells in PCL and homogenized 

PCL/CaO2 groups had a lower metabolic activity in hypoxic culture, while cells in 
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the single wall PCL/CaO2 group had an elevated metabolic activity after 5 days of 

hypoxic culture. Increased metabolic activity for cells cultured with both of double 

wall PCL/CaO2 groups was also observed.  

2.4 Discussion 

      Sufficient oxygen supply is critical for cell survival, differentiation and function 

in the application of tissue engineering. Specifically, oxygen availability is of great 

importance for some cells with high oxygen demands, such as pancreatic β 

cells.[87, 95] In this work, we sought to prepare oxygen-generating microparticles 

by encapsulating CaO2 within biodegradable PCL for the use of sustaining cell 

viability in hypoxic condition. Free CaO2 can rapidly release oxygen when 

incubated in water without encapsulation, which is too severe and short-lived to 

use. To reduce the reactivity and to achieve a sustained oxygen generation of 

CaO2, a highly hydrophobic biomaterial, PCL, was used to encapsulate the solid 

peroxide as a diffusional barrier. The biodegradable property of PCL also allows 

the oxygen-generating microparticles to be degraded when used for in vivo 

applications. Two fabrication techniques, homogenization and electrospraying 

were utilized for the preparation of PCL/CaO2 microparticles. Electrosprayed 

PCL/CaO2 microparticles have several advantages over homogenized PCL/CaO2 

microparticles.  

      First, the preparation of homogenized PCL/CaO2 microparticles involved a use 

of water and a further purification with acid. Water and acid could introduce some 

unpredictable side effects since CaO2 can react with water, and polyester-based 

PCL can be easily degraded by acid. In contrast, the electrospraying technique 
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used for the preparation of PCL/CaO2 microparticles was a water- and acid-free 

operation, and a further purification was not needed.  

      Second, no obvious pore can be found on the surface of electrosprayed 

PCL/CaO2 microparticles while many pores were found on the surface of 

homogenized PCL/CaO2 microparticles (Figure 2.2). In addition, the 

elctrosrparying technique was versatile, both single wall and double wall 

microparticles can be easily prepared through this technique. Figure 2.3a shows 

CaO2 can be well encapsulated at the center of double wall PCL/CaO2 

microparticles (1-4 mL/h), avoiding the fast depletion of CaO2 by water. The 

average size of two types of double wall PCL/CaO2 particles were approximately 

23-26 µm, with a standard deviation of 5-6 µm. However, the average size of 

homogenized PCL/CaO2 particles were approximately 12 µm, with a standard 

deviation of 6 µm. The coefficient of variation (CV) of homogenized PCL/CaO2 

particles was much larger than two types of double wall PCL/CaO2 particles (50% 

vs. 19%-24%). The coefficient of variation (CV) of single wall PCL/CaO2 particles 

was 50% with an average size of approximately 16 µm. Taken together, double 

wall PCL/CaO2 particles prepared with electrospraying technique were narrower 

in size distribution. 

      Third, electrosprayed PCL/CaO2 microparticles can generate a relatively high 

level of oxygen (~10%) for a longer time than homogenized PCL/CaO2 

microparticles did (oxygen partial pressure was 8%-11% in electrosprayed 

PCL/CaO2 groups vs. 5% in homomgenized PCL/CaO2 group at day 4, Figure 

2.5b). Due to many pores on the surface of homogenized PCL/CaO2 particles, it 
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was likely that a large amount of CaO2 has already been depleted by the reaction 

with water during the initial 30 min of sterilization. As evidenced by the oxygen 

release profile of homogenized PCL/CaO2 particles (Figure 2.5a), the amount of 

O2 released from homogenized PCL/CaO2 particles was slightly lower than 

electrosprayed PCL/CaO2 particles at the first 2-4 h. However, the amount of O2 

released from homogenized PCL/CaO2 surpassed that from double wall 

PCL/CaO2 particles at 24 h, likely owing to a higher water permeability in 

homogenized PCL/CaO2 particles that promoted the oxygen generation through 

the reaction of CaO2 with water. In addition, the small size of homogenized 

PCL/CaO2 particles may be another reason for a faster depletion of oxygen due to 

a thinner layer of PCL diffusional barrier. It should also be noted that the single 

wall PCL/CaO2 sample released the highest amount of oxygen at the first 5 days, 

especially at the first 3 days. This can be explained by the Alizarin S red staining 

in Figure 2.3. As shown in Figure 2.3, CaO2 was entirely distributed in most of 

single wall PCL/CaO2 microparticles, which allowed CaO2 to readily react with 

water and to generate oxygen at a fast speed. While water molecules should pass 

through the outer PCL layer to react with CaO2 in double wall PCL/CaO2 

microparticles, resulting a slower rate of oxygen generation. At day 6, oxygen 

generated from both double wall samples started to be a slightly higher than that 

from single wall sample, indicating that oxygen can be sustained release from 

double wall samples in a more stable rate than that from single wall sample. 

However, the O2 level in all samples decreased to a level less than 10% on day 6 

(oxygen partial pressure was 6%-10% in electrosprayed PCL/CaO2 groups vs.  6% 
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in homomgenized PCL/CaO2 group at day 5, 5%-6% in electrosprayed PCL/CaO2 

groups vs. 4% in homomgenized PCL/CaO2 group at day 6, Figure 2.5b).   

      Fourth, in 2D and 3D hypoxic culture with MIN6 cells, electrosprayed 

PCL/CaO2 microparticles achieved a higher amount of cell survival and maintained 

cells in an enhanced metabolic activity than homogenized PCL/CaO2 

microparticles did (Figure 2.7-Figure 2.10). The microparticles were sterilized with 

70% ethanol for 30 min, dried for 2h after the removal of ethanol, and incubated 

with cell culture media for 16 h at 37 °C before culturing with cells in cell 

experiments. It was likely that a faster consumption of calcium peroxide happened 

in homogenized PCL/CaO2 particles. As a result, oxygen level in homogenized 

PCL/CaO2 particles decreased much faster than that in electrosprayed PCL/CaO2 

particles (Figure 2.5), thus cell culture results of homogenized PCL/CaO2 group 

was not as good as that of electrosprayed PCL/CaO2 groups in hypoxic culture (p 

< 0.05, homogenized PCL/CaO2 vs. double wall PCL/CaO2 after 1 week of 2D 

hypoxic culture, Figure 2.8). In addition, the 2D and 3D hypoxic culture results 

suggest that single wall and double wall PCL/CaO2 microparticles can be used for 

different applications. 1 week of 2D hypoxic culture results in Figure 2.8 show that 

cells in 1-4 mL/h double wall PCL/CaO2 group had a statistically higher metabolic 

activity than those in single wall PCL/CaO2 group (p < 0.01), similar trend was 

observed in Figure 2.6b after 48 h of 2D culture. However, 5 days of 3D hypoxic 

culture results in Figure 2.10 show that single wall PCL/CaO2 group was better 

than both double wall groups in enhancing cell metabolic activity. Taken together, 

a continuously high amount of oxygen supply was more essential for 3D cell culture 
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in hypoxia. As a gradient of oxygen formed inside 3D matrix due to oxygen diffusion, 

only a high oxygen supply from the external environment of 3D matrix can provide 

sufficient oxygen to the center of matrix. Single wall with a faster oxygen 

generation at the initial 3 days could serve as a better choice in the application of 

3D hypoxic culture. A lower rate of oxygen generation from double wall particles 

was more beneficial for 2D hypoxic culture, in which the formation of oxygen 

gradient was not involved with a single layer of cells. Since an elevated amount of 

H2O2 and OH- ions may be associated with a faster oxygen generation from single 

PCL/CaO2 particles, and this could cause a greater damage to cells cultured in 2D 

without a protection of a matrix (i.e. hydrogel) that was used in 3D culture. A 

damage from the fast generation of H2O2, and OH- ions in PCL/CaO2 particles 

could be an explanation for that the LDH release of PCL/CaO2 groups was similar 

to that of PCL group in hypoxic culture (Figure 2.6). 

      One challenge associated with electrosprayed PCL/CaO2 microparticles was 

that the oxygen release duration was still shorter than the time needed for vessel 

infiltration into large engineered tissues, which is typically 2 weeks or even longer 

time.[32] In addition, catalase was used in both hypoxic and normoxic culture of 

MIN6 cells, and a decrease of metabolic activity in cells was observed in the 

presence of catalase. AlamarBlue assay showed that cells with the same initial cell 

seeding density in catalase-free media was 4 times higher in the metabolic activity 

than those in catalase-containing media after 1 week of 2D culture in normoxic 

incubator (data is not shown). This could be one of the reasons that MIN6 cells in 

normoxic culture with PCL particles did not show a significantly elevated metabolic 
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activity (Figure 2.8 and Figure 2.10). A catalase-free oxygen-generating system 

may address the potential damage to cells caused by the enzyme. It should also 

be noted that, to compare with cells 2D cultured in catalase-free media in normoxic 

incubator, the absolute metabolic activity measured by almarBlue assay was 

relatively low for all groups after 5 days of 3D culture. To compare with PCL 

hypoxia group, MIN6 cells in 3D hypoxic culture with the presence of oxygen-

generating particles did not show an enhanced metabolic activity or cell survival at 

day 7, likely due to the depletion of oxygen in all samples. As shown in Figure 2.9, 

to compare with PCL hypoxia group (Figure 2.9a), more live cells can be found in 

electrosprayed PCL/CaO2 groups (Figure 2.9c-f), especially in the single wall 

PCL/CaO2 group (Figure 2.9 d), however, the metabolic activity of cells measured 

by alamarBlue assay did not show a significant increase (Figure 2.10) in 

electrosprayed PCL/CaO2 groups. The major reason could be due to an insufficient 

oxygen supply in all PCL/CaO2 groups at day 5, resulting in a great decrease of 

mitochondria-related metabolic activity in all groups. Since nonfluorescent calcein 

AM, the live staining dye used in this study, was converted to a green-fluorescent 

calcein by intracellular esterases during live/dead staining,[96, 97] and 

nonfluorescent resazurin in the alamarBlue reagent can be reduced to a highly 

fluorescent resorufin by mitochondrial enzyme activity during alamarBlue assay[98, 

99]. In our study, it was likely that when cells were incubated with alamarBlue 

reagent after 5 days of 3D hypoxic culture, resazurin cannot be sufficiently reduced 

to resorufin owing to a decreased mitochondrial activity, however, the cell 

membrane integrity of electrospayed PCL/CaO2 groups was better than that of 
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PCL hypoxia group, more nonfluorescent calcein AM can be converted to green-

fluorescent calcein by intracellular esterases in electrospayed PCL/CaO2 groups. 

This may agree with the suggestion in some studies that the viability of cells cannot 

be equal to the vitality of cells.[100, 101]  Bancos et al. [101] reported that when 

RAW 264.7 mouse macrophage cells were quantified by calcein AM and sodium 

3′- [1-phenylamino)-carbonyl]-3,4-tetrazolium]-bis (4-methoxy-6-nitrobenzene) 

sulfonic acid hydrate (XTT) assay, in which XTT assay is similar to alamarBlue 

assay used in our study, the normalized value of calcein AM assay was different 

from that of XTT assay in reflecting the cell viability, and the difference could be as 

high as 100% in some tested groups. In another study of viability/cytotoxicity of 

C2C12 seeded on different materials, the live/dead staining results show that one 

group had at least 5 times higher amount of live cells than the other group, however, 

the 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT) assay 

results only show a 70% of increase in metabolic activity.[102]  Some studies also 

show that an increased reading in MTT assay was obtained together with a 

decrease in cell number after the treatment of some chemicals.[103, 104] Taken 

together, assay methods should be carefully selected in cell experiments with 

oxygen-generating particles. 

      Electrosprayed PCL/CaO2 microparticles developed in this work also have 

several advantages over published studies with peroxides,[35, 92, 93] 

microtanks,[53] and fluorinated compounds-based[44, 94] oxygen-generating 

microparticles. First, the oxygen released from some microparticles, such as 

PTMC/CaO2 microspheres and microtanks was depleted with 1-2 days [53, 92]. In 
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contrast, the oxygen generated from electrosprayed PCL/CaO2 microparticles can 

last for at least 6 days. In addition, no obvious burst release was observed in 

double wall PCL/CaO2 microparticles, and in this work 16 h of pre-incubation with 

media before cell experiments further got rid of the burst released oxygen. Second, 

the electrosprayed PCL/CaO2 microparticles are stable and easy to be dried with 

vacuum and stored at room temperature, however, H2O2/PVP-based PLGA 

microparticles[35, 93] need to be dried with lyophilization and stored at -20 °C, 

H2O2 may be easily removed during the process of lyophilization and degraded 

during the time of storage. Third, PCL used in electrosprayed PCL/CaO2 

microparticle is biodegradable and can be cleared eventually in the in vivo 

transplantation, however, fluorinated compounds are non-degradable, the in vivo 

clearance of those compound can be problematic. We anticipate that the effect of 

short oxygen release duration can be mitigated by incorporating the delivery of 

vascular endothelial growth factor, VEGF, or pre-vascularizing engineered tissues 

together with the use of electrosprayed PCL/CaO2 microparticles to shorten the 

time needed for angiogenesis in in vivo applications. Overall, we have 

demonstrated that electrosprayed PCL/CaO2 microparticles can improve cell 

survival and metabolic activity in hypoxic culture, it is envisioned that this approach 

will be highly desirable in the transplantation of engineered tissues. 
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2.5 Figures 

Figure 2.1. Schematic of preparation of oxygen-generating microparticles using 

homogenizing and electrospraying methods. 
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Figure 2.2. SEM images of (a) electrosprayed double wall PCL/CaO2 (1-4 mL/h), 

(b) electrosprayed double wall PCL/CaO2 (0.5-2 mL/h), (c) electrosprayed single 

wall PCL/CaO2, (d) homogenized PCL/CaO2 and (e) homogenized PCL. (f) Size 

distribution of microparticles (n=3). The scale bars are 10 µm. The scale bars are 

1 µm for the inserted images.  

(f) 
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Figure 2.3. Merged images of bright field and red fluorescence of (a) 

electrosprayed double wall PCL/CaO2 (1-4 mL/h), (b) electrosprayed double wall 

PCL/CaO2 (0.5-2 mL/h), (c) electrosprayed single wall PCL/CaO2, (d) 

homogenized PCL/CaO2 and (e) homogenized PCL microparticles after Alizarin 

Red S staining. The scale bars are 20 µm. 
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Figure 2.4. CaO2 amount in oxygen-generating microparticles. Error = SD, n=3. 
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Figure 2.5. Oxygen release profiles of oxygen-generating microparticles for (a) 24 

h and (b) 6 days. Error = SD, n=3. 

 

 

(a) 

(b) 
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Figure 2.6. LDH release and alamarBlue assay after 48 h of 2D and 3D culture. (a) 

LDH release after 48 h of 2D culture, (b) normalized metabolic activity after 48 h 

of 2D culture (*p < 0.05, **p < 0.01, #p < 0.01 for PCL hypoxia group vs. all other 

groups, Student’s t test), (c) LDH release after 48 h of 3D culture, (d) normalized 

metabolic activity after 48 h of 3D culture (*p < 0.05, #p < 0.05 for PCL hypoxia 

group vs. all of electrosprayed PCL/CaO2 groups, Student’s t test). The fluorescent 

intensity was normalized to that of MIN6 β cells cultured with homogenized PCL in 

normoxic incubator for the same time scale. Error = SD, n=3.  

 

(a)                                                      (b)                                   

(c)                                                       (d)                                   
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Figure 2.7. Live/Dead cell staining of MIN6 β cells 2D cultured with (a) 

homogenized PCL particles in hypoxic incubator with 2% O2, (b) homogenized 

PCL particles in normoxic incubator, (c) homogenized PCL/CaO2 particles, (d) 

electrosprayed single wall PCL/CaO2 particles, (e) electrosprayed double wall 

PCL/CaO2 particles (0.5-2 mL/h), (f) electrosprayed double wall PCL/CaO2 

particles (1-4 mL/h) in hypoxic incubator with 2% O2 for 1 week. Live cells were 

detected as green fluorescence and dead cells were detected as red fluorescence. 

The scale bars are 200 µm. 
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Figure 2.8. AlamarBlue assay comparing metabolic activity of MIN6 β cells after 

2D culturing with oxygen-generating microparticles for 1 week in hypoxic incubator 

with 2% O2. The fluorescent intensity was normalized to that of MIN6 β cells 

cultured with homogenized PCL in normoxic incubator for the same time scale. 

Error = SD, n=3. *p < 0.05, **p < 0.01, Student’s t test. 
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Figure 2.9. z-stacked images of MIN6 β cells 3D cultured with (a) homogenized 

PCL particles in hypoxic incubator with 2% O2, (b) homogenized PCL particles in 

normoxic incubator, (c) homogenized PCL/CaO2 particles, (d) electrosprayed 

single wall PCL/CaO2 particles, (e) electrosprayed double wall PCL/CaO2 particles 

(0.5-2 mL/h), (f) electrosprayed double wall PCL/CaO2 particles (1-4 mL/h) in 

hypoxic incubator with 2% O2 for 5 days. Live cells were detected as green 

fluorescence and dead cells were detected as red fluorescence. The scale bars 

are 200 µm. 
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Figure 2.10. AlamarBlue assay comparing metabolic activity of MIN6 β cells after 

3D culturing with oxygen-generating microparticles for 5 days in hypoxic incubator 

with 2% O2. The fluorescent intensity was normalized to that of MIN6 β cells 3D 

cultured with homogenized PCL in normoxic incubator for the same time scale. 

Error = SD, n=3.  
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Chapter 3 Oxygen-Generating Films  

      3.1 Introduction 

      Insufficient oxygenation after implantation is one of the most critical issues in 

Tissue Engineering (TE).[25] Cell survival and maturation of engineered tissues 

are greatly affected by the limitation of oxygen diffusion from surrounding 

vasculature in vivo. Cellular necrosis and tissue ischemia happen as a result due 

to inevitable delay in angiogenesis of transplanted tissues.[105] Previous study 

reported that a distance exceeds 100-200 µm between cells and blood vessel 

could result in oxygen deficiency.[106] If the size of implanted scaffold is larger 

than a few millimeters, oxygen diffusion would become even critical towards the 

center of scaffolds.[107] Since the level of oxygen is maximal on the periphery of 

the implant while decreases exponentially to the inward radial distance in the 

absence of vascular ingrowth.[108] This could be even worse for highly 

metabolically active cells, such as pancreatic β cells,[95] hepatocytes,[109] and 

neurons[110]. For example, islets contain endocrine hormone-producing cells 

such as α and β cells that regulate blood glucose level, implantation of islets to the 

pancreas becomes one strategy for treating diabetes.[111] One major challenge 

associated with the implantation is the inability to supply sufficient oxygen for the 

cells. 

      To eliminate the hypoxic period between implantation and the development of 

fully functional vascular network, oxygen should be delivered in a consistent 

approach. Several attempts have been tried in supplying adequate oxygen for 
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engineered tissues. Oxygen carriers, such as perfluorocarbons (PFC)[51] and 

engineered hemoglobin,[50] have been incorporated in biomaterials to directly 

deliver oxygen to implants. Delivery of growth factors, such as angiogenic factors 

(vascular endothelial growth factor, VEGFs)[112] or implantation of engineered 

constructs nearby vascular-rich tissues[113] are utilized to augment the ingrowth 

of host vasculature. In situ oxygen-generating materials that providing a consistent 

and localized oxygen delivery have been recently investigated as well.[84, 87] This 

approach holds great potential in supplying oxygen in a sustained and prolonged 

manner for engineered tissues both in vitro and in vivo. Different forms, such as 

films,[40] microparticles,[35, 92] scaffolds[39, 114] and electrospun fibers[115] in 

combination of peroxide compounds (hydrogen peroxide (H2O2), calcium 

peroxide(CaO2), magnesium peroxide (MgO2), sodium percarbonate 

(2Na2CO3·3H2O2), and fluorinated materials are heavily investigated. One 

approach is through the decomposition of solid peroxides (such as calcium 

peroxide) into molecular oxygen via hydration reaction, as shown in Eq. 1. 

CaO2 + 2H2O → Ca(OH)2 + H2O2 

2H2O2 → 2H2O +O2                                                                                         Eq. 1 

The incorporation of peroxides into bulk polymers can significantly reduce the too 

violent reaction of solid peroxide with water, thus oxygen can be generated over a 

sustained period of time, and the reaction intermediate hydrogen peroxide, a 

residual reactive oxygen species (ROS), will not be quickly accumulated. An 

elevated level of ROS could increase the production of free radicals and damage 

cellular macromolecules.[116] In some studies, catalase, an enzyme found in 
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almost all living cells that converts hydrogen peroxide to water and oxygen, was 

utilized to accelerate H2O2 decomposition.[38, 39]  

    In the last chapter, we developed oxygen-generating microparticles for the 

application in tissue engineering. One of the advantages of using microparticles is 

that they can be encapsulated together with cells and provide oxygen to support 

adjacent cells directly. However, the formulation of oxygen-generating films also 

has some other advantages. For example, islets have the potential to be directly 

seeded on oxygen-generating films for implantation.[41] Oxygen-generating films 

can be used a wound dressing for wound healing.[36, 37] The films-based oxygen-

generating biomaterials for a prolonged oxygen release were investigated and 

discussed in this chapter. 

      Solvent-cast technique was used for the preparation of oxygen-generating 

biomaterials by encapsulating peroxides in biodegradable polymers. For example, 

in one published study[39] calcium peroxide was encapsulated into poly (lactic-co-

glycolic acid) (PLGA) through solvent-cast technique, the porous PLGA cylinder 

(10 mm in diameter, 4 mm in thickness) was able to release oxygen for 10 days, 

an enhanced fibroblast metabolic activity was achieved by culturing 3T3 fibroblasts 

with the oxygen-generating material in a hypoxic condition (1%) for 10 days. 

However, the DAPI staining of cells seeded on the oxygen-generating material did 

not show an obvious growth of cells in density, and the scaffold can only generate 

a small amount of oxygen for 10 days. In addition, catalase was required during 

the culture to reduce cytotoxicity. In another study, calcium peroxide was 

encapsulated in poly(D,L-lactic acid) (P(DL)LA) or PLGA through solvent-cast 
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technique by Steg et al.[114] However, most of oxygen was rapidly released from 

the P(DL)LA and PLGA-based oxygen-generating films within 48 h, and release 

profiles of polymer-based oxygen films were similar to that of free CaO2. When 

hMSCs were seeded on CaO2-containing (P(DL)LA) and PLGA films and cultured 

in hypoxia for 7 days, a significant higher level of cell death happened in both 

CaO2-containing films when compared with the cells seeded on P(DL)LA or PLGA 

films without CaO2 in hypoxic culture. Incorporation of CaO2 in P(DL)LA or PLGA 

did not result in an improvement of cell survival. The two studies indicate that 

oxygen-generating films prepared from solvent-cast technique may not completely 

satisfy the need for a long-term and well-controlled release of oxygen together with 

an increased cell viability and proliferation in hypoxic culture. 

      Electrospinning technique was also used for the preparation of oxygen-

generating biomaterials. For example, Ross et al.[117] prepared a Sodium 

percarbonate (SPO) sheet by electrospinning sodium percarbonate with 

polycaprolactone (PCL) and cultured the sheet with keratinocytes in hypoxia for 6 

days, a collagen layer with different thicknesses (3-7 mm) were placed between 

cells and the sheet. The results show oxygen generated from the sheet can 

maintain cell viability and proliferation when the collagen layer was 3-5 mm, while 

beyond 5 mm, the viability of cells was even lower than the control group without 

sheet in hypoxic culture. In addition, a burst release of oxygen was observed, 90% 

of oxygen were release within 48 h.  In another report, PCL nanofibers 

incorporated with different ratios of calcium peroxide were prepared by Wang et 

al.[115] for the purpose of antimicrobial. A burst release of oxygen was observed 



 

58 
 

at day 1, and the duration of oxygen release can only be sustained for 3 days. 

Bacterial growth was effectively inhibited by the calcium peroxide-containing film 

after 24 h. However, a significant amount of cell death was observed at day 1 when 

osteoblast cells were directly seeded on films containing 5% or 10% calcium 

peroxide. The two studies show that peroxide-based electrospinning films can only 

release oxygen for 2-3 days, and cytotoxicity was accompanied by the burst 

release of oxygen in the initial stage.   

      To enhance the duration of oxygen release, a highly hydrophobic but non-

biodegradable polymer-based oxygen-generating system was developed. 

Polydimethylsiloxane (PDMS), an oxygen permeable polymer, was used to 

encapsulate calcium peroxide.[41] Oxygen release can be maintained at an 

average level of 0.12 mM (~12% oxygen partial pressure, standard oxygen tension 

was 0.20 mM) in the first 2 weeks, the viability and proliferation of pancreatic islets 

and β cells were greatly improved when culturing with PDMS/CaO2 film under 

hypoxic condition (0.05 mM O2). Furthermore, catalase was not required to reduce 

byproducts of hydrogen peroxide owing to the hydrophobic property of the polymer. 

However, a main drawback of this technique is that PDMS is nonbiodegradable 

and it will either stay in the body after implantation or needs to be extracted by 

surgery. Also, in our investigation with PDMS/CaO2 film, a heterogenous 

distribution of CaO2 particles within PDMS film was observed. CaO2 particles 

concentrated to the bottom of PDMS film over curing process due to gravity. 

      To address above mentioned limits of oxygen-generating systems collectively, 

a novel fabrication technique of oxygen-generating films was developed in this 
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study. Heat-press technique instead of solvent-cast or electrospinning was utilized 

to fabricate a oxygen-generating film by encapsulating CaO2 in PCL, forming a 

PCL/CaO2 film. To compare with solvent-cast PCL/CaO2 film, pores inside the film 

generated by solvent evaporation was fully removed in the heat-press PCL/CaO2 

film. Moreover, by using heat-press technique, an additional layer of PCL film can 

be bound to the surface of PCL/CaO2 film, which enables to adjust the release rate 

of oxygen in a more controllable manner, and to further diminish the potential 

damage caused by a fast release of H2O2. The oxygen release property, the ability 

of supporting cell survival and proliferation in 2D and 3D hypoxic culture, and the 

impact of oxygen supply on angiogenesis were evaluated in detail.  

3.2 Materials and Methods 

      3.2.1 Oxygen-Generating Films Fabrication 

      To fabricate heat-press PCL/CaO2 films, 40% w/w PCL solution in 

dichloromethane (DCM) was prepared by dissolving 1 g of PCL in 2.5 ml of DCM, 

0.25 g or 0.5 g of CaO2 powder was mixed with the PCL solution to form a 1× 

PCL/CaO2 or 2× PCL/CaO2 solution. As shown in Figure 3.1, the PCL/CaO2 

solution was added into homemade PDMS molds (6 mm in diameter, 2 mm in 

depth) and dried in fume hood for 24 h, followed by drying in vacuum at room 

temperature for 3 days before heat-press. To fabricate unsealed PCL/CaO2 film, 

dried PCL/CaO2 films were transferred into metal molds (8 mm in diameter, 0.55 

mm in thickness), holding between two stainless steel plates with polished Teflon 

sheet, and compressed by heat-press machine (Carver Press 5370-ASTM). The 

compressive process conditions were as follows: the molds together with samples 
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were preheated for 10 min under 85 °C, then pressed at 5000 lb. for 5 min under 

85 °C, followed by quenching the molds and samples with water at room 

temperature. To fabricate sealed PCL/CaO2 films, PCL pellets were first heat-

pressed in a metal mold with a thickness of 0.25 mm under the same heat-press 

condition and the heat-press PCL films were then cut into small PCL films with a 

dimension of 1.5 cm × 1.5 cm. Unsealed PCL/CaO2 films were then sandwiched 

by two pieces of PCL films, transferred into metal molds (10 mm in thickness) and 

compressed by heat-press machine. The compressive process conditions were as 

follows: the molds together with samples were preheated for 2 min under 85 °C, 

then pressed at 5000 lb. for 2 min under 85 °C, followed by quenching the molds 

and samples with water at room temperature. 

      Solvent-cast PCL/CaO2 films and PDMS/CaO2 films were prepared as 

controls.1 g of PCL was dissolved in 3 ml of DCM to form a 33% (w/w) polymer 

solution. The polymer solution was mixed thoroughly with 0.25 g or 0.5 g of CaO2 

powder for the preparation of 1× PCL/CaO2 or 2× PCL/CaO2 solvent-cast films, 

respectively. The entire mixture was poured into a 50 mm glass petri dish, and 

allowed to dry in fume hood for 24 h, followed by drying in vacuum at room 

temperature for 3 days. PDMS/CaO2 films were fabricated following publications 

with some modifications [41]. 0.25 g or 0.5 g of CaO2 powder was mixed with 1 g 

of PDMS (Momentive Performance Materials, RTV 615 KIT, mixed 4:1 w/w curing 

agent) and poured into a 50 mm in diameter petri dish. The mixture was defoamed 

in vacuum desiccator for 1h, then cued at 37 °C overnight, followed by 100 °C 
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curing for 1 week to obtain a PDMS/CaO2 film with a final thickness of 

approximately 0.55 mm.  

      3.2.2 Scanning Electron Microscope (SEM) Imaging 

      The inner structure of films was observed on SEM (JEOL 6500). Films were 

frozen in liquid nitrogen for 30s, followed by fracturing at the center, a smooth cross 

section was obtained. The fractured film was then attached to an SEM sample 

holder through carbon tape and the cross section was coated with platinum 

under argon atmosphere by a platinum sputter module in a high-vacuum 

evaporator. The specimens were imaged at an accelerating voltage of 5 kV with 

a working distance of 10 mm in secondary electron mode. 

      3.2.3 Oxygen Release Measurement 

      Solvent-cast PCL/CaO2 films, PDMS/CaO2 films and sealed PCL/CaO2 films 

were cut by a punch with a diameter of 8 mm (McKesson Medical Surgical 875741) 

and sterilized together with unsealed PCL/CaO2 films in 5 ml of 70% ethanol for 

30 min (3 pieces for each type). The ethanol was aspirated, and the films were 

dried for 2 h. The films were then attached to each well of 48-well culture plate 

through vacuum grease (Sigma Aldrich, Z273554-1EA, the vacuum grease was 

autoclaved at 121°C for 20 min ahead of time), 600 µL of deoxygenized phosphate-

buffered saline (PBS) was added into each well and incubated at hypoxic incubator 

(2% O2, 5% CO2) at 37 °C. The O2 concentration was measured by an Oxygen 

Microsensor (OXR50-OI, Pyroscience) at different time points until day 24, which 

was connected to Pyro Oxygen Logger software (available on the website of 
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Pyroscience) through Firesting O2 (Pyroscience, FSO2-01). The oxygen probe 

was calibrated before each time point of measurement using 2-point in water mode. 

In brief, oxygen probe was inserted in a 25 mL glass vial with 10 mL of PBS with 

a temperature of 37 °C, and the measured value was calibrated as oxygen partial 

pressure in air. To calibrate 0% oxygen partial pressure, nitrogen gas was purged 

into the glass vial with 10 ml of PBS for 5 min, then the oxygen probe was inserted 

into the PBS, the measured value was calibrated as oxygen partial pressure in 0% 

oxygen condition. At each time point of measurement, 48-well culture plate was 

taken out from the hypoxic incubator, and oxygen probe was quickly inserted into 

each well to measure the oxygen level, the entire process took approximately 3 

min.  

3.2.4 MIN6 Cell Culture 

      MIN6 cells (passage 30-40) were grown in Dulbecco’s modified Eagle’s 

medium (DMEM, high glucose, Thermo Fisher 11965-092) in 5 mL of T25 cell 

culture flask at 37°C and 5% CO2 humidified incubator. The medium was 

supplemented with 10% fetal bovine serum (FBS, Atlanta Biologicals S11550), 

0.05 mM β-mercaptoethanol (Life technologies 21985023), 1% Penicillin-

streptomycin (Life Technologies 15070-063), 1 mM Pyruvate (Thermo Fisher 

Scientific 11360070) and 2 mM Glutamax (Life Technologies 35050061). Cell 

culture media was changed every 2 days, once cells in the culture flask reached 

to 80-90% confluency, the cells were sub-cultured into 3 flasks. In brief, the cell 

culture media was aspirated, and the flask was gently rinsed with 3 mL of PBS and 

the PBS was then aspirated, 1 mL of 0.25% Trypsin-EDTA (VWR 82003-688) was 
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added and incubated at 37 °C for 3 min, the side of the flask was tapped to detach 

cells, then 5 mL of media was added to neutralize the trypsin, 2 mL of the cell 

suspension was distributed into each new T25 flask, additional fresh media was 

added to a final volume of 5 mL in each flask. Cells were cultured in 37°C, 5% CO2 

and humidified air incubator. 

      3.2.5 2D and 3D Culture of MIN6 cells on PCL/CaO2 Films 

      PCL/CaO2 films were sterilized with 70% ethanol for 30 min, then the ethanol 

and was aspirated. The films were dried for 2 h and incubated with 5 mL of cell 

culture media overnight at 37 °C humidified incubator before all 2D and 3D cell 

experiments. The films were then attached to each well of 48-well culture plate 

through vacuum grease. In 2D experiments, 80,000 MIN6 cells in 500 µL media 

were seeded directly on films. The cells were incubated in hypoxic incubator (2% 

O2, 5% CO2) at 37 °C for 1 week or 2 weeks. The media was changed every 2 

days. In 3D experiments, 2 million/mL MIN6 cells in 200 µL of 5 mg/mL fibrinogen 

solution was gelled on each film at 37 °C humidified incubator for 30 min to get a 

final gel thickness of approximately 1.8 mm, 600 µL media was then added into 

each well and incubated at hypoxic incubator (2% O2, 5% CO2) at 37 °C for 1 week 

or 2 weeks. The media was changed every 2 days. 

      3.2.6 LDH Release 

      Lactate dehydrogenase (LDH) release in 2D or 3D cell culture were quantified 

by LDH Cytotoxicity Assay Kit (Thermo Fisher Scientific 88953) after 48 h of 

hypoxic culture. In brief, 50 µL cell culture media supernatant was mixed with 50 
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µL of reaction reagent in an optically clear 96-well plate (Sarstedt 82.1581) and 

incubated at room temperature for 30 min. The enzyme reaction was stopped by 

adding 50 µL stop solution. And absorbance was measured at 480 nm with a 

reference wavelength at 690 nm using multi-mode microplate reader (Cytation 3, 

Biotek). 

      3.2.7 Live/Dead Imaging 

      Cell viability in 2D and 3D culture was visualized by Live/ 

Dead staining the cells with 4 µM ethidium homodimer-1 (Thermo Fisher Scientific 

E1169) and 4 µM calcein AM (Thermo Fisher Scientific C3099) in culture media 

and imaged by Carl Zeiss Axio Observer Z1 with an ApoTome at 5× magnification. 

Z-stacked images were acquired by using a high-resolution AxioCam MRm digital 

camera and Zeiss AxioVision 4.8 software in Apotome mode. GFP channel 

(excitation/emission: 489/509 nm) and DsRed channel (excitation/emission: 

563/581 nm) were used to collect green and red fluorescence, respectively. For 

2D-cultured samples, the films together with cells were incubated with 300 µL of 

staining media for 30 min at 37 °C humidified incubator, then the media was 

replaced with 300 µL of fresh media, and the films were incubated for additional 

10 min before imaging. The films were placed on a glass slide and imaged by 

fluorescence microscopy. For 3D-cultured samples, the fibrin gel encapsulated 

with cells was carefully detached from the film and stained with 600 µL of staining 

media for 2.5 h in a new 48 well-culture plate under gentle shaking at 37 °C 

humidified incubator, then the media was replaced with 600 µL of fresh media, and 

the gel was incubated for additional 1 h before imaging. The gel was then place on 
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a glass slide with the top of the gel facing to the glass slide and covered with a 

cover glass and imaged by fluorescence microscopy in ApoTome mode. 

      3.2.8 AlamarBlue Assay 

      The metabolic activity of MIN6 cells was quantified by alamarBlue assay 

(Thermo Fisher Scientific DAL1025). 10% v/v alamarBlue reagent was prepared 

with fresh cell culture media. For 2D-cultured samples, the culture media was 

aspirated, and 300 µL of 10% v/v alamarBlue solution was added into each well 

and incubated under gentle shaking at 37 °C humidified incubator for 3 h. For 3D-

cultured samples, fibrin gels were transferred into each well of 24-well plate, 2 mL 

of 10% v/v alamarBlue solution was added into each well and incubated under 

gentle shaking at 37 °C humidified incubator for 3 h. Then 120 µL media from each 

well were loaded into 96-well plate, and the fluorescent intensity was measured at 

560/590 nm (excitation/emission) using a multi-mode microplate reader (Cytation 

3, Biotek). 

      3.2.9 In Vitro 3D Angiogenesis Assay 

      To evaluate the angiogenesis potential of Human Umbilical Vein Endothelial 

Cells (HUVECs, passage 3-4, Lonza) cultured with oxygen-generating films, films 

were sterilized with 70% ethanol for 30 min, then the ethanol was aspirated. The 

films were dried for 2 h and incubated with 5 mL of cell culture media overnight at 

37 °C humidified incubator. After overnight incubation of films with media, 2 

million/ml HUVECs in 150 µL of 3 mg/ml fibrinogen solution was gelled in each 

well of 48-well plate for 30 min at 37 °C humidified incubator to get a thickness of 
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approximately 1.6 mm fibrin gel, the film was added onto the top of each gel, 600 

µL of EGM media (Lonza CC3162) with additional 20 ng/mL VEGF (Cell Signaling 

Technology 2479S) and 1 mg/mL catalase (Sigma C1345) was added into each 

well, and cultured at hypoxic incubator (2% O2, 5% CO2) at 37 °C for 5 days. To 

image the vessel networks formed inside the gels, each gel was stained with 500 

µL of media with 4 µM calcein AM for 2 h at 37 °C, then the media was replaced 

with 500 µL of fresh media and incubated for 30 min. The gels were imaged by 

Carl Zeiss Axio Observer Z1 in ApoTome mode at 5× magnification. The images 

were then processed by AngioTool, a free ImageJ package developed by the 

National Institutes of Health, to quantify the vasculature network.[118, 119] The 

settings were as follows: low threshold of vessel intensity was 15 and high 

threshold was 255, vessel diameter was 7, small particles less than 1000 was 

eliminated. 

      3.2.10 Statistical Analysis 

      Results were expressed as mean ± SD. Two-tailed Student’s t test was used 

to evaluate the statistical significance. Differences were considered significant at 

p < 0.05. 

3.3 Results  

      3.3.1 Films Characterization 

      Heat-press PCL/CaO2 films (unsealed) encapsulated with 25% or 50% (w/w) 

CaO2 powder were first fabricated (8 mm in diameter and 0.55 mm in thickness). 

Unsealed films were further sealed with thin PCL films on both sides by the heat-
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press technique, forming sealed PCL/CaO2 films with a thickness of 1 mm. 

Solvent-cast PCL/CaO2 films and PDM /CaO2 films with the same dimension as 

the unsealed film and the same amount of CaO2 powder encapsulated were 

prepared as controls. The films were characterized by SEM. As shown in Figure 

3.2, to compare with heat-press PCL/CaO2 films (Figure 3.2a, b, e and f), many 

pores were found in solvent-cast PCL/CaO2 films (see white arrows in Figure 3.2d 

and h). As some of encapsulated CaO2 particles were indicated by black arrows, 

CaO2 were evenly distributed throughout heat-press 1× PCL/CaO2 films (Figure 

3.2a, b) and 2× PCL/CaO2 films (Figure 3. 2e, f), and the cross-sectional 

morphology of heat-press PCL/CaO2 films was similar to the heat-press PCL film 

(Figure 3.2f). In sealed PCL/CaO2 films (Figure 3. 2a, e), additional PCL films were 

well sealed with the unsealed PCL/CaO2 film, no gap was observed between PCL 

layer and unsealed PCL/CaO2 film, and no obvious CaO2 particles were seen in 

the top and bottom PCL layer of sealed PCL/CaO2 films. CaO2 particles 

concentrated to the bottom layer of 1× PDMS/CaO2 sample (see the white dash 

box in Figure 3.2c), this was likely due to the precipitation of CaO2 particles during 

the curing process of PDMS, which could be one reason for a burst release of 

oxygen from PDMS/CaO2 films at the initial stage. In 2× PDMS/CaO2 sample 

(Figure 3.2g), CaO2 particles tended to concentrate towards the bottom of the film 

as well, however, due to double amount of CaO2 particles were mixed with PDMS 

in 2× PDMS/CaO2 film than that in 1× PDMS/CaO2 film, most of the CaO2 particles 

were distributed more broadly throughout the film, concentrating at approximately 

75% of the area on the film that close to the bottom. 
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      3.3.2 Oxygen Release 

      The release of O2 from films were characterized in short-term (24 h) and long-

term (24 days) manners. The experiments were conducted at least twice, with 3 

samples in each condition. Films were sterilized with 70% ethanol for 30 min and 

dried before the incubation with PBS for oxygen measurement in hypoxic incubator. 

The partial pressure of O2 in the hypoxic incubator was set to 2%, and the O2 

released to an open system from films, in which gas exchanged between PBS that 

incubated with films and gas in the hypoxic incubator. In general, all the CaO2-

containing samples were able to release O2 in a relatively high level (>10%) within 

15 days (Figure 3.4). Within the first 24 h of release, as shown in Figure 3.3a, O2 

was released at a slowest rate from 1× sealed PCL/CaO2 while at a highest rate 

from 1× solvent-cast PCL/CaO2 among all 1× samples. The O2 level of 1× solvent-

cast PCL/CaO2 sample was even higher than the partial pressure of O2 in the air 

at 37 °C (~ 20%) after 4 h of release. Figure 3.3b shows that the O2 tension in 2× 

PDMS/CaO2 reached to the highest level among all 2× samples at 24 h, while O2 

released from 2× sealed PCL/CaO2 was at a slowest rate. The O2 concentration 

of 2× solvent-cast PCL/CaO2 sample was slightly lower than that of 2× unsealed 

PCL/CaO2 sample at 24h in Figure 3.3b, this could be ascribed to a faster 

consumption of CaO2 in solvent-cast samples during the 30 min of sterilization 

process, thus less oxygen was generated during the short-time of oxygen release 

measurement. 1× solvent-cast PCL/CaO2 sample was more compacted than the 

2× solvent-cast PCL/CaO2 sample, since less CaO2 particles interfered with the 

interactions among PCL molecules in the film. Thus, less water molecules 
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penetrated into the 1× solvent-cast PCL/CaO2 sample than into the 2× solvent-

cast PCL/CaO2 sample during the first 30 min of 70% ethanol sterilization, and less 

CaO2 was consumed in1× solvent-cast PCL/CaO2 sample at this stage.  When 

incubated with water during oxygen release study, more and more water 

penetrated into the 1× solvent cast PCL/CaO2 sample and caused a larger amount 

of oxygen release by 24h. The long-term release profiles in Figure 3.4b show that, 

among all 2× PCL/CaO2 films, 2× solvent-cast PCL/CaO2 samples released O2 at 

the highest rate with an O2 level higher than the partial pressure of O2 in the air at 

37 °C (~ 20%) for 7-9 days. This hyperoxia condition can result in oxygen toxicity 

as well, which is as detrimental to cells as hypoxia, especially for β cells used in 

our cell study that are more sensitive to reactive oxygen species.[120] Among all 

1× PCL/CaO2 films, 1× solvent-cast PCL/CaO2 samples also released O2 at the 

highest rate in the long-term oxygen release study, and the oxygen tension in 1× 

unsealed PCL/CaO2 group was slightly higher than that in 1× sealed PCL/CaO2 

group at the first 11 days, and the oxygen tension can be maintained in a normal 

range in all the 1× heat-press PCL/CaO2 samples (Figure 3.4a). However, 

Hyperoxic levels of oxygen release were also observed in 1× and 2× PDMS/CaO2 

samples on the first 3 days of O2 release (Figure 3.4). The oxygen partial pressure 

of 2× PDMS/CaO2 samples reached to 35% on day 2. On the contrary, the oxygen 

partial pressure of heat-press PCL/CaO2 samples maintained in a relatively normal 

level in the initial stage. The partial pressure of oxygen in all sealed PCL/CaO2 

samples (1× and 2×) never exceeded 21%. The partial pressure of 2× unsealed 

PCL/CaO2 samples was slightly higher than the oxygen partial pressure in the air 
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at 37 °C (~ 20%) on the first 2 days. However, considering that in cell experiments, 

samples were incubated with media overnight before cell seeding, the O2 released 

from 2× unsealed PCL/CaO2 samples would be in a relatively normal level when 

cultured with cells.  

      3.3.3 2D Culture MIN6 cells on Films 

      To demonstrate heat-press PCL/CaO2 films can support cell proliferation and 

minimize hypoxia-induced cell death, MIN6 β cell, a type of cell needs sufficient O2 

to grow healthily,[87] was directly seeded on PCL/CaO2 films at a density of 80,000 

cells/well in a 48-well plate. Each of 2D experiments were conducted at least twice, 

with 3 samples at each condition. For a better cell attachment and to get rid of the 

damage caused by the initial burst release of O2, sterilized films are incubated with 

culture media for 16 h at 37 °C incubator before cell seeding. In the 2D culture of 

cells on films, cells didn’t well attach to PDMS or PDMS/CaO2 films, 2× unsealed 

PCL/CaO2 films tended to float in culture media, exposing cells cultured on the film 

to the air and causing cell death, cells were also not able to survive on the 2× 

solvent-cast PCL/CaO2 film, those groups were not presented in the figure. Figure 

3.5 shows that cells seeded on 1× unsealed, 1× and 2× sealed PCL/CaO2 films 

were able to grow and proliferate after 48 h of hypoxic culture, evidenced by the 

elevated metabolic activity from alamarBlue assay in Figure 3.5b (p < 0.01 for heat-

press PCL/CaO2 groups vs. PCL hypoxia group). The LDH release (cell death) 

from heat-press PCL/CaO2 groups was comparable to the positive control (p > 

0.05), in which cells were cultured on tissue culture plate in normoxic incubator, 

while the 1× solvent-cast PCL/CaO2 film caused more cell death than heat-press 
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PCL/CaO2 films (Figure 3.5a). The LDH release from 1× sealed PCL/CaO2 group 

was lower than that from 1× unsealed PCL/CaO2 group (p < 0.05), indicating an 

additional layer of PCL sealing can decrease the potential damage caused by a 

fast release of H2O2 and OH- during the generation of oxygen. Taken together, if 

cells were directly seeded on PCL/CaO2 films for a short-term hypoxic culture, 

sealed PCL/CaO2 films were the best choice among all PCL/CaO2 films.  

      The viability of MIN6 cells in long-term hypoxic culture were investigated by 

seeding cells on oxygen-generating films for 1 and 2 weeks hypoxic culture. Figure 

3.6 and Figure 3.7 show the live/dead staining results after 1 week and 2 weeks of 

hypoxic culture. Cells were able to proliferate on heat-press PCL/CaO2 films 

(Figure 3.6a, b, d and Figure 3.7a, b, d) at the given condition, but cells on solvent-

cast PCL/ CaO2 films (Figure 3.6 c and Figure 3.7c) cannot grow or proliferate as 

much as that on heat-press PCL/ CaO2 films. Rare cells can grow on PCL film 

(Figure 3.6e and Figure 3.7e) without O2 supplement in hypoxic culture. 

alamarBlue assay results in Figure 3.8 verify the observation from live/dead 

staining. In general, cells cultured on sealed PCL/CaO2 films displayed a higher 

metabolic activity than those on 1× unsealed PCL/CaO2 film after 1 week of culture. 

The metabolic activity of cells cultured on 1× unsealed PCL/CaO2 film was 

comparable to that on 1× sealed PCL/CaO2 film but lower than that on 2× sealed 

PCL/CaO2 film after 2 weeks of culture. There was no statistical difference between 

all heat-press PCL/CaO2 groups and positive control (Blank Normoxia, cells 

cultured on tissue culture plate in normoxic incubator) in metabolic activity. 

However, cells on 1× solvent-cast PCL/CaO2 and PCL films had a statistically 
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lower metabolic activity than that on heat-press PCL/CaO2 films after 1 week and 

2 weeks hypoxic culture. 

      3.3.4 3D Culture MIN6 cells on Films 

      Cell survival in 3D culture is more challenging than 2D culture in hypoxic 

condition. Since oxygen tension decreases exponentially in 3D matrix toward the 

center of the matrix due to oxygen diffusion and consumption of cells. The effect 

of CaO2-containing films on the survival of MIN6 cells in 3D fibrin gel was evaluated 

in short-term and long-term hypoxic culture. 2 million/mL MIN6 cells were 

encapsulated in 2 mm fibrin gel and casted on top of each CaO2-containing film 

and cultured in hypoxic incubator. For the quantification analysis of 3D 

experiments, each experiment was conducted at least twice, with 3 samples at 

each condition. For the live/dead staining, at least 2 samples of each condition 

were stained at each experiment. 

      The first 48 h of culture results in Figure 3.9a show that cell death (LDH release) 

of all heat-press PCL/CaO2 groups was significantly mitigated when compared with 

PCL group in hypoxic culture (p < 0.01 for sealed PCL/CaO2 films and 1× unsealed 

PCL/CaO2 films, p < 0.05 for 2× unsealed PCL/CaO2 film vs. PCL film). 

PDMS/CaO2 groups also resulted in a lower LDH release, but the level was higher 

than that of heat-press PCL/CaO2 groups with the same amount of CaO2. The LDH 

level of solvent-cast PCL/CaO2 groups were comparable to that of PCL group (p > 

0.05) and higher than that of heat-press PCL/CaO2 groups in hypoxic culture. 1× 

sealed and 1× unsealed PCL/CaO2 groups had a statistically lower LDH level than 

1× solvent-cast PCL/CaO2 group (p < 0.05). Sealed PCL/CaO2 group had a lower 



 

73 
 

LDH level than unsealed PCL/CaO2 group with the same amount of CaO2. Taken 

together, cell death can be greatly mitigated when cultured with heat-press 

PCL/CaO2 films, especially with sealed PCL/CaO2 films. An elevated metabolic 

activity in all CaO2-containing groups were observed from alamarBlue assay 

results (p < 0.01 for PCL hypoxia group vs. all CaO2-containing groups, Figure 

3.9b) after 48 h of hypoxic culture. The metabolic activity of 2× sealed PCL/CaO2 

group was higher than that of 1× sealed PCL/CaO2 group (Figure 3.9b), indicating 

a higher amount of oxygen supplement was beneficial to MIN6 cells in 3D hypoxic 

culture.  

      The live/dead staining results of long-term 3D culture are shown in Figure 3.10 

and Figure 3.11. In general, aggregates of MIN6 cells were able to form in all CaO2-

containing groups, however, no cell aggregate formed in PCL group after 1 week 

or 2 weeks of hypoxic culture. Cell aggregates in 2× unsealed PCL/CaO2 groups 

(Figure 3.10f and Figure 3.11f) were the largest in size and highest in density 

among all groups after 1 week and 2 weeks of culture. After 1 week of culture, the 

size of cell aggregates in 2× PDMS/CaO2 group (Figure 3.10g) was comparable to 

that in 2× unsealed PCL/CaO2 group, however, the density was not as high as that 

in 2× unsealed PCL/CaO2 group. More dead cells were found in solvent-cast 

groups (Figure 3.10d, h and Figure 3.11d, h), and the density of live cells were not 

as high as that of heat-press PCL/CaO2 groups with the same amount of CaO2. 

      Figure 3.12 shows the metabolic activity of all groups through alamarBlue 

assay after 1 week and 2 weeks hypoxic culture. This further verified the results of 

live/dead staining. The normalized metabolic activity of 2× unsealed PCL/CaO2 
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group was the highest among all groups. It was even statistically higher than the 

positive control (p< 0.01, vs. PCL Normoxia, cells cultured in normoxic incubator) 

after 1 week of culture, like owing to a sufficient but not hyperoxic oxygen supply 

of 2× unsealed PCL/CaO2 film during the initial 3 days (Figure 3.3b). It should be 

noted that 2× solvent-cast PCL/CaO2 group had a relatively high metabolic activity 

after 1 week of hypoxic culture, even though a high amount of cell death were 

observed in the live/dead staining (Figure 3.10h). This is likely due to a sufficient 

oxygen supply from 2× solvent-cast PCL/CaO2 film at the first week of culture, 

resulting in an enhanced metabolic activity of live MIN6 cells. However, a higher 

level of reactive oxygen species was also released at the same time and caused 

more cell death. After 2 weeks of hypoxic culture, 2× solvent-cast PCL/CaO2 group 

had a much lower metabolic activity than 2× sealed and 2× unsealed PCL/CaO2 

groups (Figure 3.12), this may be because an accumulated reactive oxygen 

species finally caused more cell damage than the compensation of elevating 

metabolic activity from higher O2 release. 

      3.3.5 In Vitro 3D Angiogenesis  

      In this in vitro 3D angiogenesis assay, we examined whether oxygen-

generating films hamper the angiogenesis process of HUVECs. Fluorescent 

staining of HUVECs was used to obtain a clear vasculature profile after 5 days of 

culture of HUVECs with films, and a quantitative analysis by AngioTool was 

implemented. As shown in Figure 3.13 and Figure 3.14, different oxygen-

generating groups had varied angiogenesis results after 5 days of hypoxic culture. 

In general, 1× CaO2-containing films resulted in a better angiogenesis than 2× 
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CaO2-containing films. A significant amount of interconnected vessel networks 

were only observed in 1× sealed PCL/CaO2 (Figure 3.13a), 1× unsealed PCL/CaO2 

(Figure 3.13b), 1× PDMS/CaO2 (Figure 3.13c)  and positive control (Figure 3.13f, 

HUVCs in fibrin gel cultured in normoxic incubator) groups, and angiogenesis in 

1× sealed PCL/CaO2 group was more pronounced among all CaO2-containing 

groups, reflecting by both the staining results (Figure 3.13a) and quantitative 

results (Figure 3.14) of total vessel length, average length and junction points of 

vessel network. 1× solvent-cast PCL/CaO2 group was the worst among all 1× 

CaO2-containing groups. This again verified that a heat-press treatment would 

significantly change the property of PCL/CaO2-based oxygen-generating films. 

Staining and quantitative analysis results showed that PCL hypoxia group did not 

have a good angiogenesis, which means a severe hypoxic condition was not 

beneficial to the angiogenesis process at the given condition. It should also be 

noted that catalase, an enzyme that converts hydrogen peroxide to water and 

oxygen, was added into the culture media for the angiogenesis study, since 

HUVECs was found to be more sensitive to reactive oxygen species than MIN6 

cells in our study.  

3.4 Discussion 

      In this work, we sought to develop a facile oxygen-generating biomaterial by 

encapsulating calcium peroxide within biodegradable PCL polymer to continuously 

supply a high level of oxygen for improving cell viability in a long-term hypoxic 

culture. Calcium peroxide can generate oxygen via hydration, however, the oxygen 

generation is too rapid to be used. The highly hydrophobic PCL can serve as a 
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protection to significantly reduce the reactivity. In addition, unlike the non-

degradable PDMS used by Pedraza et al.,[41] the polyester-based PCL is 

biodegradable, allowing it to be degraded in body after implantation. Even though 

several studies have utilized solvent-cast or electrospinning methods to prepare 

biodegradable polymers (PLLA, PLGA or PCL)-based oxygen-generating films 

and sheets, at least one of these drawbacks, such as burst oxygen release, fast 

oxygen depletion and obvious cytotoxicity was associated with those systems.[39, 

114, 115, 117] For example, solvent-cast CaO2-containg PLGA and PLA film 

developed by  Steg et al.[114] can only generate oxygen at a rapid speed for 1 day, 

and solvent-cast CaO2-containg PLGA scaffolds developed by Oh et al.[39] can 

only generate oxygen for 10 days. In contrast, solvent-cast PCL/CaO2 films 

developed in our work can generate oxygen for at least 3 weeks. The major reason 

may be due to the difference of initial polymer concentration in organic solvent. In 

the above-mentioned studies, 10-15 wt% of polymer solution was prepared by 

dissolving polymer in organic solvent, however, 33% of polymer solution was used 

in our study. It was likely that more pores were generated during organic solvent 

evaporation in the published studies, thus water molecules can easily penetrate 

the films and resulted in a faster CaO2 depletion. The size of pores would be 

influenced by the concentration of polymer in the solvent-cast process was also 

previously reported.[121, 122] In addition, heat-press technique was used to 

fabricate PCL/CaO2 films in this work, a significant quality improvement was 

obtained when compared with solvent-cast PCL/CaO2 films. Pressing solvent-cast 

PCL/CaO2 films with a large force under a temperature above the melting point of 
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PCL polymer enables a rearrangement of PCL molecular chains to fill pores that 

developed in the solvent-cast process, enhancing the integrity of heat-press 

PCL/CaO2 films (Figure 3.2). Moreover, heat-press technique also allows to seal 

a PCL film on the surface of unsealed PCL/CaO2 films, forming an additional 

diffusion barrier that allows a further control of oxygen release rate and a reduce 

of ROS release out of the film. As a result, collective merits of a long-term 

sustained and controllable oxygen release and an enhanced cell viability in both 

2D and 3D hypoxic culture were obtained with heat-press PCL/CaO2 films.  

      A metabolically active cell line, MIN6 β cell, was selected as a model to 

evaluate the effect of oxygen-generating films in hypoxic condition. β cells produce 

the hormone and insulin and make up approximately 80%-85% of islet cells.[123] 

In clinical islet transplantation, more than half of the islets were lost during 

engraftment, and one of the major reasons was the deleterious effect of hypoxia, 

which led to substantial cell dysfunction and death.[124-127] In this work, when 

MIN6 β cells were cultured with heat-press PCL/CaO2 films, the hypoxia induced 

cell death (LDH release) was greatly reduced (Figure 3.5 and Figure 3.9). 

Particularly for the 3D cultured cells, sealed PCL/CaO2 group achieved a result 

comparable to positive control (cells cultured in normoxia). In contrast, LDH 

release (cell death) of solvent-cast PCL/CaO2 groups were higher than that of 

heat-press PCL/CaO2 groups, indicating an increased cell damage may be caused 

by a faster ROS generation from solvent-cast PCL/CaO2 groups. The 2D cultured 

cells were directly seeded on the films, and it was very likely that the main 

difference of metabolic activity and LDH release in Figure 3.5 was caused by the 
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combination of H2O2, OH- and O2 generation. For example, in 1× solvent-cast, 1× 

unsealed and 2× sealed PCL/CaO2 groups, between 16 h to 64 h (48h + 16h) in 

Figure 3.4 (For cells experiments, films were pre-incubated with media for 16 h 

before incubating with cells. In oxygen release study, films were not pre-incubated 

with media for 16h.), the 1× solvent cast PCL/CaO2 group generated the highest 

amount of O2, as a result, it generated the highest amount of H2O2, OH- that caused 

a greater cell death,  as shown in Figure 3.5a. 2× sealed and 1× unsealed 

PCL/CaO2 groups generated the similar amount of O2  between 16 h to  64h, 

however, the sealed layer of PCL in 2× sealed group decreased the out release of 

H2O2 and OH-, and avoided the direct contact of H2O2 and OH- with cells on the 

film. Therefore, a less cell death happened in 2× sealed group than that in 1× 

unsealed group, as shown in Figure 3.5a. At the same time, a higher metabolic 

activity was seen in 2× sealed group (Figure 3.5b). Also, due to a relatively high 

oxygen supply in 1× solvent-cast group, the cells that remained in live state on the 

1× solvent-cast film after 48 h of culture had a higher metabolic activity than 1× 

unsealed group, as shown in Figure 3.5b. This also happened in 3D culture, more 

dead cells were seen in solvent-cast groups, but a higher metabolic activity were 

achieved due to a higher oxygen supply (Figure 3.10, 3.12a). However, for the 

cells on 2D hypoxic culture, with a higher accumulation of H2O2 and OH- in 1× 

solvent-cast group by 1 week or 2 weeks, the cells were getting worse in viability 

and metabolic activity (Figure 3.6-3.8). In contrast, 2D and 3D cell culture with 

heat-press PCL/CaO2 films for 1 week and 2 weeks in hypoxia demonstrated that 

cell viability (based on live/dead staining) and metabolic activity (based on 
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alamarBlue assay) were significantly enhanced (Figure 3.6, 3.7, 3.8, 3.10, 3.11 

and 3.12). In 2D hypoxic culture, sealed PCL/CaO2 films achieved an even better 

results than unsealed PCL/CaO2 films since oxygen demand was not as much as 

that in 3D culture, and to compare with unsealed PCL/CaO2 films, ROS release 

could be further reduced in sealed PCL/CaO2 films. In 3D hypoxic culture, 2× 

unsealed PCL/CaO2 films with a highest oxygen release rate among heat-press 

PCL/CaO2 films achieved the best results, indicating that a high oxygen-

demanding played a more important role in 3D culture of MIN6 cells. The 2 weeks 

data of 3D hypoxic culture in Figure 3.12 show that the metabolic activity of cells 

in 1× and 2× sealed PCL/CaO2 group was only 10%-25% lower than that in 2× 

unsealed PCL/CaO2 group, without statistical difference (p > 0.16). This indicates 

that sealed PCL/CaO2 films may achieve a comparable result to that of 2× 

unsealed PCL/CaO2 films in 2 weeks of 3D hypoxic culture. As discussed above, 

among all PCL/CaO2 films, the sealed PCL/CaO2 films have been proved to be a 

better choice in 2D hypoxic culture. Taken together, sealed PCL/CaO2 films with a 

would be highly desirable in the applications of transplantation. It should also be 

noted that the pH of media can be maintained between 7.7-8.0 during the culture 

of cells with heat-press PCL/CaO2 films in hypoxia, a similar level to the cells 

cultured in normoxia without heat-press PCL/CaO2 films. In addition, catalase was 

not needed in culturing MIN6 cells with films.  

      As discussed in the introduction, angiogenesis needs 1-2 weeks to take place 

in engineered tissues after implantation, while a great amount of cell death 

happens during this period of time due to lack of oxygen. However, vessel tends 
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to occur faster in moderate hypoxic condition, since various pro-angiogenic 

pathways that mediate essential aspects of endothelial and vascular support cell 

biology  are upregulated to promote vessel growth in hypoxia.[128, 129] However, 

it was also reported that de novo vascular assembly of adipose-derived 

stromal/stem cells was severely inhibited by hypoxia with 0.2% or 2% O2.[130] In 

addition, many in vitro studies show that angiogenesis well occurs in normoxic 

culture with 20% O2.[118, 131-133] In this work, we evaluated the influence of  

PCL/CaO2 films on the angiogenesis process of HUVECs. To promote 

angiogenesis and to get rid of ROS released out of film, additional 20 ng/mL VEGF 

and 1 mg/mL catalase was used in the cell media. In our study, when HUVECs 

was cultured in the presence of CaO2-containing films but without catalase, no 

obvious vessel networks formed in any group, which suggested that HUVECs 

might be very sensitive to ROS. When catalase was used, the results show that 

only 1× sealed PCL/CaO2 film can form obvious vascular networks and achieved 

a comparable result to cells cultured in normoxic incubator without PCL/CaO2 films 

(Figure 3.13 and 3.14). This suggests that 1× sealed PCL/CaO2 film prepared from 

heat-press technique might not have a detrimental effect on the angiogenesis 

process of HUVECs. By using the heat-press technique, it is likely that a PCL/CaO2 

film can be fabricated to support the survival of cells without effecting the formation 

of vessel networks after implantation. Of Course, further study needs be conducted 

to develop a catalase-free system with the incorporation of proangiogenic factors 

delivery when implanting cells with heat-press PCL/CaO2 films. 
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      PDMS/CaO2 films were also fabricated as controls in this work, adapting from 

previous publications with some modifications.[40, 41] In the publications, 

PDMS/CaO2 film was 10 mm (diameter) × 1 mm (thickness) in dimensions with a 

1:4 weight ratio of CaO2 to PDMS. The dimensions used in this work was 

approximately 8 mm (diameter) × 0.55 mm (thickness), and the weight ratio of 

CaO2 to PDMS was 1:4 and 1:2. With the same amount of CaO2, oxygen 

generation was faster from PDMS/CaO2 films than that from heat-press PCL/CaO2 

films, and PDMS/CaO2 didn’t achieve a result as good as heat-press PDMS/CaO2 

films did in improving cell viability and metabolic activity in 3D hypoxic culture. This 

may be explained by the limits of PDMS/CaO2 fabrication. CaO2 tended to 

concentrate to the bottom of PDMS/CaO2 films during the curing process of PDMS, 

which was verified by the SEM image (Figure 3.2c). When PDMS/CaO2 films was 

incubated with aqueous solutions, an elevated free radical stress can be 

accumulated due to a burst release of oxygen (Figure 3.4) together with a fast 

generation of H2O2, which was detrimental to cells. It should also be noted that the 

cell growth and proliferation in PDMS/CaO2 group was not homogeneous in 3D 

hypoxic culture, likely owing to the burst of oxygen at the initial stage. In some 

locations of 3D fibrin matrix, cell aggregates were not able to form, or/and the cell 

density was very low, both of which were rarely found in heat-press PCL/CaO2 

groups. Another major drawback associated with PDMS/CaO2 system is its non-

biodegradability, which could be a critical obstacle for its in vivo application. 

     In summary, the sustained release of oxygen and the ability to support cell 

survival with enhanced metabolic activity were achieved by heat-press PCL/CaO2 
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films in hypoxic culture. 1× sealed PCL/CaO2 film didn’t hamper the angiogenesis 

process at the given condition. It is envisioned that heat-press PCL/CaO2 films 

would be highly desirable to preserve cell viability and function of transplanted cells 

in in vivo applications. 
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3.5 Figures

 

Figure 3.1.  Fabrication scheme of (a) solvent-cast PCL/CaO2 film in PDMS molds, 

(b) unsealed PCL/CaO2 film, and (c) sealed PCL/CaO2 film. (d) Photograph of 

heat-press PCL/CaO2 films, with a US penny as a scale reference (upper: 2× 

unsealed PCL/CaO2 film, lower: 2× sealed PCL/CaO2 film). 
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Figure 3.2. Cross-sectional microstructure observed by SEM for (a) 1× sealed 

PCL/CaO2, (b) 1× unsealed PCL/CaO2, (c) 1× PDMS/CaO2, (d) 1× solvent-cast 

PCL/CaO2, (e) 2× sealed PCL/CaO2, (f) 2× unsealed PCL/CaO2, (g) 2× 

PDMS/CaO2, (h) 2× solvent-cast PCL/CaO2, (i) PCL and (j) PDMS film. The scale 

bars are 10 µm. Black arrows, CaO2 particles; white dash box, concentrated CaO2 

particles in the PDMS/CaO2 film; white arrows, pores in solvent-cast PCL/CaO2 

films. 
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Figure 3.3. Short-term oxygen release profiles of (a) 1× oxygen-generating films 

and (b) 2× oxygen-generating films incubated in PBS at 2% O2, 37 °C incubator 

(Error = SD, n=3). 

(a) 

(b) 
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Figure 3.4. Long-term oxygen release profiles of (a) 1× oxygen-generating films 

and (b) 2× oxygen-generating films incubated in PBS at 2% O2, 37 °C incubator 

(Error = SD, n=3). 

 

 

 

 

(a) 

(b) 
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Figure 3.5. Cell death assessment in 2D culture. (a) LDH release and (b) 

AlamarBlue assay of MIN6 β cells after directly culturing on films for 48 h in hypoxic 

incubator with 2% O2. MIN6 β cells cultured on tissue culture plate in normoxic 

incubator for 48 h served as a positive control (Blank Normoxia). Error = SD, n=3, 

*p < 0.05, **p < 0.01. In (b) #p < 0.01 for PCL hypoxia group vs. all the other groups, 

Student’s t test. 

 

 

(b) (a) 
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Figure 3.6. Live/Dead cell staining of MIN6 β cells after directly culturing on (a) 1× 

sealed PCL/CaO2, (b) 1× unsealed PCL/CaO2, (c) 1× solvent-cast PCL/CaO2, (d) 

2× sealed PCL/CaO2 and (e) PCL film in hypoxic incubator with 2% O2 for 1 week. 

(f) MIN6 β cells cultured on tissue culture plate in normoxic incubator for 1 week. 

Live cells were detected as green fluorescence and dead cells were detected as 

red fluorescence. The scale bars are 200 µm. 
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Figure 3.7. Live/Dead cell staining of MIN6 β cells after directly culturing on (a) 1× 

sealed PCL/CaO2, (b) 1× unsealed PCL/CaO2, (c) 1× solvent-cast PCL/CaO2, (d) 

2× sealed PCL/CaO2 and (e) PCL film in hypoxic incubator with 2% O2 for 2 weeks. 

(f) MIN6 β cells cultured on tissue culture plate in normoxic incubator for 2 weeks. 

Live cells were detected as green fluorescence and dead cells were detected as 

red fluorescence. The scale bars are 200 µm. 
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Figure 3.8. AlamarBlue assay comparing metabolic activity of MIN6 β cells after 

directly culturing on films for (a) 1 week or (b) 2 weeks in hypoxic incubator with 

2% O2. The data was normalized to the activity of MIN6 β cells cultured on tissue 

culture plate in normoxic incubator (Blank Normoxia) for the same period of time. 

Error = SD, n=3. *p < 0.05, **p < 0.01, #p < 0.01 for PCL hypoxia vs. all of heat-

press PCL/CaO2 groups, Student’s t test. 
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Figure 3.9. Cell death assessment in 3D culture. (a) LDH release and (b) 

alamarBlue assay of MIN6 β cells in fibrin gel after 48 h of culture in hypoxic 

incubator with 2% O2. MIN6 β cells in fibrin gel cultured on PCL film in normoxic 

incubator for 48 h served as a positive control (PCL Normoxia).  Error = SD, n=3. 

*p < 0.05, **p < 0.01, in (b) #p < 0.01 for PCL hypoxia group vs. all the other groups, 

Student’s t test. 

 

 

(a)                                                            (b) 
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Figure 3.10. z-stacked images of MIN6 β cells in fibrin gel stained with live/dead 

assay after culturing on (a) 1× sealed PCL/CaO2, (b) 1× unsealed PCL/CaO2, (c) 

1× PDMS/CaO2, (d) 1× solvent-cast PCL/CaO2, (e) 2× sealed PCL/CaO2, (f) 2× 

unsealed PCL/CaO2, (g) 2× PDMS/CaO2, (h) 2× solvent-cast PCL/CaO2, (i) PCL 

film in hypoxic incubator with 2% O2, and (j) MIN6 β cells cultured on PCL film in 

normoxic incubator for 1 week. Live cells were detected as green fluorescence and 

dead cells were detected as red fluorescence. The scale bars are 200 µm. 
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Figure 3.11. z-stacked images of MIN6 β cells in fibrin gel stained with live/dead 

assay after culturing on (a) 1× sealed PCL/CaO2, (b) 1× unsealed PCL/CaO2, (c) 

1× PDMS/CaO2, (d) 1× solvent-cast PCL/CaO2, (e) 2× sealed PCL/CaO2, (f) 2× 

unsealed PCL/CaO2, (g) 2× PDMS/CaO2, (h) 2× solvent-cast PCL/CaO2, (i) PCL 

film in hypoxic incubator with 2% O2, and (j) MIN6 β cells cultured on PCL film in 

normoxic incubator for 2 weeks. Live cells were detected as green fluorescence 

and dead cells were detected as red fluorescence. The scale bars are 200 µm. 
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Figure 3.12. AlamarBlue assay comparing metabolic activity of MIN6 β cells after 

3D culturing on films for (a) 1 week or (b) 2 weeks in hypoxic incubator with 2% O2. 

The data was normalized to the activity of MIN6 β cells 3D cultured on PCL film in 

normoxic incubator for the same period of time. Error = SD, n=3. *p < 0.05, **p < 

0.01, #p < 0.05, ##p < 0.01 for PCL hypoxia group vs. all the other groups, Student’s 

t test. 

(a) 

(b) 
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Figure 3.13. Analysis of vessel network formation within fibrin hydrogels by 

fluorescent staining after 5 days of culture with (a) 1× sealed PCL/CaO2, (b) 1× 

unsealed PCL/CaO2, (c) 1× PDMS/CaO2, (d) 1× solvent-cast PCL/CaO2, (e) 2× 

sealed PCL/CaO2, (f) 2× unsealed PCL/CaO2, (g) 2× PDMS/CaO2, (h) 2× solvent-

cast PCL/CaO2 and (i) PCL film in hypoxic incubator with 2% O2, and (j) vessel 

network formation within fibrin hydrogels cultured in normoxic incubator for 5 days. 

The scale bars are 200 µm. 
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Figure 3.14. Quantification assessments of 3D in vitro vessel network in fibrin 

hydrogels. (a) Total length of vessel networks/mm2, (b) average length of vessel 

networks, and (c) number of junction points/mm2. Error = SD, n=3. *p < 0.05, **p 

< 0.01, Student’s t test. 

 

 

(a) (b) 

(c) 
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Chapter 4. Efficient Release of Affinity-Captured Cells Using a 

Coiled-Coil-Based Molecular Trigger 

4.1 Introduction 

      Cell separation is of great importance in clinical practices and basic biological 

research, including disease diagnosis, cell-based therapy and studies of stem 

cells.[70, 134-136] Label-free cell separation methods with a high specificity and 

without altering cell phenotype and function are extremely limited. It remains a 

challenge to separate specific cells with collective merits of high specificity, high 

yield, and minimal biochemical and biophysical perturbation. Cells isolated through 

the affinity between a cell-surface biomarker and a complementary, matrix-bound 

capture ligand is particularly attractive, in which a label-free, highly specific, and 

simple operation is achieved.[135, 137-143] However, due to the multivalent nature 

of cell-material interactions, it is difficult to efficiently release captured cells in a 

viable and unperturbed state.[144-146] Isolating some rare and sensitive cells for 

downstream analysis, such as isolating circulating tumor cells for cancer prognosis 

and neoantigen-specific T cells for cancer immunotherapies particularly require the 

released cells in an unperturbed and functional state.[70, 134, 147, 148] Many 

different strategies have been utilized to release affinity-captured cells, such as 

breaking the ligand-biomarker bonds through a high shear force, trypsinization, 

matrix deformation, hydrochloric acid and highly concentrated monovalent 

competitors; using  EDTA solution to dissolve an isolation matrix made of alginate 

gel; or using electronical potentials to cleave immobilized capture ligands.[137, 
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143, 146, 149-155] However, one or several drawbacks are associated with those 

methods, such as excessive biophysical perturbation and harsh chemical 

environments were exposed to cells, the surface components of detached cells 

were altered (with either endogenous cell surface proteins cleaved or external 

molecules attached), and the detachment efficiency was not sufficient. Cell 

damage and undesired changes in the phenotype and function could be introduced 

by harsh biophysical and chemical conditions as a result of changing in cell surface 

components. For example, a significantly reduced viability of mesenchymal stem 

cells was observed after EDTA-based release, and anti-EpCAM antibodies that 

attached to rare circulating tumor cells after cell detachment also caused an 

obvious cell cytotoxicity.[148, 152, 156]   

      To solve these challenges collectively, in this work a molecularly engineered 

material platform was developed that enables label-free, affinity-captured cells to 

be released efficiently with intact cell surface components in the absence of 

excessive biophysical perturbation and harsh chemical reagents. The platform 

consisted of a capture substrate and a coiled-coil based cell-releasing molecular 

trigger (Figure 4.1a).  The capture substrate is modified with an antibody to 

specifically capture target cells, and a coiled-coil polypeptide A. The cell-releasing 

molecular trigger B-PEG consists of polyethylene glycol that conjugated to another 

coiled-coil B, which can heterodimerize with A with a high affinity.[157, 158] When 

B-PEG was added, captured cells on the substrate can be released efficiently and 

gently, because B-PEG molecules will be brought to the substrate through A/B 

heterodimerization, and PEG chains can adapt extended conformations and break 
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nearby multivalent antibody-biomarker bonds. No excessive shear stress or 

enzymes was used in the process of cell release, and the released cells contain 

completely intact biochemical components with neither endogenous cell-surface 

molecules cleaved, nor external molecules attached, which is essential for the 

survival, phenotype, and function of sensitive cells. The strategy to capture cell 

through antibodies and to release cells through the molecular recognition of coiled-

coils makes the method versatile and readily adaptable for the separation of many 

cell types.  

      4.2 Materials and Methods 

      4.2.1 Synthesis and Purification of Polypeptides  

      The sequences and preparation of the polypeptides cysA (Sequence: 

MRGSHHHHHHGSDDDDKASSGSGCSGSGTSGDLENEVAQLEREVRSLEDEA

AELEQKVSRLKNEIEDLKAEIGDHVAPRDTSW) and Bcys (Sequence: 

MRGSHHHHHHGSDDDDKWASGTSGDLKNKVAQLKRKVRSLKDKAAELKQEV

SRLENEIEDLKAKIGDHVAPRDTSMGGC) have been reported in our previous 

publications.[158] Specifically, the genes encoding cysA and Bcys were 

constructed in the Qiagen pQE9 expression vector, respectivley. Each polypeptide 

was expressed in the E.coli strain SG13009 under control of the bacteriophage T5 

promoter and purified through nickel nitrilotriacetic acid (Ni-NTA) metal-affinity 

chromatography (Qiagen). The purified polypeptides were characterized using 

SDS-polyacrylamide gel electrophoresis and MALDI mass spectrometry.  

      4.2.2 Synthesis and Purification of B-PEG Conjugates 
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      The synthesis and purification of B-PEG conjugates were adapted from those 

in our previous publications with some modifications.[158] Specifically, 1.38 mM 

Bcys was prepared by dissolving in 2 M urea (pH 5) with 20 mM tris(2-

carboxyethyl)phosphine  hydrochloride  (TCEP·HCl, Pierce 20490), and to allow 

reduction of disulfide bonds, the solution was incubated at room temperature for 1 

h. The pH of the solution was then adjusted to 7.4; PEG-maleimide (Laysan Bio 

Inc.) was added at a 15:1 molar ratio (PEG:Bcys) and the final concentration of 

Bcys was 0.23 mM. The thiol-maleimide reaction was allowed to proceed at room 

temperature under protection of argon gas while stirring for 2 days.  To remove 

unreacted PEG-maleimide, the soltuion was loaded in a column packed with Ni-

NTA resin, followed by washing the column with 12 resin volumes of 8 M urea (pH 

8). The polypeptide-containing molecules (B-PEG and unreacted Bcys) were 

bound to the resin after this step, and they are eluted with 4 resin volumes of acidic 

8 M urea (pH 4.5). Thiopropyl-sepharose 6B resin (Sigma-Aldrich T8387) was 

utilized to remove unreacted Bcys in the eluate. A centricon centrifugal filter 

(Millipore UFC901024) was first used to concentrate the eluate from the Ni-NTA 

column by 20 times, and the concentrate was reduced by 5 mM TCEP at pH 5 for 

1 h. Then the pH of the solution was adjusted to 7.5, TCEP was removed through 

4 times of buffer exchange (replaced with the binding buffer: 8 M urea, 100 mM 

Tris·HCl, 500 mM NaCl, 1 mM EDTA, pH 7.5) on the centricon filter; the retention 

volume of each round of buffer exchange was 10%. The final concentrate was 

mixed with the thiopropyl-sepharose 6B resin at a 4:5 volume ratio and stirred 

overnight under the protection of argon to allow a thorough reaction between 
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unreacted Bcys. The resin together with the solution were then loaded in a column; 

the flow-through containing B-PEG was collected, and 3 resin volumes of the 

binding buffer were passed to wash the column. All the flow-throughs were 

collected and dialyzed against water at 4 °C for 2 days, followed by lyophilization 

to obtain dry B-PEG. SDS-polyacrylamide gel electrophoresis was used to confirm 

thorough removal of Bcys, which could compromise the experiments. 

      4.2.3 Preparation of The Capture Substrates 

    200 μL of 1 mg/mL sulfo-SANPAH (ProteoChem Inc. c1111; prepared in PBS 

containing 10% DMSO) was used to modify polystyrene surface of 48-well tissue 

culture plates to introduce N-hydroxysuccinimide (NHS) groups. [159] The reaction 

was conducted under UV irradiation (365 nm) for 20 min using an ELC-4001 flood 

curing system (125 mW/cm2; the sample being placed 9 inches from the lamp). 

The sulfo-SANPAH solution was removed and the surface was washed with PBS 

3 times. An anti-human CD31 antibody (eBioscience, Inc. 14-0319-82; prepared in 

PBS) solution at a concentration of 20 μg/mL was added to the NHS-functionalized 

surface to immobilize the antibody through the amine-NHS reaction under shaking 

for 30 min at room temperature. The antibody solution was removed, and N-(2-

Aminoethyl) maleimide trifluoroacetate salt (Sigma-Aldrich, 56951; prepared in 

PBS) solution at a concentration of 30 mM was added to react with residual NHS 

groups under shaking for 4 h at room temperature, through which maleimide 

groups was introduced to the substrate. The surface was washed with PBS 3 times, 

and cysA solution (prepared in PBS containing 5 mM TCEP) at a concentration of 

600 μM was added to react with modified maleimide groups though the thiol-
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maleimide reaction under shaking for 3 h at room temperature and for additional 

24 h at 4 °C. The cysA solution was removed and the surface was washed with 

PBS 3 times prior to the cell capture. For all the chemical reactions, 200 μL of liquid 

was added in one well; for all the washing steps, 500 μL of liquid was added in one 

well. 

      4.2.4 Cell culture 

      Human Umbilical Vein Endothelial Cells (HUVECs) were cultured in EGM™-2 

BulletKit™ (Lonza CC3162). NIH 3T3 fibroblasts were cultured in DMEM 

supplemented with 10% FBS, 50 μg/mL streptomycin, and 50 U/mL penicillin. The 

cells were subcultured at a split ratio of 1:3. 

      4.2.5 Cell Capture and Release 

    HUVECs and fibroblasts were stained with the green cell tracker calcein AM and 

the orange cell tracker CMTMR (Life Technologies C2927), respectively, according 

to the manufacturer’s instruction (ThermoFisher Scientific). The cells were 

collected through trypsinization, and both types of cells were mixed at a density of 

200 000 cells/mL for each cell type in a serum-free EGM medium. The mixed cell 

suspension (200 μL) was added in the each well with modified surface and 

incubated in a tissue culture incubator for 40 min to allow cell capture. After 

removing non-adherent cells and washing the well with PBS 3 times, images of 

cells were taken on Zeiss Observer Z1 inverted microscope to evaluate cell 

capture capacity and selectivity. 400 μM of the B-PEG solution (200 μL) in serum-

free EGM medium was added into the captured surface and the sample was 
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incubated in a tissue culture incubator for 30 min to release the captured cells. The 

culture plate was gently shaken once every 5 min to enhance mass transfer of B-

PEG. After removing the released cells and washing the well with 200 μL of EGM 

medium, images of cells were taken on Zeiss Observer Z1 inverted microscope to 

evaluate cell release efficiency. All the controls for cell capture and release were 

set up in the same 48-well plate and conducted in parallel with the experiments. 

And the incubation and washing steps were performed in the same manner. All the 

experiments and controls were conducted in triplicates.  

      4.2.6 Morphology and Viability of Released Cells 

      The released cells were collected and combined with the wash, and the sample 

was diluted from 400 μL to 3 mL with EGM medium. The cells were centrifuged at 

350 g for 5 min, re-suspended in 200 μL of EGM medium, seeded in a well of a 96 

well-plate, and cultured overnight. Normally passaged 5 HUVECs were seeded at 

40 000 cells/well and cultured overnight as a control. The morphology and viability 

of the cells were examined by staining the cells with calcein AM and ethidium 

homodimer-1.  

4.3 Results and Discussion 

      4.3.1 Substrate Modification 

      The preparation of capture substrate is illustrated in Figure 4.1b. First, N-

hydroxysuccinimide (NHS) groups were introduced through treating the surface of 

polystyrene tissue culture plates with 1 mg/mL N-sulfosuccinimidyl-6-[4'-azido-2'-

nitrophenylamino] hexanoate (sulfo-SANPAH) under UV irradiation (365 nm) for 
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20 min.[159] An anti-human CD31 antibody (20 g/mL), which would capture 

HUVECs, was immobilized on the NHS-modified surface through the NHS-amine 

reaction for 30 min. A 30 mM solution of N-(2-Aminoethyl) maleimide 

trifluoroacetate salt was then added to react with the unreacted NHS groups to 

introduce maleimide groups. A cysA was modified unto the substrate through the 

thiol-maleimide reaction. The preparation of the cell-releasing molecular trigger B-

PEG is illustrated in Figure 4.1c. A reaction between Bcys and PEG-maleimide 

was followed by removal of unreacted PEG-maleimide through Ni-NTA metal-

affinity chromatography and removal of unreacted Bcys through the thiopropyl-

sepharose 6B resin. The PEG size in B-PEG was 30 kDa unless stated otherwise. 

The successful synthesis of B-PEG was confirmed by SDS-polyacrylamide gel 

electrophoresis (Figure 4.2), as shown in lane 5 on the figure, unreacted Bcys was 

completely removed and purified B-PEG band at approximately 46 kDa was 

observed. 

      4.3.2 Cell Capture and Release 

      Isolation of Human Umbilical Vein Endothelial Cells (HUVECs) from a mixture 

of HUVECs and 3T3 fibroblasts was used as a model to demonstrate the concept. 

A cell mixture containing HUVECs (labeled with the green-fluorescent live cell 

tracker calcein AM) and fibroblasts (labeled with the orange-fluorescent live cell 

tracker Orange CMTMR) at a density of 200 000 cells/mL for each type of cells 

was prepared in serum-free EGM-2 medium. The cell mixture (200 L for each well 

in 48-well plates) was seeded on the capture substrate and allowed to incubate for 

40 min, followed by washing with PBS to remove non-adherent cells. Imaging of 
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the substrate revealed that the HUVECs were captured with a selectivity of 

84.8±4.3% (selectivity=

  

  
.

.
 ) (Figure 4.3a, 4.4a). The cell capture 

capacity is 14 009±1 523 cells/cm2, comparable to that of previously published 

methods (Figure 4.3a, 4.4b).[155, 160] To release captured cells, 200 L of 400 

M B-PEG solution was added to the cell culture plate with captured cells and 

incubated for 30 min. Cell detachment was observed during the release, and the 

release liquid was collected and combined with additional wash solution of 200 L 

serum-free EGM-2 medium. Imaging after cell release revealed that the captured 

cells were released with an efficiency of 97.1 ± 1.8% (Figure 4.3b, 4.4c). The 

released cells were re-seeded in a 96-well cell culture plate and cultured overnight, 

and as showed in Figure 4.6a, the attachment behavior, morphology, and viability 

were the same as normally passaged HUVECs (Figure 4.6b).  

      The specificity of cell capture was confirmed by two controls, one was a 

unmodified polystyrene tissue culture surface and the other was a cysA-modified 

substrate without antibody (which was prepared as illustrated in Figure 4.1b except 

that the antibody solution was replaced with PBS). Both HUVECs and fibroblasts 

were captured without a selectivity on the unmodified tissue culture surface (Figure 

4.3c, 4.4a). Rare cells of either type were captured on the cysA-modified substrate 

(Figure 4.3d, 4.4b). These results suggest that the surface modification illustrated 

in Figure 4.1b was successfully achieved, and the HUVECs shown in Figure 4.3a 

were captured through the specific interaction between the immobilized antibody 

and the CD31 on the cell surface.  
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      The specificity of cell release in response to A/B heterodimerization was 

confirmed by two other controls. When B-PEG was added to a sample in which 

HUVECs adhered on the polystyrene tissue culture surface, neither obvious cell 

detachment nor cell death was observed (Figure 4.5a, 4.5b). This suggests that B-

PEG was not toxic to the cells and did not trigger cell release when cells are 

captured on substrates in the absence of immobilized A. When PEG (30 kDa) 

without B was added to a sample in which HUVECs were captured on the substrate 

functionalized with both the anti-CD31 antibody and cysA, no obvious cell 

detachment was observed (Figure 4.5c, 4.5d), suggesting that the B domain in B-

PEG plays an essential role in releasing cells. Taken together, it is concluded that 

A/B heterodimerization and subsequent immobilization of B-PEG led to cell 

release shown in Figure 4.3b.  

      The essential role of the energy gain of extended PEG chains in disrupting 

multivalent cell-substrate interactions was demonstrated by the effect of the PEG 

size on cell release efficiency. When the PEG in B-PEG was 10 kDa, cell release 

occurred much less efficiently, with a release efficiency of 41.2±8.3% and 

52.5±6.6% after 30 min and 2 h of incubation, respectively (Figure 4.4c). 

      The material platform reported here harnesses molecular recognition of self-

assembling coiled-coils and the energy gain of extended PEG chains to enable 

label-free, affinity-based cell separation and efficient release of the affinity-

captured cells without exposing cells to harsh physical and chemical conditions. 

The released cells with this platform consist of intact biochemical components on 

the surface, which is critical for sensitive cells to maintain their viability, phenotype, 
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and function. Previously, monovalent competitors, such as aptamers or sugar 

molecules, have been used to release cells captured by aptamers and lectins.[143, 

153] In some of those designs, the released cells have the external cell-releasing 

molecules attached. In addition, adapting those methods for other target cells may 

require substantial amount of work, because the capture ligand and/or the cell-

releasing agent need to be specifically designed for each cell type, which itself 

could be challenging. In contrast, the platform developed in this work allows the 

method to be readily adapted for isolation of many other types of cells. Since 

commonly available antibodies can be utilized as capture ligands and B-PEG 

serves as an universal cell-releasing molecular trigger. This molecular trigger is 

universal because the mechanism underlying cell release, A/B heterodimerization 

and extended conformations of PEG chains, is not directly involved in antibody-

biomarker bonding. This cell detachment method, together with label-free and 

specific affinity capture, allows cell separation to be performed with collective 

qualities of high specificity, high recovery, and little biochemical and biophysical 

perturbation on cells. These benefits are particularly relevant when rare and 

sensitive cells need to be isolated and used downstream in an unperturbed, 

functional state.  
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4.4 Figures 

 

Figure 4.1. Material design and preparation. (a) The molecular design for cell 

capture and release. The capture substrate is modified with a capture antibody 

and the coiled-coil A; the captured cells are released by the molecular trigger B-

PEG, in which B is a coiled-coil heterodimerizing with A. (b) The chemical 

approach to prepare a capture substrate. (c) The chemical approach to synthesize 

the cell-releasing molecular trigger. 
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Figure 4.2. SDS page of purified peptides. From lane 1 to 6: protein marker, cysA, 

Bcys, B-PEG (PEG size was 30 kDa) after Ni-NTA column purification, B-PEG 

after thiopropyl-sepharose 6B resin purification, and protein marker. 
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Figure 4.3. Capture of HUVECs (green) from a mixture of HUVECs and fibroblasts 

(orange) (mixed at 1:1) and release of the captured HUVECs. (a) The HUVECs 

were selectively captured on a substrate functionalized with the anti-CD31 

antibody and the coiled-coil A. (b) The cells captured in (a) were released after 

incubation with B-PEG (PEG 30 kDa) for 30 min. (c) On the control of a tissue 

culture polystyrene surface, both cell types non-selectively adhered. (d) On the 

control of a substrate functionalized with the coiled-coil A, few cells of either type 

adhered. The scale bars are 500 m.  
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Figure 4.4. Capture selectivity, capture capacity, and release efficiency. All the 

experiments and controls were performed in triplicates.  
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Figure 4.5. Specificity of cell release in response to A/B heterodimerization was 

confirmed by the loss of cell-releasing ability when either A was missing on the 

substrate or B was missing in the molecular trigger. (a) The HUVECs adhered on 

a tissue culture plate. (b) The majority of the HUVECs in (a) were not released 

after incubation with B-PEG (PEG 30 kDa). (c) The HUVECs were captured on a 

substrate functionalized with the anti-CD31 antibody and the coiled-coil A. (d) The 

majority of the HUVECs in (c) were not released after incubation with PEG (PEG 

30 kDa). The scale bars are 500 m. 

  



 

113 
 

 

 

 

 

 

Figure 4.6. The released cells (a) showed the same attachment behavior, 

morphology, and viability as normally passaged HUVECs (b). The scale bars are 

100 m. 
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Chapter 5 Label-free, Affinity-based Cell Separation and Retrieval 

in A Microfluidic System 

5.1 Introduction 

      Isolation of a specific cell type from heterogeneous mixtures is of great 

importance in both cell based diagnostics and therapy, including genomic 

analysis,[134, 161, 162] stem cell purification for regenerative therapy,[163, 164] 

circulating tumor cell isolation for cancer study.[165, 166] For example, CD34+ 

endothelial progenitor cells are isolated from peripheral circulating mononuclear 

cells for diagnosis and prognosis in cardiovascular disease and as a novel 

therapeutic strategy in regenerative medicine.[167-169] CD4+ T-lymphocyte 

isolation and enumeration from blood are used to monitor progress of HIV 

diseases.[170-172]  

      A variety of approaches have been reported to isolate cells in a viable state, 

among which microfluidic systems are emerging as promising tools for target cell 

sorting and detection.[74, 131, 148, 173] Adhesion-based cell separation 

techniques, including thermo-responsive polymer coating,[174, 175] nano-

roughened adhesion surface,[176, 177] antibody-functionalized platform,[135, 165, 

178] and immunomagnetic isolation,[179, 180] are widely applied in microfluidic 

devices. To compare with standard cell sorting approaches, such as fluorescence- 

and magnet-activated cell sorting (FACS and MACS),[181, 182] which require a 

pre-processing step by labeling cells with fluorescent or magnetic tags, a major 

advantage of the adhesion-based cell separation technique is label-free operation. 
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However, most of current label-free approaches either cleave endogenous cell 

surface proteins from or attach external adhesive molecules to the surface of 

captured cells during cell detachment steps. As a result, it is very likely a damage 

of cell viability and functionality could accompany with the cleavage or attachment.  

      To detach and collect captured cells without perturbing cell morphology, 

viability, molecular content and phenotype is a main challenge. For example, 

circulating tumor cell (CTC) is considered as a “liquid biopsy”, which holds the key 

in understanding the metastatic disease in action.[183] isolating CTCs requires not 

only the separation and enumeration of CTCs from a heterogeneous mixture, but 

also the subsequent cell culture and analysis of the isolated cells. Perturbations 

during the isolation process could easily cause irreversible damage to cells and 

CTCs may not remain suitable for cell-level diagnosis.[184, 185] Among the 

current cell detachment strategies, enzymatic digestion may disrupt cell 

membrane and surface components of captured cells, leading to variations of 

phenotypic and functional information. [186, 187] External forces can effectively lift 

off cells, however, excessively high shear stress (50 to 200 dynes/ cm2) is likely to 

break antibody-cell surface antigens bonds, and causes phenotype changes and 

cell death.[138, 188-190] Thermally responsive materials-induced cell detachment 

shows a good release efficiency of 60%~90% and a  recovery efficiency of 90%, 

but the device fabrication and surface functionalization remain a challenge.[191, 

192] Engineered alginate hydrogels allow efficiently release of captured cells, but 

the release purity was low (23%-75%),[155, 193] and chelators, such as ethylene 

diamine tetraacetic acid (EDTA), that used to dissolve alginate hydrogel for cell 
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detachment is likely to cause phenotypical changes and damages to cell 

viability.[194]  

To overcome the listed challenges above, we previously reported a molecularly 

engineered material approach that allows efficient and intact detachment of label-

free, affinity-captured cells without the use of high fluid shear or enzymes.[195] 

Herein we introduce the platform into a microfluidic system with a facile and stable 

surface modification chemistry. This microfluidic platform allows efficient capture 

and release of target cells in a label-free, non-disrupting way at a controllable and 

minimal shear stress. 

5.2 Materials and methods 

      5.2.1 Fabrication of Microfluidic Device 

      A master was fabricated by spinning photoresist SU-8 2075 (Microchem) on a 

silicon wafer at a speed of 2820 rpm for 50 seconds to yield a 70 µm-thick coating, 

soft baked at 65 °C for 90 minutes and subjected to photolithography as follows:   a 

transparency printed with the microchannel pattern at a high resolution of 10,000 

dpi was tightly taped to a blank glass photomask. The photomask and the wafer 

were loaded into a Karl Suss Contact Mask Aligner. To create the micronchannel 

pattern on the wafer, the wafer was exposed to an ultraviolet light for 20 seconds 

in the aligner, soft baked at 65 °C for 3 minutes, followed by hard bake at 95 °C for 

7 minutes. The wafer was developed in propylene glycol monomethyl ether acetate 

(Sigma-Aldrich Co., St Louis, MO) for 7 minutes, rinsed by isopropyl alcohol for 10 

minutes and washed by water extensively.  
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The PDMS microchannel was prepared through soft-lithography technique. In 

brief, PDMS monomer and curing agent (Dow Corning Sylgard 184) were mixed 

at 10:1 weight ratio and loaded onto the wafer molds, Air bubbles were removed 

via 1-3 h vacuum in a desiccator, then the mixture was cured at 37 °C overnight.  

PDMS was then peeled off from the wafer, followed by curing at 80 °C vacuum 

oven for 3 days. The microchannel final dimensions were 50 mm (length) × 2 mm 

(width) × 70 µm (height). 

      5.2.2 Surface Modification in Microfluidic Channels  

       Air plasma treatment (PDC-32G, Harrick Plasma, Ithaca, NY) was used to 

introduce active silanol groups (-OH) for assembling PDMS microchannels and 

surface modification. 1.0 mm outlet and inlet holes were punched (Miltex, Inc. 33-

31AA, Lake Success, NY) at each end of PDMS microchannels. PDMS 

microchannels and glass slides (3'' × 1'', 1mm thick, Thermo Scientific, Waltham, 

MA) were then cleaned through sonicating in 70% ethanol for 20 min, followed by 

sonicating with DI water for 10 min. The PDMS microchannels and glass slides 

were then washed with water and 100% ethanol once, dried with air flow and then 

in vacuum desiccator for 4-5 h before plasma treatment. 

      Cleaned PDMS microchannels and glass slides were treated with plasma for 

2 min at medium level. Immediately after binding plasma-treated PDMS 

microchannel with the glass slide, the assembled microchannel was connected to 

the syringe reservoir through tubing for reaction (Figure 5.1). All modification steps 

utilized a peristatic pump (Cole-Parmer, UX-73160-32, Figure 5.1) to circulate 

reagents inside channels for reaction at room temperature, with the PDMS side 
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facing down. The circulating speed was approximately 440 µl/min for reaction and 

washing steps. As shown in Figure 5.2, epoxy groups were first immobilized onto 

the surface of the plasma treated PDMS microchannel. 4.5 ml of ethanol was 

mixed with 0.5 ml of DI water, 0.1 ml of acetic acid (100% acetic acid, glacial, ACS 

grade, BDH 3092-500MLP) and 1 ml of (3-Glycidoxypropyl)trimethoxysilane 

(Sigma-Aldrich, AC216541000) (pH = 4.5), then 3 ml of the mixture was transferred 

into a 3-ml syringe, and the syringe was connected to a peristaltic pump circulating 

the 3-Glycidoxypropyltrimethoxysilane solution inside plasma-treated PDMS 

microchannel to react for 15-16 h. The microchannel was then washed with 3 ml 

of ethanol and 3 ml of PBS (during the PBS washing step, a new 1-ml syringe was 

used for the modification of anti-Human CD31 antibody), then 800 µl of 10 µg/ml 

anti-Human CD31 antibody (eBioScience Inc., 14-0319-82) in PBS was transferred 

into the syringe, and circulated to react with epoxy groups for 4 h, then antibody 

solution was replaced with 800 µl of 30 mM N-(2-Aminoethyl) maleimide 

trifluoroacetate salt (NH2-maleimide, Sigma-Aldrich, 56951) in PBS (pH was 

adjusted to 8.0), and circulated to react with residual epoxy groups for 24 h. NH2-

maleimide was then removed and the microchannel was washed with 1 ml of PBS. 

600 µl of 1 mM cysA in PBS containing 5 mM tris(2-carboxyethyl)phosphine  

hydrochloride  (TCEP·HCl, Pierce) (pH 7.2, 0.2 μm filtered) was incubated at room 

temperature for 1 h and then transferred into the syringe, and the cysA solution 

was circulated to react with maleimide groups for 24 h.  

      5.2.3 Preparation of Polypeptides and B-PEG Conjugates 

 The preparation of the polypeptides cysA and Bcys followed the same 
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procedure described in Chapter 4.2.1. The synthesis and purification of B-PEG 

followed the same procedure described in Chapter 4.2.2. Briefly, the Qiagen pQE9 

expression vector was used to construct the genes encoding cysA and Bcys. Each 

polypeptide was expressed in the E.coli strain SG13009 under control of the 

bacteriophage T5 promoter and purified through nickel nitrilotriacetic acid (Ni-NTA) 

metal-affinity chromatography (Qiagen). SDS-polyacrylamide gel electrophoresis 

and MALDI mass spectrometry were used to characterize purified polypeptides.  

The synthesis and purification of B-PEG have been reported in our previous 

reports.[157, 195] In brief, 15 mg of Bcys in 2 M urea (pH 5) containing 20 mM 

TCEP was incubated at room temperature for 1 h before changing the solution pH 

to 7.4. 30 kDa PEG-maleimide (Laysan Bio Inc.) in PBS was added at a 15:1 molar 

ratio (PEG : Bcys) under magnetic stirring, the thiol-maleimide reaction continued 

for 2 days under stirring at room temperature with the protection of argon gas.  The 

reaction solution was loaded to Ni-NTA resin column to remove unreacted PEG-

maleimide by washing the column with 12 resin volumes of 8 M urea (pH 8). 4 

volumes of acidic 8 M urea (pH 4.5) were used to elute the B-PEG and unreacted 

Bcys. The eluate was concentrated to 1 ml by using a centricon centrifugal filter 

(Millipore UFC901024), followed by reducing with 5 mM TCEP at pH 5 for 1 h and 

adjusting the pH to 7.5. TCEP was then was replaced with degassed binding buffer 

(8 M urea, 100 mM Tris·HCl, 500 mM NaCl, 1 mM EDTA, pH 7.5) through 4 times 

of buffer exchange. 5 ml of degassed Thiopropyl-sepharose 6B resin (Sigma-

Aldrich Co., St Louis, MO) was mixed with 4 ml of mixture of B-PEG and Bcys and 

stirred overnight under the protection of argon to allow the unreacted Bcys to react 
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with the resin thoroughly. The resin and the solution were then loaded in a column, 

the flow-through containing B-PEG was collected, dialyzed against water at 4 °C 

for 2 days, followed by lyophilization. 

      5.2.4 Cell Culture 

     Human Umbilical Vein Endothelial Cells (HUVECs) were maintained in EGM™-

2 BulletKit™ (Lonza). The GFP+ Human Ovarian Carcinoma Cells (OVCAR3) were 

maintained in RMPI-1640 supplemented with 10% fetal bovine serum (FBS, 

Atlanta Biologicals S11550), 1% Penicillin-streptomycin (Life Technologies 15070-

063), and and 2 mM Glutamax (Life Technologies 35050061). The cell culture 

media was changed every 2 days, cells in a T25 flask were subcultured into 3 of 

T25 flasks once cells reached to 100% confluency. In brief, the culture media was 

aspirated, and the cells were rinsed with 3 mL of PBS and the PBS was aspirated. 

1 mL of 0.05% Trypsin-EDTA (VWR 16777-202) was added and incubated at 

37 °C for 4-5 min, then 5 mL of media was added to neutralize the trypsin, the cell 

suspension was collected into a 15-mL tube and centrifuged at 350 RCF for 5 min, 

the media was aspirated and the cells were resuspended with 1 ml of fresh media, 

333 µL of the cell suspension was distributed into each new T25 flask with 5 mL of 

fresh media. the cells were cultured in 37°C, 5% CO2 and humidified air incubator. 

      5.2.5 Selective Capture and Controlled Release of HUVECs 

      The HUVECs were stained with the CellTracker™ Orange CMTMR dye 

according to the manufacturer’s instruction (ThermoFisher Scientific C2927).  In 

brief, cell culture media was aspirated, 2.5 µL of dye in 2.5 ml of EGM media was 

added in a T25 flask with HUVECs and incubated at 37°C for 30 min before cell 
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collection with trypsin treatment. After modification of cysA inside the 

microchannels, each microchannel was washed with 1 ml of PBS before seeding 

cells. A mixed suspension of HUVECs and OVCAR3 cells (2 million/mL for each 

type) was prepared in serum-free EGM medium. The mixed cell suspension then 

was injected into the microchannels through a 1-ml syringe with blunt-ended 

needle (20 Gauge, Amazon, DN-05-PK-20) and incubated at 37°C for 30 min with 

the PDMS side facing down to allow cell capture. Based on the flow rates, Navier-

Stoke’s equation for incompressible fluids and infinite parallel flow was used to 

determine the shear stresses.  Equation (1) was derived for the calculation of the 

shear stress as previously reported.[178] 

𝝉 =
𝟔𝝁𝑸

𝑾𝑯𝟐
                                                             (1) 

Where τ is the shear stress, µ is the dynamic viscosity of the fluid, Q is the flow 

rate, W and H are the width and height of the microchannel. 30 min later, serum-

free EGM medium was pumped into microchannels to wash away non-captured 

cells at shear stresses of 0.5 dyn/cm2 for 4 min (11 µL/min), 1 dyn/cm2 for 2 min 

(21 µL/min) or 2 dyn/cm2 for 1 min (42 µL/min) (New Era Pump System Inc, NE-

1600). The selectivity and capture efficiency under different shear stresses were 

quantified. To release the cells, the cell mixture was first washed at 0.5 dyn/cm2 

for 4 min after 30 min incubation at 37°C. Then B-PEG (PEG 30 kDa) at different 

concentrations in serum-free EGM media was pumped into microchannels at a 

shear stress of 1 dyn/cm2. In control groups, after the washing step, 400 µM PEG 

without B (PEG 30 kDa) in serum-free EGM media was pumped into the 

microchannel at a shear stress of 1 dyn/cm2; a serum-free media without B-PEG 



 

122 
 

or PEG was also used to release the cells at shear stresses ranging from 2-10 

dyn/cm2. All the controls for cell capture and release were conducted in parallel 

with the experiments, with all the incubation and washing steps performed in the 

same manner. All the experiments and controls were conducted in at least 

triplicates. 

      5.2.6 Post-Release Viability Assessment  

      Released cells in 150 µL of releasing media was mixed with 150 µl fresh EGM 

media and seeded into a well of 96-well plate, the well was coated with FBS ahead 

of time by incubating 200 µL FBS inside the well at 37°C for 1 h, then the FBS was 

removed before cell reseeding. 30 min after reseeding, 150 µL of B-PEG 

containing media inside the 96-well plate was replaced with the same amount of 

fresh media, 1 h after reseeding, the total B-PEG containing media was replaced 

with the same amount of fresh EGM media. After overnight culture, the live cells 

were stained with the CellTracker™ Orange CMTMR dye. Bright field and 

fluorescent images were taken with Zeiss Observer Z1 inverted microscope.  

      5.2.7 Statistical Analysis 

      Data in this study were reported as mean ± standard deviation of the mean. 

Paired t-test was used for statistical analysis. A p value of < 0.05 was considered 

to be statistically significant. 

5.3 Results and Discussion 

    In our previous report, we demonstrated that through coiled-coil interactions 

between A and B polypeptides, the polyethylene glycol conjugated on the B 
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polypeptides can be brought closely to captured cells to trigger sufficient release 

of cells.[195] However, the sulfo-SANPAH used in our previous publication tended 

to be degraded during storage due to highly reactive N-hydroxysuccinimide (NHS) 

groups of the reagent. In addition, it was difficult to modify sulfo-SANPAH inside 

microfluidic channels without scarifying the quality of NHS groups on sulfo-

SANPAH. Since an air plasma was needed to bind PDMS with glass slide in the 

preparation of microfluidic channels, and the air plasma could damage NHS 

groups. Also, it was difficult to modify sulfo-SANPAH after binding PDMS with glass 

slide, because UV irradiation (365 nm) was needed for modifying sulfo-SANPAH, 

however, UV irradiation may not be sufficiently transmitted through glass or PDMS. 

In this work, we utilized a new, facile and more stable modification method to 

introduce active epoxy groups on the surface of microfluidic channel for the further 

modification of antibody and coiled-coil A. The microfluidic system can also be 

used to precisely control the shear stress applied on cells during wash and release 

steps. Isolation of HUVECs from a mixture of HUVECs and OVCAR3 cells was 

chosen as a model to demonstrate the concept. Selective capture, controlled 

release and recovery of the released cells were achieved with a diminutive 

biochemical and biophysical perturbation at a controllable shear stress.  The data 

presented is based on at least 3 different samples, and each experiment was 

conducted at least twice. 

      5.3.1 Selective Capture of CD 31+ cells  

      Figure 5.3 shows the capture of HUVECs (red) from a mixture of HUVECs and 

OVCAR3 cells (green) on different surfaces inside microfuldic channels.  As shown 
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in Figure 5.3a and b, when cells were incubated for 30 min in the microchannel 

modified with anti-CD31 antibody and cysA (Figure 5.3a), a selective capture of 

CD31+ HUVECs was obtained (Figure 5.3b) after a washing with cell culture media 

at a shear stress of 0.5 dyn/cm2. However, in the microchannel modified with cysA 

alone, few cells of either type were captured (Figure 5.3c). In the microchannel 

without any modification, both types of cells were captured with no selectivity 

(Figure 5.3d). The capture selectivity of microchannels modified with anti-CD31 

antibody and cysA under different washing shear stresses are shown in Figure 5.4. 

During the washing step, the total volume of media passed through the 

microchannel under different washing shear stresses was the same, which was 

approximately 42 µL. Selectivity was defined as the ratio of the number of captured 

target cells to the number of total cells inside the microchannel. The capture 

selectivity was as high as 93.9%±2.1% under the washing of 0.5 dyn/cm2, and the 

selectivity was even higher under 1 dyn/cm2 and 2 dyn/cm2 of washing, which was 

96.3%±1.8%, and 95.9%±1.9%, respectively. This demonstrate that a shear stress 

as low as 0.5 dyn/cm2 was able to achieve a high selectivity of target cells, which 

is particularly important in the application of isolating cells that are vulnerable to a 

high shear stress. The capture capacity of target cells within the anti-CD31 

antibody- and cysA-modified microchannel under different shear stresses were 

also quantified in Figure 5.5, the capture capacity of HUVECs was 10637±961 

cells/cm2, 10735±1897 cells/cm2, and 10345±1353 cells/cm2 under the washing 

shear stresses of 0.5 dyn/cm2, 1 dyn/cm2 and 2 dyn/cm2, respectively.  

      5.3.2 Controlled Cell Release 
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     To demonstrate the effect of B on cell release, a solution of B-PEG (400 µM or 

200 µM) or PEG (400 µM) alone without B in serum-free EGM media was pumped 

into microchannels at a shear stress of 1 dyn/cm2. The release duration with 400 

µM of B-PEG or 400 µM of PEG was 10 min, and the release duration with 200 

µM of B-PEG was 20 min, in which the total volume of media passed through each 

microchannel was the same at different conditions. The size of PEG was 30 kDa 

for both PEG and B-PEG solution. As shown in Figure 5.6, the B-PEG solution 

with a concentration of 400 µM efficiently released the captured cells (Figure 5.6a 

vs. 5.6b), whereas the PEG solution only resulted in a small amount of cell 

detachment (Figure 5.6c vs. 5.6d). Quantitative analysis in Figure 5.7 shows that 

the release efficiency was 92.5%±3.8% and 83.8%±9.8% for 400 µM of B-PEG 

and 200 µM of B-PEG solution, respectively, while the release efficiency for the 

400 µM of PEG solution without B was significant lower (28.9%±14.3%, t-test, p < 

0.01, vs. B-PEG solution). To demonstrate that a small shear stress alone without 

B-PEG was not able to efficiently release captured cells, serum-free EGM media 

without B-PEG was used to release cells captured in the anti-CD31 antibody- and 

cysA-modified microchannel. Figure 5.8 shows that without B-PEG in the release 

media, only 7.7% ±6.7% cells were released at a shear stress of 2 dyn/cm2 (t-test, 

p < 0.01, vs. w/ B-PEG released at 1 dyn/cm2) and 30.5%±4.8% cells were 

released at 5 dyn/cm2 (t-test, p < 0.01, vs. w/ B-PEG released at 1 dyn/cm2) by 

using media alone. To sufficiently release cells, the shear stress was as high as 7 

dyn/cm2 (62.4% ±16.8% of release) or 10 dyn/cm2 (64% ±17.7% of release) in the 

absence of B-PEG, but the release efficiency was still not as sufficient as B-PEG 
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media achieved at 1 dyn/cm2. Taken together, the coiled-coil B in B-PEG solution 

was essential to bring B-PEG molecules close to the surface of microfluidic 

channel modified with coiled-coil A and anti-CD31 antibody through A/B 

heterodimerization, which allowed the PEG chains to detach anti-CD31 antibody-

captured cells with extended conformations. 

      5.3.3 Post-Release Cell Viability 

      To examine the recovery of released cells, release experiments were 

conducted without staining HUVECs. HUVECs and GFP+ OVCAR3 cells at a 

density of 2 million/mL for each type were seeded into microchannels modified with 

anti-CD31 antibody and cysA. After 30 min of incubation for cell capture, a serum-

free media was pump into the captured microchannel at a shear stress of 0.5 

dyn/cm2 for 4 min to wash away non-captured cells. A high capture selectivity was 

confirmed through examining merged images of green fluorescent channel and 

bright field of the captured microchannel, in which green fluorescent cells were 

non-specifically captured GFP+ OVCAR3 cells. Rare cells with a green 

fluorescence were found in merged images, indicating OVCAR3 cells were fully 

removed during the washing step. Captured HUVEC cells were then released with 

B-PEG (400 µM) in a serum-free media at a shear stress of 1 dyn/ cm2 for 10 min, 

and the released cells were collected and reseeded into a well of 96-well plate. 

Bright field image in Figure 5.9a shows that cells started to attach and spread on 

the plate after 1 h of reseeding, and cells spread after 3 h of reseeding (Figure 

5.9b) and extended on the plate after overnight of culture (Figure 5.9c). The 

recovery rate was calculated to be approximately 46% (dividing the number of 
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attached cells in the 96-well plate after 1 h of reseeding by the number of captured 

cells). However, only approximately 150 µL out of 210 µL of release media was 

collected, and the rest 60 µL of media was trapped in the microfluidic channel and 

the tubing connecting the microfluidic channel and the tube for cell collection. If the 

calculation of recovery rate was based on dividing the number of attached cells 

after 1 h of reseeding by the number of cells in the 150 µL of release media, the 

recovery rate would be approximately 71% (The captured cell density was 10735 

cells/cm2, and ~93% cells were released. Recovered cell density from 150 µL of 

release media was 5029 cells/cm2, the recovery rate was 5029/10735=46.8%. 

However, the released cell density in 210 µL of media was 10735*93%= 9983 

cells/cm2. Given that only cells in 150 µL of release media was reseeded, so the 

reseeded cell density was 
𝟏𝟓𝟎 𝑳

𝟐𝟏𝟎 𝑳
× 𝟗𝟗𝟖𝟑 = 𝟕𝟏𝟑𝟎  cells/cm2, and the revised 

recovery rate was 5029/7130=71%). The staining of CellTracker™ Orange 

CMTMR dye after overnight culture confirmed the released cells were in a living 

state (Figure 5.9d). The cells in figure 5.9d was also imaged using a green 

fluorescence channel to examine if there were GFP+ OVCAR3 cells, as shown in 

the figure, rare green fluorescent OVCAR3 cells were detected, which verified 

again the high selectivity of our separation platform. 

      The microfluidic platform reported here enables not only a highly selective 

capture of target cells from a heterogenous cell population through a label-free, 

affinity-based cell separation technique, but also an efficient release of captured 

cells in the absence of harsh biochemical and biophysical perturbations. With a 

minimal and controllable flow shear stress as low as 1 dyn/cm2, captured cells can 
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be released from the microfluidic channel through molecular recognition of self-

assembling coiled-coils and extended PEG chains, with neither endogenous cell 

surface molecules cleaved, nor external molecules attached. This is crucial for 

many types of sensitive cells to maintain their viability and functionality. However, 

current adhesion-based cell capture and release strategies, including the use of 

antibody (e.g., streptavidin/biotin-antibody) [178, 196] and aptamer-based 

agents,[197, 198] can only release cells with antibody or aptamer attached on the 

surface of cells. Some other studies used trypsinization[199, 200] or excessively 

high shear stress [188, 189] to release captured cells, in which endogenous cell 

surface molecules was likely to be cleaved.  

      The capture capacity of the microfluidic platform in this work was approximately 

11000 cells/cm2, with a selectivity of approximately 94%, and a release time of 10 

min and release efficiency as high as 92%. To compare with different approaches 

of cell isolation and detachment summarized in the review paper by Zheng et 

al.,[201] the selectivity, release time and release efficiency reported in this work 

was on/above average. The capture capacity was comparable to that of published 

reports, in which microchannels were utilized as a tool for the selective cell 

capture.[155, 178]  It also should be noted that many reports defined “recovery 

rate” through dividing the number of released cells by the number of captured 

cells,[199, 202, 203] which was the release efficiency defined in this work, and the 

recovery rate (or release efficiency)  varied from 70% to 90% in those published 

studies. The recovery rate defined in this work was based on dividing the number 
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of attached cells on the culture plate after 1 h of reseeding by the number of 

released cells, which can be a better definition for “recovery rate”.   

We anticipate that the microfluidic platform developed in this work can be 

adapted to isolate various types of cells. Since anti-CD31 can be replaced by other 

antibodies for the capture of corresponding cells, and the B-PEG can serve as a 

universal release trigger through A/B heterodimerizations and extended 

conformations of PEG chains. It is envisioned that the affinity-based cell capture 

together with the use of molecular recognition of coiled-coils for cell detachment 

would be highly desirable in the application of cell separation. 
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5.4 Figures 

 

Figure 5.1. The set-up of surface modification device. The microfluidic channel was 

filled with green dye to clearly show the microchannel dimensions. 
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Figure 5.2. Schematic of surface modification and cell separation in the microfluidic 

channel. (a) The PDMS microchannel (50 mm × 2 mm × 70 µm) and glass slide 

were bonded together after plasma treatment, surface modification was applied 

inside the PDMS microchannel immediately after the plasma treatment. (b) First 

step of the surface modification. (3-Glycidoxypropyl)trimethoxysilane solution was 

allowed to reacted with the plasma treated PDMS microchannel to introduce epoxy 

groups. (c) Anti-Human CD31 antibody was immobilized through the reaction 

between NH2 groups of the antibody and epoxy groups. (d) Maleimide groups were 

introduced to the surface through the reaction between NH2 groups of NH2-

maleimide and residual epoxy groups. (e) Coiled-coil A was immobilized through 

the reaction between maleimide groups and thiol groups of polypeptides. (f) 

Mixture of OVCAR3 cells and CD31+ HUVECs was injected into the microfluidic 

channel, and the CD31+ HUVECs were selectively captured on the PDMS 

microchannel surface. (g) Non-captured cells inside the microchannels were 

removed through pumping in serum-free media at different flow rates. (h) The 

captured cells were released through pumping the media with molecular trigger B-

PEG into the microchannel, in which B is a coiled-coil heterodimerizing with A. 
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Figure 5.3. Capture of HUVECs (red) from a mixture of HUVECs and OVCAR3 

cells (green). (a) The mixture was injected into a microchannel functionalized with 

the anti-CD31 antibody and coiled-coil A. (b) Non-captured cells inside the (a) was 

rinsed off with a shear stress of 0.5 dyn/cm2 for 4 min, selective capture of HUVECs 

was obtained. (c) In a control microchannel functionalized with A alone, few cells 

of either type adhered after rinsing. (d) In a control microchannel with an 

unmodified surface, both of cell types adhered with no selectivity after rinsing. The 

scale bars are 200 m.   
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Figure 5.4. Capture selectivity of HUVECs from the mixture of OVCAR3 and 

HUVECs (1:1 ratio) after rinsing the microchannel with serum-free media at 

different shear stresses. Error = SD, n=4. 
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Figure 5.5. Capture capacity of HUVECs from the mixture of OVCAR3 and 

HUVECs (1:1 ratio) after rinsing the microchannel with serum-free media at 

different shear stresses. Error = SD, n=3. 
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Figure 5.6. Release of captured HUVECs (red) in microchannels. (a) and (c) 

Captured HUVECs in a microchannel functionalized with the anti-CD31 antibody 

and coiled-coil A, OVCAR3 cells were rinsed away under a shear stres of 0.5 

dyn/cm2 for 4 min. (b) Captured HUVECs in (a) were efficiently released after 

pumping 400 µM B-PEG containing serum-free EGM media into the microchannel 

at a shear stress of 1 dyn/cm2 for 10 min. (d) Captured HUVECs in (c) were not 

efficiently released after pumping 400 µM PEG containing serum-free EGM media 

into the microchannel at a shear stress of 1 dyn/cm2 for 10 min. The scale bars are 

200 m.   
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Figure 5.7. Release efficiency of captured HUVECs in microchannels (n=3). The 

PEG-containing media resulted in a significantly lower release efficiency than B-

PEG-containing media did at the same shear stress of 1 dyn/cm2. Error = SD, n=3. 

** p < 0.01, Student’s t-test. 
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Figure 5.8.  Effect of shear stress on the release efficiency of captured HUVECs. 

Media with 400 µM of B-PEG for the release of captured cells at a shear stress of 

1 dyn/cm2 served as a positive control. Error = SD, n=3. ** p < 0.01, Student’s t-

test. 
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Figure 5.9. Cultivation of released HUVECs. (a) Bright field image of released cells 

after 1 h of reseeding. (b) Bright field image of released cells after 3 h of reseeding. 

(c) Bright field image of released cells after overnight of reseeding. (d) Fluorescent 

image of released cells after overnight of reseeding, the cells were stained with 

CellTracker™ Orange CMTMR dye. The scale bars are 200 m.   
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Chapter 6 Conclusions and Future Directions 

6.1 Conclusions 

      6.1.1 Oxygen-Generating Microparticles  

      Polycaprolactone/Calcium Peroxides (PCL/CaO2) microparticles were able to 

be prepared through both homogenizing and electrospraying methods. Both single 

wall PCL/CaO2 microparticles and double wall PCL/CaO2 microparticles can be 

fabricated through electrospraying methods. Oxygen released from homogenized 

PCL/CaO2 microparticles can only be sustained at relatively high level (>10%) for 

3 days, while electrosprayed PCL/CaO2 microparticles can achieve approximate 5 

days in hypoxic incubator. To compare with PCL particles without calcium 

peroxides, cell death was greatly reduced when oxygen-generating particles were 

incorporated during the hypoxic culture. In 2D hypoxic culture, oxygen-generating 

particles could support β cell survival with an accelerated metabolic activity for 1 

week, and double wall PCL/CaO2 microparticles (1-4 mL/h) achieved the best 

results among all types of particles.  In 3D hypoxic culture, oxygen-generating 

particles could support β cells survival with an accelerated metabolic activity for 5 

days, and single wall PCL/CaO2 microparticles achieved the best results among 

all types of particles, which was due to a higher release rate of oxygen in the initial 

3 days, and this better met the need of oxygen for 3D culture of β cells.  
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      6.1.2 Oxygen-Generating Films  

      Unsealed and sealed PCL/CaO2 films encapsulated with different amount of 

CaO2 were successfully fabricated through heat-press method. Solvent-cast 

PCL/CaO2 films and PDMS/CaO2 films with the same amount of CaO2 and 

dimensions were prepared as controls. All groups of heat-press PCL/CaO2 films 

were able to release oxygen in a relatively high level (>10%) for at least 2 weeks 

and kept a sustained release of oxygen for at least 24 days. With the same amount 

of CaO2, sealed PCL/CaO2 films released oxygen in a slower rate than unsealed 

PCL/CaO2 films. To compare with PCL film without CaO2 and solvent-cast 

PCL/CaO2 films, β cells were able to be directly seeded and cultured on sealed 

PCL/CaO2 films for as long as 2 weeks in hypoxic culture, with significant elevated 

cell viability, and metabolic activity. In 3D hypoxic culture, with the oxygen supplied 

from CaO2-containing films, β cells in fibrin gel were able to achieve a significantly 

greater cell viability and metabolic activity, among which 2× unsealed PCL/CaO2 

film was the best due to its sufficient and controllable oxygen supply. Moreover, 

catalase was not needed for the culture of β cells with heat-press PCL/CaO2 films. 

Angiogenesis study shows that 1× sealed PCL/CaO2 films obtained the best 

results of vessel network formation in terms of total and average length of 

vasculature network, and vasculature junction points. The heat-press technique 

enables to fabricate oxygen-generating films in a more versatile manner and to 

achieve a better controlled oxygen release. 
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      6.1.3 Efficient Release of Affinity-Captured Cells Using a Coiled-Coil-Based 

Molecular Trigger 

      The cell separation platform harnessed molecular recognition of self-

assembling coiled-coils and the energy gain of extended PEG chains to enable 

label-free, affinity-based cell separation and efficient release of the affinity-

captured cells without exposing cells to harsh physical and chemical conditions. 

The cells released using this method have completely intact biochemical 

components on the surface, which is critical for sensitive cells to maintain their 

viability, phenotype, and function. the material design reported here allows the 

method to be readily adapted for many types of target cells, because commonly 

available antibodies are used as capture ligands and B-PEG is a universal cell-

releasing molecular trigger. This molecular trigger is universal because the 

mechanism underlying cell release, A/B heterodimerization, and extended 

conformations of PEG chains, is not directly involved in antibody–biomarker 

bonding. Although improvement in cell capture capacity (number of cells captured 

in unit area) is needed as compared to some previously published methods, this 

cell detachment method, together with label-free and specific affinity capture, 

allows cell separation to be performed with collective qualities of high specificity, 

high recovery, and little biochemical and biophysical perturbation on cells. These 

benefits are particularly relevant when rare and sensitive cells need to be isolated. 
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      6.1.4 Label-free, Affinity-based Cell Separation and Retrieval in A Microfluidic 

System 

      The cell separation platform using the same mechanism as the one in chapter 

4 was able to be constructed inside a microfluidic channel with an even stable and 

facile surface modification chemistry. Label-free, affinity-based cell separation 

enables a highly selective capture of specific type of cells. Efficient release of the 

captured cells was achieved in a negligible shear stress condition. To compare 

with the method used in chapter 4, an even higher selectivity was obtained. 

Moreover, the release of cells was able to be achieved in a more controllable 

manner. 

      6.2 Future Directions 

      Despite several important progresses were achieved in this work, there are still 

challenges to be solved. Electrospraying technique enables the preparation of 

oxygen-generating particles in multiple ways, however, the release duration is still 

not long enough to satisfy the in vivo applications of engineered tissues. Another 

challenge associated with the oxygen-generating microparticles is the initial burst 

release of oxygen. ROS produced with the burst release may cause damage to 

cells. Some biodegradable but more hydrophobic biomaterials can be developed 

to fill these needs. Incorporating microparticles into a second layer of polymer films 

can be another choice. To reduce the ROS and to avoid the use of catalase, 

incorporation of some novel chemicals/biological additives, such as ferulic acid, 

can be tried in developing oxygen-generating microparticles. 
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      As for the heat-press PCL/CaO2 film, this work has proved that it is a promising 

oxygen-generating biomaterial in vitro. Future studies need to be done in the future 

to verify its sustained oxygen generation ability in vivo. Whether it can support cell 

survival and function without compromising vasculature infiltration in vivo also 

needs to be examined.  

      The label-free affinity-based cell separation has proved its ability in capture 

and release HUVECs cells, future work needs to be done to check if this system 

can capture and release other cell types, such as CTCs, MSCs, adipose derived 

stem cells with high selectivity and release capacity. Also, the downstream studies 

of the released cells need to be more systematically investigated.  
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