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Chapter 1: Introduction 
 

Microtubules in the Cell 
 

Microtubules are one of the three structural polymers found within the cell that 

together make up the cellular “cytoskeleton” (Desai and Mitchison, 1997; 

Mitchison and Kirschner, 1984). Microtubules assist in maintaining cell shape in a 

wide range of different cell types, through a variety of different cellular 

arrangements. For example, cell shape can be maintained in a variety of cell 

types by microtubules that radiate outwardly from a centrally located microtubule 

organizing center, in epithelial cells by microtubules in parallel arrangements 

around the cell periphery, and in muscle myocytes by microtubules that are 

interspersed with actin muscle fibers.   

 

Microtubules also act as tracks for motor proteins to transport cargo vesicles 

from the cell center to the periphery and between organelles (Marx et al., 2006; 

Ross et al., 2008). Considering their organization within the cell and their many 

contacts with a variety of organelles, microtubules are ideally positioned for their 

role as signaling centers for the various protein regulators of organelles and 

intracellular processes. During mitosis, microtubules connect the duplicated 

chromosomes to the centromeres or spindle poles and transmit the forces which 

pull chromosomes to opposite ends of the cell in preparation for cell division 

(McIntosh et al. 2002, Maiato et al.,2004).  

 

Microtubule Structure 
Microtubules are formed by specific arrangement of  tubulin heterodimers, 

often referred to as a microtubule subunit. The tubulin heterodimer subunits are 

able to bind to each other in a head-to-tail fashion, termed protofilaments, and 

are also able to associate laterally, such that thirteen laterally-associated 



   2

protofilaments form a hollow tube. Tubulin heterodimers with both side-to-side 

lateral contacts, and up-down longitudinal contacts, are considered part of the 

microtubule “lattice”. The microtubule has an outer diameter of ~24 nm, and an 

inner diameter of ~14 nm. The lateral contacts between tubulin dimers from 

adjacent protofilaments are offset such that there is a left-handed helical rise as 

contacting subunits are traced around the microtubule. The helical pitch is such 

that in one full rotation the laterally contacting tubulin subunits rise by one-and-a-

half subunit lengths. As a result, there is a microtubule “seam” that exists 

between the “first” and “last” protofilaments, a point at which the usual lateral 

contact between subunits of alpha-to-alpha and beta-to-beta is replaced with a 

weaker alpha-to-beta and beta-to-alpha contact (Alushin et al., 2014; Löwe et al., 

2001; Nogales et al., 1999; Wang and Nogales, 2005).  

 

Due to the head to tail arrangement of the tubulin dimers, microtubules have an 

inherent polarity in which the most distal tubulin subunits on one end of the 

microtubule always have the alpha unit exposed, while the tubulin subunits on 

the other end always have the beta unit exposed (Nogales and Wang, 2006a; 

Wang and Nogales, 2005). This key property of the microtubule allows for 

persistent directional motion of the various motor proteins that walk on 

microtubules: by taking steps specifically towards the beta end (or the alpha end 

for other types of motors) motors are able to traverse from one end of the 

microtubule to the other in a persistent fashion, without which efficient transport 

would be within a cell would be much more limited and difficult (Marx et al., 2006; 

Ross et al., 2008).  

 

Microtubule Dynamics 
An important aspect of a microtubule’s function is that microtubule lengths are 

dynamic. Here, new tubulin subunits are able to add on to end of the microtubule, 

resulting in microtubule lengthening, or growth.  Conversely, subunits that are 

bound at microtubule ends are may dissociate from the rest of the polymer, 
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which results in microtubule shortening (Desai and Mitchison, 1997; Gell et al., 

2010; Howard and Hyman, 2003; Northrup, 1992). This behavior is regulated, in 

part, by an exchangeable nucleotide bound to the beta-tubulin portion of a 

subunit (Karr et al., 2016; Maurer et al., 2012; Nogales and Wang, 2006b; Zanic 

et al., 2009).  A subunit is only polymerization competent when a guanine 

triphosphate (GTP) nucleotide is bound in the exchangeable site. Once a GTP-

bound subunit is incorporated into the microtubule lattice, the GTP nucleotide 

may be hydrolyzed, losing one of the phosphates and becoming guanine 

diphosphate (GDP). Upon this transition, the associated tubulin dimer undergoes 

a conformational change which makes it less stable as a member of the 

microtubule lattice. Were all of a microtubule’s subunits bound by GDP, it would 

quickly depolymerize entirely. However, because the hydrolysis transition from 

GTP to GDP occurs stochastically (occurring randomly around some 

characteristic rate) after an average of 3-4 seconds, the microtubule end is 

protected from depolymerization by a stable region of GTP subunits, termed the 

“GTP cap” (Caplow and Shanks, 1996; Carlier et al., 1989; Drechsel and 

Kirschner, 1994; Seetapun et al., 2012a). While the GTP cap is in place, the 

microtubule is predominantly in a state of growth, however, due to random 

variation in rates of new subunit addition and dissociation, a microtubule may 

lose the stabilizing GTP cap and begin to shorten. The transition from growth to 

shortening is termed “catastrophe”. Once the shortening occurs and progresses 

past the GTP cap region into the unstable GDP region of the microtubule, 

shortening occurs very rapidly, roughly 100 times faster than growth. A 

microtubule that is shortening may experience an event called “rescue”, in which 

the microtubule stops shortening and returns to a phase of growth. The cycle of 

growth, catastrophe, shortening, and rescue with return to growth is a 

characteristic feature of microtubules, called dynamic instability (Mitchison and 

Kirschner, 1984). Dynamic instability results in part from the very high 

association and dissociation rates of tubulin subunits to and from the microtubule 

ends as well as the distribution of GTP containing subunits (Coombes et al., 
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2013; Demchouk et al., 2011; Desai and Mitchison, 1997; Gardner et al., 2011a; 

Howard and Hyman, 2003; Nogales and Wang, 2006b; Northrup, 1992; Tropini et 

al., 2012; Zakharov et al., 2015). 

 

Microtubule Plus and Minus Ends 
The polarity of microtubules, as briefly mentioned above, also plays a role in the 

dynamic instability. The rates of growth rate and shortening rate are both higher 

at the beta-tubulin terminated end of the microtubule than at the alpha-tubulin 

terminated end (Howard and Hyman, 2003; Jiang and Akhmanova, 2011). As a 

result, most of the dynamic instability occurs on the beta-terminated end, which 

has led to it being termed the microtubule “plus end”, while the alpha-terminated 

end is referred to as the “minus end”. In cells, the microtubule minus ends are 

usually anchored at various microtubule organizing centers, while the plus ends 

grow and shorten, dynamically interacting with other organelles. As such, the 

plus end is a hub of activity for regulatory proteins to modulate microtubule 

dynamics and interaction with other parts of the cell (Jiang and Akhmanova, 

2011; Lansbergen and Akhmanova, 2006). One such protein, EB1, is able to 

autonomously track growing plus ends and is required for recruitment of a host of 

other plus end associated proteins (Dixit et al., 2009; Morrison et al., 1999). EB1 

will be discussed in further detail in Chapter 4.  

 

The Study of Microtubules 
In this work, microtubule structure and dynamics are studied using two methods: 

microscopy and simulation.  

 

Microscopy 

Electron microscopy replaces the microscope light source with an electron beam. 

Electrons in an electron microscope have a wavelength much smaller than visible 

light and can generate images with a resolution of a couple nanometers, 

sufficient to see microtubules. However, microtubule samples used for electron 



   5

microscopy must be fixed, stained, and desiccated as a result of electron 

microscopy’s requirement that the samples be held under vacuum (electron 

beams rapidly disperse in air).  

 

Fluorescence microscopy is based on the simple idea that if a microtubule could 

generate its own light, it would not matter how small the microtubule was; the 

light from the microtubule could be observed and used to pinpoint the location of 

the microtubule. This is accomplished by attaching a fluorescent protein or 

compound to microtubule tubulin subunits, either genetically or chemically. The 

attached fluorescent marker does not emit light unprompted, but rather requires 

that a high-energy light illuminates the marker; the marker absorbs some of the 

energy and then releases it as lower energy (higher wavelength) light. In 

practice, this means shining, for example, a blue light on the microtubule, which 

excites the fluorescent marker to emit green light. By filtering out the blue light, 

the green light can selectively be observed to indicate the microtubule’s position. 

Because this technique is viable when the microtubules are in a solution, this 

allows for the visualization of growing and shortening microtubules inside living 

cells, in contrast to electron microscopy where the microtubules are fixed and no 

longer dynamic. The tradeoff, however, is that two fluorescent markers cannot be 

resolved in a single image to a distance smaller than the diffraction limit of the 

microscope setup, although super-resolution techniques allow for improved 

resolution. As a result, the diffraction limit of the microscope setup must be 

accounted for during analysis, and limits the degree of detail which can be 

observed. 

 

In-Vitro 

Observing microtubules in living cells is an invaluable part of microtubule studies. 

Yet, the cell is a complicated environment in which there is normally little outside 

control of microtubule density, the cytoplasmic composition, or the degree of 

interaction with regulating proteins. Thus, in order to understand the intrinsic 
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behavior of microtubules, or to examine the direct interaction between 

microtubules and a given protein, experiments must be conducted in a more 

controlled environment. To this end, tubulin heterodimers are purified from pig 

brain extracts and reconstituted in a test tube (in-vitro). The reconstituted tubulin 

proteins can then be placed in an imaging chamber, under controlled conditions 

and with or without additional proteins, and then visualized using the fluorescent 

microscopy technique as described above.  

 

Simulation 

Between electron microscopy and fluorescence microscopy, one can either have 

high resolution of non-dynamic microtubules, or low resolution of dynamic 

microtubules with (or without) regulation by interacting proteins. This leaves a 

gap in the knowledge that can be obtained by the two microscopy techniques, 

specifically the nanoscale interactions between microtubules and other proteins. 

In order to fill this gap, simulations are frequently the tool of choice. By using a 

computer simulation that is coded around previously established rules of the 

physical world (such as forces and diffusion) and known elements of 

microtubules (such as structure, or growth rates), a simulated microtubule can be 

developed that behaves similarly to microtubules observed under a microscope. 

Then, unknown interactions can be simulated using a variety of hypothesized 

models (for example, perhaps the regulating protein blocks the addition of new 

tubulin subunits to slow growth). The most important part of the simulation is the 

generation of predicted outcomes for which physical experiments can be devised 

in order to test the model. Simulated models that are validated by experiment are 

strong candidates for the true mechanism, and form a foundation on which to 

develop and answer new questions.  

 

Remaining Questions: Microtubules 

Of the many remaining questions about microtubules, a few are of particular 

importance and interest to this research endeavor. Much is known about 
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microtubule structure, and the role of subunit dynamics in regulation of the 

microtubule’s own polymerization and dynamic instability, as was outlined above. 

However, very little is known about the role of microtubule structure in regulating 

interactions or activity of microtubule associating proteins. Considering how 

integral the structure and dynamics of a microtubule are for its functionality, it 

seems likely that microtubule structure would have implications for its interactions 

with microtubule associated proteins as well. As such, it will important for the 

progression of microtubule research to understand the interplay between sub-

structure and microtubule associated proteins, both in how a microtubule impacts 

the activity and functionality of the associating proteins, and in how the 

associating proteins’ interaction with microtubule substructure changes the 

microtubule. 

 

In the next three chapters this thesis will investigate the details of microtubule 

structure and microtubule interaction with two different proteins, TPX2 and EB1. 

This will be accomplished using a combination of Fluorescence Microscopy, 

Electron Microscopy, and predictive simulation to answer the molecular-scale 

mechanistic questions that could not be answered without such a multipronged 

approach.   
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Chapter 2: Suppression of Microtubule Assembly Kinetics by 
the Mitotic Protein TPX2 

 

Synopsis 
 

TPX2 is a widely conserved microtubule-associated protein that is required for mitotic 

spindle formation and function. Previous studies have demonstrated that TPX2 is 

required for the nucleation of microtubules around chromosomes, however, the 

molecular mechanism by which TPX2 promotes microtubule nucleation remains a 

mystery. In this study, we found that TPX2 acts to suppress tubulin subunit off-rates 

during microtubule assembly and disassembly, thus allowing for the support of 

unprecedentedly slow rates of plus-end microtubule growth, and also leading to a 

dramatically reduced microtubule shortening rate. These changes in microtubule 

dynamics can be explained in computational simulations by a moderate increase in 

tubulin-tubulin bond strength upon TPX2 association with the microtubule lattice, which 

in turn acts to reduce the departure rate of tubulin subunits from the microtubule ends. 

Thus, the direct suppression of tubulin subunit off-rates by TPX2 during microtubule 

growth and shortening could provide a molecular mechanism to explain the nucleation of 

new microtubules in the presence of TPX2.   

 

Introduction 
 

In mitosis, the proper alignment and segregation of chromosomes requires attachment 

to dynamic microtubule ends (Desai and Mitchison, 1997; McIntosh et al., 2002).  

Therefore, microtubules act as critical chromosome transport machines during mitosis. 

Microtubule dynamics have been characterized by the term “dynamic instability”, in 

which microtubule tips transition from a slow growing state to a rapid shortening state via 

a “catastrophe” event, and then make the reverse transition via a “rescue” event 

(Mitchison and Kirschner, 1984). Experimental perturbation of microtubule dynamics 

leads to mitotic defects (Yvon et al., 1999), demonstrating that efficient and faithful 

segregation of chromosomes during mitosis relies on proper regulation of the length and 

number of microtubules in the mitotic spindle. 
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TPX2 is a widely conserved microtubule-associated protein that is required for mitotic 

spindle formation and function (Gruss and Vernos, 2004).  TPX2 was originally identified 

as a protein that is required for the dynein-dependent accumulation of the kinesin XKlp2 

(human Kif15) at spindle poles (Wittmann et al., 1998) .  Experiments in vivo and with 

Xenopus egg extracts demonstrated that TPX2 is required for the Ran-regulated 

nucleation of microtubules in the chromosome pathway (Gruss et al., 2002; Neumayer et 

al., 2014; Tulu et al., 2006).  Mammalian cells depleted of TPX2 assemble defective 

spindles that contain large asters with few intervening microtubules, and fail to complete 

mitosis (Gruss et al., 2002). TPX2 binds and activates the mitotic kinase Aurora A and 

localizes it to spindle microtubules (Bayliss et al., 2003). TPX2 also interacts with and 

regulates the activity of the bipolar mitotic kinesin, Eg5 (Eckerdt et al., 2008; Ma et al., 

2011), and Kinesin-12 motors (Tanenbaum et al., 2009; Vanneste et al., 2009; Wittmann 

et al., 2000).  Thus, TPX2 functions in part as a scaffold to bring mitotic regulators to 

spindle microtubules.  Recent in vitro studies demonstrated that TPX2 can promote the 

nucleation of microtubules in vitro (Roostalu et al., 2015; Wieczorek et al., 2015), 

however, the molecular mechanism by which this is accomplished remains incompletely 

understood.  

 

By performing in vitro biophysical studies, we found that TPX2 acts to suppress the off-

rate of individual tubulin subunits from the microtubule tip for both growing and 

shortening microtubules. Our simulation results suggest that a moderate change in 

tubulin-tubulin bond stability for TPX2-associated tubulin subunits could suppress the 

departure rate of tubulin subunits from microtubule ends, thus revealing a novel 

mechanism for the action of TPX2 in microtubule nucleation and stabilization. 

 

Results 
 

TPX2 slows tubulin subunit off-rates during microtubule assembly 

 

Several previous studies have ascribed a role for TPX2 in microtubule nucleation, both 

in solution with purified components (Schatz et al., 2003; Wieczorek et al., 2015), and 

from existing microtubules in egg extracts (Petry et al., 2013). Previous work has also 
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demonstrated that tubulin subunits arrive rapidly to the tip of the microtubule, but then 

unstable attachments result in a large tubulin subunit off-rate from the microtubule end, 

even during periods of net growth (Gardner et al., 2011a).  Thus, to promote nucleation, 

TPX2 could potentially suppress the rate of tubulin subunit loss from the microtubule tip, 

such that subunits that incorporate at the microtubule end are less likely to leave.   

 

Previous work has demonstrated that the variability in microtubule growth rate provides 

a readout for tubulin subunit on-off kinetics at the microtubule tip (Gardner et al., 2011a). 

Here, a decrease in tubulin subunit arrival and departure events at the microtubule tip 

was shown to correspond with a decrease in the variability of microtubule growth, due to 

a reduction in the total number of on-off events (Oosawa, 1970; Skellam, 1946).  Thus, 

to evaluate microtubule growth rate variability in the presence and absence of TPX2,  

time-lapse movies of growing Alexa-488 labeled microtubules were collected using TIRF 

microscopy, and then the microtubule tip position was evaluated with sub-pixel 

resolution by fitting the microtubule tip to a Gaussian decay function (as previously 

described by (Demchouk et al., 2011; Gable et al., 2012; Ma et al., 2011) (Fig. 2.1A). 

Plots of microtubule tip position vs time for control microtubules (Fig. 2.1B, blue) 

qualitatively showed higher variability in growth rate as compared to similar plots of 

microtubule tip position in the presence of TPX2 (Fig. 2.1B, magenta), suggesting that 

TPX2 suppresses tubulin subunit on-off kinetics at the growing microtubule tip.   

 

By fitting the mean squared displacement (MSD) in microtubule tip position for 

increasing time step sizes to a diffusion-drift equation, the on and off rates of tubulin 

subunits from a growing microtubule tip can be quantitatively estimated (Gardner et al., 

2011a). Thus, the MSD was plotted against increasing time step sizes for both control 

microtubules (Fig. 2.1C, blue), and with various concentrations of TPX2 (Fig. 2.1C, 

magenta), and then used to directly estimate the on and off rates of tubulin subunits from 

the microtubule ends (see supplemental methods). Consistent with qualitative 

observations (Fig. 2.1B), we observed a ~40% decrease in tubulin subunit on and off 

rates for growing microtubules with TPX2 (Fig. 2.1D). We note that because the net 

growth rates of the microtubules are very slow in these experiments (due to low 

temperatures (26 °C) and low tubulin concentrations), the net tubulin subunit addition 
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rate over the net loss rate is small. Overall, these data indicate that TPX2 acts either 

directly or indirectly to slow tubulin subunit addition and loss at the microtubule tip.  

 

Tip structures at microtubule ends are consistent with reduced tubulin subunit on-off 

kinetics in TPX2  

 

To further test the idea that TPX2 acts either directly or indirectly to slow tubulin subunit 

addition and loss kinetics, we used TIRF microscopy to evaluate the tip structures at 

growing microtubule ends for control microtubules, and for microtubules in the presence 

of TPX2. Previous studies have shown that for longer microtubules, tubulin subunit on-

off kinetics are correlated with microtubule tip structures, such that “blunt” tip structures 

are associated with slower on-off kinetics, while more tapered tip structures are 

associated with more rapid on-off kinetics (Coombes et al., 2013; Gardner et al., 2011a).  

Therefore, we predicted that for longer microtubules, reduced tubulin subunit on-off 

kinetics in the presence of TPX2 would lead to more blunt tip structures, while faster 

kinetics in the absence of TPX2 would result in more tapered tip structures.   

 

Images of microtubules grown in the presence and absence of TPX2 were collected 

(Fig. 2.1E, top), and the average green fluorescence intensity was plotted as a function 

of position along the microtubule length (Fig. 2.1E, bottom). For short microtubules, the 

green microtubule-associated fluorescence dropped off quickly to background, and was 

similar between the control and TPX2 experiments (Fig. 2.1E, left).  By fitting a Gaussian 

distribution to this curve, the “tip standard deviation” was calculated (see supplemental 

methods and (Demchouk et al., 2011)), which for short microtubules was similar 

between controls and TPX2 (p=0.8, Fig. 2.1F), and suggestive of a diffraction-limited 

“blunt” tip in both cases (Coombes et al., 2013).  In contrast, longer microtubules had a 

more gradual drop off in green channel intensity at the microtubule tip (Fig. 2.1E, right), 

which was reflected by a larger tip standard deviation (Fig. 2.1F) (Coombes et al., 2013).  

Importantly, the control microtubule tip standard deviations were larger than for similar 

length microtubules assembled in the presence of TPX2 (Fig. 2.1F, averaged over all 

TPX2 concentrations, p<0.0001 (t-test); see Fig. 2.S1B for individual TPX2 

concentrations), suggesting that the tips of control microtubules were more tapered 

relative to the tips of microtubules grown in TPX2. Thus, the microtubule tip structures, 
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as estimated by fluorescence microscopy, were consistent with the idea that the tubulin 

subunit on-off kinetics were suppressed by TPX2 during microtubule growth.   

 

TPX2 sequesters free tubulin subunits into complexes to reduce effective free tubulin 

concentration 

 

One possible explanation for the suppressed tubulin subunit on-rates in TPX2 (Fig. 

2.1D) is that TPX2 reduces the effective tubulin concentration in solution by 

sequestering free tubulin into multi-subunit complexes (Gruss et al., 2002; Roostalu et 

al., 2015; Scrofani et al., 2015) . If this is the case, suppressed tubulin subunit on-rates 

could be an indirect consequence of enhanced formation of Tubulin/TPX2 nucleation 

complexes (Kuchnir Fygenson D et al., 1995; Schek et al., 2007; Scrofani et al., 2015).  

To test this idea, reaction mixtures with and without 50 nM TPX2, each containing 10 μM  

Alexa-488 Tubulin with 0.6 mM GTP, were incubated in a tube at 37oC, and then small 

samples were removed after 5, 20, and 60 minutes. Each sample was immediately 

sandwiched between 37 °C coverslips, and then imaged using TIRF microscopy. In the 

TPX2 samples, we observed an increase in many small structures over time, consistent 

with a recent study (Fig. 2.2A and Fig. 2.S1C) (Roostalu et al., 2015).  To quantify this 

effect, we measured the standard deviation of tubulin-associated intensity at each time 

point, since we reasoned that the non-uniformity of fluorescence across each image 

would provide an objective measure for the density of small, diffraction-limited structures 

in each case.  Consistent with qualitative observations, the standard deviation of Alexa-

488 intensity increased substantially as a function of incubation time for the TPX2 

samples, suggestive of increasing quantities of small diffraction-limited structures, while 

there was only a minimal change in standard deviation over time for the control samples 

lacking TPX2 (Fig. 2.2B). 

 

We then reasoned that if the small structures present in the TPX2 samples represented 

complexes composed of multiple tubulin subunits, this may sequester free tubulin, and 

therefore limit the average microtubule length as compared to a tubulin-only solution 

which would only rarely lead to stochastic nucleation of new microtubules. Therefore, we 

measured the lengths of all visible microtubules in each sample, at each time point. 

Consistent with the idea that the presence of TPX2 leads to sequestration of tubulin, the 
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few microtubules present in the Tubulin-only controls continuously shifted towards longer 

lengths over time, while all visible microtubules remained short in the TPX2 sample (Fig. 

2.2C). 

 

These results are consistent with a model in which TPX2 acts to nucleate small multi-

subunit tubulin complexes, reducing the effective free tubulin concentration that is 

available for microtubule polymerization, and therefore indirectly suppressing the tubulin 

subunit on-rate. Thus, suppressed tubulin subunit on-rates are likely an indirect 

consequence of reduced effective free tubulin concentrations in solution, and may not be 

a direct effect of TPX2 at the microtubule tip.  

 

If TPX2 shifts the in vitro assay into a nucleation regime, this leads to two important 

predictions for the effect of TPX2 on microtubule dynamics in an in vitro assay.  First, by 

sequestering tubulin into nucleation complexes, the resultant reduction in effective free 

tubulin concentration would be expected to reduce the observed net growth rate of 

microtubules. Second, previous studies have suggested that the phase-shift into a 

microtubule nucleation regime for an in vitro assay may be very abrupt (Fig. 2.2D), such 

that once free nucleation in solution becomes significant, free tubulin is quickly and 

abruptly sequestered into new nucleation complexes. If TPX2 acts to catalyze nucleation 

of new microtubules, this nucleation phase diagram predicts that there may be a “step-

like” reduction in the net growth rate of microtubules, rather than a gradual decrease in 

growth rate as a function of TPX2 concentration. 

 

TPX2 directly suppresses tubulin subunit off rates during microtubule growth and 

shortening 

 

To test these predictions, time-lapse movies were collected to capture microtubule 

growth and shortening phases of Alexa-488 labeled dynamic microtubules (Fig. 2.2E 

and Fig. 2.S2).   

 

First, we found that the microtubule growth rate was suppressed in the presence of 

TPX2: on average, microtubules grew ~45% slower in the presence of TPX2 relative to 

controls (Fig. 2.2F, p<1e-5, all TPX2 concentrations, t-test), consistent with the idea that 
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free tubulin concentrations are reduced in the presence of TPX2, due to sequestering. In 

addition, there was a “step-like” reduction in the net growth rate of microtubules, rather 

than a gradual decrease in growth rate upon introduction of TPX2, consistent with an 

abrupt transition to a nucleation regime in the presence of TPX2 (Fig. 2.2F). We also 

note that at higher TPX2 concentrations the growth rate may be slightly increased 

relative to lower TPX2 concentrations. We speculate that this could be due to the rising 

importance of a direct effect of TPX2 in suppressing tubulin subunit off rates during 

microtubule growth as TPX2 concentrations were increased. Regardless, to our 

knowledge, the microtubule growth rates at all concentrations of TPX2 were slower than 

what has ever been previously observed in vitro, even at the lowest possible tubulin 

concentrations which can support seeded growth (Fygenson et al., 1994; Gardner et al., 

2011b; Walker et al., 1988) (Fig. 2.2F, dotted line). This unprecedentedly slow 

microtubule polymerization rate in the presence of TPX2 is consistent with the idea that 

TPX2 stabilizes microtubules by suppressing tubulin subunit off-rates at the microtubule 

tip during periods of net assembly, which then allows for gradual microtubule growth 

even at low temperatures (26 °C in our assay) and at potentially very low effective free 

tubulin concentrations.  

 

Second, there was a striking effect of TPX2 on the microtubule shortening rate after 

catastrophe: the microtubule shortening rate was substantially slowed in the presence of 

TPX2 relative to controls, even at the lowest TPX2 concentration tested (Fig. 2.2G). In 

contrast to the growth rate results, the microtubule shortening rates showed a 

consistently decreasing trend as a function of increasing TPX2 concentrations: the 

microtubule shortening rate after a catastrophe event was 4-fold slower at 21 nM TPX2 

(p<1e-5, t-test), and >13-fold slower at a concentration of 400 nM TPX2 (p<1e-5, t-test) 

(Fig. 2.2G). This result demonstrates that TPX2 directly suppresses the tubulin subunit 

off-rates at the microtubule tip during periods of net disassembly, in addition to during 

net assembly (Fig. 2.2H).   

 

mCherry-TPX2 interacts with the microtubule lattice and tip 

 

We then assessed whether TPX2 was directly interacting with the microtubule lattice 

and/or tips to alter tubulin subunit stability within the microtubule. Individual snapshots of 
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mCherry-TPX2 on green Alexa-488 labeled dynamic microtubules growing from far-red 

Alexa-660 GMPCPP-stabilized microtubule seeds were collected (Fig. 2.3A, left), and 

plots of average mCherry-TPX2 fluorescence on the Alexa-488 dynamic microtubules 

were generated (Fig. 2.3A, right, all microtubules normalized to 4 μM length to allow for 

mean localization analysis (Gardner et al., 2005)).  By performing this analysis over a 

large number of microtubules at the low and high TPX2 concentrations from the 

dynamics experiments, we found that in addition to a uniform coating of TPX2 along the 

microtubules, there was an enrichment of TPX2 on the GMPCPP-stabilized seeds (Fig. 

2.3A, right, position 0.0 μm), and, on average, a slight enrichment at the microtubule tip 

(Fig. 2.3A, right, position 4.0 μm), thus confirming recent observations (Roostalu et al., 

2015). To determine how TPX2 interacts with growing and shortening microtubules, we 

analyzed the localization of mCherry-TPX2 in kymographs of dynamic microtubules. 

Consistent with the snapshot data, TPX2 was associated both with the lattice and with 

the microtubule tip for both growing and shortening microtubules (Fig. 2.3B). While high-

intensity tracking of growing and shortening ends was not detected in the kymographs, 

the snap-shot data, which is averaged over many microtubule images, reveals a slight 

preference of TPX2 for microtubule ends.  Together, these results demonstrate that 

TPX2 can interact with the microtubule tip and lattice to alter tubulin subunit off rates of 

both growing and shortening microtubules.  

 

We then performed fluorescence recovery after photobleaching (FRAP) experiments to 

determine the dynamics of mCherry-TPX2 on the microtubule lattice in our in vitro 

experiments (Fig. 2.3C). To do this, we photobleached a portion of the dynamic 

microtubule extension in the red channel (e.g., avoiding the stabilized seeds), and then 

measured the integrated fluorescence in the photobleached area over time. We 

corrected for photobleaching using an unbleached portion of the lattice, and then fit an 

exponential recovery curve to each experiment according to: 

      

   ))(( )(
infinf

2,TPXoffkt
blch eFFFF    (1) 

 

where F is the integrated fluorescence in the bleached area over time, Fblch is the 

fluorescence at the time of bleaching, and Finf is the fluorescence after recovery is 



   16

complete (Δt~200 s) (Bulinski et al., 2001). This equation was then used to 

determine the off rate of TPX2 from the lattice (koff,TPX2) for each experiment, to use in 

our simulations (below). The median value of koff,TPX2 was 0.015 s, with a corresponding 

characteristic residence time of τ~65 s on the lattice, suggesting that TPX2 turns over 

relatively slowly on microtubules in vitro (Balchand et al., 2015). Finally, uniform 

recovery of TPX2 fluorescence across the bleaching window suggested that TPX2 binds 

and unbinds, but perhaps does not efficiently diffuse, on the microtubule lattice (Fig. 

2.3C). 

 

Simulations can explain TPX2-mediated changes in microtubule dynamics  

 

To elucidate a mechanism for how transient interactions of TPX2 with dynamic 

microtubules could lead to the striking changes in microtubule dynamics we observed in 

our experiments, stochastic computational simulations were run which included both 

arrivals and departures of tubulin subunits from the microtubule tip (Fig. 2.4A, top), as 

well as stochastic on and off events of TPX2 from the microtubule lattice (Fig. 2.4A, 

bottom). 

 

For the simulated interactions of TPX2 with the microtubule, TPX2 was allowed to 

randomly attach along the simulated microtubule lattice and at the microtubule tip, with 

no preference for tip or lattice interactions (see supplemental methods), and the value 

for koff,TPX2 was matched to experimental data collected from the FRAP assay. Using 

these rules, we found that simulated mCherry-TPX2 was distributed along the 

microtubule lattice and at the tip during both growing and shortening events (Fig. 4B, 

left). 

 

The microtubule dynamics model for tubulin subunit on-off kinetics has been well 

established by previous work (Castle and Odde, 2013; Gardner et al., 2011a; Schek et 

al., 2007; Vanburen et al., 2002; VanBuren et al., 2005) (see supplemental methods). In 

this model, the off-rate kinetics for a given tubulin subunit from the microtubule tip were 

dictated by the relative energetic stability of that tubulin subunit within the microtubule 

lattice (koff,PF, Fig. 2.4A), where the energetic stability of each subunit was calculated by 

summing all of its relevant bond energies, as follows: 
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    (2) 

 

Here, ΔG0
total is the total bond free energy of a bound tubulin subunit,  ΔG0*

longitudinal is the 

GTP-tubulin longitudinal bond energy, ΔG0
lateral is the GTP-tubulin lateral bond energy,  

ΔGGDP_Pen is the GDP-tubulin energetic penalty for hydrolyzed subunits, and ΔGTPX2 is 

the stabilization energy that was supplied if TPX2 was bound to an incorporated tubulin 

subunit or its longitudinal neighbor.  In the simulation, TPX2 was assumed to stabilize 

longitudinal interactions, although similar results were obtained using lateral bond 

stabilization. Using these rules, we found that simulated kymographs were similar to 

experimental observations for the effect of TPX2 on microtubule dynamics (Fig. 2.4B, 

right), in which there was a substantial effect on the simulated microtubule shortening 

rate for even modest concentrations of TPX2. 

 

We then evaluated whether the simulation could reproduce the experimentally observed 

effects of TPX2 on microtubule dynamics over the experimental range of TPX2 

concentrations. We found that simulations reproduced the concentration-dependent 

suppression of shortening rate over the wide range of experimental TPX2 concentrations 

(Fig. 2.4C, and also the effect of TPX2 on catastrophe frequency, Fig. 2.S4A), by 

allowing for the stabilization of longitudinal tubulin-tubulin bonds when TPX2 was bound 

to a tubulin subunit (Fig. 2.4D).  A simulation parameter sensitivity analysis 

demonstrated that a strong fit to experimental data could be obtained over a range of 

TPX2 simulation parameter values (Fig. 2.4E and Fig. 2.S3), suggesting that the 

modeling results were robust and not overly sensitive to specific parameter values. In 

addition, the parameter sensitivity analysis suggests that the effect of TPX2 on 

microtubule dynamics is most sensitive to the tubulin-tubulin bond stabilization energy 

provided by TPX2, and less sensitive to the rate of turnover of TPX2 on the lattice (Fig. 

2.4E). Thus, transient interactions of TPX2 with the microtubule lattice could explain our 

experimental observations of substantial microtubule shortening rate suppression. 

Importantly, these changes in microtubule dynamics resulted from a relatively moderate 

stabilization of longitudinal tubulin bonds for the TPX2-bound tubulin subunits (-2.7 kBT, 

Fig. 2.4D), suggesting that TPX2 is able to produce significant microtubule stabilization 

2_
0*00

TPXPenGDPlateralallongitudintotal GGGGG 
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effects with only a moderate influence on individual tubulin-tubulin bond stability. We 

note that while a microtubule tip preference by TPX2 was not required by our simulation 

to reproduce the experimental results, we expect that a tip preference would only 

increase the efficiency of TPX2 in suppressing microtubule assembly kinetics at the tip, 

perhaps reducing even further the necessary tubulin bond stabilization energy for 

individual TPX2-bound tubulin subunits.  

 

For each simulated TPX2 concentration, we note that the effective tubulin concentration 

was adjusted in the simulation to match the corresponding experimentally observed 

microtubule growth rate, which accounts for tubulin sequestration (and thus the 

suppressed tubulin subunit on-rate) in the presence of TPX2 (Fig. 2.S4B).  However, to 

ensure that the simulated effects of TPX2 on microtubule dynamics were not due solely 

to these adjusted values for effective free tubulin concentration, additional simulations 

were run for each corresponding effective tubulin concentration, both with and without 

TPX2 present in the simulation (Fig. 2.S4). In all cases, there was a clear effect of TPX2 

on the simulated microtubule dynamics, over and above the effect of the tubulin 

concentration adjustments to account for sequestration (Fig. 2.S4C-D). 

 

Discussion 
 

In conclusion, we find that TPX2 acts to suppress the off rate of tubulin subunits from the 

microtubule tip during both growth and shortening events. This likely stabilizes the 

microtubule in its polymer form, and thus contributes to microtubule nucleation.  

Consistent with previous reports, we also found that catastrophe frequency is 

suppressed in the presence of TPX2, however, control of the tubulin subunit off rate from 

the microtubule tip may be a more fundamental form of microtubule stabilization than the 

regulation of switching between states, since the loss of tubulin subunits from the tip 

would be attenuated by TPX2 for both growing and shortening microtubules. In addition, 

our simulations naturally reproduce the suppression of catastrophe in TPX2 as a direct 

result of the suppressed tubulin subunit off-rates, likely due to increased retention of 

GTP-tubulin subunits at the microtubule tip, which would lead to a larger GTP-cap size.   
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We note that in prior work, the effect of TPX2 on growth rate was more modest than 

reported here (11% vs 45% reduction) (Wieczorek et al., 2015).  This difference is likely 

due to the dissimilar temperatures used for the in vitro assays (30-31 °C (Roostalu et al., 

2015; Wieczorek et al., 2015) vs 26 °C in the current study), since higher absolute 

temperatures would be expected to exponentially increase the on-rate constant (kon) for 

tubulin subunits onto the microtubule tip (Arrhenius relationship), thus shifting the assay 

towards more rapid growth rates, regardless of the presence or absence of TPX2 

(Fygenson et al., 1994).   

 

Our simulations predict that the mechanism by which TPX2 suppresses tubulin subunit 

kinetics at the microtubule tip is by stochastically increasing the bond stability between 

adjacent tubulin subunits. We speculate that since TPX2 has been reported to have two 

domains that can bind microtubules (Trieselmann et al., 2003; Vos et al., 2008), it can 

perhaps bind two tubulin dimers simultaneously to strengthen the bond between them. 

Alternatively, oligomerization of TPX2 could allow for binding of two tubulin dimers 

simultaneously, and thereby strengthen the bond between the tubulin dimers (Drechsler 

et al., 2014; Scrofani et al., 2015). We note that microtubule-associated proteins which 

exclusively bind to a single subunit in the microtubule lattice, such as a kinesin motor 

domain, may be less likely to stabilize the bonds between two adjacent tubulin subunits 

in the lattice, and would thus lack the ability to suppress the off-rate of tubulin subunits 

from the microtubule tip, even if the protein were to coat the entire microtubule.    

 

We predict that TPX2 promotes nucleation of new microtubules via its ability to directly 

suppress the off-rate of tubulin subunits from the microtubule tip. In addition, our data 

suggests that TPX2 shifts the in vitro assay into a nucleation regime, and thus indirectly 

suppresses the on-rate of new tubulin subunits onto the microtubule tip. However, our 

simulations predict that a treatment which could increase the tubulin subunit on-rate 

constant (kon) would ameliorate the indirect effect of TPX2-mediated tubulin 

sequestration on the microtubule growth rate (Fig. 2.5A), while still allowing for 

suppression of tubulin subunit off-rates via TPX2. Thus, we predict that a combination of 

TPX2, which would reduce the tubulin subunit off-rates to promote microtubule 

nucleation, and a microtubule associated protein that could specifically increase the 

tubulin subunit on-rate, would lead to simultaneous microtubule nucleation and robust 
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microtubule growth (Fig. 2.5B).  Indeed, is was recently reported that a combination of 

TPX2 and chTOG (XMAP215) could produce robust, synergistic nucleation and growth 

of new microtubules (Roostalu et al., 2015), suggesting that the multiple TOG domains 

of chTOG could act to increase the tubulin subunit on-rate to the microtubule tip, 

allowing for net growth, while TPX2 suppresses the tubulin subunit off-rate, thereby 

simultaneously promoting net nucleation and growth of new microtubules.  

 

By measuring tubulin kinetics at microtubule tips, and by performing simulations utilizing 

our experimentally measured parameters, our work reveals a novel mechanism for the 

action of TPX2 in microtubule nucleation and stabilization, in which TPX2 directly 

suppresses the off rate of tubulin subunits from the microtubule tip.  We speculate that 

the regulation of tubulin subunit on-off kinetics during microtubule growth and shortening 

may constitute a fundamental mechanism by which microtubule-associated proteins and 

microtubule-targeting drugs regulate microtubule dynamics and nucleation (Mohan et al., 

2013). Future studies to evaluate the effect of other microtubule-associated proteins and 

drugs on microtubule assembly kinetics will be important for better understanding the 

mechanisms of microtubule length regulation in cells. 
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Materials and Methods 
 
Cloning 

For expression in SF9 insect cells, full length human TPX2 was cloned into the pFast 

Bac A vector after an N terminal 6X His tag and the coding sequence for mCherry. The 

virus for infecting the cells was obtained following the Bac-to-Bac protocol (Invitrogen, 

Grand Island, NY).  All constructs were verified by sequencing. 

 

Protein purification 

Full length mCherry-TPX2 was expressed and purified from Sf9 cells using the Bac-to-

Bac expression system (Invitrogen, Grand Island, NY). Infected cells were harvested, 

washed with ice-cold water and resuspended in lysis buffer (50mM potassium phosphate 

pH 8, 250 mM KCl, 40 mM imidazole, 1% NP-40, 10mM beta mercaptoethanol, and a 

protease inhibitor tablet (Roche, Indianapolis, IN)) on ice. The lysate was spun at 

125,000 x g for 45 min at 4 °C. The supernatant was loaded onto pre-equilibrated Ni 

NTA agarose beads (Qiagen) for 90 min at 4 °C with end-over-end shaking. The flow 

through was removed and beads were washed with wash buffer (same as lysis buffer 

with 10% glycerol and 0.01% NP-40). The protein was eluted with elution buffer (50mM 

potassium phosphate pH 7, 150 mM KCl, 250 mM imidazole, 10% Glycerol, 10 mM beta 

mercaptoethanol, and 0.01% NP-40) and dialyzed in a buffer containing 25 mM HEPES, 

pH 7.6, 10 mM KCl, 2 mM MgCl2, 10% Glycerol, 0.01% NP-40 and 1 mM DTT for 4 

hours at 4 °C. Aliquots were flash frozen in liquid nitrogen and stored at -80 °C. 

 

Microtubule Seeds  

To make stabilized microtubule seeds, 3.9 µM tubulin (25% rhodamine-labeled, 75% 

unlabeled) was combined with 1 mM GMPCPP into Brb80 for a total of 45 µL solution. 

This was kept on ice for 5 min, then incubated at 37oC 1-2 hours. Following incubation, 

the seeds were diluted into 400 µL warm BRB80, and 350 µL of this dilution was spun 

down in an air-driven ultracentrifuge @ 20 psi for 5 min. The supernatant was discarded, 

and the pellet resuspended into 200µL warm BRB80.  

 

Construction and Preparation of Flow Chambers for Imaging 
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Imaging flow chambers were constructed as in Section VII of (Gell et al., 2010), with the 

following modifications:  two narrow strips of parafilm replaced double-sided scotch tape 

as chamber dividers: following placement of the smaller coverslip onto the parafilm 

strips, the chamber was heated to melt the parafilm and create a seal between the 

coverslips; typically only three strips of parafilm are used, resulting in two chambers per 

holder. Chambers were prepared with anti-rhodamine antibody followed by blocking with 

Pluronic F127, as described in Section VIII of (Gell et al., 2010). 

 

Microtubule Dynamics Assay and Imaging 

In vitro microtubule dynamics assays were performed as previously described (Gardner 

et al., 2011b; Gell et al., 2010).  Specifically, a flow chamber was prepared as described 

above, set to 28 °C using an objective heater on the microtubule stage (26 °C actual 

temperature in chamber), and then 3-4 channel volumes of imaging buffer containing 

110 μg/ml Glucose Oxidase, 20 μg/ml Catalase, 20 nM D-Glucose, 10 mM DTT, 0.1 

mg/ml Casien, 1% Tween-20, and 110 mM KCL, were flushed through chamber. A 

reaction mixture containing 9  μM Tubulin (15% labeled) and 1 mM GTP diluted into 

imaging buffer, both with and without TPX2 was then prepared and immediately flowed 

into the imaging chamber, with drops left at flow chamber ends to keep the flow chamber 

from drying out during imaging.  

Dynamic microtubules were imaged on a Nikon TiE microscope using 488 nm and 561 

nm lasers sent through a Ti-TIRF-PAU for Total Internal Reflectance Flourescence 

(TIRF) illumination.  An Andor iXon3 EM-CCD camera fitted with a 2.5X projection lens 

was used to capture images with high signal to noise and small pixel size (64 nm). Slow 

time-lapse movies were collected in 2s intervals using TIRF with a Nikon CFI 

Apochromat 100X 1.49 NA oil objective; fast time-lapse movies were collected using no 

delay in the green channel only.  Images for tip structure analysis were single time points 

only, to avoid complications from photobleaching. 

 

Image Analysis: Dynamic Instability Parameters  

All movies of microtubule dynamic instability were transformed into kymographs using 

ImageJ. Then, catastrophe frequency was calculated by analyzing kymographs in which 

the entire microtubule lifetime could be observed, starting with growth from the seed, 

and ending with a catastrophe event.  Catastrophe frequency was then calculated as the 
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inverse of each lifetime.  Due to the relative rarity of rescue events, rescue frequency 

was calculated as the total number of rescue events over the entire combined 

observation time in each movie collected. Growth and shortening rates were calculated 

by clicking on growth and shortening trajectories using the “Particle Analysis – Manual 

Tracking” ImageJ plugin, and then by importing the trajectories into Excel.  Average 

growth and shortening rates were calculated in excel by using linear regression to 

calculate slope. 

 

Tip Tracking and Tip Structure Estimation Using Fluorescence Microscopy 

Microtubule tip tracking and tip structure was performed as previously described 

(Coombes et al., 2013; Demchouk et al., 2011; Gardner et al., 2011a; Prahl et al., 2014). 

Briefly, tip structures were assessed and microtubule tip tracking was performed with 

TIRF microscopy by fitting the error function to the green Alexa-488 fluorescence 

intensity at microtubule ends, which yields both the mean protofilament length as well as 

the standard deviation of protofilament lengths (σtip) (Demchouk et al., 2011). We expect 

that tips with a smaller σtip have relatively “blunt” tips, while tips with a larger σtip have 

more tapered tips. Using this approach, we quantified the distribution of tip standard 

deviations (σtip) for similar lengths of Alexa-488 microtubules grown under different 

experimental conditions.  

 

Calculation of Tubulin Subunit On and Off Rates 

Tubulin subunit on and off rates were calculated as previously described (Gardner et al., 

2011a). Briefly, for a stochastic process the variance in the number of events per time 

interval is equal to the mean number of events. Therefore the variability in microtubule 

growth rate should reflect the underlying rates of subunit addition and loss. We 

calculated the mean squared displacement of microtubule length increments for 

increasing time steps, and then plotted the results for each experimental condition (Fig. 

2.2B). By plotting the results in this manner, the length fluctuations of filament growth 

can be described by a diffusion with drift equation, as given by: 

  
2222 2  tDtvL pg     (1) 

where ΔL is the microtubule length change increment (in nm) over a given time step Δt 

(in sec), vg is the net growth rate (nm/s), and Dp is the effective diffusion coefficient for 
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the microtubule polymerization, which provides a quantitative measure of the variability 

in microtubule growth increments. Finally, σ2 is the experimental measurement noise.  

We fitted the experimental data to a quadratic equation in MATLAB, and estimated the 

diffusion coefficient (Dp) as well as the net growth rate (vg) using Eqn. 1. The tubulin 

subunit on rate (kon) and off rate (koff) from the microtubule tip were then directly 

estimated from the mean-squared displacement versus time data (Fig. 2.2B). The 

diffusion coefficient, Dp, relates the microtubule length mean squared displacement due 

to diffusion alone, <ΔlD2>, to the time interval, Δt, via 

  
tDl pD  22

     (2) 

and the growth rate variance due to diffusion is described by a Skellam distribution 

(Oosawa, 1970; Skellam, 1946), so that 
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where a  is the change in microtubule length contributed by a single dimer, which is on 

average 0.615 nm.  Combining Eqs. 2 and 3 and solving for Dp we obtain,  
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In addition, by definition,  
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    (5) 

Therefore, through these two equations (4) and (5), the two unknowns (kon and koff ) were 

directly estimated for each experimental condition using the experimentally estimated 

values of Dp and vg. 

 

Western Blot Analysis of Crosslinked Solutions 

Purified mCherry-TPX2 (0.46 μM final concentration) or an equal volume of Brb80 buffer 

alone (80 mM potassium-PIPES pH 6.9, 1mM EGTA, 1mM MgCl2) was added  to a 

reaction mixture containing 11.4 μM tubulin and 0.6 mM GTP in imaging buffer (80 mM 

potassium-PIPES pH 6.9, 1 mM EGTA, 1 mM MgCl2, 110 mM KCl, 0.1 mg/ml Casein, 

0.1 mg/ml catalase, 0.2 mg/ml glucose-oxidase, 20 mM glucose, 10 mM DTT, 1% 

tween-20) and incubated for 30 min. at 28°.  Glutaraldehyde was added to a final 

concentration of 0.001% to cross-link proteins for an additional 30 min. at 28°, then 2.5 
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M glycine was added to a final concentration of 0.32 M for 5 min. at 28° to inactivate the 

remaining glutaraldehyde. 

4x LDS buffer (Invitrogen NuPAGE electrophoresis system) was added to all samples to 

1x final concentration along with DTT to 50 mM final.  Samples were heated at 60° for 10 

min., electrophoresed on a NuPAGE 3-8% Tris-Acetate gradient acrylamide gel on the 

NuPAGE system (Invitrogen) and blotted to PVDF membrane (Immobilon P, Millipore) 

as per the NuPAGE instructions and with NuPAGE buffers. 

The PVDF membrane was blocked for 30 min. in 1% BSA in TBST (30mM Tris pH 7.6, 

206mM NaCl, 0.15% Tween-20)) and mCherry-TPX2 was detected with a rabbit anti-

mCherry antibody (Biovision) at 1:10,000 dilution and HRP-anti-rabbit antibody (Santa 

Cruz Biotech) at 1:50,000 in the same buffer, with multiple washes of TBST in between.  

Membrane was washed and detected with Supersignal Fempto chemiluminescence 

reagent (Thermo Scientific). 

To detect tubulin protein, the above procedure was followed, but using mouse 

monoclonal DM1A anti-alpha tubulin antibody (Abcam) at 1:20,000 and HRP-anti-mouse 

secondary antibody at 1:50,000 (Santa Cruz Biotech). 

 

Microtubule Length Distribution Estimation 

A microtubule length distribution was experimentally measured for each experimental 

condition by introducing the tubulin-containing reaction mixture into an imaging flow 

chamber, and then by collecting individual frame shots after 20-30 minutes of 

microtubule growth time.  We note that while control and TPX2-containing reaction 

mixtures achieved steady-state conditions during this time frame, higher concentrations 

of Taxol did not achieve steady-state because microtubules achieve a state of persistent 

growth.  Therefore, a consistent time frame was used for evaluation of microtubule 

lengths to compensate for non-steady state imaging chamber conditions. 

 

Transmission Electron Microscopy 

To visualize TPX2 protein bound to microtubules using transmission electron 

microscopy, TPX2 was conjugated to 20 nm gold beads. GMPCPP seeds were grown 

within a mixture of Brb80, GMPCPP, MgCl2 and unlabeled tubulin (35 μM) at 37˚C for 1 

hour. These seeds were diluted, sheared with a 27 gage syringe, and centrifuged at 20 

PSI for 5 minutes. The seeds were then re-suspended in Brb80 and added to imaging 
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buffer (KCl, Casein, Catalase, Glucose Oxidase, D. Glucose, DTT) and TPX2-

conjugated bead and incubated for 20 minutes at 37˚C. A drop of the seed, protein, and 

image buffer mixture was placed on a 300-mesh carbon coated copper grid for 1 minute. 

At 1 minute, the grid was stained with 1% uranyl acetate for 1 minute. The stain was 

then wicked away with filter paper and the grid was left to dry and then stored. 

Specimens were observed using an FEI Technai Spirit BioTWIN transmission electron 

microscope. Images were recorded at 15,000X-23,000X at -3 to -5 defocus.  

To visualize TPX2 protein bound to DL-rings using transmission electron microscopy, 

TPX2 was conjugated to 20 nm gold beads. DL-rings were grown within a mixture of 

Brb80, Dolastatin 10 (70μM), DMSO, and unlabeled tubulin (38 μM) at 25˚C for 1 hour. 

These rings were diluted and centrifuged at 20 PSI for 5 minutes. The rings were then 

re-suspended in Brb80 with Dolastatin-10 and added to imaging buffer (KCl, Casein, 

Catalase, Glucose Oxidase, D. Glucose, DTT) and TPX2-conjugated bead and 

incubated for 20 minutes at 25˚C. A drop of the ring, protein, and image buffer mixture 

was placed on a 300-mesh carbon coated copper grid for 1 minute. At 1 minute, the grid 

was stained with 1% uranyl acetate for 1 minute. The stain was then wicked away with 

filter paper and the grid was left to dry and then stored. Specimens were observed using 

an FEI Technai Spirit BioTWIN transmission electron microscope. Images were recorded 

at 15,000X-23,000X at -3 to -5 defocus. 

Statistical Analysis 

All p-values were calculated using a t-test, assuming two samples with unequal 

variance.   

 

Simulation Methods: Microtubule Assembly 

Simulations were performed using MATLAB (Mathworks, Version 8.2, Natick, MA). 

Simulation parameters are listed in Table 2.1.   

 

Briefly, the simulation accounted for (1) subunit arrivals at the tip of the microtubule, (2) 

subunit departures from the tip and (3) stochastic GTP hydrolysis of subunits in the 

lattice. The tubulin subunit arrival rate was a function of the free tubulin concentration, 

[GTP-Tub], and an empirically determined on-rate constant, kon,MT  (Gardner et al., 

2011a; Schek et al., 2007; Vanburen et al., 2002; VanBuren et al., 2005).  After addition 

to the lattice, a GTP-tubulin subunit was subject to first-order stochastic hydrolysis at a 
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rate khyd, GTP, once it was buried in the lattice by the addition of a longitudinal neighbor.  

In the simulation, hydrolysis of a subunit changed its energy stability in the lattice by an 

amount ΔGGDP_Pen.  The subunit departure rate from a given protofilament, koff,PF, 

depended on the equilibrium constant, where  

 

TkG

PFoff

PFon
eq

B
o
totale

k

k
K /

,

, *
     (S1a)  

 

Therefore, by rearrangement: 

 

 
TkG

PFon
PFoff

Btotale

k
k

/

,
, *0


      (S1b) 

 

where koff,PF is the off-rate per individual protofilament (s-1), kon,PF is the on-rate per 

individual protofilament (s-1 ), kB is Boltzmann’s constant, T is absolute temperature, and 

ΔG0*
total is the total free energy of a specific subunit, given by 
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Here, ΔG0*
Longitudinal is the longitudinal bond energy for a given subunit, ΔG0

Lateral is the 

lateral bond energy for a given subunit, and ΔG0
GDP_Pen is destabilizing energy that 

results from hydrolysis of a GTP-containing subunit (i.e., GDP tubulin).  We note that the 

details for how GDP subunits are destabilized at the tips of microtubules remains an 

open question, however, the mechanism for destabilization of GDP tubulin subunits is 

not critical to the model results.   

 

In the simulation, the dissociation of a tubulin subunit from within the lattice resulted in 

the dissociation of all the tubulin units within the same protofilament that were closer to 

the plus end tip. To reflect the larger energy needed to cause the dissociation cascade, 

the sum of ΔG0
Long for a subunit included one unit of ΔG0

Long for the minus-end bond, and 

one unit of ΔG0
Long for each tubulin subunit towards the plus end of that protofilament. 
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For example, this results in a tubulin unit fifth from the protofilament end to have five 

units of ΔG0
Long energy, four from those tubulin above it, and one from the bond below it.  

 

To account for the partial helix and seam of a microtubule, the simulation had special 

rules for calculating the longitudinal bonds for the first and thirteenth protofilaments, as 

previously described (Vanburen et al., 2002). Tubulin at the seam between the thirteenth 

and first protofilament aligned in a staggered formation such that tubulin subunits along 

the seam contact two tubulin units on the other side of the seam. The helical rise is such 

that tubulin in the first layer of protofilament thirteen is in contact with the upper half of 

tubulin in the second layer of protofilament one, and the lower half of tubulin in the third 

layer of protofilament one. See Fig. 1A in (Vanburen et al., 2002) for a visual 

representation. Lateral bonds across the seam contributed half the standard lateral bond 

energy ΔG0
Lateral. In this way, subunits in contact with two neighbors across the seam 

had the equivalent of the full ΔG0
Lateral bond energy. 

 

Castle et al (Castle and Odde, 2013) demonstrated using molecular modeling that 

protofilaments which are shorter than their adjacent neighboring protofilaments had 

reduced tubulin on rates. Our model made use of an adjusted on rate that was 

dependent on neighboring protofilament lengths to account for this effect. Here, the 

tubulin on-rate was reduced by 40% if one neighboring protofilament was longer, and 

was reduced by 90% if both neighboring protofilaments were longer. 

 

If a GTP-tubulin bound to a protofilament with GDP at the tip, the associating tubulin unit 

was ‘tagged’ as being unstable and was attributed the same penalty value as a GDP unit 

(Vanburen et al., 2002). The tagged unit regained stability and was untagged if two or 

more of the direct lateral neighbors, or the next highest lateral neighbors, were GTP 

tubulin. See Fig. 3D in (Vanburen et al., 2002) for a visual representation of the tagging 

rule. 

 

For every iteration of the simulation there were three possible events: tubulin subunit 

addition, tubulin dissociation, or GTP-tubulin hydrolysis. The event which occurred was 

governed by the equation  
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xstep krt /)log( ]1,0[      (S3) 

 

Where kx is the rate for a given event, r[0,1] is a random number between the interval 0 to 

1, and tstep is the time step calculated for the given event. The tstep was calculated for 

addition of a subunit to each protofilament, for each potential dissociation event, and for 

every GTP-tubulin to convert to GDP-tubulin. The smallest value of tstep was selected as 

the most likely event to occur. Once an event had been selected, the state of the 

simulated MT was updated according to the type of event, and the simulation time was 

increased by the value of tstep. This method maintained a distribution of chosen events 

that is proportional to the ratio of event rates.  

 

To avoid calculating the dissociation step for every tubulin subunit in the lattice, the 

dissociation probability was not calculated for tubulin more than 20 tubulin units from the 

protofilament end. This is a conservative approach that saves a large amount of 

computation time. Tracking over 40 million events showed no dissociation events of 

tubulin buried more than one unit deep, demonstrating that the conservative approach 

was not likely to impact the results as compared to dissociation calculations for all 

tubulin units regardless of depth. 

 

Table 2.1: Simulation Parameters: Microtubule Assembly 

 

Parameter Description Value Reference 

[GTP-tub] Free GTP-tubulin 

concentration 

10x10-6 M Experiment 

kon,MT Tubulin on-rate constant 

per MT 

52  μM-1s-1 MT-1  (Gardner et al., 2011a)  

khyd, GTP Hydrolysis rate constant 

per GTP-tubulin subunit 

0.775  s-1subunit-

1 

(Coombes et al., 

2013)& Experimental 

Fit. 

ΔG0*
Longitudinal Longitudinal chemical 

bond energy (GTP-tubulin 

polymer) 

-6.8 kBT   (Schek et al., 2007; 

Vanburen et al., 2002) 

& Experimental Fit. 
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ΔG0
Lateral Lateral chemical bond 

energy (GTP-tubulin 

polymer) 

-5.7 kBT   (Schek et al., 2007; 

Vanburen et al., 

2002)& Experimental 

Fit. 

ΔG0
GDP_Pen Bond destabilization 

energy as a result of 

GDP-tubulin 

3.4 kBT   (Vanburen et al., 

2002)& Experimental 

Fit. 

 

Simulation Methods: TPX2 

The simulation of microtubule dynamics in the presence of TPX2 followed four additional 

rules. (1) There was an available free concentration of TPX2 that was set to match 

experimental values ([TPX2]). (2) TPX2 bound non-preferentially to non-TPX2-bound 

tubulin subunits either in the microtubule lattice, or at the microtubule tip, with rate 

constant kon,TPX2. (3) Bound TPX2 detached from a given tubulin subunit with a rate 

constant koff, TPX2. (4) A tubulin subunit that was bound to TPX2, as well as the closest 

tubulin subunit towards the minus end, had an additional energy parameter ΔGTPX2, such 

that  

 

   2
0

TPXtotaltotal GGG 
   (S4) 

 

This adjusted ΔGtotal was used to calculate the tubulin off rate as in Eq. S1b. TPX2 

addition and dissociation is added to the list of possible events from Eq. S2, and the time 

step was calculated as  

 

 

   nkrt xstep /)log( ]1,0[     (S5) 

 

where the paramaters match Eqn. S3 with the addition of the number of items, n. The 

value of n is subject to the event: n is equal either to the number of free sites available to 

be bound by TPX2, or the number of bound TPX2 molecules which could dissociate. Eq. 

S5 was only calculated once per simulation cycle for each event type, and as such only 

events whose rate constant k was independent of the simulation state could be used in 
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this way.  This was the case with kon,TPX2 and koff,TPX2, where n was dependent on 

simulation state and  the rate constants are not dependent on simulation state. Eq. S5 is 

substantially more computationally efficient than is Eq. S3 and provides the same 

results. 

 

Table 2.2: Simulation Parameters: TPX2 

 

Parameter Description Value Reference 

[TPX2] Free concentration of 

TPX2 in the simulation 

Range matched to 

experiment 

Experiment 

kon,TPX2 TPX2 on-rate constant 

per free binding site 

0.00054 nM-1s-1 

site-1  

Experimental 

Fit 

koff, TPX2 TPX2 off-rate for each 

bound TPX2 

0.01  s-1 Experimental 

Fit 

ΔGTPX2 Energy stabilization 

provided to tubulin when 

bound by TPX2 

-2.7 kBT Experimental 

Fit 

 

Analysis of Simulation Results 

 

Growth rate, shortening rate and catastrophe frequency were calculated using a custom 

script coded in MATLAB.  The average protofilament length from the simulation output 

was smoothed by averaging over 5000 data points (~6 s) in either direction. Local 

maxima and minima were identified from this smoothed data. Using the time points of 

the local maxima and minima from the smoothed data, the growth rate was calculated 

from a local minimum to the next local maximum using the unsmoothed data. 

 

The catastrophe frequency was calculated as the number of local maxima divided by the 

total simulation time. To calculate the overall shortening rate the code scanned forward 

from the local maxima to find the point where the microtubule tip was within 5 tubulin 

subunits of the base of the GTP cap (defined in the simulation as the layer in which the 

GTP tubulin furthest from the plus end is located). This was defined as the beginning of 

shortening. The end of shortening was set to the minimum point of the unsmoothed data 
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between the previous local maxima and the next minima of the smoothed data. This 

method avoids accidental inclusion of the transition period in the calculation of growth 

and shortening rate.  

 

In all cases, the script displayed the identified points on a plot of the data to be 

confirmed by eye.  

 

 

Creation of Simulated Kymographs 

 

The mean of the thirteen protofilament lengths and the corresponding time points from 

the simulations were resampled to match the imaging speed of experiments (5 second 

intervals). The resampling method used a weighted average of mean protofilament 

length corresponding to the two time points nearest the desired interval. 

 

For the initial time point of the resampled data, each of the 13 tubulin units in a layer was 

randomly tagged or not tagged with a simulated fluorescent label with a 15% chance that 

a unit was fluorescently tagged (to match experiment). The number of tagged tubulin in 

each layer was tracked. Scanning through the resampled data, each time the average 

length was one tubulin unit longer (8nm) that layer was assigned tagged and untagged 

tubulin according to the same rule. If the resampled data shortened by a tubulin length 

the number of tagged tubulin in that layer was set to 0. The number of fluorescent tags in 

each layer at each time point was tracked.  

 

For every time point a two dimensional Gaussian curve (normal bell curve) was 

generated for each fluorescent tag. The curve used the position of the fluorescent tag as 

the center of the curve, the peak intensity was assigned a value of 1 for each fluorescent 

tag, and the standard deviation in nanometers was determined using   

 

N2

 
      (S6) 
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Where 𝜎 is the standard deviation, λ is the wavelength of the light produced by the 

fluorophore and N is the numerical aperture of the objective of the microscope used for 

the experiments. For green the wavelength used was 532nm. The numerical aperture 

was 1.49. The Gaussian curves for each simulated fluorophore were summed and 

resampled to 160 nm bins (the size of one pixel from the experimental images) at each 

time point to create a single line of pixels with the amount of fluorescence extending to 

the length of the simulated microtubule. The line of pixels for each time point were 

stacked to create a kymograph. The above process was repeated for the seed of the 

simulated microtubule (which is a fixed length) and used a wavelength of 635nm in Eq. 

S6 to match the red labelled seeds in the experiment.  

For the special case of mCherry-TPX2, a modified version of the simulation attached a 

simulated fluorophore to 15% of TPX2 in the simulated solution.  The simulated data 

which tracked the positions of TPX2 bound to tubulin was resampled for each time point, 

in this instance selecting the time point nearest the desired interval. Each position of 

fluorescently tagged mCherry-TPX2 was used as the center of a Gaussian following the 

same guidelines as above, using the red wavelength of 635nm. All mCherry-TPX2 

Gaussian curves were summed according to position and overlaid on the corresponding 

kymograph of the microtubule in the red channel. 
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Figures 
 

 

Figure 2.1: TPX2 

suppresses off kinetics 

of tubulin subunits for 

growing microtubules as 

measured by 

microtubule growth 

variability. (A) (Top) 

Experimental setup for 

TIRF microscopy studies 

of dynamic microtubules 

with TPX2. (Bottom) 

Example of a dynamic 

microtubule growing from 

GMPCPP stabilized seed 

(red: GMPCPP stabilized, 

rhodamine-labeled seed; 

green: dynamic Alexa-488 

microtubule extension, 

scale bar 5 μm). (B) 

Example microtubule 

growth variability for 

control (blue) and 

microtubule with TPX2 

(magenta). (C) MSD vs 

time step size (n≥500 

growth displacements per 

trace). Mean 

measurement noise is 44 nm, by conservatively estimating that the displacement at Δt=1 

s represents entirely noise. (D) Tubulin subunit on and off rates (error bars = SEM). (E) 

Longer microtubule tips appear dimmer, and likely more tapered, for control 
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microtubules (white arrow, top right) relative to TPX2-treated microtubules (white arrow, 

bottom right) (scale bar 5 μm). Example quantitative results (bottom) shown for 21 nM 

TPX2 only (error bars, SEM) (F) Fitted tip standard deviation for short and long 

microtubules with and without TPX2 (error bars, SEM; TPX2 results averaged over all 

concentrations; results for individual concentrations of TPX2 in Fig. 2.S1. For long 

microtubules; p<0.0001, t-test; n≥100 microtubules each length/condition).  
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Figure 2.2: TPX2 suppresses off kinetics of tubulin subunits for growing and 

shortening microtubules as measured by growth and shortening rates. (A) Images 

of a tubulin solution, with and without TPX2, after 5 min (left) and 60 min (right) of 

incubation at 37 °C (scale bar 12 μm; inset scale bar, 2 μm). Small structures are 

observed only in the presence of TPX2 (60 min) (See also Fig. 2.S2). (B) Standard 

deviation of intensity across images as a function of incubation time (boxes outline 

center two quartiles, dashed lines indicate upper and lower quartiles; n=100 for all 

experiments except 5 min in control, where n=50 images). The standard deviation of 

intensity would naturally be expected to increase with increasing amount of structure in 
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the image, as an increase in background intensity alone would lead to a higher mean, 

but not a higher standard deviation, in the image intensity. Therefore, increasing 

numbers of nucleation complexes in an image should lead to a higher standard deviation 

of image intensity. Consistent with increased nucleation over time, images of mixtures 

containing TPX2 demonstrated increasing standard deviation in intensity over time. (C) 

Microtubules which were clearly visible were measured for each sample. Open circles 

represent individual microtubules (n≥160 microtubules for all experiments except 5 min 

in control, where n=63 microtubules). In the presence of TPX2 only short microtubules 

were detected. (D) Data reproduced from (Fygenson et al., 1995) demonstrates the 

abrupt phase-shift from a growth (left, blue arrow) to a nucleation regime (right, magenta 

arrow). (E) Representative kymographs of dynamic microtubules in the presence of 

increasing concentrations of TPX2 (red: GMPCPP-stabilized seeds; green: Alexa-488 

dynamic microtubule extensions). In vitro microtubule dynamics assays were performed 

as previously described (Gell et al., 2010; Gardner et al., 2011a) with 26 °C measured 

temperature in chamber, and 9 μM Tubulin (15% labeled).  (F) Growth rate of 

microtubules (error bars, SEM), (p<1e-5, all TPX2 concentrations, t-test; n≥12 growth 

trajectories measured per condition). Green dotted line represents slowest previously 

reported growth rate from (Gardner et al., 2011a). (G) Shortening rate of microtubules 

(error bars, SEM) (p<1e-5, all TPX2 concentrations, t-test, n≥11 shortening trajectories 

per condition).  (H) Cartoon illustrating conclusions from Figs 2.1 and 2.2: TPX2 directly 

suppresses the off-rate of tubulin subunit from growing and shortening microtubule tips. 
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Figure 2.3: Interaction of TPX2 with microtubules (A) Left: Images of Alexa-660 

(blue) GMPCPP stabilized seeds, Alexa 488 (green) dynamic microtubules growing from 

the GMPCPP-stabilized seeds, and mCherry-TPX2 (red), which is unevenly distributed 

on dynamic microtubules and seeds. Each column represents different concentrations of 

mCherry-TPX2 (scale bars 5 μm). Right: Average distribution of mCherry-TPX2 on the 

dynamic microtubule extensions as a function of position. Microtubules were normalized 
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to 4 μm in order to combine data for multiple microtubules at each TPX2 concentration; 

stabilized seed transition on the left (0 μm), and the tip of the microtubule on the right (4 

μm).  (B) Kymographs of mCherry-TPX2 on growing and shortening microtubules (bars= 

10 μM, 200 s). (C) FRAP of 52 nM mCherry-TPX2 on dynamic microtubules. All 

bleaching events were on dynamic microtubule extensions only, and not seeds, as 

verified by images prior to and after each bleaching and recovery experiment. (D) 

Distribution of TPX2 off-rates (koff,TPX2) calculated from FRAP data (n=18 experiments). 

Median shown by grey line.   
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Figure 2.4: Simulations predict that 

TPX2 suppresses tubulin subunit off-

rates by increasing tubulin-tubulin 

bond strengths.  (A) Rules for 

microtubule dynamics simulation (top), 

and for TPX2 interactions with the 

microtubule (bottom). (B) Left: simulated 

kymographs of mCherry-TPX2 on a 

growing microtubule. Right: simulated 

kymograph to demonstrate effect of 

TPX2 simulation on microtubule 

depolymerization rate.  (C) Microtubule 

shortening rates compared between 

experiment and simulation (error bars, 

SEM).  (D) Simulation prediction for 

change in tubulin-tubulin longitudinal 

bond strength upon binding of TPX2. (E) 

Heat Maps which demonstrate the 

relative goodness of fit to experimentally 

observed dynamics (see also Fig. 2.S3). 

The parameter values used in panels B, 

C, and D are within the white circles.  
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Figure 2.5: Simulations predict that increased on-rate constant will directly impact 

microtubule growth rate in the presence of TPX2.  (A) In the presence of 400 nM 

TPX2 (such that tubulin subunit off-rate is suppressed and tubulin concentration is 

reduced), simulations predict that the growth rate will recover if the on-rate constant for 

tubulin subunits onto the microtubules was increased. (B) A simple model for synergistic 

manipulation of tubulin subunit on and off rates: suppression of tubulin subunit off-rates 

by TPX2, combined with increased tubulin subunit on-rates, potentially mediated by a 

MAP such as XMAP215, would simultaneously lead to both increased numbers and 

lengths of microtubules.   
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Figure 2.S1: Purification and Tip Standard Deviation Results. (A) Gel demonstrating 

purification of mCherry-TPX2, as described in experimental procedures. (B) Tip standard 

deviation results as a function of microtubule length and sorted by TPX2 concentration. 

The results in Fig. 2.1F represent an average of the shortest microtubule lengths for the 

“short” bars, and an average over all longer microtubule lengths shown for the “long” 

bars. The “TPX2” bars in Fig. 2.1F represent an average over all TPX2 concentrations 
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shown. (C) Side-by-Side images of the green channel (Alexa488-Tubulin) and the red 

channel (mCherry-TPX2) after 5 minutes incubation at 37 °C (incubated in a tube and 

then a sample placed between heated coverslips) (top) and after 60 minutes incubation 

at 37 °C. Red channel images suggest that mCherry-TPX2 is co-localized with tubulin 

structures at the 60 minute time point.   
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Figure 2.S2: Additional Experimental Microtubule Dynamics Data, and 

Comparisons between mCherry- TPX2(current study) and unlabeled TPX2 from 

previous study.(A-D) Side-by-side comparisons between the mCherry-TPX2 effect on 
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microtubule dynamics from the current study, and the unlabeled TPX2 effect on 

microtubule dynamics from (Wieczorek et al., 2015). In all cases, trends are similar, 

however, the microtubule growth rate is slower in the current study as compared to 

previous observations, likely due to differences in assay temperature: the current study 

used a 28 °C objective heater set temperature (26 °C actual measured temperature in 

chamber) and 9 μM Tubulin (15% labeled), while the data from (Wieczorek et al., 

2015)used an objective heater set to 35 °C (30.5 °C actual measured temperature in 

chamber), and 8 μM Tubulin, the tubulin subunit on rate constant would be expected to 

increase exponentially with higher absolute temperatures, which could account for the 

faster growth rates in (Wieczorek et al., 2015) as compared to the current study.  
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Figure 2.S3: Goodness of Fit Landscape. In each heat map, dark blue represents a 

strong fit to experimental dynamics and dark red is a weaker fit. The goodness of fit is 

calculated using the growth, catastrophe, and shortening rates for all four concentrations 

of TPX2 used in experiment. These values were normalized by subtracting the mean 

experimental values and then dividing by the experimental standard error to calculate 

the goodness of fit for each dynamic measurement for each concentration. The absolute 

fit values were then summed for all concentrations and dynamic measurements to form 

a global goodness of fit value for that specific parameter set. In all heat maps shown 

above, a two parameter cross-section is shown, with the third parameter constant and at 

the center value shown for the other heatmaps. The three parameters are kon,TPX2, 

koff,TPX2, and ΔGTPX2. (A) Local heat maps showing up to +/- 50% of the parameter 

values used for the simulation. The maps show an interpolation of a 5x5 datagrid. The 

white circle indicates the region for the parameter values used in the main text Fig. 2.4. 

Here, the heat maps are scaled to goodness of fit values of 90 to 200. (B) Log scale 

heatmaps showing a 4 order of magnitude region in each case. The maps show an 

interpolation of a 9x9 datagrid. The white circle indicates the approximate region shown 

by heatmaps in panel A. Here, the heat maps are scaled to goodness of fit values of 90 

to 400.   
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Figure S4: Additional Simulation Results. (A) Experimental vs simulation results for 

catastrophe frequency at various experimental and simulated concentrations of TPX2. 

(B) Effective tubulin concentrations used for each simulation in the main text. (C, D) 

Results of simulations at the effective tubulin concentrations from panel B, shown with 

and without TPX2 added to the simulation. No data is shown for the 10 μM tubulin “with 

TPX2” simulation, as this corresponds to the 0 nM TPX2 condition. At the effective 

tubulin concentration of 7.7 μM, no microtubule growth occurred and no dynamics could 

be measured without TPX2 in the simulation.  

 

  



   48

Chapter 3: Manipulation and Quantification of Microtubule 
Lattice Integrity 

 

Synopsis 
 

Microtubules are structural polymers that participate in a wide range of cellular functions. 

The addition and loss of tubulin subunits allows the microtubule to grow and shorten, as 

well as to develop and repair defects and gaps in its cylindrical lattice. These lattice 

defects act to modulate the interactions of microtubules with molecular motors and other 

microtubule-associated proteins. Therefore, tools to control and measure microtubule 

lattice structure will be invaluable in developing a quantitative understanding for how the 

structural state of the microtubule lattice may regulate its interactions with other proteins. 

In this work, we manipulated the lattice integrity of in vitro microtubules to create pools of 

microtubules with common nucleotide states, but with variations in structural states. We 

then developed a series of novel semi-automated analysis tools for both fluorescence 

and electron microscopy experiments to quantify the type and severity of alterations in 

microtubule lattice integrity. These techniques will enable new investigations that explore 

the role of microtubule lattice structure in interactions with microtubule-associated 

proteins.  

 

Introduction 
 

Microtubules are long, hollow tubes that act as important structural and signaling 

components inside of cells. Microtubules are typically closed tubes that are formed by 13 

laterally-associated individual protofilaments, each of which is composed of αβ-tubulin 

heterodimers that are stacked end-to-end (Wang and Nogales, 2005; Zhang et al., 

2015). However, while this regular, stacked αβ heterodimer arrangement of microtubules 

is widely conserved, electron microscopy studies have revealed the presence of a wide 

range of microtubule lattice structures and irregularities. For example, cryo-electron 

microscopy studies have revealed that the lattice structures near to growing microtubule 

ends are frequently characterized by flattened, open sheets, rather than closed tubes 

(Chrétien et al., 1995; Guesdon et al., 2016). Further, variations in the number of 
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individual protofilaments have been observed both within a microtubule (Doodhi et al., 

2016; Vitre et al., 2008), and between microtubules that are nucleated under different 

conditions (des Georges et al., 2008; Moores et al., 2012; Vitre et al., 2008; Wade and 

Chrétien, 1993), leading to heterogeneity and defects in the microtubule lattice. Further, 

it has been recently reported that hydrolysis of the β-tubulin subunit within the 

microtubule lattice leads to overall “compaction” of the microtubule lattice (Alushin et al., 

2014), likely leading to structural heterogeneity within the microtubule lattice.  Finally, a 

range of microtubule-targeting drugs have been reported to alter the large-scale 

microtubule structure, introducing heterogeneity and defects into the microtubule lattice 

(Díaz et al., 1998; Doodhi et al., 2016; Kellogg et al., 2017). 

 

Importantly, recent work has uncovered links between microtubule lattice integrity and 

the efficiency of kinesin-based transport (Liang et al., 2016), katanin-mediated 

microtubule severing (Davis et al., 2002), microtubule destabilization by Stathmin (Gupta 

et al., 2013), and tubulin acetylation in microtubules (Coombes et al., 2016).  Similarly, 

disruption of the closed microtubule lattice structure near to the growing microtubule end 

hints that microtubule tip-tracking proteins could recognize this configuration to facilitate 

tip tracking (Guesdon et al., 2016) (Bechstedt and Brouhard, 2012; Bechstedt et al., 

2014). Thus, microtubule lattice integrity may significantly impact a variety of 

microtubule-associated cellular processes. For this reason, tools are required both to 

systematically manipulate microtubule lattice integrity in an in vitro setting, and also to 

quantitatively assess the associated microtubule lattice structure.  

 

However, methods to systematically generate in vitro microtubule pools with common 

nucleotide states, but with differing states of lattice structural integrity, have not been 

described. These microtubule pools would be invaluable in assessing the contribution of 

microtubule lattice integrity to various microtubule-associated cellular processes.  

Similarly, while variations in lattice integrity have been observed using electron 

microscopy (Coombes et al., 2016), methods to quantify and describe these variations 

would be a useful contribution to this newly developing field of study. 

 

In this work, we describe a new method for generating pools of in vitro microtubules with 

common nucleotide states, but with differing degrees and types of disruptions in lattice 
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integrity.  In addition, we have developed new analytical tools for quantifying these 

microtubule structural states through (1) a semi-automated image analysis platform for 

Electron Microscopy (EM) images, and (2) experiments and a semi-automated analysis 

method using Total Internal Reflection Fluorescence (TIRF) microscopy. Through our 

new quantitative tools, we found that the growth and storage conditions for in vitro 

microtubules had a strong impact on the lattice structural integrity of the microtubules. 

These results have implications that should be considered when investigating the 

interactions of microtubules with a range of microtubule-associated proteins, such as 

molecular motors, microtubule tip-tracking proteins, post-translational modification 

enzymes, and microtubule severing enzymes.  

 

Materials, Methods, and Results 
 

Method: GDP-Tubulin microtubule pools with potential variations in lattice structural 

states 

 

We first developed a method to generate stable pools of in vitro microtubules with a 

common GDP-tubulin nucleotide state, but with differing degrees and types of 

disruptions in lattice integrity. To prepare GDP-tubulin microtubules, a mixture composed 

of 33 µM tubulin (25% rhodamine-labeled, 75% unlabeled), 1 mM GTP, 4 mM MgCl2, 

and 4 % DMSO was prepared and kept on ice for 5 min, and then incubated at 37oC for 

30 minutes. Following incubation, 10 μL of the microtubule mixture was diluted in a 

single step into 990 μL of warm, 10 μM Taxol solution in Brb80 (Fig. 3.1A).   

 

To potentially manipulate the microtubule structural states, and to ensure that the 

microtubules were fully hydrolyzed into GDP-tubulin, the microtubule solution was then 

separated into two tubes for overnight storage. One tube was stored overnight at 37°C, 

while the second tube was stored overnight at 25 °C (Fig. 3.1A). Here, we predicted that 

the 37°C storage condition could potentially promote more efficient lattice repair of the 

microtubules, as compared to the solution stored at 25°C. This idea was supported by 

the observation that microtubules stored at 37°C were longer than those stored 

overnight at 25°C (Fig. 3.1B, left; quantitative length analysis Fig. 3.S1A, p=2x10-9, t-
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test), and preliminary EM images hinted that there were also differences in lattice 

structural integrity as a result of these alternative storage conditions (Fig. 3.1B, right).   

 

We note that in order to generate stabilized GDP-tubulin microtubules, Taxol was added 

to the microtubule solution prior to overnight storage, replicating a widely used approach 

in microtubule research.  Because Taxol itself has been reported to have an effect on 

microtubule structure (Kellogg et al. 2017; Díaz et al. 1998), the 25 °C and 37°C storage 

condition microtubule mixture tubes were identically treated with Taxol prior to storage. 

Therefore, any observed changes in microtubule structure after overnight storage would 

be independent of the effect of the initial Taxol treatment itself. 

 

 

Method: GMPCPP-tubulin microtubule pools with potential variations in lattice structural 

states 

 

To prepare stabilized GTP-tubulin microtubules, we used the slowly-hydrolyzing 

analogue, GMPCPP. Because GMPCPP microtubules are very stable, and self-nucleate 

at low free tubulin concentrations, lattice integrity disruptions of GMPCPP microtubules 

were accomplished by post-assembly treatment with CaCl2, which disassembles 

GMPCPP microtubules into protofilamentous structures (Gupta et al., 2013), and when 

used at an intermediary degree of exposure, results in microtubules in varying stages of 

damage and disassembly (Coombes et al., 2016).  

 

To make stabilized GMPCPP microtubules, 3.9 µM tubulin (25% rhodamine-labeled, 

75% unlabeled) and 1 mM GMPCPP in Brb80 was mixed and kept on ice for 5 min, then 

incubated at 37oC for 1 hour. Following incubation, the microtubules were diluted into 

400 µL warm Brb80, and 350 µL of this dilution was spun down in an air-driven 

ultracentrifuge at 20 psi for 5 minutes. The supernatant was discarded, and the pellet 

resuspended into 400 µL warm Brb80 with 10 μM Taxol to further stabilize the 

microtubules. Then, the microtubule mixture was separated into two batches. One batch 

remained untreated, and the second batch was incubated in a 0.04 M final concentration 

of CaCl2 for 40 minutes at 37˚C immediately prior to use in microscopy assays (Fig. 

3.1C). While there was no length difference in these microtubule preparations using 
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TIRF microscopy (Fig. 3.1D, left; quantitative length analysis Fig. 3.S1C, p=0.26, t-test), 

EM images demonstrated occasional disruptions in microtubule lattice integrity, and 

protofilament unwinding, for the CaCl2 treated microtubules (Fig. 3.1D, right).  

 

Similar to the GDP microtubule nucleotide preparations, Taxol was added to the 

microtubule solution to further stabilize the microtubules, and especially to preserve the 

CaCl2 treated GMPCPP microtubules. However, both untreated and CaCl2-treated 

microtubules were identically mixed with Taxol prior to imaging. Therefore, any observed 

changes in microtubule structure between untreated and CaCl2-treated microtubules 

would be independent of the effect of Taxol treatment. 

 

Method: GTPγS-Tubulin microtubule pools with potential variations in lattice structural 

states 

 

Finally, we prepared stabilized GTP-tubulin microtubules utilizing the GTP analogue 

GTPγS. Here, two different preparation methods were employed. In Process #1, a 

mixture composed of 12 µM tubulin (25% rhodamine-labeled, 75% unlabeled), 50 mM 

KCl, 10 mM DTT, 0.1 mg/ml Casein, 4 mM GTPγS, and unlabeled GMPCPP “seed” 

microtubules was prepared and incubated at 37oC for 1 hour. After 1 hour, 10 μL of the 

microtubule mixture was diluted into 24 μl of warm Brb80 with 50 mM KCl, 10 mM DTT, 

0.1 mg/ml Casein, and 10 μM Taxol, and stored overnight at 37oC (Fig. 3.1E). We 

predicted that the Process #1 protocol would maximize the possibility of producing 

GTPγS microtubules with intact lattice structures, because (1) the relatively low tubulin 

concentration used in the initial microtubule assembly may promote a more ordered 

assembly process (Gardner et al., 2011a), and (2) storage of Taxol-stabilized GTPγS 

microtubules at 37°C may promote more efficient lattice defect repair of the 

microtubules, as described above.  

 

We then used an alternate process, Process #2, to produce GTPγS microtubules with 

potentially more disrupted lattice structures. This process was identical to Process #1, 

except that (1) the tubulin concentration used in the initial microtubule assembly was 

25.5 μM rather than 12 μM, since we predicted that a higher free tubulin concentration 

may promote a more rapid, and thus less ordered, more defect-prone assembly process 
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(Gardner et al., 2011a), and (2), after 1 hour of assembly, 10 μL of the microtubule 

mixture was diluted into 255 μl of warm Brb80 with 50 mM KCl, 10 mM DTT, 0.1 mg/ml 

Casein, and 10 μM Taxol (as compared to 24 μL as described above), and, (3) the 

mixture was stored overnight at 25˚C (in contrast to 37°C as above) (Fig. 3.1E). Here, 

we predicted that by reducing the residual free tubulin concentration during storage, and 

by storing the microtubules at a lower temperature, this would discourage any lattice 

defect repair of the GTPγS microtubules. Indeed, microtubules stored at 37°C, and with 

a higher residual free tubulin concentration (Process #1 above), were substantially 

longer than those stored overnight at 25°C at a lower residual free tubulin concentration 

(Process #2) (Fig. 3.1F, left; quantitative length analysis Fig. 3.S1B; p=2x10-16, t-test), 

suggesting that polymerization and repair may have occurred during storage. 

Preliminary EM images hinted that both preparations had some degree of disruptions in 

large-scale microtubule lattice integrity, with Process #2 having more frequent 

disruptions. (Fig. 3.1F, right).   

 

Similar to the other microtubule preparations, we note that in order to generate stabilized 

GTPγS-tubulin microtubules, Taxol was added to the microtubule solution prior to 

overnight storage, again replicating a widely used approach in microtubule research.  

Because Taxol itself has been reported to have an effect on microtubule structure 

(Kellogg et al. 2017; Díaz et al. 1998), the Process #1 and Process #2 microtubule 

mixture tubes were identically treated with Taxol prior to storage. Therefore, any 

observed changes in microtubule structure between Process #1 and Process #2 would 

be independent of the effect of Taxol treatment. 

 

Method: Quantitative Lattice Structural Characterization Tool for EM 

 

We then collected images of each microtubule preparation using Transmission Electron 

Microscopy (TEM), and analyzed the images for potential structural disruptions using a 

newly developed semi-automated analysis tool. It should be noted that the negative stain 

TEM method used here provides a simple method for comparative analysis of our 

microtubule pools, especially since both pools of microtubules in each nucleotide case 

were identically prepared and imaged with TEM over multiple trials. However, our new 

automated tool for quantitative structural characterization of microtubules as is described 



   54

below would be equally applicable to cryo-electron microscopy, a method that may allow 

for improved preservation of microtubule structure. 

 

For TEM imaging, microtubules were prepared identically to those as described above. 

A drop of the mixture was then placed on a 300-mesh carbon coated copper grid for 1 

minute. After 1 minute, the grid was stained with 1% uranyl acetate for 1 minute. The 

stain was then wicked away with filter paper and the grid was left to dry and then stored. 

Specimens were imaged using an FEI Technai Spirit BioTWIN transmission electron 

microscope. All images were acquired at 18.5kX magnification (pixel size 1 nm), 

2048x2048 image size, and saved to a lossless image format.  

  

Analysis of the EM images was performed using a novel custom MATLAB (Mathworks) 

script (available as supplemental material). First, microtubules in the EM images were 

traced manually using connected line segments (Fig. 3.2A,B). We note that the segment 

size resulting from manual tracing was dependent on the degree of curvature, with 

higher curvature leading to shorter segments. The segments were refined using an 

automated algorithm to reduce human error or bias (Fig. 3.2C-E). This automated 

refinement involved first smoothing the image to improve edge detection (Fig. 3.2C), 

followed by the use of an edge filter and non-maximal suppression, which is an intensity 

based thinning technique to identify the center of the edges (Fig. 3.2D). Finally, the 

“strong”, high intensity, microtubule edges were identified using a multi-level 

implementation of the Otsu thresholding algorithm with which the manual edge traces 

could be refined (Fig. 3.2E). From the refined microtubule traces, microtubule width (W) 

and curvature (C) were measured automatically (Fig. 3.2F) (for details of trace 

segmentation and midline calculation see supplementary methods).  

 

The width and curvature metrics were then combined to calculate an overall “Structure 

Metric” (S), which provides a quantitative measure of the morphology of microtubule 

lattice. To do this, the total absolute curvature was calculated by summing the absolute 

value of curvature for each segment of an individual microtubule midline (Fig. 3.3A, left; 

(CTotal)). Then, a microtubule “width deviation” metric was automatically calculated by 

measuring the width of the microtubule for each segment (Fig. 3.3A, right, (W)), and then 

by subtracting the width of a typical intact microtubule  (WExpected) in pixels as measured 
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based on typical intact microtubules in the images. The absolute value of this width 

deviation was summed across the whole microtubule, normalized to microtubule length, 

and used as the width deviation metric (|W-WExpected|). The final Structure Metric (S) was 

then calculated by summing the width deviation and curvature metrics, each respectively 

normalized by the parameters NW and NC to provide approximately equal weight of 

curvature and width to the final score, as follows: 

 

    (1) 

 

The values of NW and NC were set to 2 and 0.1 respectively, such that a deviation in 

width of 2 pixels was weighted equally with a total absolute curvature of 0.1 radians. 

These values were chosen according to the scale of variation observed in width and 

curvature in order that each contributed approximately 50% to the final overall Structure 

Metric (S). We note that a larger value of the EM Structure Metric (S) would reflect more 

frequent or more drastic morphological structural disruptions in microtubule lattice 

integrity, such as bends, partial tubes, and open sheet-like regions, which would tend to 

increase both microtubule width and curvature.  Smaller disruptions in microtubule lattice 

integrity, such as defects or holes in the lattice, would be less efficiently detected by this 

measure. 

 

Results: Microtubule pools have alterations in lattice structural integrity as measured by 

EM 

 

The automated MATLAB code was then applied to analyze EM images for each pooled 

batch of microtubules.  By using a common Structure Metric based on microtubule width 

and curvature (S, Eqn. 1), the large-scale structural integrity of microtubule preparations 

could be compared between pools of microtubules with different preparations. 

Significance was assessed using two-tailed Student’s t-test of independent means. All 

imaged microtubules were included in the analysis regardless of apparent structural 

condition. Images in Figure 3.3 were chosen to match the average structure metric of 

each condition. 
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First, the lattice integrity of the GDP microtubules was evaluated. Qualitatively, the pool 

of 37°C storage-condition GDP microtubules was characterized in the EM images by 

straight edges and uniform widths (Fig. 3.3B, top). In contrast, the 25°C storage-

condition microtubule pool appeared to have more frequent bends along the length of 

the microtubule, and higher variability in width along the microtubule length, frequently 

coincident with regions of reduced intensity (Fig. 3.3B, bottom). These disruptions may 

be associated with an open, sheet-like, or incomplete tubes. We then used our 

automated analysis tool to measure the Structure Metric (S) of numerous microtubules in 

each pool. We found that there was a significant increase in the Structure Metric for the 

25°C storage-condition pool of GDP microtubules as compared to the 37°C storage-

condition (Fig. 3.3C; p= 2x10-6, t-test), and that this increase was due to shifts towards 

larger width variation and a larger curvature of the microtubules (Fig. 3.3D,E), 

suggesting that the lower temperature storage condition reduced the lattice structural 

integrity (i.e., led to increased incidence of structural disruptions) of the Taxol-stabilized 

GDP microtubules. Note that Fig. 3.3D, and corresponding figures for the other 

nucleotides (Fig. 3.3H,L), show the average microtubule width, although the structure 

metric is a function of  cumulative width deviation. 

 

Then, the lattice integrity of the GMPCPP microtubules was evaluated. Qualitatively, the 

GMPCPP microtubules without CaCl2 treatment appeared predominantly straight and 

uniform, similar to the intact GDP microtubules, (Fig. 3.3F, top). In contrast, the 

GMPCPP microtubules with CaCl2 treatment appeared to have more disruptions (Fig. 

3.3F, bottom), and occasionally exhibited a characteristic feature of “unraveled” 

filamentous regions (Fig 3.1F). Quantitatively, we observed a significant increase in the 

Structure Metric (S) for the calcium-treated GMPCPP microtubules (Fig. 3.3G, center; p= 

5.9x10-3, t-test). This increase appeared to be due largely to the increased curvature of 

ribbon-like microtubule structures (Fig. 3.3I and Fig. 3.1F), since CaCl2 treatment 

narrowed the typical width distribution (Fig. 3.3H), likely by generating gaps or holes in 

the lattice, and by selectively depolymerizing the more unstable, wider, open structures. 

This suggests that treatment with CaCl2 acted to disrupt the lattice structural integrity of 

GMPCPP microtubules. The CaCl2 treated microtubules had a high variance in Structure 

Metric, as some of the microtubules had very structurally distinct unraveled regions (Fig. 

3.1F).  
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Finally, the lattice structural state of the GTPγS microtubules was evaluated. The pools 

of GTPγS microtubules generated using Process #2 appeared qualitatively more curved, 

and of less uniform width, than the GTPγS microtubules from Process #1 (Fig. 3.3J). 

This observation was quantitatively confirmed by evaluating the Structure Metric score: 

there was a significant increase in the Structure Metric value for the GTPγS microtubules 

produced and stored via Process #2 as compared to Process #1 (Fig. 3.3K, p=1x10-15, t-

test). This increase came about by concurrent shifts towards larger widths and higher 

curvature for the Process #2 GTPγS microtubules as compared to Process #1 (Fig. 

3.3L,M). These results suggest that the GTPγS microtubules produced by Process #2 

tended to have more frequent regions with open sheets and partial tubes relative to 

those produced by Process #1.  

 

While the preparation protocols for microtubules using the three different nucleotides 

were distinct, each of these protocols reflect commonly used methods for producing 

stable in vitro microtubules. As such, our new analysis method highlights structural 

differences in the microtubule lattice that are produced when these protocols are used in 

a typical laboratory setting. In particular, we note that even the intact microtubules from 

Process #1 for the GTPγS microtubules had a much higher structure metric (~13), and 

thus substantially lower structural integrity, than the microtubules produced from either of 

the common base protocols for the GDP and GMPCPP microtubules (~4 and ~7, 

respectively).  

 

Importantly, we have described methods that allowed us to shift the lattice structural 

integrity within a given nucleotide pool of stable microtubules. Quantification of 

microtubule EM images suggested that the large-scale lattice structural integrity of a 

microtubule, as assessed by its width and curvature, is tunable for Taxol-stabilized GDP, 

GMPCPP, and GTPγS microtubules. The ability to shift the large-scale structural 

integrity of microtubules within a common nucleotide state will allow for new studies that 

directly examine the effect of microtubule structural state on steady-state binding, 

mobility, and on/off kinetics of microtubule-associated proteins.  

 

Method: Lattice Structural Characterization by TIRF Reporter Assay  
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The automated EM quantification tool described above provided a method to 

characterize lattice structural changes in in-vitro stabilized microtubules. However, this 

EM quantification method was not efficient in characterizing smaller, sub-microtubule-

scale disruptions in microtubule lattice integrity, such as gaps or holes. For such an 

analysis, we developed an alternative automated method.   

 

Recent work by Schaedel et al. (2015) demonstrated that new tubulin could be 

incorporated into defects or gaps in the microtubule lattice. Based on this result, we 

developed a TIRF “reporter” assay, which allowed us to quantitatively probe the 

structural integrity of our microtubule pools. The experimental portion of our reporter 

assay was completed as follows. First, each red-labelled microtubule pool (as described 

above) was incubated with green-labelled “reporter” tubulin. To do this, the final 

microtubule preparations as described above were spun down in an air-driven 

ultracentrifuge at 20 psi for 5 minutes, resuspended in 50 μL of “reporter” solution (1.5 

μM 66% Alexa-488-labelled tubulin, 1 mM MgCl2, 250 μM GTP, and 10 μM taxol in 

Brb80), and then incubated for 3 hours at 37°C (Fig. 3.4A, left). This microtubule solution 

was then introduced into an imaging chamber, allowed between 30 seconds and 3 

minutes for the microtubules to adhere to the imaging coverslip, and subsequently 

replaced with warm imaging buffer (see materials and methods). The microtubules were 

then imaged at both 488 nm and 561 nm wavelengths (Fig. 3.4B).  

 

Over the course of the incubation period, the green reporter tubulin incorporated as 

normal microtubule growth at the plus ends of microtubules (Fig. 3.4C, right), but was 

also occasionally incorporated along the length of the microtubule (Fig. 3.4C, left, white 

arrow). Here, we expected that microtubules with more gaps, holes, or other lattice 

defects would lead to an increased occurrence of green reporter patches along the 

length of the microtubule due to new reporter tubulin incorporation into the lattice (Fig. 

3.4A, right, bottom). In contrast, a perfectly intact microtubule lattice would only have 

green reporter tubulin incorporation extending beyond the red-labelled lattice at its plus-

end, due to normal microtubule end assembly (Fig 3.4A right, top). 
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Method: Lattice Structural Characterization by TIRF Reporter Assay - Quantitative 

Analysis 

 

We then developed a new MATLAB (Mathworks) analysis tool (provided in supplemental 

material) to provide a quantitative measure of the degree of disruption in sub-

microtubule-scale lattice integrity, as evidenced by the fraction of green reporter tubulin 

that was incorporated along the length of the red microtubule lattice. This was 

accomplished first by automatic processing of the red microtubule channel to determine 

the microtubule-positive regions, which then allowed conversion of the red channel into a 

binary image with white microtubules and a black background (Fig. 3.5A, extended 

details in Fig 3.S2). The green reporter tubulin channel was then also pre-processed to 

smooth high-frequency noise and to correct for TIRF illumination inhomogeneity (Fig. 

3.5B). The green channel threshold was then manually increased to just above 

background level (Fig. 3.5C). The choice of threshold at just above background 

maintains consistent analysis across multiple experiments while also reliably detecting 

dim reporter tubulin incorporations into the microtubule (Fig. 3.5C, right-bottom image 

represents final thresholded image). Measurements of the reporter tubulin length were 

then automatically collected from the identified microtubule regions, as indicated by the 

red outline in Fig. 3.5D. 

 

To analyze the degree of lattice disruption for each microtubule, the extent of green 

tubulin incorporation was quantified by the Reporter Fraction (RF). This metric was 

automatically calculated as the total length of green reporter tubulin signal (G; Fig. 3.6A) 

divided by the total length of red microtubule signal (R; Fig. 3.6A): 

 

𝑅𝐹 = 𝐺
𝑅    (2) 

 

This length-based metric has two key advantages to an intensity-based readout, as (1) it 

is not sensitive to the variation in image intensity between experiments, and (2) it is not 

biased by overlap with the green extensions at the growing plus end, which are typically 

much brighter than most gap-filled sites, and are present on most microtubules 

regardless of the structural condition. We note that while the repair assay is theoretically 

sensitive enough to pick up the addition of a single labeled tubulin dimer, our TIRF 
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microscope diffraction limit leads to reporting of the repair length of gaps that are 

actually significantly smaller than ~250 nm (even a single reporter tubulin dimer) as 

repair lengths between 160 nm (our pixel size) and ~250 nm (diffraction limit, ~31 dimers 

in length (250/8). Here, the thresholding of the green reporter signal results in some of 

the dimmer repair regions registering only the brightest pixels in their diffraction pattern, 

which is why we might detect lengths as low as the pixel size. 

 

To calculate the Reporter Fraction for each microtubule, the red microtubules were 

automatically detected using the MATLAB script, as described above. False-positives 

(non-microtubules) were deselected manually. For each (red) microtubule, the 

microtubule length was automatically recorded as the red signal (R; Fig. 3.6A).  For each 

microtubule, the green signal (G) was defined as the cumulative length of green reporter 

tubulin signal that overlapped with the red microtubule, which allowed for exclusion of 

plus-end extensions (i.e., the green signal that did not overlap with a red microtubule) 

from the analysis (Fig. 3.6A). The Reporter Fraction (RF) was then calculated as the 

cumulative length of reporter signal divided by the length of the microtubule (Eqn. 2).  

 

Results: Microtubule pools have alterations in lattice structural integrity as measured by 

TIRF Reporter Assay 

 

The TIRF reporter assay was then used to characterize each of our microtubule pools 

(Fig. 3.6B-J). First, the lattice integrity of the GDP microtubule pools was evaluated by 

calculating the Reporter Fraction for each pool. Qualitatively, segments of green tubulin 

reporter incorporation into the microtubule lattice were more commonly observed in the 

25°C storage pool of GDP microtubules than in the 37°C storage pool (Fig. 3.6B, white 

arrows). After quantification using the Reporter Fraction (RF), we found that there was a 

55% higher Reporter Fraction for the 25°C storage pool GDP microtubules as compared 

to the 37°C storage pool microtubules (Fig. 3.6C; p < 10-9), suggesting that the higher 

overnight storage temperature led to a decrease in defects, gaps, and holes in the 

microtubules. The mean repair length was similar between the two microtubule pools 

(Fig. 3.6D; p =0.124, t-test), suggesting that the higher Reporter Fraction for the 25 °C 

pool resulted from an increase in the number of repair regions, rather than an increase in 

repair region length. 
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Then, the lattice integrity of the GMPCPP microtubules was evaluated by calculating the 

Reporter Fraction for each pool (Fig. 3.6E). GMPCPP microtubules treated with CaCl2 

exhibited ~80% more incorporation of green reporter tubulin (higher Reporter Fraction) 

than untreated GMPCPP microtubules (Fig. 3.6F, p < 10-9). Further, the distribution of 

repair lengths was shifted upon CaCl2 treatment, such that a larger mean repair length 

was observed for the CaCl2 treated microtubules relative to the untreated microtubules 

(Fig. 3.6G; p <10-13, t-test). Thus, CaCl2 treatment caused the introduction of holes and 

gaps in the lattice, in addition to the disruptions as were reported by the EM Structure 

Metric (Fig. 3.3C).  

 

 

Finally, the lattice integrity of the GTPγS microtubules was evaluated by calculating the 

Reporter Fraction for each pool (Fig. 3.6H). We observed ~85% more incorporation of 

green reporter tubulin (higher Reporter Fraction) in the GTPγS microtubules produced 

by Process #2 as compared to Process #1 (Fig. 3.6I; p < 10-9). The mean repair length 

was similar between the two microtubule pools (Fig. 3.6J; p=0.054, t-test), suggesting 

that the increased reporter fraction was due solely to more reporter repair regions per 

micron of microtubule. Therefore, by initially growing the GTPγS microtubules at a lower 

free tubulin concentration, and then by storing them in Taxol under conditions that 

promoted repair of defects (37°C, higher residual free tubulin concentration in storage 

solution), this allowed defects in the lattice, such as missing subunits, holes, and gaps, 

to repair.  

 

Results: Insight Into the Microtubule Repair Process 

 

Finally, we used our new TIRF reporter assay and automated quantification method to 

dissect a potential mechanism for how the overnight storage temperature, and the 

associated residual tubulin concentration during storage, may alter the lattice integrity of 

Taxol-stabilized GDP microtubules.  

 

To test whether the Taxol-stabilized microtubules were indeed self-repairing their lattice 

during overnight storage, we compared the Reporter Fraction for newly prepared 
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microtubules as compared to those stored overnight. Here, at Day 0, immediately after 

the microtubules were prepared and Taxol-stabilized, the microtubule solution was split 

into two tubes. One tube was stored overnight at 25°C, and the other was stored 

overnight at 37°C. We observed that the Reporter Fraction was reduced after overnight 

storage at 37°C (Day 1) as compared to newly prepared, Taxol stabilized microtubules 

(Day 0) (Fig. 3.7A; p=0.0014). In contrast, there was a slight but non-significant 

decrease in Reporter Fraction after overnight storage at 25°C (Fig. 3.7A; p=0.160). 

Thus, newly prepared, Taxol-stablized GDP microtubules exhibited lattice defects, which 

were repaired upon overnight storage at 37°C. However, storage at room temperature 

(25°C) did not facilitate a similar level of repair, suggesting that the storage temperature 

of Taxol-stabilized in vitro microtubules has a significant effect on their structure due to 

an innate self-repair process. 

 

Because microtubules stored in Taxol solution may repair themselves, even at very low 

residual tubulin concentrations, we then asked whether changes in the residual tubulin 

concentration of the storage solution could alter this repair process. In our original GDP-

tubulin microtubule preparation, 10 μL of the original polymerized microtubule mixture 

was diluted into 990 μL of warm, 10 μM Taxol Brb80 solution (Fig. 3.1A, left), which 

resulted in a measured residual free tubulin concentration in solution of 90 nM. To test 

whether residual free tubulin could contribute to a repair process during storage, 2, 2.5 

and 5 μL of the freshly prepared, polymerized GTP-microtubule solution as described 

above was diluted into 1000 μL, 250 μL, and 100 μL respectively, of warm Taxol solution 

(in Brb80), resulting in residual free tubulin concentrations of 18 nM, 90 nM and 450 nM, 

respectively. We found that after overnight storage at 25°C, there was a decrease in the 

Reporter Fraction value with increasing residual free tubulin concentration (Fig. 3.7B 

(p=0.0053 from 90 nM to 450 nM)). For example, when there was a 5-fold increase in 

residual free tubulin concentration (90 nM to 450 nM), there was a 15% decrease in 

Reporter Fraction, and, in contrast, when there was a 5-fold decrease in residual free 

tubulin concentration (90 nM to 18 nM), there was a 15% increase in Reporter Fraction, 

although this change was not statistically significant due to variability in the Reporter 

Fraction results (p= 0.249).  Additionally, we observed in a separate experiment, that 

when there was a 10-fold decrease in residual free tubulin concentration (90 nM to 9 
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nM), overnight storage at 25°C caused the microtubules to depolymerize completely 

(data not shown).  

 

Thus, we found that by increasing the residual free tubulin concentration in the overnight 

storage solution, we could tune the microtubule Reporter Fraction for GDP microtubules, 

suggestive of a change in microtubule lattice integrity. Consistent with the change in 

Reporter Fraction from Day 0 to Day 1 (Fig. 3.7A), this suggests that freshly prepared 

microtubules, stabilized by Taxol in a single-step process, had disruptions in lattice 

integrity (Fig. 3.7C, top), as previously reported (Díaz et al., 1998; Matesanz et al., 

2011). A mechanism by which in vitro microtubule lattice integrity may be altered during 

storage is by direct lattice incorporation and repair by free tubulin dimers from solution, 

especially when stored at warm temperatures (Fig. 3.7C, bottom). Alternatively, the more 

disrupted sub-population of microtubules could also selectively depolymerize during 

storage. However, since Taxol-stabilized microtubules tended to increase in length as a 

function of storage time (Fig. 3.S4), it seems likely that damaged microtubules may 

undergo repair as well.  

 

Discussion 
 

Through quantification of fluorescence and electron microscopy experiments, we 

demonstrated that the structural state of microtubules could be manipulated by changes 

in the growth and storage conditions of those microtubules. These results suggest that 

the protocols used to prepare, stabilize, and store in vitro microtubules can impact the 

microtubule lattice integrity. This could in turn affect experimental results in studies of 

motor proteins (Liang et al., 2016) or other microtubule associated proteins (Bechstedt et 

al., 2014; Davis et al., 2002; Gupta et al., 2013).  

 

It is important to note that our two quantification methods, one of EM and one of TIRF 

microscopy, provide information on different elements of microtubule structural states. 

The EM Structure Metric (S) reports on the width and curvature of the microtubules, both 

of which are characteristics of larger-scale changes in the microtubule structural state. 

The curvature is indicative of more flexibility in the microtubule lattice, which could result 

from any or all of gaps (Schaedel et al., 2015a), unclosed regions of the microtubule 
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(Guesdon et al., 2016), inherent lattice flexibility due to the nucleotide state (Alushin et 

al., 2014; Lopez and Valentine, 2014; Valdman et al., 2013; Yajima et al., 2012) ,Taxol 

treatment (Hawkins et al., 2013; Lopez and Valentine, 2014; Mickey and Howard, 1995), 

or temperature (Kawaguchi and Yamaguchi, 2010).  Similarly, increased width is 

suggestive of an open lattice structure, which may originate from the loss of individual 

protofilaments, while decreased width is suggestive of holes or gaps in the microtubule 

lattice. 

 

However, the TIRF reporter assay is ideal for identifying gaps in the microtubule 

structure. While gaps and defects can be observed in EM images, the higher throughput 

nature of TIRF imaging allows for rapid quantification of many hundreds of microtubules 

for changes in lattice integrity. Additionally, TIRF imaging is sensitive enough to detect 

repair by a single fluorescent tubulin dimer. Since the Reporter Fraction (RF) depends 

on the relative lengths of red and green fluorescence, it is therefore more sensitive to 

small gaps than a quantification method based on intensity.  

 

It is important to note that the manipulation of lattice structure for GMPCPP microtubules 

differed in its implementation and results from that of GDP or GTPγS microtubules. GDP 

and GTPγS microtubules were initially of low structural integrity as a result of their 

growth processes and/or the addition of Taxol, and then they were subsequently placed 

in favorable or unfavorable conditions for repair. In contrast, GMPCPP microtubules 

were initially characterized by high structural integrity, and were subsequently damaged 

by the addition of calcium. This resulted in a characteristic difference in the lower 

structural integrity pool of GMPCPP microtubules as compared to the other two 

nucleotides in both the EM and TIRF measurements. In the EM measurements, calcium 

treatment had the distinct phenotype of reducing the median width while increasing the 

number curvature outliers.  In the TIRF reporter repair assay, GMPCPP calcium 

treatment was the only condition to shift the repair region length distribution, despite the 

fact that all three low structural integrity conditions had similar increases in reporter 

fraction. This is indicative that the method of structural integrity manipulation plays an 

important role in the resultant characteristics of the microtubule.   
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Previous work has identified methods for the alteration of microtubule structure through 

protofilament number control (Bechstedt and Brouhard, 2013). However, the methods 

and tools described in our new work manipulate a separate element of microtubule 

structure, namely the lattice integrity, and thus expands the available options for 

investigations centered on the influence of microtubule structure in microtubule-based 

cellular processes. The manipulation and quantification of microtubule structure will be 

useful for future studies focused on the role of microtubule interactions with microtubule 

associated proteins.  

   

Supplemental Materials and Methods 
 

Tubulin Purification and Labelling 

 

Tubulin was purified and labelled as per (Gell et al., 2010).  

 

Analysis of TEM Images 

 

Analysis of TEM images was conducted using a custom MATLAB (mathworks) script. 

Microtubules in the TEM images were traced by hand using connected line segments to 

mark both edges of the microtubules. This edge data was then fed into an automatic 

processing script. The script first attempts to refine the manual edge segments. The 

images are Gaussian smoothed and subsequently filtered using a steerable edge 

detection filter (function provided by the “Computational Image Analysis in Cellular and 

Developmental Biology” course at Marine Biological Laboratories) to identify all the 

edges present in each image. In order to distinguish microtubule edges (high contrast) 

from background edges (low contrast), the edge-filtered image is thresholded using a 2-

level Otsu threshold algorithm, with only the strongest edges being preserved.  

 

For each end point of the manual edge segments, the script searches for the nearest 

“strong” edge point within a 30x30px area centered around the given edge point. If on 

the first pass no strong edges are found, the image is locally re-thresholded in a 

100x100px area, and the script again searches for the nearest strong edge within a 

30x30px area. Any adjustment made in the second pass must be verified and/or 
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corrected by the user before the script will continue, as it is not considered a high 

confidence refinement.  

 

After all edge points have been refined, the curvature is calculated for each edge by 

calculating the angle deviation between each consecutive edge segment. The absolute 

value of curvatures for each end segment are summed, and the total absolute curvature 

for the entire microtubule is considered to be the average absolute total curvature of its 

two edges.  

 

Next the script must calculate the microtubule width deviations. As not all segments are 

of equal width nor are they necessarily lined up with segments from other edge of the 

corresponding microtubule, accurate measurements of the width require the edge traces 

be sub-segmented and microtubule midlines be calculated. Sub-segmentation ensures 

that each end-point of an edge segment has a unique end-point on the microtubule’s 

opposite edge, which is the closest point on the corresponding edge segment. The end 

result is that the edge trace segments are sub-divided such that they have an equal 

number of segments and the Nth end point on one edge is the closest neighbor to the 

same Nth end point on the opposite edge. For details on this sub-segmentation 

algorithm, please see the code itself.  

 

After sub-segmentation, the midline is calculated as the halfway point between each pair 

of segment end-point coordinates. Due to the sub-segmentation, the mid-line accurately 

tracks the microtubule midline even around curves. Segment widths are also easily 

calculated by taking the distance between each pair of segment end points. The 

microtubule average width is determined by taking the average of all segment widths, 

weighted on segment length (as determined by the distance between points on the 

midline).  

 

Next, the width deviations are calculated. Because an individual microtubule sometimes 

has different regions that are wider and thinner than the “standard width,” it is important 

to cumulatively track the deviation over all segments. Due to the sub-segmentation 

described above, all segments have either constant width or linearly changing width from 

start to end of each segment. This allows the continuous width deviation to more easily 
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be calculated. If both ends of the segment are above standard width, or both ends of the 

segment are below standard width, the width deviation of that segment is equivalent to 

the average of the width deviation at the two segment endpoints. If, however, the 

beginning and end of the segment have widths on either side of “standard width”, simply 

taking the average would result in partial cancelling of the width deviation and is no 

longer cumulative and continuous. Therefore, the width deviation for that segment is 

calculated by effectively taking the separate absolute width deviations from the segment 

beginning to where it reaches “standard width” and from where it reaches “standard 

width” to the end point of the segment, then combining them via weighted average. The 

cumulative width deviation of the whole microtubule (as used in the Structure Metric) is 

the average width deviation of all segments, weighted by segment length.  

 

Construction and Preparation of Flow Chambers for TIRF Microscopy Imaging 

 

Imaging flow chambers were constructed as in Section VII of (Gell et al., 2010), with the 

following modifications:  two narrow strips of parafilm replaced double-sided scotch tape 

as chamber dividers: following placement of the smaller coverslip onto the parafilm 

strips, the chamber was heated to melt the parafilm and create a seal between the 

coverslips; typically only three strips of parafilm are used, resulting in two chambers per 

holder. Chambers were prepared with anti-rhodamine antibody followed by blocking with 

Pluronic F127, as described in Section VIII of (Gell et al., 2010). 

 

TIRF Imaging 

 

A flow chamber was prepared as described above. Microtubules were adhered to the 

chamber coverslip, and the chamber was flushed gently with warm BRB80. The flow 

chamber was heated to 35°C using an objective heater on the microtubule stage, and 

then 3-4 channel volumes of imaging buffer containing 110 μg/ml Glucose Oxidase, 20 

μg/ml Catalase, 20 nM D-Glucose, 10 mM DTT, 0.1 mg/ml Casein, 1% Tween-20, and 

10 μM Taxol were flushed through the chamber.  

 

Microtubules were imaged on a Nikon TiE microscope using 488 nm and 561 nm lasers 

sent through a Ti-TIRF-PAU for Total Internal Reflectance Flourescence (TIRF) 
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illumination.  An Andor iXon3 EM-CCD camera fitted with a 2.5X projection lens was 

used to capture images with high signal to noise and small pixel size (64 nm). Images 

were collected using TIRF with a Nikon CFI Apochromat 100X 1.49 NA oil objective. 

 

Analysis of Reporter Assay 

 

Analysis of the repair assay was performed using a custom MATLAB (Mathworks) script. 

Unless indicated otherwise, all steps detailed below are performed automatically by the 

analysis script.  Each image (Fig 3.S2A) was corrected for uneven TIRF illumination 

using an multi-image median filter (Fig 3.S2B). The median image (illumination map) is 

created by taking the median across multiple images from the same experiment to 

determine the typical illumination intensity at each pixel location (this is intended for use 

when each image is of a different field of view, not for time-course images of one field of 

view). We found that a minimum of 25 images from the same experiment were needed 

to generate an appropriately accurate illumination map at the density of microtubules 

shown in the example image (if density of microtubules is lower, fewer images are 

needed, if density is higher, more are needed). Any fewer images and there were 

artifacts in the illumination map created by frequent overlap of microtubules from 

different images. For best results, 100+ images from the same experiment were used in 

creating the illumination map. The illumination map was then normalized to its maximum 

value (Fig 3.S2C) such that all values are less than or equal to 1. The original image was 

then divided by the normalized illumination map (Fig 3.S2D). This caused the dim outer 

areas of the image to become equally as bright as the center of the image. This was 

necessary for consistent processing and thresholding of the image.  

 

In preparation for microtubule detection, the image was denoised using a-trou wavelette 

denoising (Fig 3.S2E, now showing zoomed region for clarity). Microtubules were 

detected using a steerable line filter (Fig 3.S2G) (function provided by the 

“Computational Image Analysis in Cellular and Developmental Biology” course at Marine 

Biological Laboratories). The line-filter response was thinned to identify the center-line of 

the microtubules using non-maximal suppression (Fig 3.S2H). The thinned response 

image was thresholded (threshold adjusted manually for the first image of a given 

experiment, typically valid for all further images) to identify strong candidates for 
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selection as microtubules (Fig 3.S2I). The identified “microtubule lines” were then 

thickened to match the point spread function width in our imaging setup (Fig 3.S2K). 

False-positives were deselected by the user prior to further analysis (Fig 3.S2L)  

 

The green reporter-tubulin channel (Fig 3.S2M) was also corrected using an illumination 

map following the same process as used for the red channel (Fig 3.S2N), and 

subsequently smoothed slightly using a 0.5-pixel sigma Gaussian filter (Fig 3.S2O). The 

user then set the green reporter channel threshold just above background level. Any 

green channel pixel with intensity over the designated threshold was considered a signal 

positive pixel.  Any signal positive pixel overlapping the identified microtubules was 

added to that microtubule’s total signal count.  

 

The Reporter Fraction was calculated by dividing the total number of green positive 

pixels by the number of pixels composing the microtubule. The uniform width of the 

microtubules arising from the fixed thickening step of the processing makes this roughly 

equivalent to taking the cumulative green signal length divided by the microtubule length, 

but is simpler in terms of computation.  

 

To account for the possibility that a microtubule overlaps a coverslip bound, non-specific, 

green reporter tubulin, we calculated the expected contribution of the non-specific signal 

and subtracted it from our measurements. The non-specific contribution was calculated 

by summing the total number of signal positive pixels, determined by the same threshold 

as previously, that did not contact a microtubule. This value was divided by the total non-

microtubule area, in pixels, of the image, providing a signal fraction resultant from non-

specific background binding. The non-specific signal fraction was typically very small in 

comparison to the microtubule-associated Reporter Fraction. The non-specific signal 

fraction was subtracted from each microtubule’s Reporter Fraction.  

 

To calculate the Reporter Fraction for each pool of microtubules, an average Reporter 

Fraction was calculated for all microtubules in that pool, weighted based on the length 

each given microtubule.  This is functionally equivalent to measuring the individual 

Reporter Fractions for fixed length segments of microtubules and taking the average 

over all segments. The length-weighted average is also functionally equivalent to a 
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hypothetical stacking of each microtubule end to end and treating it as one long 

microtubule, with the pool’s reporter fraction being equivalent to reporter fraction of said 

stacked microtubule.  
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Figures 
 

Figure 3.1: Microtubule nucleotide 

pool preparation. (A) Growth 

protocol and storage conditions for 

GDP microtubules. (B) TIRF images 

of 37°C storage GDP microtubules 

(left, top), and 25°C storage GDP 

microtubules (left, bottom), as well as 

EM images for each (right). (C) 

Growth protocol and storage 

conditions for GTPγS microtubules. 

(D) TIRF images of GTPγS 

microtubules prepared and stored 

according to Process #1 (left, top), 

and Process #2 (left, bottom), as well 

as EM images for each (right). (E) 

Growth protocol, storage conditions, 

and CaCl2 treatment protocol for 

GMPCPP microtubules. (F) TIRF 

images of GMPCPP microtubules, 

both untreated (left, top), and CaCl2 

treated (left, bottom), as well as EM 

images for each (right). All) For all 

TEM images, microtubules were 

chosen to highlight the differences in 

structure that were observed, though 

many microtubules from the altered 

preparations (red) resemble those 

from the control preparation (blue). 

Images to represent the average 

condition are shown in Figure 3.3.  
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Figure 3.2: Automated quantification of large-scale microtubule lattice integrity. 

Description (A-F, left boxes) and example visualization (A-F, right boxes) of the 

automated EM quantification method. C-E (right boxes) show the enlarged, boxed region 

from B (right box).   
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Figure 3.3: Large-scale lattice integrity is shifted within microtubule pools.  (A) 

Visualization of EM quantification method. Left: Width measurement in the Structure 
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Metric. Right: Curvature measurement in the Structure Metric. (B) Sample EM images of 

37°C storage GDP microtubules (left, top) and 25°C storage GDP microtubules (left, 

bottom; arrows indicate structural disruptions). (C) Structure Metric is increased at 25°C 

storage, suggesting that large-scale microtubule structure is disrupted. (D,E) Width 

measurements and curvature measurements contribute to the Structure Metric.  (F) 

Sample EM images of untreated GMPCPP microtubules (left, top) and CaCl2 treated 

microtubules (left, bottom; arrows indicate structural disruptions; inset is enlargement) 

(scale bar 100 nm). Structure Metric is increased with CaCl2 treatment (right), suggesting 

that large-scale microtubule structure is disrupted. (H,I) Width and curvature 

measurements contribute to structure metric. (J) Sample EM images of GTPγS 

microtubules prepared and stored using Process #1 (left, top) and Process #2 (left, 

bottom) (arrows indicate disrupted structure; scale bars 100 nm). Structure Metric is 

increased with Process #2, suggesting that large-scale microtubule structure is further 

disrupted with Process #2 as compared to Process #1. (L,M) Width and curvature 

measurements contribute to the overall Structure Metric. All graphs: Standard error is 

shown, and p-values calculated from t-test of independent means.  
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Figure 3.4:  Experimental Reporter Assay. (A) Depiction of the experimental reporter 

assay: green reporter tubulin incorporates at microtubule plus ends, and at gaps and 

defects in the lattice through a repair process. The amount of lattice-incorporated green 

reporter tubulin is expected to be higher for more disrupted microtubule structures (right-

bottom), and lower for more intact lattice structure (right-top), but green extensions at 

microtubule plus-ends will be observed in both cases. (B) Depiction of TIRF imaging 

process. (C) Example image, showing a microtubule with a green tubulin extension at 

the plus end (right) and with a gap that has been filled by green reporter tubulin (left, 

white arrow).   
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Figure 3.5: Automated quantification of gaps in microtubule lattice integrity. 

Description (A-F, left boxes) and example visualization (A-F, right boxes) of the 

automated TIRF reporter tubulin incorporation analysis assay.  C-E (right boxes) show 

the enlarged boxed region from B (right box).   
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Figure 3.6: Microtubule lattice integrity is shifted within microtubule pools.  . (A) 

Top: Example microtubule (red) after repair by reporter tubulin (green). Bottom: depiction 



   78

of quantification technique for Reporter Fraction (RF) using Red Length (R) and Green 

Length (G). (B) Representative images of microtubules after gap filling assay repair for 

37°C storage GDP microtubules (left, top) and 25°C storage GDP microtubules (left, 

bottom). The white arrows indicate sites of reporter tubulin incorporation. (C) The 

Reporter Fraction is increased for 25°C storage GDP microtubules relative to 37°C 

storage GDP microtubules (right), suggesting that storage at 25°C does not promote 

repair of gaps and defects in the microtubule lattice. (D) Distribution of repair lengths. (E) 

Representative images of microtubules after gap filling assay repair for untreated 

GMPCPP microtubules (left, top) and for GMPCPP microtubules treated with CaCl2 (left, 

bottom). (F) The Reporter Fraction is increased for CaCl2 treated microtubules relative to 

untreated microtubules (right), suggesting that CaCl2 treatment may lead to gaps and 

defects in the microtubule lattice. (G) Distribution of repair lengths. (H) Representative 

images of microtubules after gap filling assay repair for Process #1 GTPγS microtubules 

(left, top) and Process #2 GTPγS microtubules (left, bottom). (I) The Reporter Fraction is 

increased for Process #2 GTPγS microtubules relative to Process #1 GTPγS 

microtubules (right), suggesting that Process #2 does not promote repair of gaps and 

defects in the microtubule lattice. (J) Distribution of repair lengths.  For all graphs: The 

bar graphs indicate the mean repair fraction, weighted by microtubule length (Fig. 3.S3), 

and corrected for non-specific background contribution. Standard error is shown, and p-

values calculated from Student’s t test.   
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Figure 3.7: Impact of storage condition 

on microtubule lattice structural 

integrity. A) Difference in Reporter 

Fraction after one-day storage at 25°C or 

37°C.  B) Altered residual free tubulin 

concentration during storage affects 

microtubule structure as shown by 

Reporter Fraction: increased residual free 

tubulin leads to a decrease in Reporter 

Fraction, suggesting that Taxol-stabilized 

microtubules have fewer defects and 

gaps when they are stored under 

conditions of higher residual tubulin 

concentration. All graphs: The bar graphs 

indicate the mean repair fraction, 

weighted by microtubule length, and 

corrected for background contribution. 

Standard error is shown, and p-values 

were calculated from Student’s t test. (C) 

Cartoon demonstrating the proposed 

mechanism for changes in Taxol-

stabilized GDP microtubules during 

storage: 25°C storage and low residual 

free tubulin concentration prevent repair 

of damaged microtubules (left, bottom). In 

contrast, 37°C storage and a higher 

residual free tubulin concentration lead to 

repair of damaged microtubules (right, 

bottom).  
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Figure 3.S1: 

Microtubules are longer 

when stored at higher 

temperature. (A) 

Cumulative distribution 

plot as a function of 

microtubule length for 25 

°C storage (dark blue) 

and 37 °C storage (light 

blue) GDP microtubules. 

Microtubules stored in 

Taxol at the higher 

temperature are 

characteristically longer. 

(B) Cumulative 

distribution plot as a 

function of microtubule 

length for 25 °C storage 

(dark orange) and 37 °C 

storage (light orange) 

GTPγS microtubules. 

Microtubules stored at the 

higher temperature are 

characteristically longer. 

(C) Cumulative 

distribution plot as a 

function of microtubule length for calcium treated (dark purple) and non-calcium 

treated (light purple) GMPCPP microtubules. A net shift in lengths from calcium 

treatment was not observed.  
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Figure 3.S2: Detailed TIRF image processing example. (A-L) Example images 

for the entire red (microtubule) channel processing pipeline as summarized in the 

main figures (Fig. 3.5A). (M-O) Example images for the green (reporter tubulin) 

channel pre-processing step from in Fig. 3.5B. (A-O) See supplemental methods 

text for details of each step.  
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Figure 3.S3: Shorter microtubules have highly variable structural integrity. (A) A 

plot of Reporter Fraction (RF) as a function of microtubule length for 37 °C storage GDP 

microtubules. Each point represents one microtubule (N = 199). Short microtubules 

show high variability in reporter tubulin incorporation, as measured by Report 

Fraction(RF). Microtubules are observed spanning the entire possible scope of reporter 

fraction; from 0 to 1. The longer microtubules approach the mean Reporter Fraction 

(represented by the grey dashed line). This behavior is to be expected if the regions of 

low structural integrity occur stochastically across the microtubule, as opposed to 

individual microtubules having an inherent tendency towards low or high structural 

integrity.  (B)Alternate representation of the Reporter Fraction (RF) variability changes at 
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different lengths for 37 °C storage GDP microtubules, shown as a box and whisker plot. 

Bins show microtubules of less than 75px, 75-149px and 150px or greater. Reporter 

Fraction variance decreases with increasing length. (C) A plot of Reporter Fraction (RF) 

as a function of microtubule length for 25 °C storage GDP microtubules. Each point 

represents one microtubule (N = 653). The same trend of highly variable short 

microtubules, and low variability long microtubules, holds for the pool of “ragged” 25 °C 

storage microtubules. As shown in Fig 3.S1, there is a lower proportion of long 

microtubules in this pool as compared to 37 °C storage GDP microtubules. (D) Alternate 

representation of the Reporter Fraction (RF) variability changes at different lengths for 

25 °C storage GDP microtubules, shown as a box and whisker plot. Bins show 

microtubules of less than 75px, 75-149px and 150px or greater.  Reporter Fraction 

variance decreases with increasing length.  
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Figure S4: Taxol-stabilized 

microtubules increase in 

length during storage. (A) 

Cumulative distribution plots of 

microtubule length for 

increasing storage times for 37 

°C storage conditions of Taxol-

stabilized microtubules. Overall, 

microtubules increase in length 

over time, shifting to a longer 

length distribution after 2-3 days 

of storage, relative to newly 

prepared Taxol-stabilized 

microtubules (Day 0).  (A) 

Cumulative distribution plots of 

microtubule length for 

increasing storage times for 25 

°C storage conditions of Taxol-

stabilized microtubules. Overall, 

microtubules increase in length 

over time, shifting to a longer 

length distribution after 3 days 

of storage, relative to newly 

prepared Taxol-stabilized 

microtubules (Day 0). 
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Chapter 4: EB1 recognizes microtubule structural state via a 
steric-hindrance mediated on-rate 
 

Synopsis 
 

Microtubules are structural polymers that participate in a wide range of cellular functions. 

The microtubule binding protein EB1 localizes to the growing ends of microtubules, 

where it facilitates interactions of key cellular proteins with the microtubule plus-end. 

Recent work has demonstrated that microtubule plus-ends have open, tapered 

conformations, which diverge greatly from a closed tube conformation. Thus, in this work 

we explored whether microtubule structure could impact the binding of EB1 to 

microtubules. Using quantitative fluorescence and electron microcopy experiments, we 

found that EB1 preferentially binds structurally disrupted or open structural features of 

microtubules as compared to the closed microtubule lattice. In corresponding 3D single-

molecule diffusion simulations, a 70-fold rise in EB1 on-rates to tapered microtubule tip 

structures was observed relative to a closed lattice conformation, due to a high steric 

hindrance barrier that impedes EB1 from binding in its four-tubulin pocket-like lattice site, 

with greatly increased accessibility on two-tubulin protofilament edges at tapered 

microtubule ends. Thus, EB1’s four-tubulin pocket-like binding site on the microtubule 

leads to microtubule structural recognition based on a steric-hindrance-mediated on-

rate, which may allow the tapered tip structures that are typical at growing microtubule 

plus ends to assist in facilitating the rapid arrival of EB1 to the microtubule plus-end. 

 

Introduction 
 

Microtubules are long, thin polymers that mechanically contribute to cell morphology, act 

as a track for molecular motor-based transport within the cell, and serve as a platform for 

interaction with microtubule-associated proteins (MAPs)(Howard and Hyman, 2003; 

Mitchison and Kirschner, 1984; Ross et al., 2008). Microtubules are composed of αβ 

tubulin heterodimers stacked end-to-end in structures termed protofilaments. Typically, a 

microtubule is made up of thirteen laterally-associated protofilaments (Wang and 

Nogales, 2005; Zhang et al., 2015). Each tubulin heterodimer contains an exchangeable 
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nucleotide site on the β-tubulin subunit, and individual tubulin heterodimers polymerize 

onto the plus-end of the microtubule with the β-tubulin subunit bound to a GTP 

nucleotide. After integration into the microtubule, the β-tubulin-bound nucleotide then 

stochastically undergoes hydrolysis and converts to GDP. GDP-bound tubulin is less 

stable in the microtubule lattice than GTP-bound tubulin, but the microtubule remains 

intact and continues to grow due to the continued addition of GTP-bound tubulin, which 

forms a “GTP cap” at the growing plus-end of the microtubule (Desai and Mitchison, 

1997; Mitchison and Kirschner, 1984). 

 

The growing plus-end of the microtubule is a hub of binding and activity for a family of 

proteins known as +TIP proteins, which, when present at the plus-end, mediate 

microtubule end interactions with the cellular membrane and actin cytoskeleton, as well 

as with various organelles and protein complexes (Lansbergen and Akhmanova, 2006). 

The microtubule tip tracking protein EB1 is a highly conserved protein that autonomously 

tracks the growing plus-ends of microtubules (Bieling et al., 2007; Dixit et al., 2009; 

Morrison et al., 1999). At the plus-end, EB1 recruits many other +TIP family proteins that 

have little to no native affinity for microtubules but that must localize to microtubule plus 

ends to perform their functions (Bieling et al., 2007; Dixit et al., 2009; Lansbergen and 

Akhmanova, 2006).  

 

Previous literature has demonstrated that high affinity binding to the GTP-cap at growing 

microtubule plus-ends contributes to the plus-end localization of EB1 (Maurer et al., 

2011; Zanic et al., 2009). Due to the short-lived nature of GTP-tubulin in polymerized 

microtubules, EB1’s recognition of this state has been demonstrated through the use of 

stabilized GTP analogues, most commonly GMPCPP and GTP-γ-S.  In both cases, 

there is a clear increase in EB1 binding to the analogue-bound microtubules as 

compared to GDP-microtubules (Maurer et al., 2011; Zanic et al., 2009). However, 

recent literature suggests that microtubule structure may also be more complex than 

previously considered, especially at the microtubule plus-end. A perfectly intact 

microtubule lattice with “blunt” ends is defined by a regular arrangement of tubulin 

dimers in a thirteen protofilament tube, with all equal-length protofilaments terminating at 

the microtubule ends. In contrast, microtubule plus-ends have been observed by cryo-

electron microscopy to have open, sheet-like or tapered conformations, which diverge 
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greatly from a closed tube conformation (Chrétien et al., 1995; Guesdon et al., 2016). 

These findings have also been supported by quantitative analysis of fluorescence 

images (Coombes et al., 2013). This type of tapered, gently curved tip structure likely 

plays a role in the binding of Doublecortin and other proteins to microtubule plus-ends 

(Bechstedt and Brouhard, 2012; Bechstedt et al., 2014); reviewed in (Brouhard and 

Rice, 2014). Further, recent work has discovered that lattice damage and tubulin 

turnover can occur on the microtubule lattice itself, leading to irregularities along the 

length of a dynamic microtubule (Schaedel et al., 2015b). 

 

In this work we explored whether microtubule structure could itself impact the binding of 

EB1 to microtubules. Using total internal reflection fluorescence (TIRF) microscopy, 

electron microscopy (EM), and three-dimensional shape-based diffusion simulations, we 

found that EB1 binds much more rapidly (~70-fold) to tapered or open structural features 

of microtubules as compared to the closed microtubule lattice, likely as a result of 

increased accessibility to the EB1 binding sites. Thus, EB1’s four-tubulin pocket-like 

binding site on the microtubule may lead to microtubule structural recognition based on a 

steric-hindrance-mediated on-rate. Structural recognition by EB1 may allow the tapered 

tip structures that are typical at growing microtubule plus ends to help facilitate the rapid 

arrival of EB1 to the microtubule plus-end. 

 

Results 
 

At intermediate salt concentrations, EB1 preferentially binds to GMPCPP microtubule 

end structures  

 

Previous in vitro studies have shown that while EB1 uniformly coats GMPCPP 

microtubules in the absence of added salt, the addition of KCl increasingly drives EB1 off 

of the GMPCPP lattice (Dixit et al., 2009; Maurer et al., 2011; Zanic et al., 2009). Thus, 

we used an intermediate KCl concentration to explore the localization of EB1-GFP on 

reconstituted microtubules under relatively weak EB1 binding conditions (Fig. 4.1A, 30 

mM KCl). We reasoned that under these conditions, any localized binding of EB1-GFP 

on GMPCPP microtubules could reveal an additional layer of regulation for EB1 binding 

affinity, beyond exclusively tubulin subunit nucleotide state. Interestingly, we observed 
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that, at 30 mM KCl, EB1 was often localized to GMPCPP microtubule ends (Fig. 4.1B, 

green; note that plus-end tip tracking of dynamic microtubules was verified at 28 mM KCl 

(Fig. 4.S1D)).  

 

To detect whether there could be an underlying structure of the GMPCPP microtubule 

ends that would predispose them to EB1-GFP binding, we collected intensity line-scans 

of green EB1-GFP and red (rhodamine) GMPCPP microtubule fluorescence along the 

microtubules’ lengths to create average intensity profiles for all observed microtubules. 

The line-scans for 88 microtubules of length 7.3 ± 2.1 μm were then rebinned to the 

mean microtubule length (see (Gardner et al., 2008) and Materials and Methods), and 

the ensemble average across all 88 microtubules was plotted for both the red and green 

channels (Fig. 4.1C). Importantly, prior to averaging, the line-scans in both the red and 

green channels for each microtubule were oriented such that the microtubule end with 

the brightest intensity of green EB1-GFP fluorescence was on the right side, with the 

dimmest EB1-GFP intensity on the left side (Fig. 4.1C, green, ensemble average over 

n=88 microtubules)(Coombes et al., 2016).  

 

Similar to our qualitative observations, an increase in EB1-GFP intensity was observed 

at the “bright” EB1-GFP microtubule end as compared to the center region and the “dim” 

EB1-GFP end of the microtubule (Fig. 4.1C). Strikingly, we noted that by aligning the 

brightest EB1-GFP intensity on the right side of the line scan, this resulted in a 

qualitative difference in the underlying microtubule intensity profile at the microtubule 

ends (Fig. 4.1C, red, ensemble average over n=88 microtubules). Here, the red 

microtubule fluorescence on the right (EB1-GFP “bright”) side of the line-scan plot 

appeared to drop off more slowly to background as compared to the left side of the line-

scan plot (Fig. 4.1C, teal vs magenta lines). 

 

To quantify this observation, we fit an error-function to the red fluorescence intensity 

drop-off curve at each microtubule end, as previously described (Coombes et al., 2013; 

Demchouk et al., 2011). This fitting process allowed us to estimate a “tip standard 

deviation”, which is a measure of tip tapering that arises as a result of protofilament 

length variability at the microtubule ends (Fig. 4.S1). To ensure that the tip fitting was not 

biased by rebinning a large range of microtubule lengths into one standard length, we 
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subsampled two groups of microtubules, each with similar lengths (length standard 

deviation ≤ 0.7 μm; Fig. 4.S1A, B), and also demonstrated that a narrower length range 

group did not change our fitting results (length standard deviation = 0.2 μm; Fig. 4.S1C). 

Regardless of microtubule length, we found that the microtubule end with a brighter 

EB1-GFP signal had a larger average tip standard deviation, and thus more tip tapering 

due to protofilament length variation, than the opposite, dimmer EB1-GFP signal end, of 

the microtubule (Fig. 4.1D; 5.3±0.7 μm group: p=0.0002, Z-statistic = 3.79; 7.3±0.6 μm 

group: p=0.013, Z-statistic=2.47; mean ± standard deviation for microtubule lengths; Fit 

curves in Fig. 4.S1A,B). We then used both Transmission Electron Microscopy (TEM) 

and Cryo-Electron Microscopy to verify that tapered and blunt ends were indeed present 

in the GMPCPP microtubule population (Fig. 4.1E).  

 

We then asked whether bright EB1-GFP localization was observed more frequently at 

GMPCPP microtubule plus-ends, as compared to minus-ends. Thus, polarity-labeled 

GMPCPP microtubule seeds were generated by growing bright-red GMPCPP 

extensions from dim-red GMPCPP seeds (Fig. 4.1F, top). These two-color microtubules 

allowed for identification of the microtubule plus-end as the end with the longer bright-

red extension (Fig. 4.1F, top). Interestingly, the polarity-labeled seeds also generated 

transition points between the original GMPCPP seeds and the GMPCPP extensions, 

which likely caused lattice defects and holes at each transition point (Fig. 4.1F, top). 

Thus, we analyzed the brightness of EB1-GFP at 5 points along the microtubules (Fig. 

4.1F, top): the minus end tip (magenta), the two transition points (yellow), the plus-end 

tip (cyan), and the GMPCPP lattice (grey; for consistency and to minimize overlap with 

other points, the lattice point used was always halfway between the plus-end and the 

nearest transition point). We found that the transition points (p<10-30, t-test), plus-end 

(p<10-8, t-test), and minus end (p=0.0039, t-test) all showed a significantly higher fraction 

of EB1-GFP fluorescence than the GMPCPP lattice position (Fig. 4.1G; n=309 

microtubules).  

 

Finally, to determine whether microtubule structural disruptions at lattice transition points 

could lead to EB1 binding even in the presence of dynamic microtubules, dim-red 

dynamic (GTP) microtubules were grown from bright-red GMPCPP seeds (Fig. 4.1G top) 

in the presence of 100 nM EB1-GFP and 55 mM KCl (Gell et al., 2010). We then 
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collected independent, individual microtubule images (Fig. 4.1G middle), and analyzed 

the brightness of EB1-GFP at 4 points along the microtubules (Fig. 4.1G, top and 

middle): the growing plus-end tip (cyan), the GDP lattice (purple), the transition point 

between the GMPCPP seed and the dynamic GDP microtubule extension (yellow), and 

the GMPCPP lattice (grey; note that for consistency and to minimize overlap with other 

points, the GMPCPP and GDP lattice points used were always halfway between the 

microtubule end and the nearest transition point). We found that, as would be expected, 

EB1-GFP intensity was ~2.3-fold (230%) higher at growing microtubule plus-ends as 

compared to the overall average intensity on the GDP lattice and GMPCPP seeds (Fig. 

4.1G bottom-left, cyan). However, consistent with our GMPCPP microtubule results, the 

EB1-GFP fluorescence at the GMPCPP/GDP transition point was 38% higher than the 

average intensity on the GDP lattice and GMPCPP seeds (Fig. 4.1G bottom-left; p<10-5 

vs GDP lattice, p<10-6 vs GMPCPP seeds, n=134 microtubules).  Further, in 

kymographs of dynamic microtubules, targeting of EB1-GFP to the GMPCPP/GDP 

transition occasionally persisted throughout entire microtubule growth events (Fig. 4.1G 

bottom-right).  

 

EB1 preferentially binds to disrupted-structure microtubules on GMPCPP, GTPγS, and 

GDP microtubule populations  

 

Taken together, our GMPCPP and dynamic microtubule results suggested that EB1 may 

preferentially bind to regions of microtubules that have extended, tapered tip structures, 

or a discontinuous tubular lattice. To test this idea using microtubule populations with 

various tubulin-bound nucleotides, we used a previously published method to create 

pools of microtubules with common nucleotide states, but with varying degrees of lattice 

structural integrity (Reid et al., 2017). These protocols allowed for generation of “control” 

microtubules with relatively intact lattice structures (Fig. 4.2A, left), and “disrupted-

structure” microtubules with lattice structures that had increased frequencies of defects, 

gaps in the lattice, and open sheet conformations (Fig. 4.2A, right, red subunits at 

structural disruptions). These “control” and “disrupted-structure” populations were 

described for the three most commonly used in-vitro microtubule nucleotides: GDP, 

GMPPCP, and GTPγS (Fig. 4.2B)(Reid et al., 2017), and so we used these populations 

as a tool to reveal potential differences in EB1 binding based on microtubule structure. 
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Here, control and disrupted-structure populations were made for GDP and GTPγS 

populations through initial taxol treatments to create breaks, holes, and tapering in the 

microtubules, followed by differing storage conditions to alter the degree of overnight 

repair (Fig. 4.2B, right and left) (see (Reid et al., 2017) and Materials and Methods). In 

contrast, disrupted-structure GMPCPP microtubule populations were generated via Ca2+ 

treatment (Fig. 4.2B, center) (See (Reid et al., 2017) and Materials and Methods). 

Careful quantification that demonstrated a statistically significant structural disruption in 

the “disrupted-structure” populations as compared to the respective controls in each 

case was previously performed and published using both fluorescent tubulin repair 

assays, and electron microscopy(Reid et al., 2017). We note that while the preparation 

protocols for microtubules using the three different nucleotides were distinct, each of 

these protocols reflect commonly used methods for producing stable in vitro 

microtubules, and so no extreme or unusual conditions or preparation techniques were 

employed in preparing the microtubules. 

 

Thus, control and disrupted-structure microtubule populations were generated for each 

nucleotide type, and were separately introduced into imaging chambers. Time was 

allowed for the microtubules to adhere to the coverslip surface, and then a solution of 

EB1-GFP and imaging buffer was introduced into the chambers (see Materials and 

Methods). After allowing time for EB1-GFP binding to reach steady-state (20-30 

minutes), the microtubules with bound EB1-GFP were imaged using TIRF microscopy. 

We then measured the average EB1-GFP fluorescence intensity over average green 

background fluorescence intensity for each microtubule, which was then normalized to 

the average Rhodamine-tubulin fluorescence intensity over background. The average 

EB1-GFP/tubulin ratio for each individual microtubule was then normalized to the 

respective grand average EB1-GFP/tubulin ratio for the control microtubule population in 

each case, to allow for direct comparisons between the disrupted-structure data and 

their respective controls (grand average EB1-GFP/tubulin binding values for the control 

microtubules populations (used for normalization) were as follows: GMPCPP: 

0.098±0.0009; GDP: 0.100±0.006; GTPγS: 0.68±0.007 (mean±SEM); see Materials and 

Methods). We note that comparisons between different nucleotide types were not 

applicable in this experiment, due to dissimilar experimental protocols to generate 

microtubules for each nucleotide type (see Materials and Methods). 
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For the taxol-stabilized GDP microtubules, we observed a marked increase in the 

average ratio of EB1-GFP/tubulin bound to the disrupted-structure pool of microtubules 

as compared to the control microtubules (Fig. 4.2C, top).  Upon quantification, the 

average EB1-GFP/tubulin binding ratio in the disrupted-structure microtubule pool was 

~2-fold higher than the average EB1-GFP/tubulin binding ratio in the control microtubule 

pool (Fig. 4.2C, bottom; p=4.7x10-64, t-test). GMPCPP microtubules from the disrupted-

structure pool also showed an increase in the average EB1-GFP/tubulin binding ratio 

(Fig. 4.2D, top), which was ~75% higher than the average EB1-GFP/tubulin binding ratio 

in the control microtubules (Fig. 4.2D, bottom; p<10-64, t-test).  Finally, the average EB1-

GFP/tubulin binding ratio was higher on disrupted-structure GTPγS microtubules as 

compared to control GTPγS microtubules, with a quantitative increase of ~50% (Fig. 

4.2E; p=4.8x10-56, t-test).  

 

EB1 preferentially binds to disrupted-structure microtubules on individual GDP 

microtubules in electron microscopy experiments 

 

Finally, to directly test whether EB1 preferentially binds to disrupted microtubule lattice 

structures on individual GDP microtubules, we used EB1 conjugated to gold beads, and 

examined the binding of these beads onto pre-stabilized microtubules using electron 

microscopy (Fig. 4.2F). For each microtubule-bound bead, the microtubule binding 

region was classified either as a complete lattice, or as a defect/sheet, and, further, the 

total available microtubule length for each classification was determined. Overall, we 

observed more EB1-gold beads that were bound to defects or sheets than to complete 

lattice regions (n=74 on lattice, n=128 on defect or sheet), regardless of total available 

length for each microtubule classification. Further, when we normalized the frequency of 

bead location to the total available microtubule length for each classification, we found 

that the EB1-gold beads were nearly four-fold more likely to bind at defects or sheets 

than to a complete microtubule lattice (Fig. 4.2G; p<2.3x10-54, Chi-squared test). 

 

Single-molecule diffusion simulations predict a marked increase in EB1 on-rate to 

tapered microtubule structures 
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Taken together, our experimental results suggested that EB1 preferentially binds to 

regions of microtubules that have extended, tapered tip structures, or to a discontinuous 

tubular lattice. However, the mechanism for this preference remained unclear. 

Therefore, we developed a single-molecule diffusion-based computational simulation to 

explore a mechanistic explanation for our results.  

 

For simplicity, we included three fundamental rules in the simulation: (1) EB1 molecules 

diffused in three dimensions with translational and rotational diffusion coefficients that 

depended on EB1 protein size (Fig. 4.3A, 1; see Materials and Methods) (Castle and 

Odde, 2013; Mirtich, 1997); (2) EB1 molecules could not pass through a microtubule, but 

rather would collide and then diffuse in another direction (Fig. 4.3A,2); and (3) the 

conformation of EB1, and its binding pocket within the microtubule lattice, were 

representative of their published molecular structures (Fig. 4.3A,3).  To develop an 

approximation for the EB1 binding pocket within the microtubule, we used previously 

published Cryo-EM structural data as our guide (Fig. 4.3B,left; source data from (5)), and 

from this data we created an approximation of the tubulin heterodimer shape (Fig. 4.3B, 

center), with careful consideration for EB1’s binding pocket, located between four tubulin 

dimers. EB1’s microtubule binding domain shape was similarly modeled from previously 

published Cryo-EM structures (5), and the modeled shape was then verified to fit into our 

modeled 4-tubulin binding pocket in the correct orientation (3B, right). We note that each 

EB1 molecule could bind only one unique tubulin interface, and in only one unique 

orientation.  

 

To run the simulation, a microtubule was fixed in space, and then individual EB1 

molecules were allowed to diffuse, starting from random positions far away from the 

microtubule (see Materials and Methods). Two arrangements of microtubules, each with 

207 tubulin dimers (average protofilament length ~16 dimers), were simulated to mimic 

“control” and “disrupted-structure” pools of microtubules. For the control microtubules, a 

microtubule with a blunt end was defined (Fig. 4.3C, left), and for the “disrupted-

structure” model, a microtubule with a tapered end was defined (Fig 4.3C, right). Starting 

from a random position away from the microtubule (see Materials and Methods), each 

EB1 molecule was then allowed to randomly diffuse either until it exceeded 2 μm away 

from the microtubule, or until the center of its binding interface was oriented properly and 



   94

within 1 nm of the corresponding binding interface center at any microtubule binding 

location (defined as “arrival event”). Once either of these conditions was achieved for a 

particular EB1 molecule, the simulation for that molecule was ended, and, for EB1 

molecules with arrival events, their arrival position on the microtubule was recorded.  We 

note that off-rates (or dwell times) were not determined as part of this simulation, and so 

arrival events are not representative of net affinity of simulated EB1 for a particular 

structure. 

 

First, we ran simulations to evaluate the arrival events of EB1 molecules onto the two 

microtubule configurations, regardless of EB1-tubulin binding configuration (e.g., 1-4 

tubulin binding interfaces were allowed per EB1 molecule). We ran 50 simulations of 

4,000 EB1 molecules in each simulation for both the control and the disrupted-structure 

microtubules, and calculated the total number of EB1 arrival events per microtubule in 

each simulation (Fig. 4.3D). We found that the mean number of successful arrival events 

of EB1 onto individual “disrupted-structure” microtubules was ~ 33% higher than onto 

control “blunt” microtubules with the same number of tubulin subunits (Fig. 4.3D; 

p=3.2x10-28, Binomial test In Fig. 4.3F). Strikingly, by examining the simulated arrival 

locations of individual EB1 molecules, we found that the EB1 molecules had arrived at 

nearly all of the sites at the microtubule end or along laterally-exposed protofilaments, 

while very few arrived at the complete, closed lattice, both for the control and the 

“disrupted-structure” microtubules (Fig. 4.3E, random representative subset of 10,000 

simulated EB1 molecules).  

 

Based on this observation, we hypothesized that the unique location of EB1’s binding 

site in the “pocket” between four tubulin dimers was responsible for the simulated 

“structural recognition” of EB1 (Fig. 4.3F). Specifically, when a full lattice is present, the 

nature of the binding pocket between four tubulin dimers would restrict access of EB1 to 

its binding site, due to the high diffusional steric hindrance barrier generated by the 

nearby tubulin subunits (Fig. 4.3F, top, short green arc shows restricted access). 

However, when there is a region of the microtubule with exposed protofilament edges, 

the steric hindrance barrier would be dramatically reduced, thus allowing for increased 

accessibility and ease of EB1 binding to the laterally exposed edges (Fig. 4.3F, bottom, 

longer green arc shows increased access). This effect is likely even more dramatic than 
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Fig 4.3F would suggest, since if this schematic were extrapolated to three dimensions, 

only a small wedge of a sphere would have high accessibility to an EB1 binding site for a 

closed lattice configuration. Importantly, a natural result of this model is that the on-rate 

of EB1 would be much higher at laterally (or longitudinally) exposed microtubule binding 

sites as compared to the binding pocket within a closed microtubule lattice.  

 

To test the idea that the arrival rate of EB1 would be increased at laterally or 

longitudinally exposed microtubule binding sites, we ran simulations to directly compare 

the fraction of simulated EB1 arrival events onto closed-lattice microtubule binding sites 

with four adjacent tubulin dimers (Fig. 4.3G, light red arrow), as compared to edge-

located microtubule binding sites, with only two adjacent tubulin dimers either 

horizontally or vertically (Fig. 4.3G, dark red arrows). Thus, we specifically compared 

simulated EB1 arrivals to 2-tubulin vs 4-tubulin sites, excluding both1-tubulin sites that 

could potentially have a very high off-rate, and 3-tubulin sites. This allowed us to limit our 

analysis to the partial binding EB1 sites that have been previously observed using 

electron microscopy (Guesdon et al., 2016), and that we observed using electron 

microscopy in our new work (Fig. 4.2F).  

 

Strikingly, in this simulation, the fraction of EB1 arrivals was nearly 70-fold higher for 2-

tubulin sites with lower steric hindrance, such as those at protofilament edges (Fig. 4.3H, 

dark red), as compared to 4-tubulin sites on the closed microtubule lattice (Fig. 4.3H, 

light red; p<10-64, Chi-squared test). In order to compare these simulated arrival rates 

with the theoretical upper limit for our simulation, we modeled EB1 binding to a single, 

isolated tubulin heterodimer. In this instance, there would be no significant steric 

hindrance to binding, although arrival to the 1-tubulin site was still stereospecific, such 

that EB1 could not bind “upside down”. We found that the fraction of EB1 arrivals to 

these 1-tubulin sites was 309-fold higher than the fraction of arrivals to full lattice 4-

tubulin sites, and 4.6-fold higher than the fraction of arrivals to 2-tubulin edge binding 

sites. This difference clearly demonstrates the large impact of steric hindrance for the 

pocket-located binding site of EB1 in the simulation, especially when fully enclosed 

within the lattice.  
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Electron microscopy experiments demonstrate binding of EB1-gold beads to microtubule 

sheet edges  

 

To test this model experimentally, we further analyzed the binding of EB1-beads onto 

stabilized microtubule sheets from our electron microscopy experiments (Fig. 4.3I, left). 

Qualitatively, we observed EB1-beads that bound to the stabilized microtubule sheets, 

both in the middle of the sheet, and on the edges of sheets (Fig. 4.3I, left), as has been 

previously observed on the more transient microtubule sheets that are present at 

dynamic microtubule plus-ends (Guesdon et al., 2016). This suggests that while EB1 

likely binds with a lower off-rate onto the four-tubulin dimer pocket site within a closed 

lattice, it was also able to bind between two tubulin dimers at edge-located microtubule 

binding sites.  

 

To quantify this observation, we counted the number of beads located at sheet edges as 

compared to the middle of sheets. Here, beads that were ambiguously located were 

conservatively classified as being at the middle of the sheet. We observed that, for 

sheet-like regions of microtubules, there were 7-fold more beads associated with sheet 

edges than with the middle of the sheet (Fig. 4.3I, right;  p=1.8x10-35, Chi-squared test). 

This suggests that EB1 can indeed bind at edge sites on a microtubule, despite the 

reduced number of inter-site binding partners, and may do so at higher rates than 

binding to the lattice. Specifically, the ratio of edge sites to total binding sites within a 

sheet is estimated at 2:14 (edge sites to total binding sites), and so by normalizing the 

experimentally observed 7-fold preference for sheet-edge to sheet-middle EB1-bead 

binding to the number of available sites in each case, this yields an observed ~49-fold 

preference for edge sites over lattice sites. This fold preference is on the order of the 

~70-fold increase in EB1 on-rates for edge sites as compared to lattice sites from the 3D 

diffusion simulation (Fig 4.3H).  

 

Rapid frame-rate fluorescence microscopy experiments demonstrate increased on-rate 

of EB1-GFP to disrupted-structure microtubule pools 

 

3D single-molecule diffusion simulations predicted a 70-fold rise in the fraction of EB1 

arrivals to 2-tubulin edge structures relative to a 4-tubulin closed lattice conformation, 
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due to a high diffusional steric hindrance barrier that frustrates EB1 from binding in the 

pocket-like interface between four adjacent tubulin dimers in the lattice. Thus, the 

simulated arrival rate of EB1 to its binding site on the microtubule was dictated by the 

structural state of the microtubule itself.  To experimentally test this model prediction, we 

collected high frame rate (100 Hz) movies using TIRF microscopy, and then tracked the 

association and dissociation events of individual EB1-GFP molecules (Fig. 4.3J, left; 

white arrows in EB1-GFP kymograph indicate EB1 association events). Because it was 

not possible to distinguish between EB1-GFP that bound to a protofilament edge vs 

EB1-GFP that bound at a closed lattice site in our TIRF experiments, we used our 

control and disrupted-structure microtubule preparation protocols (Fig. 4.2) to measure 

the difference in EB1-GFP association rates between control microtubules, and 

microtubules that likely had an increased number of exposed edge binding sites 

(disrupted-structure microtubules). The EB1-GFP on-rate was calculated in each case 

by fitting a decaying exponential to the dwell time histogram for individual binding events 

(Fig. 4.S2), which allowed us to calculate the expected total number of binding events, 

including those with a prohibitively short dwell time (Telley et al., 2009) (See Materials 

and Methods).  

 

We found that the association rate constant for EB1-GFP was ~45-fold higher for 

disrupted-structure microtubules as compared to control microtubules for the GDP 

microtubule pools (Fig. 4.3J, center, teal; p<10-64; Z-test; normalized data Fig. 4.S2E). 

This fold increase was similar to the normalized results for the electron microscopy EB1-

bead studies (Fig. 4.3I), suggesting that there was a substantial increase in edge-binding 

sites in the disrupted-structure pool as compared to the control pool. For the GMPCPP 

microtubule pool, there was a ~12-fold increase in the EB1-GFP association rate 

constant in the disrupted-structure microtubule pool relative to the control pool (Fig. 4.3J, 

center, purple; p<10-64; Z-test; normalized data Fig. 4.S2F), suggesting that the CaCl2 

treatments used to disrupt microtubule structure may be less efficient at producing edge-

binding sites than the protocol for the GDP microtubule pools, which relied on damage 

initiated by Taxol treatment. Finally, the EB1-GFP association rate constant was ~3.5-

fold higher in the disrupted-structure microtubule pool as compared to the control 

microtubules for the GTPγS microtubules (Fig. 4.3J, right, brown; p=1.7x10-16; Z-test; 

normalized data Fig. 4.S2G). This more moderate increase in the association rate 
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constant may be due to a smaller difference in microtubule structure between the control 

and disrupted-structure pools of GTPγS microtubules, as the control microtubule pool 

itself may exhibit substantial structural disruption (Reid et al., 2017).  

 

We then calculated EB1-GFP dwell times on the microtubule lattice from fits to our 

experimentally observed exponentially decaying dwell-time histograms (Fig 4.S2A). We 

found that all pools of disrupted-structure microtubules had lower characteristic dwell-

times than their respective control pools (Fig 4.S2B), suggesting that, while EB1 binding 

to protofilament edges may be rapid due to low steric hindrance, a 2-fold reduction in the 

number of EB1-tubulin bonds at the edge binding sites would lead to an increased EB1 

off-rate. Consistent with this model, we found that EB1 dwell time distributions were best 

modeled as two exponential distributions (Fig 4.S2C,D), one with a short dwell time (≤20 

ms), which could be associated with edge-bound EB1, and a second underlying 

distribution with a longer dwell time (≥150 ms), which may correspond to lattice-bound 

EB1 (Dixit et al., 2009; Maurer et al., 2011, 2014; Seetapun et al., 2012b; Telley et al., 

2011).   

 

In experiments and simulations, a tubulin face-binding protein does not exhibit 

microtubule structure recognition 

 

Taken together, our data suggests that the pocket localization of EB1’s binding site on 

the microtubule acts to limit access of EB1 to 4-tubulin lattice binding sites relative to 2-

tubulin edge binding sites (Fig. 4.4A, left vs right, lighter green arc shows large increase 

in accessibility). In contrast, this model predicts that a protein with a binding site on the 

face of a tubulin dimer would have similar binding site accessibility on both lattice and 

edge sites (Fig. 4.4B, left vs right, lighter green arc shows small difference in 

accessibility). Thus, we predicted that a tubulin face binding protein would not show an 

increased number of EB1 arrival events to disrupted-structure microtubules.  

 

To ask whether our simulation supported this prediction, we first performed tubulin “face 

binding” simulations that had identical rules to the EB1 diffusion simulations (Fig. 4.4C, 

1-2), but with the exception that the protein binding site was located on the outer face of 

a tubulin dimer (Fig. 4.4C, 3), rather than inside the four-tubulin pocket between dimers. 
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Thus, we used our previous tubulin dimer and EB1 conformations, but instead moved 

the protein binding location to the outer face of the tubulin heterodimer, instead of within 

the 4-dimer pocket between tubulin dimers (Fig. 4.4C, 3, right). We then asked how the 

total number of face-binding molecule arrival events per microtubule in the control and 

disrupted-structure microtubule simulations would be altered by changing this rule. 

 

In previous EB1 simulations, the mean number of EB1 arrival events per microtubule 

was increased for the disrupted-structure microtubules relative to the control 

microtubules (Fig. 4.4D, red; p=3.2x10-28, Binomial test; 4000 EB1 molecules per 

simulation, 50 simulations). In contrast, we found that when the protein binding site was 

located on the tubulin heterodimer’s outward face, the mean number of face-binding 

molecule arrival events for disrupted-structure microtubules was not substantially 

increased relative to the control microtubules (Fig. 4.4D, blue; p=.046, Binomial test; 

4000 face-binding molecules per simulation, 50 simulations), consistent with our 

hypothesis that the face-binding protein would not differentiate between edge and lattice 

binding sites. Similarly, the previous observation that simulated, pocket-binding EB1 

molecules showed preferential arrivals to edge-proximal tubulin heterodimers (Fig. 4.4E, 

red) was strikingly altered in the tubulin face-binding simulations: the face-binding 

protein arrival events were located non-specifically along the lattice, and with no 

enrichment on edge dimers (Fig. 4.4F, blue; random representative subset of 10,000 

simulated EB1 molecules). Thus, our simulations predicted that a tubulin face-binding 

protein would show similar rates of arrival to control and disrupted-structure microtubule 

populations, due to similar steric hindrance to binding in both cases. 

 

To experimentally test this prediction, we used a monomeric Kif5B-GFP kinesin 

construct in the presence of 10 mM AMPPNP, to allow for microtubule binding analysis 

of the monomeric kinesin (K339-GFP) (Case et al., 2000; Tomishige and Vale, 2000). 

The Kinesin-1 Kif5B protein has been shown to dock with a stoichiometry of one kinesin 

motor per tubulin heterodimer, and binds to the outer surface of the α and β tubulin 

monomers, rather than the lateral surfaces, in electron microscopy experiments (Hirose 

and Amos, 1999; Kikkawa et al., 2000; Kozielski et al., 1998; Löwe et al., 2001; Marx et 

al., 2006; Moores et al., 2002; Nogales et al., 1999; Rice et al., 1999; Sosa et al., 1997). 

Thus, we used the Kif5B-GFP construct to determine whether a tubulin face-binding 
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protein would show differential binding to control and disrupted-structure microtubule 

populations, as was observed for the EB1-GFP protein (Fig. 4.2B). 

 

We first used 10 nM Kif5B-GFP, and compared overall binding of the Kif5B-GFP to 

control and disrupted-structure pools of GDP microtubules, similar to the procedure for 

our EB1-GFP experiments (Fig. 4.2B). Qualitatively, and in contrast to the EB1-GFP 

experiments, the degree of binding between the control and disrupted-structure pools of 

GDP microtubules appeared similar (Fig. 4.4G, left). Quantification of the TIRF images 

demonstrated that the average Kif5B-GFP/tubulin binding ratio for the disrupted-

structure pool of GDP microtubules was not higher than in the controls (p=1; one-sided t-

test), but rather appeared to be slightly lower than in the controls (p = 2.7x10-7, 2-sided t-

test), perhaps suggesting a slight suppression of Kif5B-GFP binding to microtubules with 

disrupted-structure structures. Similar results were observed using a lower concentration 

of Kif5B-GFP (2.5 nM, Fig. 4.4G, right; p<10-15, two-sided t-test). These results suggest 

that the binding location of EB1 on microtubules may dictate, at least in part, its 

preferential binding to the disrupted-structure pool of microtubules relative to the 

controls, and that binding to the face of a tubulin dimer by Kif5B does not yield this 

preferential binding behavior. 

 

Discussion 
 

In summary, we have found that EB1 exhibits preferential binding to the ends of 

GMPCPP microtubules as compared to the lattice (Fig. 4.1), and to microtubules that 

have more disrupted structures, regardless of nucleotide type (Fig. 4.1, 4.2A-D), by 

recognition and binding of protofilament edge-localized binding sites (Fig. 4.2E-G). Our 

simulations suggest that this preferential binding occurs as a result of a large decrease 

in diffusional steric hindrance to binding, and thus an increase in accessibility, between 

the closed lattice and edge position EB1 binding sites on the microtubule (Fig. 4.3D-H). 

This large difference in steric hindrance results from the unique location of the EB1 

binding site in a pocket between four tubulin dimers. Thus, EB1’s four-tubulin pocket-like 

binding site on the microtubule may lead to microtubule structural recognition based on a 

steric-hindrance-mediated on-rate. In this way, the tapered tip structures that are typical 
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at growing microtubule plus ends could help to facilitate rapid arrivals of EB1 to the 

microtubule plus-end. 

 

Overall, we propose that structural recognition by EB1 could promote rapid loading of 

EB1 at the open, tapered growing microtubule plus-end with its more easily accessible 

edge sites. Specifically, our results predict that the on-rate for EB1 binding to the closed 

microtubule lattice would be low, due to high steric hindrance and low accessibility. In 

contrast, we predict that the EB1 on-rate would be ~70-fold higher at tapered, growing 

microtubule plus-ends, due to the presence of easily accessible, low steric hindrance 

sites at exposed protofilament edges. After binding to an edge-site, EB1 would likely 

undergo a higher off-rate as a result of the partial binding interface that is inherent to 

these edge-sites. However, our results show an increase in steady-state binding to 

disrupted microtubule structures, regardless of nucleotide state (Fig. 4.2C-E), suggesting 

that the overall affinity of EB1 may be higher on disrupted structures, regardless of the 

likely increase in off-rates. This increase in affinity may be due to a stronger effect of 

disrupted microtubule structure in accelerating the EB1 on-rate, as compared to 

increasing the EB1 off-rates. For example, we observed a ~45-fold increase in EB1 on-

rates to disrupted GDP microtubule structures relative to controls (Fig. 4.3J), while the 

“short” EB1 dwell times, which could be associated with edge-bound EB1 on GDP 

microtubules, were only ~8 fold faster than the lattice-bound “long” dwell times (Fig. 

4.S2D), resulting in a net affinity increase of ~5-fold.  

 

A potential concern regarding the rapid arrival of EB1 to 2-tubulin edge sites at tapered 

microtubule plus-ends is the previous report that the peak in EB1-GFP intensity for a 

plus-end EB1-GFP comet is slightly penultimate to the tapered tip (Maurer et al., 2014). 

However, although new edge sites are likely to be continuously and rapidly generated as 

a result of new tubulin subunit additions to growing microtubule plus-ends, we note that 

the density of edge sites on an open, tapered microtubule lattice would be ~7-fold lower 

than that of lattice sites for a closed microtubule tube (ratio 2:14 edge sites to total 

binding sites per tubulin layer in the lattice). In addition, it is clear from previous work that 

increased affinity of EB1 for GTP-tubulin relative to GDP-tubulin is an important feature 

of EB1 plus-end localization (Maurer et al., 2011; Zanic et al., 2009). Thus, regardless of 

whether structural recognition facilitates rapid loading of EB1 onto edge sites at the 



   102

microtubule tip, we predict that the peak in EB1-GFP intensity would remain biased 

away from the plus-end tip, in a location where a high density of EB1 molecules are 

bound to the much higher density, four-GTP-tubulin pocket lattice binding sites, 

potentially created via addition of new, incoming GTP-tubulin subunits onto the location 

of previously edge-bound EB1 molecules. Indeed, by generating simulated images with 

microtubule plus-end protofilament edge sites fully occupied by EB1-GFP, we found that 

the peak in EB1-GFP intensity for a simulated plus-end EB1-GFP comet remained 

penultimate to the tapered tip (Fig. 4.S3), similar to previous work. 

 

The effect of microtubule structure on MAP binding preference may not be specific to 

EB1, as we find that this preference stems from the physical accessibility of microtubule 

binding sites, and thus may be pertinent to any polymer binding protein. We expect that 

the magnitude of this effect will be strongly impacted by the location of the binding site, 

as suggested by the difference in our pocket vs face binding simulations, however, any 

protein that has its binding site located in the dip between protofilaments or at the crease 

between stacked subunits could potentially display microtubule structural recognition as 

a result. For example, the microtubule-associated protein Doublecortin (DCX) has a very 

similar binding site to EB1, but offset by 4 nm vertically (at the α-α-β-β interface), and 

has been reported to recognize microtubule curvature, a configuration that would require 

an incomplete lattice sheet with exposed protofilament edges to allow sheet curvature to 

occur (Bechstedt and Brouhard, 2012; Bechstedt et al., 2014; Fourniol et al., 2011).  

Further, it has been shown that microtubule lattice defects resulting from microtubule-

microtubule contacts may be recognized by CLIP-170 to stimulate microtubule rescue 

(de Forges et al., 2016). 

 

Our simulations model only one microtubule binding domain of EB1, yet EB1 is typically 

a homodimer. We anticipate that EB1’s dimerization activity would not alter the observed 

microtubule structural preference in our simulations, but would likely increase the dwell 

time of edge-associated EB1, as once one domain binds to the more easily accessible 

end or edge sites, EB1’s second binding domain would be constrained to a small area, 

and therefore much more likely to bind, even within a 4-tubulin pocket, due to the high 

local availability of binding sites. Thus, the EB1 homodimer as a whole would become 

more stably bound to the microtubule.  EB1 dwell time was not included in our current 
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simulations, as the simulation for a particular molecule was ended upon arrival to the 

microtubule lattice, but future iterations of our simulation could model dwell time to test 

this idea. 

 

In conclusion, our results describe a mechanism for how EB1 could rapidly bind to 

growing microtubule tips, in which the tapered tip structures that are typical at growing 

microtubule plus ends could help to facilitate rapid arrivals of EB1 to the microtubule 

plus-end. We conclude that a high steric hindrance barrier impedes EB1 from binding in 

the pocket-like interface between four adjacent tubulin dimers in the lattice, and that this 

barrier is markedly reduced at tapered microtubule ends, thus increasing the arrival rate 

of EB1 to growing microtubule plus-ends. Finally, our results support a general principle 

in which microtubule-associated protein binding rates are influenced by the location and 

conformation of the protein binding interface.  

 

Materials and Methods 
 

Tubulin Purification and Labelling 

 

Tubulin was purified and labelled as per (Gell et al., 2010). 

 

EB1-GFP Purification 

 

Plasmid pETEMM1-HIS6x-tev-EB1-GFP was transformed into Rosetta(DE3) pLysS E. 

coli, grown in 10ml of LB+cam+kan at 37° overnight, and then subcultured into 1L of the 

same media, mixing at 37° for 2hr to an A600 of 0.44.  IPTG was then added to 2mM 

and the culture was mixed at 18° for 14 hr. The culture was centrifuged 30 min. at 4°, 

4400 xg. The cell pellet was resuspended into 12ml of PBS / 0.1% tween-20 / 5mM B-

mercaptoethanol / 1mg/ml lysozyme  and protease inhibitors (1mM AEBSF / 10μM 

pepstatin A / 0.3μM aprotinin / 10uM E-64), mixed at 4°, 2hr., and then sonicated on ice 

at 80% power, 50% duty, 10 x 1min.  The lysate was centrifuged at 4°, 1hr., 18000 xg. 

The supernatant was passed through 2ml of Talon Metal Affinity Resin and the resin was 

sequentially washed with 5 column volumes Buffer A (50mM sodium phosphate pH7.5 / 

300mM KCl / 10% glycerol / 5mM B-mercaptoethanol). Next, the column was washed 
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with 95% buffer A/5% bufferB (Buffer A / 300mM imidazole), followed by a wash with 

90% A / 10% B, and finally 85% Buffer A/ 15% Buffer B. All buffers had the protease 

inhibitors 1mM AEBSF, 10uM pepstatin A and 10uM E-64). Protein was eluted with 1ml 

fractions of 100% Buffer B + above protease inhibitors. Elution fractions were analyzed 

on coomassie and western blot. Relevant fractions were combined and dialyzed against 

Buffer A overnight at 4°, then 2hr. at 18° in the presence of HIS6-taggedTEV protease 

(Expedeon TEV0010) at a 1:100 w/w protein ratio). Dialysate was then mixed with 

additional Talon resin to remove cleaved HIS6x tag. 

 

Kif5B-GFP Purification 

 

The RP hk339-GFP construct (monomeric Kif5B-GFP-HIS6x), a gift from Ron Vale 

(Addgene plasmid #24431, (Tomishige and Vale, 2000)), was transformed into the E. 

coli Rosetta (DE3) pLysS. This strain was cultured in LB+amp+cam at 30° overnight to 

an A600 of 1.5, then subcultured into 1200ml of the same media, mixed at 37°, 3hrs to 

an A600 of 0.47. IPTG was added to 0.2 mM final and growth continued at 16° for 19 

hrs. The culture was centrifuged at 2100 xg, 4° for 30min., supernatant discarded and 

cells resuspended in lysis buffer (50mM sodium phosphate pH 6.2 / 250mM NaCl / 

20mM imidazole / 5mM B-mercaptoethanol / 1mM MgCl2 / 0.5mM ATP / 0.5% triton X-

100 plus protease inhibitors (1mM AEBSF / 10uM pepstatin A / 10uM E-64 / 0.3μM 

aprotinin / 1mM benzamidine). Lysozyme was added to 0.1 mg/ml with 150U DNAse I 

and mixed at 4°, 1hr.The cell suspension was lysed by sonication on ice, 2x 10 min. at 

90% power, 50% duty and centrifuged at 4°, 14000 xg for 40min. The supernatant was 

pH’ed to 7.6 and mixed with 1 ml Talon Metal affinity resin (Clontech 635509) for 30 min. 

at 4°.  Resin was washed 5x with 2 column volumes of lysis buffer + 0.1x protease 

inhibitors and protein was eluted with sequential 1ml volumes of lysis buffer containing 

300mM imidazole pH7 + 0.1x protease inhibitors. The elution fractions were analyzed by 

coomassie and western blot and the peak fractions used in experiments.  

 

EB1 conjugation to Gold Beads 

 

Unlabeled EB1 was conjugated to 20 nm gold particles using the Innovacoat Gold 

Particle labeling Mini Kit (Innovacoat 229-0005) as per kit instructions. EB1 was buffer-
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exchanged into PBS by centrifuging and washing with a 0.5ml Amicon Ultra 

centrifugation filter (30kd cut off).  10μl (5.5μg) of EB1 was diluted with 2μl of kit dilution 

buffer and 42 μl of kit reaction buffer. 45 μl of this mixture was added to the kit’s gold 

reagent and allowed to sit 25 min.  5 μl of the kit’s quencher buffer was added and 

incubated for 5 min.  1ml of a 1:10 dilution of quencher buffer was added, mixed, and 

Centrifuged at 4° for 20min. at 9000 xg.  The supernatant was discarded and the gold 

pellet was suspended in Brb80 buffer.  

 

Microtubule Pool Preparations 

 

Microtubules for the bound nucleotides GDP, GMPCPP, and GTPγS of both control and 

altered structural integrity were prepared as described in (Reid et al., 2017).  

 

Briefly, GDP microtubules were grown using a mixture of 33μM tubulin, 1mM GTP, 4mM 

MgCl2, and 4% DMSO, and incubated for 30min at 37°C. The solution was then diluted 

100-fold into BRB80 solution with 10μM Taxol and stored at either 37°C (for control 

microtubules) or at 25°C (for disrupted-structure microtubules).  

 

GMCPP microtubules were grown using a mixture of 3.9μM tubulin and 1mM GMPCPP 

in BRB80, which was incubated for 1hr at 37°C. To generate disrupted-structure 

GMPCPP microtubules, control GMPCPP microtubules were incubated in 40μM CaCl2 

for 40 minutes immediately before use in an experiment.  

 

GTPγS microtubules were grown using a mixture of 12μM tubulin, 50mM KCl, 10mM 

DTT, 0.1mg/ml Casein, 4mM GTPγS, and unlabeled GMPCPP “seed” microtubules to 

serve as nucleation points. The mixture was incubated for 1hr at 37°C, then diluted 3.5-

fold and stored at 37°C overnight. The disrupted-structure GTPγS microtubules were 

prepared similarly, but with the following changes; the initial mixture contained higher 

tubulin concentration (25.5μM instead of 12μM), after incubation the mixture was diluted 

26-fold instead of 3.5-fold, and was stored at 25°C overnight instead of at 37°C.  

 

Construction and Preparation of Flow Chambers for TIRF Microscopy Imaging 
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Imaging flow chambers were constructed as in Section VII of (Gell et al., 2010), with the 

following modifications:  two narrow strips of parafilm replaced double-sided scotch tape 

as chamber dividers: following placement of the smaller coverslip onto the parafilm 

strips, the chamber was heated to melt the parafilm and create a seal between the 

coverslips; typically only three strips of parafilm were used, resulting in two chambers 

per holder. Chambers were prepared with anti-rhodamine antibody followed by blocking 

with Pluronic F127, as described in Section VIII of (Gell et al., 2010). 

 

Microtubules were adhered to the chamber coverslip, and the chamber was flushed 

gently with warm BRB80. The flow chamber was heated to 35°C using an objective 

heater on the microtubule stage, and then 3-4 channel volumes of imaging buffer were 

flushed through the chamber.  

 

Microtubules were imaged on a Nikon TiE microscope using 488 nm and 561 nm lasers 

sent through a Ti-TIRF-PAU for Total Internal Reflectance Flourescence (TIRF) 

illumination.  An Andor iXon3 EM-CCD camera fitted with a 2.5X projection lens was 

used to capture images with high signal to noise and small pixel size (64 nm). Images 

were collected using TIRF with a Nikon CFI Apochromat 100X 1.49 NA oil objective. 

 

EB1-GFP Binding to GMPCPP Microtubules (Figure 4.1) 

 

Control GMPCPP microtubules, prepared as described above, were introduced into an 

imaging chamber and allowed 30s-3min to bind the antibody on the coverslip. The 

imaging chamber was then flushed with Imaging Buffer. Imaging Buffer consisted of 

BRB80 supplemented with the following: Casien 80 μg/ml, D-Glucose 20 mM, Glucose 

oxidase 20 μg/ml, Catalase 10 μg/ml, DTT 10 mM, KCl 30 mM, and Tween-20 1%. 

 

EB1-GFP solution (100 μL Imaging Buffer, 1.5 μL of 11 μM EB1-GFP (163 nM final EB1-

GFP concentration) was then introduced into the imaging chamber and allowed 10-15 

minutes to bind, after which images were collected in both the microtubule (red) and 

EB1-GFP (green) channels (561nm and 488nm respectively).  

 

EB1-GFP binding to Microtubule Pools (Figure 4.2) 
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GDP Microtubules 

GDP microtubules, either control or disrupted-structure, were prepared as described 

above and introduced into an imaging chamber. Microtubules were allowed 30s-3min to 

bind the antibody on the coverslip. The microtubule solution was then flushed out of the 

chamber with 1X imaging buffer (2X Imaging buffer =  110mM KCl, 40 μg/ml Glucose 

Oxidase, 20 μg/ml Catalase, 40 mM D-Glucose, 20 mM DTT, 160 μg/ml Casein, 2% 

Tween-20, and 20 μM Taxol). EB1-GFP solution (50μL 2X imaging buffer, 45uL BRB80, 

5μL of 5μM EB1-GFP) was flowed into the imaging chamber and allowed 10-15 minutes 

to bind, after which images were collected in both the microtubule (red) and EB1-GFP 

(green) channels (561nm and 488nm respectively).  

 

GMPCPP Microtubules 

GMPCPP microtubules, either control or disrupted-structure, were prepared as 

described and introduced into an imaging chamber. Microtubules were allowed 30s-3min 

to bind the antibody on the coverslip. The microtubule solution was then flushed with 

low-salt imaging buffer (Low-salt 2X Imaging buffer =  25mM KCl, 40 μg/ml Glucose 

Oxidase, 20 μg/ml Catalase, 40 mM D-Glucose, 20 mM DTT, 160 μg/ml Casein, 2% 

Tween-20, and 20 μM Taxol). EB1-GFP solution (50μL Low-salt 2X imaging buffer, 45uL 

BRB80, 5μL of 5μM EB1-GFP) was flowed into the imaging chamber and allowed 10-

15minutes to bind, after which images were collected in both the microtubule (red) and 

EB1-GFP (green) channels (561nm and 488nm respectively).  

 

GTPγS Microtubules 

GTPγS microtubules, either control or disrupted-structure, were prepared as described 

and introduced into an imaging chamber. Microtubules were allowed 30s-3min to bind 

the antibody on the coverslip. The imaging chamber was then flushed with 1X imaging 

buffer (2X Imaging buffer =  110mM KCl, 40 μg/ml Glucose Oxidase, 20 μg/ml Catalase, 

40 mM D-Glucose, 20 mM DTT, 160 μg/ml Casein, 2% Tween-20, and 20 μM Taxol). 

EB1-GFP solution (50μL 2X imaging buffer, 45uL BRB80, 5μL of 5μM EB1-GFP (250 

nM final EB1-GFP concentration)) was flowed into the imaging chamber and allowed 10-

15 minutes to bind, after which images were collected in both the microtubule (red) and 

EB1-GFP (green) channels (561nm and 488nm respectively).  
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EB1-GFP On-rate and Dwell time movies (Figure 4.3): 

 

Microtubules were prepared as described above and introduced into an imaging 

chamber. Microtubules were allowed 30s-3min to bind the antibody on the coverslip. The 

imaging chamber was then flushed with 1X imaging buffer (2X Imaging buffer =  110mM 

KCl, 40 μg/ml Glucose Oxidase, 20 μg/ml Catalase, 40 mM D-Glucose, 20 mM DTT, 160 

μg/ml Casein, 2% Tween-20, and 20 μM Taxol). EB1-GFP solution (25μL 2X imaging 

buffer, 20uL BRB80, 5μL of 5μM EB1-GFP) was flowed into the imaging chamber. Using 

a capture rate of 100 frames per second, 10 seconds of images were collected per 

microtubule in both the microtubule (red) and EB1-GFP (green) channels (561nm and 

488nm respectively).  

 

Kif5B-GFP Global binding to Microtubules (Figure 4.4) 

 

GDP microtubules, either control or disrupted-structure, were prepared as described 

above and then introduced into an imaging chamber. Microtubules were allowed 30s-

3min to bind the antibody on the coverslip. The microtubule solution was then flushed 

with 1X imaging buffer (2X Imaging buffer =  110mM KCl, 40 μg/ml Glucose Oxidase, 20 

μg/ml Catalase, 40 mM D-Glucose, 20 mM DTT, 160 μg/ml Casein, 2% Tween-20, and 

20 μM Taxol). Either 2.5 nM Kib5B-GFP solution (25μL 2X imaging buffer, 14.5uL 

BRB80, 5μL of 25μM Kif5, and 5μL 100mM AMPPNP) or 10nM Kif5B-GFP solution 

(25μL 2X imaging buffer, 14.5uL BRB80, 5μL of 100μM Kif5, and 5μL 100mM AMPPNP) 

was flowed into the imaging chamber and allowed 10-15minutes to bind, after which 

images were collected in both the microtubule (red) and Kif5 (green) channels (561nm 

and 488nm respectively).  

 

Analysis of GMPCPP Binding Profile and Microtubule Tip Structure (Figure 4.1) 

 

Microtubule and EB1-GFP fluorescence intensity were analyzed, and the microtubule 

aligned, as previously described (Coombes et al., 2016). Briefly, the single time point 

images of GMPCPP microtubules with EB1-GFP were cropped to separate each 
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microtubule into a single image using ImageJ. Then, integrated and averaged line scans 

of each microtubule image were created using a MATLAB script. In each case, the 

microtubule was aligned with the “bright” EB1-GFP (green) fluorescence end on the 

right, and then the red and green fluorescence were plotted as a function of microtubule 

length from the dim EB1-GFP signal end to the bright EB1-GFP signal end. To do this, 

the green EB1-GFP fluorescence was integrated along the length of each microtubule ± 

256 nm above and below the microtubule centerline to account for point spread function 

and variability in properly finding the microtubule centerline. Then, the green 

fluorescence intensity was summed over the last 576 nm on both ends of the 

microtubule. The lower summed value was considered the “dim” EB1-GFP end, while 

the higher summed value was deemed the “bright” EB1-GFP end. To combine all 

individual microtubule data into an ensemble average plot, the microtubules were 

rebinned to a common length, represented by the mean length of all observed 

microtubules (Gardner et al., 2005). Scatter plots of the ensemble average values were 

created by importing the integrated line scan fluorescence data into Excel. Average tip 

standard deviation values were calculated by fitting an error function to the microtubule 

ends, as previously described (Demchouk et al., 2011) . 

 

EB1-GFP/Tubulin Binding Ratio Analysis (Figures 4.2 and 4.4) 

 

The average EB1-GFP/Tubulin binding ratio was analyzed using a custom MATLAB 

script. Briefly, the ends of each microtubule image were manually clicked by a user. 

Then, the average green and red fluorescence intensity between the clicks, including +/- 

4 pixels above and below the centerline (256 nm) established by the two clicks, was 

calculated. Background and noise in the red and green channels was estimated by 

calculating the average green and red fluorescence between the two clicks, but in the 

pixels 8-22 above the centerline established by the two clicks, and in the pixels 8-22 

below the centerline established by the two clicks.  For each microtubule, the average 

EB1-GFP signal over background was calculated by dividing the average signal along 

the microtubule by the average background estimate.  Similarly, the average red 

microtubule signal over background was calculated by dividing the average red 

microtubule signal by the average red background estimate.  Finally, the binding ratio of 
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average green signal over background to average red signal over background was 

calculated and reported for each microtubule. 

 

Electron Microscopy Experiments 

 

GMPCPP microtubules 

To collect electron microscopy images of GMPCPP microtubules, the microtubules were 

prepared as described above. One drop of the microtubule solution was placed on a 

300-mesh carbon coated copper grid for a duration of 60 seconds, after which the grid 

was stained with 1% uranyl acetate for 60 seconds. The stain was the wicked away 

using filter paper, and the grid was left to dry and then stored until use. The samples 

were imaged using an FEI Technai Spirit BioTWIN transmission electron microscope. 

Cryo-EM was performed on the same electron microscope. Samples were prepared on a 

300-mesh copper grid with a lacey-carbon support film. Grids were treated in a Pelco 

Glow Discharger before the addition of the GDP microtubule sample and freezing in 

vitreous ice using a FEI Vitrobot.  

 

EB1 gold bead experiment 

Electron microscopy imaging of EB1 conjugated to gold beads was performed by placing 

one drop of a solution containing disrupted-structure GDP microtubules (prepared as 

described above) with gold-bead-conjugated EB1 onto a 300-mesh carbon coated 

copper grid. The sample grid was treated identically to the procedure described above 

for TEM of GMPCPP microtubules.  

 

 

Analysis of EB1-bead experiment 

 

Images of EB1 conjugated to gold beads were analyzed in two parts. First, each image 

was examined manually. Gold beads appearing in an image were tallied and classified 

according to their proximity to a microtubule and the appearance of the microtubule at 

the location of the bead. Only beads directly contacting a microtubule were tallied, and 

were classified into the following categories: Edges, for gold beads localized at the 

edges of sheet-like regions of a microtubule or at a microtubule end; Defect, for gold 
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beads localized to regions of the microtubule with visible defects such as gaps or 

breaks; and Lattice, for gold beads localized to intact regions of the microtubule. 

Additionally, gold beads found on sheet-like regions were sub-classified based on their 

location on the sheet, as either Sheet-Edge or Sheet-Middle. To be classified as a 

Sheet-Edge, a bead was required to overlap with the sheet edge but have its center 

located beyond, not overlapping, the sheet.  Secondly, using a custom MATLAB script, 

the total perimeter of the all microtubules in the gathered images was traced and each 

segment was classified as being Lattice or Edge/Defect, based on how a bead would 

have been classified if it was located at the given segment of microtubule. The lengths 

for each classification were summed and used to normalize the counts.  

 

 

EB1 3D Diffusion and Binding Simulation 

 

Simulation Setup and Assumptions 

 

Approximations for the shapes of a tubulin dimer and EB1 microtubule binding domain 

(PDB ID: 3JAR (Zhang et al., 2015)) were created manually based off of Cryo-EM 

reconstruction data using 3D modeling software (Blender) and exported to an .obj object 

file format. EB1’s binding site coordinates were determined by calculating the center of 

the contacting faces for each of the four adjacent tubulin dimers, and the binding center 

was determined as the average position of the four binding interface coordinates.  

 

The simulation was coded and run using MATLAB 2015a (Mathworks). The tubulin 

dimer subunits were arranged into the canonical microtubule arrangement, with either a 

blunt or tapered end, maintaining 207 tubulin dimers (average protofilament length ~16 

dimers) for both conditions. EB1 was initialized at a random position on a sphere of 

radius 500 nm centered on the microtubule. We note that while the simulated 

microtubule shape was approximately cylindrical with a height of ~128 nm, the random 

initial localization of EB1 within a 500 nm radius of the microtubule did not bias the 

simulated EB1 molecules towards the microtubule ends, as demonstrated by our face-

binding simulations (Fig. 4.4F), in which no end bias was observed. 
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Simulation of EB1 3D Diffusion 

 

Each EB1 molecule was allowed to diffuse both translationally and rotationally until the 

molecule was either further than 2000 nm from the simulation center, or else had the 

EB1 binding interface properly oriented and within 1 nm of the binding interface center of 

any microtubule binding location. EB1 diffusion was governed by the calculated 

translational and rotational diffusion coefficients as determined by equations (1) and (2) 

respectively:  

 

   𝐷 = 𝑘 𝑇 6𝜋𝜌𝑟⁄     (1)  

  

   𝐷 _ = 𝑘 𝑇 8𝜋𝜌𝑟⁄     (2) 

 

In the above equations, ρ is viscosity of water, and r is the radius of the EB1 molecule, 

approximated as the average radius of all its vertex points (2.2 nm).  Diffusion and 

rotation was assumed to be equal across all axes.  

 

Dynamic calculation of time step size 

 

In order to run the simulation efficiently, the time step for the simulation was dynamically 

adjusted based on the distance of EB1 from the microtubule, similar to (Castle and 

Odde, 2013). Briefly, the time step was large (~7x10-6 sec) when the simulated EB1 

molecule was far from the microtubule (≥100 nm), and small (~ 4x10-12 sec) when the 

EB1 molecule was close to the microtubule (≤ 1 nm). Specifically, the scaled time step 

sizes were calculated based on the translational diffusion speed of the EB1 molecule, 

where the translational diffusion step size was governed by: 

 

   < ∆𝑥 >= 2𝑑𝐷 ∆𝑡    (3) 

 

Where Δx=translational diffusion molecule step size, d = dimensions (=3), 

Dc=translational diffusion coefficient, and Δt=time step size.  This equation was then 

used to determine the scaled time step size, such that when the EB1 molecule was ≥100 

nm from the microtubule (eg, Disti  ≥ 100), the time step size was then calculated from 
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Eq. 3 such that the molecule would be 5 steps away from the microtubule (eg, Δxi ≡ Disti 

/ 5), and when EB1 was ≤ 1 nm from the microtubule, the time step size was then 

calculated from Eq. 3 such that the molecule would be 20 steps away from the 

microtubule (eg, Δxi ≡ Disti / 20).  The time step size was scaled linearly between those 

lengths, and so that a step closer to the microtubule reduced the time step size, until the 

EB1 molecule was 1 nm from a binding site, at which time a fixed time step was used 

that resulted in typical diffusion lengths of 0.5 angstroms per step. The distance used in 

these calculations (Disti) was the separation distance between the closest points on the 

microtubule and on EB1, not the center-to-center distance.  

 

Simulation of EB1 Diffusion 

 

The translational distance that the EB1 molecule traveled in a time step was calculated 

based on random sampling from a Gaussian distribution governed by: 

 

   𝑑 = 𝑟 2𝐷 ∆𝑡    (4) 

   𝑑 = 𝑟 2𝐷 ∆𝑡    (5) 

   𝑑 = 𝑟 2𝐷 ∆𝑡    (6) 

 

Where dx, dy, and dz were the translational displacement in x, y and z respectively, and 

rGauss was a normally distributed random number (mean: 0, standard deviation: 1). 

Similarly, in the same time step, the angle of rotation for EB1 was also determined from 

normally distributed random number, and the rotational diffusion constant: 

 

   𝑟𝑜𝑡 = 𝑟 𝐷 _ ∆𝑡   (7) 

   𝑟𝑜𝑡 = 𝑟 𝐷 _ ∆𝑡   (8) 

   𝑟𝑜𝑡 = 𝑟 𝐷 _ ∆𝑡   (9) 

 

 

Simulation of EB1 Collision with a Microtubule 
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EB1 was not permitted to pass through or intersect volumes with any tubulin dimers. The 

dynamic time steps prevent skipping from one side of a tubulin dimer to the other in one 

time step, thus avoiding collision, by maintaining appropriately small step sizes when 

near a tubulin dimer. Collisions and measurements of the nearest point distance 

between EB1 and any tubulin subunit were conducted using the Voronoi-Clip (vClip) 

algorithm (Mirtich, 1997).  

 

Briefly, the closest point between the EB1 polyhedron and a tubulin dimer polyhedron 

were determined by randomly selecting initial candidate features (vertex, edge or face) 

for each object. Then, the neighboring features of the EB1 candidate were tested to find 

one that was closer to the Tubulin candidate feature. If a feature was found to be closer 

than the initial candidate, it became the new candidate. This was repeated for both the 

EB1 and Tubulin objects until no two candidates could be found that were closer 

together than the current pair. Then, if the distance between them was less than or equal 

to zero (with respect to the object’s outer surface), that indicated that they were 

intersecting and a collision had occurred, in which case the EB1 position was reverted to 

the previously recorded value, and the EB1 molecule permitted another attempt at 

diffusion without collision. If the distance between candidate features was greater than 

zero, no collision had occurred and the simulation proceeded to the next time step.   

 

The vClip method is useful in reducing computational load, because the final candidate 

features can be stored from the last time step and used as the initial candidate features 

for the next test (Mirtich, 1997). Because the time steps are small, the saved candidate 

features are often the optimal candidate features (or adjacent to the optimal candidate 

features) for the new position (that has moved and rotated only slightly).  

 

A second optimization technique was used to avoid testing against every tubulin dimer at 

every time step. Briefly, a much more rapid test for center to center distance was 

calculated for EB1 to detect “nearby” tubulin dimers (determined by the sum of the 

maximum vertex radius for both EB1 and the tubulin dimer, and a buffer distance) as 

compared to the more expensive and accurate vClip test. “Nearby” was determined by a 

“Sweep and Prune” algorithm, specifically a hierarchical binary tree of tubulin dimer 
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bounding-boxes that was used to very quickly determine if any tubulin dimers needed be 

considered “Nearby”.  

 

Simulation of EB1 Binding to a Microtubule 

 

EB1 stopped diffusing, and the simulation was ended for that molecule, when its binding 

interface was oriented properly and within 1 nm of a binding interface on the 

microtubule. This “binding” configuration was constrained by both distance and molecule 

orientation relative to its binding site on the microtubule: if the binding interface was 

oriented away from the microtubule, the separation distance could be as little as 0 nm, 

and the binding interface would still be >4 nm (EB1 diameter) away from the tubulin 

pocket binding interface. In this situation, the simulation would not stop, but the EB1 

molecule would continue to diffuse and rotate until it entered into the proper binding 

position, or diffused out of the simulated volume.   
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Figures 
 

 
Figure 4.1: Under weak binding conditions, EB1-GFP shows preferential binding 

to the ends of GMPCPP microtubules. (A) Schematic of EB1-GFP TIRF experiment. 

(B) Representative images of EB1-GFP (green) on rhodamine-labelled GMPCPP 

microtubules (red), showing preferential end localization. Scale bars: 1 μm. (C) Super-

averaged intensity profile of 88 microtubules of length 7.3 ± 2.1 μm with EB1-GFP. 

Individual microtubules within the averaged line scan were aligned with brighter EB1-

GFP fluorescence on the right. Error bars show standard error at each point. (D) Bar 

graph with fitted tip standard deviations for microtubules of length 5.3 ± 0.7 μm (solid 

bars) and 7.3 ± 0.6 μm (hashed bars) (curve fits shown in Fig. 4.S1). Low tip standard 
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deviation corresponds to blunt microtubule ends (left), high tip standard deviation 

correspond to ends with more variable protofilament lengths (right). Error bars: SE 

calculated from 95% confidence intervals. (E) Electron microscopy images of blunt and 

tapered GMPCPP microtubules ends. Closed triangles indicate the most distal portion of 

the microtubule with a complete tubular lattice. Open arrows indicate the extrema of 

protruding protofilaments. Scale bars: 50 nm. (F) Top: Schematic of polarity-marked 

GMPCPP microtubule layout and reference positions for analysis. Center: 

Representative TIRF images of EB1-GFP on GMPCPP microtubules, colored arrows 

indicate the corresponding points used for analysis. Scale bars: 3 μm. Bottom: Box and 

whisker plot of the fraction of total EB1 fluorescence located at each position. The two 

transition points were averaged to provide a single value. Plus-ends, minus-ends, and 

transition points all showed significant differences as compared to lattice binding region 

(n=309 microtubules). (G) Top: Schematic of bright GMPCPP seed with dim dynamic 

microtubule extension, with reference positions for analysis. Center: Representative 

TIRF images of EB1-GFP on GMPCPP microtubules, colored arrows indicate the 

corresponding points used for analysis. Scale bars: 5 μm. Bottom-left: Box and whisker 

plot of the fraction of total EB1 fluorescence located at each position. Plus-ends and 

transition points both showed significant differences as compared to lattice binding 

region (n=134 microtubules). Bottom-right: Representative kymograph of EB1-GFP at 

transition point and plus-end during dynamic microtubule growth.  
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Figure 4.2: EB1-GFP shows 

preferential binding to disrupted-

structure microtubules, 

regardless of nucleotide state. 

(A) Illustration of the two categories 

of microtubules used in this 

analysis. Left: “Control” 

microtubules with predominantly 

intact lattice structures. Right: 

“disrupted-structure” microtubules 

have larger and more frequent 

gaps, defects, and sheet-like 

regions. Stylized red tubulin used to 

highlight defects. (B) Electron 

microscopy images of control and 

disrupted-structure microtubules for 

GDP microtubules (left), GMPCPP 

microtubules (center), and GTPγS 

microtubules (right). Red arrows 

indicate structural disruptions, scale 

bars 50 nm. (C) Top: EB1-GFP 

(green) on GDP microtubules (red) 

for control and disrupted-structure 

conditions (scale bars 2 μm).  

Bottom: Cloud plots of average 

EB1-GFP/Tubulin binding ratio for 

individual microtubules, all values 

normalized to the mean EB1-

GFP/Tubulin binding ratio in the 

control GDP microtubule 

population. Each semi-transparent 

circle is a data point from a single 
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microtubule. Solid lines are the average EB1-GFP/Tubulin binding ratio for each 

population, dotted lines are the median EB1-GFP/Tubulin binding ratio for each 

population. (D) Top: EB1-GFP (green) on GMPCPP microtubules (red) for control and 

disrupted-structure conditions (scale bars 2 μm).  Bottom: Cloud plots of average EB1-

GFP/Tubulin binding ratio for individual microtubules, all values normalized to the mean 

EB1-GFP/Tubulin binding ratio in the GMCPP control microtubule population. Each 

semi-transparent circle is a data point from a single microtubule. Solid lines are the 

average EB1-GFP/Tubulin binding ratio for each population, dotted lines are the median 

EB1-GFP/Tubulin binding ratio for each population. (E) Top: EB1-GFP (green) on 

GTPγS microtubules (red) for control and disrupted-structure conditions (scale bars 2 

μm). Bottom: Cloud plots of average EB1-GFP/Tubulin binding ratio for individual 

microtubules, all values normalized to the mean EB1-GFP/Tubulin binding ratio in the 

GTPγS control microtubule population. Each semi-transparent circle is a data point from 

a single microtubule. Solid lines are the average EB1-GFP/Tubulin binding ratio for each 

population, dotted lines are the median EB1-GFP/Tubulin binding ratio for each 

population. (F) Electron microscopy of EB1 conjugated to gold beads on GDP 

microtubules. Example images of EB1-beads bound on the microtubule lattice (left), at a 

lattice defect (center), and on a sheet (right). (G) Frequency of EB1-beads bound to the 

microtubule lattice compared to EB1-beads bound at either a defect or on a sheet, 

normalized to observed microtubule length in each category. Non-normalized values 

yield a ~1.7-fold increase in binding to defects and edges relative to a closed lattice 

(n=74 on lattice, n=128 on defect or sheet). Error bars SEM.   
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Figure 4.3: 3D Diffusion-Based Simulations of EB1 predict an increased arrival 

rate at protofilament edge sites relative to closed full lattice sites. (A) Simulation 



   121

rules and parameters: (1) EB1 diffuses in three dimensions. (2) EB1 is obstructed by 

tubulin dimers and cannot pass through microtubules. (3) EB1 and tubulin dimer three-

dimensional shapes reproduce EB1-tubulin binding interface.  (B) Development of 

simulation shapes for EB1 and tubulin: Left: Cryo-EM reconstruction data (from PDB ID 

3JAR) of tubulin dimers in a lattice: Left-top: Top-down view, with the lower portion being 

the outside of the microtubule. Left-bottom; Side view of four tubulin dimers, viewing the 

portion on the outside surface of the microtubule; Middle: Approximation of tubulin 

dimers for use in the simulation, derived from the cryo structure; Right: EB1 (red) also 

modeled as an approximation of cryo-structure data (not shown), with the binding 

interface correctly positioned at the pocket located between four adjacent tubulin dimers. 

(C) Two microtubule conditions used in the simulation analysis. Left: A control, blunt-

ended microtubule. Right: A “disrupted-structure” microtubule with a tapered tip. Both the 

“control” and “disrupted structure” configurations contain the same total number of 

tubulin dimers. (D) Results of 50 simulations of 4,000 EB1 molecules each for each 

microtubule condition. Each data point in the box and whisker plot represents the total 

number of EB1 arrival events per microtubule for 4,000 different simulated EB1 

molecules. (E) Visualization of EB1 arrival events (red) on control and “disrupted-

structure” microtubules from N=10,000 simulated EB1 in each condition. (F) Illustration 

of the hypothesis that EB1’s pocket-located binding site leads to a high local steric 

hindrance for EB1 binding to a lattice conformation (top), and a lower steric hindrance for 

EB1 binding to an edge conformation (bottom). Green lines: portion of the local volume 

with high accessibility to binding site. Yellow dotted lines: reduced accessibility volume. 

Red dashed lines: volume with no direct accessibility. In an edge conformation (bottom) 

the high accessibility region (green) is much larger than in the lattice conformation (top). 

(G) Dark Red arrows: Binding sites with two adjacent tubulin dimers, such as at the ends 

of protofilaments, or at exposed edges of protofilaments with no neighbor, are termed 

“Edge” sites. Light red arrow: Sites with four adjacent tubulin dimers are termed “Lattice” 

sites. Sites with only one tubulin dimer, and with three adjacent tubulin dimers were not 

included in this analysis. (H) Fraction of simulated EB1 molecules that arrived at lattice 

sites (light red) or at edge sites (dark red). Data used was from the control microtubule 

arrangement (panel C,E, left)). Values were determined by dividing the total number of 

EB1 bound at any lattice or edge site by the total number of available lattice or edge 

sites, respectively. EB1 was ~70 fold more likely to bind a given edge site as compared 



   122

to a given lattice site. (I) Left: example electron microscopy images of EB1 conjugated to 

gold beads on GDP microtubules. This image shows EB1-gold bound at a sheet edge, 

and one bound at a sheet middle (beads at ambiguous locations were conservatively 

classified as “middle”). Right: Count of total number of sheet bound beads observed over 

all images, divided into “Middle” of sheet and “Edge” of sheet. (J) Far Left Top; 

Experimental setup, red rhodamine labelled microtubules are affixed to a coverslip, EB1-

GFP is introduced in solution, and the sample imaged at 100 frames per second using 

total internal reflection fluorescence (TIRF) microscopy. Far Left Bottom; Sample image 

of EB1-GFP on the microtubule. Left: Kymograph of EB1-GFP with length along the x-

axis and time down the y-axis. White arrows indicate EB1-GFP binding events, which 

appear as vertical streaks. Example shows atypically long EB1-GFP from the 

microtubule. Example shows atypically long EB1 association events, for clarity. The 

lower limit of the vertical streaks are the dissociation event of EB1-GFP from the 

microtubule. Right: EB1-GFP on-rate constant for control and disrupted-structure 

microtubules in each nucleotide population. Error bars are SEM, derived from errors of 

the coefficients from exponential fit of dwell-times (Fig 4.S2).    
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Figure 4.4: A tubulin face binding protein does not demonstrate microtubule 

structure recognition in experiment and simulation.  (A) Hypothesis schematic 
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showing large increase in direct access to a pocket binding site (dark green + light 

green) upon change from lattice conformation (left) to an edge conformation (right) for a 

pocket-binding protein. (B) Face binding hypothesis model predicts only a small change 

in direct access to a face binding site upon change from lattice conformation (left) to an 

edge conformation (right). (C) Simulation rules and parameters for face binding are 

identical to a pocket binding simulation with respect to (1) 3D diffusion, and (2) 

obstruction of the binding molecule by tubulin molecules. (3) The only change in the 

simulation was in the location of the binding site (left), with the arrangement of simulated 

face-binding protein on a microtubule at right. (D) Total arrival events per microtubule for 

a simulated pocket binding protein (EB1, red) and face binding protein (blue), showing 

molecular arrival events on control (light red / light blue) and “disrupted-structure” (dark 

red / dark blue) microtubule conformations. Error bars show SEM. (E) Representative 

visualizations of arrival event location distribution of pocket binding protein (red) on 

control and disrupted-structure microtubules. (F) Representative visualizations of arrival 

event location distribution of face binding protein (blue) on control and disrupted-

structure microtubules, illustrating the loss of preference for edge-located binding sites. 

(G) Left: Representative images of Kif5B-GFP (green), which does not have a pocket 

binding site, on GDP microtubules (red). Middle: Cloud plot of average 2.5 nM Kif5B-

GFP/Tubulin binding ratio on individual microtubules for control (light blue) and 

disrupted-structure microtubules (dark blue). Solid line is the mean value for each 

condition, dashed line (overlapped by solid line) is the median value for each condition. 

Right: Cloud plot of average 10 nM Kif5B-GFP/Tubulin binding ratio on individual 

microtubules for control (light blue) and disrupted-structure microtubules (dark blue). 

Solid line is the mean value for each condition, dashed line (overlapped by solid line) is 

the median value for each condition.   
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Figure 4.S1: Supplemental data to support Figure 4.1. (A) Averaged fluorescence 

line scan data for EB1-GFP and rhodamine-labeled GMPCPP microtubules of length 7.3 

±0.6 μm. The microtubule end with brighter green fluorescence intensity was aligned on 

the right side of the graph, with the dimmer green intensity on the left. Center:  

Ensemble-averaged microtubule intensity data (blue points), and fitted curve (red line) 

for the “dim EB1-GFP” microtubule end. Right: Ensemble-averaged microtubule intensity 

data (blue points), and fitted curve (red line) for the “bright EB1-GFP” microtubule end. 

Note that the end with brighter EB1-GFP binding had a slower (more lengthy) transition 

from full intensity to background intensity in the red (microtubule) channel, indicating a 



   126

more extended transition from full lattice to extended protofilaments, as compared to the 

dimmer EB1-GFP end. Fits were determined using MATLAB and were fitted to an error 

function. (B) Averaged fluorescence line scan data for EB1-GFP and rhodamine-labeled 

GMPCPP microtubules of length 5.3 ±0.7 μm. The microtubule end with brighter green 

fluorescence intensity was aligned on the right side of the graph, with the dimmer green 

intensity on the left. Center:  Ensemble-averaged microtubule intensity data (blue 

points), and fitted curve (red line) for the “dim EB1-GFP” microtubule end. Right: 

Ensemble-averaged microtubule intensity data (blue points), and fitted curve (red line) 

for the “bright EB1-GFP” microtubule end. Note that the end with brighter EB1-GDP 

binding had a slower (more lengthy) transition from full intensity to background intensity 

in the red (microtubule) channel, indicating a more extended transition from full lattice to 

extended protofilaments, as compared to the dimmer EB1-GFP end. Fits were 

determined using MATLAB and were fitted to an error function. (C) Comparison of fitted 

tip standard deviations for similar length microtubules, but for a group with a larger range 

of lengths (5.3 ±0.7 μm), and a much smaller range of microtubule lengths (5.8 ±0.2 μm). 

These measurements were taken to determine whether the variability in microtubule 

length was contributing to the tip standard deviation fit values for the larger microtubule 

length range. However, the fitted tip standard deviation values were indistinguishable 

both for the dim EB1-GFP microtubule end, and the bright EB1-GFP microtubule end. 

Thus, variability in microtubule length did not contribute to the tip standard deviation fit 

values. (D) Example kymographs demonstrating EB1-GFP tip tracking of dynamic 

microtubules, both at 55 mM KCl, and at 28 mM KCl.  
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Figure 4.S2: Supplemental Data to support Figure 4.3: (A) Clipped histogram of EB1-

GFP dwell times on control GDP microtubules (longer dwell time bins clipped off). EB1-

GFP was observed with a frame-rate of 10 ms. Single-frame binding events (dwell time ≤ 

10 ms) were not included in fitting due to higher likelihood of missed events and false 

positives (unfilled bar at t=10 ms). A single exponential fit (solid red line) and associated 
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95% confidence intervals (dashed red lines) were used to account for the uncounted, 

short binding events. Histograms for other nucleotides and structural conditions were fit 

in the same way (not shown).  (B) Characteristic EB1-GFP dwell times as determined 

from the exponential fit, shown for control and disrupted pools in GDP (cyan, teal), 

GMPCPP (magenta, purple) and GTPγS (orange, brown) microtubules. Error-bars show 

the 95% confidence interval for the dwell-time fit parameter. In all cases, the disrupted-

structure microtubules had a slight but significant decrease in the dwell-times for EB1-

GFP as compared to the control microtubules, as would be expected with an increase in 

the proportion of binding sites with fewer than the full complement of four tubulin binding 

partners at edges. All microtubule types had characteristic dwell times on the order of a 

10-25 ms, which is in agreement with previous findings that EB1 has a very short dwell 

time at microtubule ends.  (C) Full histogram of control GDP microtubules as shown in 

panel A, but including the longer-dwell time bins. Inset shows dwell time histogram from 

80 ms to 500 ms. At this scale it becomes apparent that the single exponential fit (the 

fitting of which did include the longer dwell time data points) does not reproduce to 

frequency of dwell times >100ms.  (D) Same histogram as in panel C, but fitted with the 

sum of two exponential curves. The first curve (green line) maintains a characteristic 

dwell time that is the approximately the same as the initial fitting from panel A, ~15 ms. 

The second curve (blue line) has a much longer characteristic dwell time (~150 ms) and 

a much smaller Y intercept. The sum of these two curves (red line) very closely matches 

the observed distribution and does reproduce the subpopulation of longer dwell-time 

binding events. This finding matches well with our hypothesis and model that EB1’s low 

dwell time is due largely to binding events at microtubule edges, which have fewer 

binding partners and are thus more likely to rapidly dissociate, whereas binding events 

at full lattice sites are proportionally less common, but would be more stably bound when 

they do occur. (E-G) Normalized on-rate values for EB1-GFP for the six different 

microtubule conditions. In each case, the data is normalized to the mean control 

population on-rate value. (H) Calculated dissociation constant (Kd) values for the six 

pools of microtubules. Despite the very similar dwell times for all six pools, the 

differences in on-rate leads to Kd values that decrease from GDP to GMPCPP to GTPγS 

microtubules, and with each disrupted pool having a lower Kd than in the control pool.  
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Figure 4.S3:  EB1 Tip Localization: Simulated Images and Analysis. (A) Simulated 

image and corresponding graphical representation of a microtubule (red) with EB1-GFP 

at its end (green). The microtubule is relatively blunt, with only a moderate taper at the 

microtubule plus-end (at the right of simulated image and associated schematic). EB1-

GFP is localized at the microtubule plus-end via two rules: (1) the EB1-GFP is 

distribution decreases exponentially away from the tip, starting at the first complete layer 
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of tubulin subunits, and (2) the 2-tubulin “protofilament edge” sites are fully occupied by 

EB1-GFP.  Locations with 2-tubulin edge sites are noted with blue arrows. The longest 

two protofilaments (1 and 13) are not assigned edge sites to account for a closed tube. 

(B) Simulated image and corresponding graphical representation of a microtubule (red) 

with EB1-GFP at its end (green). The microtubule is tapered at the microtubule plus-end 

(at the right of simulated image and associated schematic). EB1-GFP distribution rules 

are as described in (A). (C) Super-averaged line scan data from 36 simulated 

microtubules with varying degrees of tip taper. Similar to previous reports(Maurer et al., 

2014), the peak in EB1-GFP appears to be slightly penultimate to the microtubule end, 

suggesting that binding to protofilament edges may not significantly bias the observed 

EB1-GFP fluorescence distribution at the microtubule plus-end.  
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Chapter 5: Summary and Conclusion 

 

While microtubules have been the subject of intense investigation over the past 

fifty years, many important questions remain. By combining multiple microscopy 

techniques with quantitative analysis and mechanistic computational simulations, 

new discoveries are being made about microtubules and interactions with 

associated proteins.   

 

 In chapter 2, fluorescence microscopy experiments and microtubule dynamics 

simulations revealed that TPX2’s previously discovered role as a microtubule 

nucleator resulted in indirect regulation of microtubule growth rate, and direct 

regulation of the shortening rate. This change likely occurred through stabilization 

of tubulin-tubulin bonds via binding of both TPX2’s microtubule binding domains, 

slowing both the association and dissociation kinetics of tubulin to the 

microtubule end. This behavior defies the conventional patterns for both 

microtubule growth promotors (faster association, slower dissociation) and 

microtubule growth inhibitors (slower association, faster dissociation) and would 

be more aptly characterized as a stabilizer. The observed effects were 

recapitulated in a computational simulation that demonstrated such effects could 

arise from a very small stabilization factor, four-fold smaller than the native bond 

strength between two tubulin dimers. The simulation also predicted that TPX2’s 

effect of indirectly suppressing the on-rate could be negated by a growth 

promoter, such that a microtubule could maintain growth in a pro-nucleation 

environment. This synergistic effect was observed for TPX2 and XMAP215 

(Roostalu et al., 2015). 

 

In Chapter 3, a method was detailed for the manipulation of microtubule 

substructure and lattice integrity. Specifically, this work focused on the frequency 

of lattice defects and sheet-like regions. Through temperature and concentration 
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control, and while maintaining consistent microtubule nucleotide chemical 

composition, a population of microtubules could be shifted towards either a more 

intact or a more disrupted structural state. This was verified both via direct 

imaging using transmission electron microscopy and indirectly, via quantification 

of defect repair using two-color fluorescence microscopy. The described 

microtubule manipulation methods and quantification strategies facilitate many 

possible future investigations. 

 

One such investigation, as described in Chapter 4, capitalized on disparate 

microtubule structural conditions to dissect the relationship between EB1 and 

microtubule structure. It was found that EB1 preferentially binds microtubules 

with more structural defects. Intensity correlations on sub-microtubule regions 

revealed that EB1 was more likely to bind at sites with incomplete lattice, and 

simulations revealed a probable mechanism for this behavior: the binding site for 

EB1, being located at a pocket interface between four tubulin dimers, has 

increased accessibility and lower steric hindrance when at protofilament ends or 

edges, such as those found at defects and sheets. The simulations predict that 

this would yield increased on-rates to exposed sites at structural defects. This 

prediction was corroborated experimentally through the observation of higher 

average on-rates in pools of microtubules with more defects. This activity likely 

contributes to the previously observed rapid kinetics of EB1 at microtubule ends 

(Morrison et al., 1999; Seetapun et al., 2012a; Zanic et al., 2009) and allows for 

increased flux of EB1 to end-proximal binding sites.  

 

Together, these investigations reveal the importance of small-scale details that 

regulate microtubule-protein interactions. It would appear that the kinetics play a 

critical role in the normal function of both the microtubule and its associated 

proteins, and that the direction of regulation can go both ways. TPX2 stabilized 

tubulin-tubulin interactions, thus reducing the off-rate of microtubule subunits and 

altering the behavior of microtubules to the extent of reducing growth rates below 
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any previously measured rate. On the other hand, the local structure of the 

microtubule was shown to modulate EB1 kinetics by as much as two orders of 

magnitude, resulting in significant changes the levels of EB1 binding.  

 

The cumulative results of Chapter 3 and Chapter 4 specifically indicate the need 

for careful consideration of the microtubule preparation protocol when examining 

the behavior of microtubule associated proteins. Not only are there the inherent 

differences between nucleotide compositions of microtubules, but the structure of 

the microtubules is noticeably varied between nucleotides conditions, specifically 

GTPS-bound microtubules, which have a very high incidence of sheets and 

defects. Furthermore, changes to the growth protocols as simple as the storage 

temperature and the initial concentration of tubulin during growth appear to have 

downstream consequences on the state of the microtubules. In previous works 

throughout the field, the storage temperature of microtubules has been a non-

consideration when interpreting the associated results, with different labs using 

different conditions, and coming to different conclusions about the same protein. 

While this frequently occurs across all of cell biology, that the “same” 

experiments yield varying results, this is perhaps an opportunity to remove or 

control for some of the underlying variability in microtubule experimentation 

through careful consideration of growth and storage conditions when planning for 

or interpreting data from in-vitro experiments.   
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Appendix A: Analysis code user manuals 
 
This appendix contains user manuals for the analysis code created in Chapter 3 to 
facilitate simple and rapid analysis of microtubule images. 
 

Microtubule Statistics: ‘GenerateStats’ 
 

Description and uses: 
A user-interface program that allows for user guided automatic detection of 
microtubules in an image series and takes a variety of measurements of the 
microtubule and green channel, including microtubule area, average intensity, 
green fluorescence area and intensities and more. The program expects an 
image stack (tif) and then performs some image flattening and light de-noising 
before presenting the image to the user. The automatic detection can be tuned 
using two threshold sliders and individual microtubules can be manually excluded 
from consideration if deemed necessary.  
 

Important Notes: 
By default the code performs a stack-median filter in order to determine the 
illumination profile and “flatten” the image to account for non-uniform illumination. 
This technique requires that the images come in a stack of many images or the 
median filter will not function accurately. I recommend 100 or more images (more 
always equals better here). If fewer are used, you may begin to see artifacts, and 
my testing shows that anything less than 25 images in the stack almost 
guarantees artifacting. This processing step can be substituted for another if 
analysis of few or individual images is required. 
 
 

Instructions: 
 
Microtubule selection and measurements:  
• This code is found in the ‘GenerateStats’ folder.  
• Open ‘AutoStatsForGreenOnMTWithCorrelation.m’ in Matlab. (not the .fig file) 

• There is also a 1-color (‘…ForRedMtsOnly’) and 3-color (‘…3Color…’) 
version. 
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• Run the file (Green arrow in the editor tab), and you should see a window 
appear like this:  

• If this is your first time using the program, click ‘File’->’Preferences’ to open the 
default preferences window:  

• Click ‘Browse’ and select your folder 
on the shared drive to set the 
default browse location for the 
future. You can set it to your 
specific experiment folder if you 
would like.  

• There is no need to change any of 
the other settings, unless your 
data was gathered using the 
projection lens, then you should 
check the ‘Adjust for Projection 
Lens’ box.  

• When you are done, click ‘Save 
Defaults’.  

• Now from the main window, you can 
click browse and select the tif image stack that you would like to analyze 
(must be a tif image stack/series, so the files need to be converted in 
advance, you can use FIJI) 
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• Once the file is selected you will have to press ‘Load’ to begin the loading and 
pre-processing step. During this time the stack median filter is calculated, so 
this step may take some time (30-60seconds on a desktop).  

• Once the image has loaded and been process, you should see your image on 
the left and the detected microtubules on the right, similar to this:  

• The program attempts to automatically determine the best brightness and 
contrast to allow for viewing very dim associated protein signals. There is not 
currently a way to adjust this if it is wrong, and I recommend having your 
image up in FIJI on the side if you need to look at a view with different 
brightness/contrast.  

• There are two threshold modes for determining the extent of microtubules and 
the green signal. By default it uses a fraction of the maximum brightness. 
However, I have found that using this results in more changes needed from 
image to image. Press ‘Switch Mode’ to change to the absolute intensity 
mode (instead of relative to maximum in that image). The numbers under the 
sliders should change to be large numbers, see example 
image. Using this mode will reduce the number of threshold 
changes that need to be made when analyzing the next 
image in the stack.   

• At this point, the thresholds should be adjusted to best match the detections to 
the actual microtubules and green-signal. I recommend starting with the red 
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threshold, and raising or lowering the red microtubule threshold until the 
microtubule detections on the right most closely match the actual 
microtubules from the image on the left. Increasing the threshold tightens the 
constraints and effectively shortens the detections (and may split them if too 
high or there is a particularly dim area of the microtubule).  

• Next, raise or lower the green threshold (usually lower) until the microtubules 
appear hollow with only the areas with green signal being filled-in, see below 
example.  

• My preferred method for making sure this is accurate is to find the dimmest 
green region that I can confidently claim is due to signal and not noise. I then 
lower the green threshold until the microtubule selections are entirely hollow, 
then slowly raise the threshold until that very dim green signal appears in the 
selection. I then may fine tune it to make sure the size is appropriate and 
verify with a few other signal spots. 

• It is important to set the green threshold based on a dim spot, with the 
brightness/contrast such that you can easily see the background noise for 
reference. Setting the threshold with scaled out brightness/contrast (such 
that background is essentially black and you can’t see the noise) will result in 
under-sampling the large incorporations/associations and missing small ones 
altogether.  

• After the red and green thresholds have been adjusted satisfactorily, it is time 
to manually deselect any false-positive microtubule selections. This should 
be done for anything the program detects as a microtubule but is not 
(occaisionally it picks up aggregate signals as microtubules) or any 
microtubules you would like to disqualify for your purposes (example: if you 
don’t want to include any microtubules that cross over the image border, or 
microtubules that cross each other, or microtubules smaller than a certain 
size etc…).  

• To deselect a microtubule, simply click on that microtubule in the right-side 
selection image. It should turn RED to indicate it will not be analyzed. 
Clicking it again will toggle it back to an active 
state (green). If you wish to remove all 
detected microtubules from the analysis, you 
can press the ‘Remove All’ button.  

• Once you have the thresholds correct, and any microtubule deselected that 
you want, you are ready for the program to perform all the measurements. 
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Press ‘Calculate’ at the top middle. It will take a few seconds to measure and 
save the results. Once it is done, it will load the next image of the stack, and 
a status text will appear above the ‘Calculate’ button saying ‘Frame X Stats 
Saved’. 

 
• If you analyze all of the images in a stack, the status text will display ‘Images 

Saved, End of file’ and all the buttons except ‘Browse’ will be disable until 
you load a new image stack. 

 
• If you don’t finish analyzing the full stack of images before you need to stop, 

you can exit the program and come back to where you left off later. To do 
this you will need to know the frame number of the image you have just 
finished analyzing, so write it down before you quit.  

• To return to a specific frame without re-analyzing all the prior images, first 
browse for and load the desired image stack. Once the image has loaded, 
press the ‘Skip to…’ button, which will open a dialogue window: 

• You may enter the frame number for the red channel on a channel count 
basis, which would mean the red channel is an odd number frame. Or you 
can enter the image count frame in the lower box. So if you had left off with 
the status text saying ‘Frame 15 Stats Saved’, you would put ‘17’ into the top 
box and push ‘OK’. If you hadn’t written it down, but used FIJI to find which 
image you last remembered, and saw that it was number 8, you would put ‘8’ 
into the lower box and push OK. Both of these would take you to the same 
image.  

• When you have analyzed images from a stack, two folders will be created in 
the folder with the images, one is ‘_DataSavesFor_ImageNameHere’, and 
the other is ‘_IntensityDataFor_ImageNameHere’. DO NOT RENAME THE 
FOLDERS OR THE CONTENTS! The next step of the analysis process 
depends on the format of the names to find and combine all the data files 
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from your analysis. After analysis you folder will look like: 

  
• Notes on changing the image flattening process: 

• If you want to turn off stack-median filtering, and change to a per-image 
filtering method (Gaussian smoothing) you can do so by changing line 66 
from ‘handles.useStackMedian = true;’ to ‘handles.useStackMedian = 
false;’.  

• This is not recommended, but may be necessary if your image stack has 
fewer than 25-50 images. If you feel it is necessary, try both to see which 
looks better. Be sure to change it back to ‘true’ when you are done with that 
image set.  

 
Data Analysis:  
• Now that you have processed your images and have data files, it is time to 

analyze all of that data. 
• There are two different sets of analysis code, one for the general data in 

‘_DataSavesFor_...’ folders, and one for intensity correlation data from 
‘_IntensityDataFor_...’ folders. 

• First, the general data analysis. (though you can do them in whichever order 
you want).  

• From the ‘GenerateStats’ folder you copied earlier, open the ‘DataFinder.m’ 
script.  

• If this is the first time using this code, you will need to change the master 
output folder to somewhere on your folder of the shared drive. Change the 
variable ‘masterPath’, on line 69, to the filepath you would like to use (as a 
string, so it will be in single quotes). The path for my master output folder is 
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shown below: 

 
• You will need to change the ‘searchDirs’ variable on line 5 to the file path for 

the folder or folders you would like included in your analysis: 

 
• If you would like to include multiple folders, you can either set the path to be 

one level higher than the folder you would like (this code will search all 
folders and subfolders of the directory), or you can list multiple folders to 
search using the semi-colon separated format {‘folderPath1’;’folderPath2’}; 

• Once you have set the search directories, press ‘Run’ to execute the script. 
The script will search through the listed search directories for any folders 
starting with ‘_DataSavesFor_’ and add all of the included data files into one 
master file in the master output directory. 

• The first time a data folder is processed, you will be prompted to enter 
identifying conditions 
about the experiment. 
The code attempts to 
automatically detect the 
correct conditions from 
the file name, but you 
will likely have to 
manually enter some 
conditions, especially if 
you do not follow the 
same experiment 
filename formatting as I 
do. The window will 
look something like 
this:  

• There are four conditions that need to be filled in. You will need to be 
consistent with your naming scheme to avoid headache later. You can ignore 
conditions that you aren’t testing, or repurpose those fields for conditions you 
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are testing (for example, putting ‘WT’ and ‘Mutant123’ in the ‘Structure 
State:’ field, so long as you remember or write this down for later.  

• When you have entered the conditions you need, press ‘OK’. Because the 
future analysis script depends on these conditions, pushing cancel will abort 
the whole ‘DataFinder’ script.  

• Once the script finishes running (the Matlab command window will say 
‘Elapsed time is XXX seconds.’)  you are ready to move on to the analysis 
script. To verify, you can check your master output directory for a file with 
today’s date. 

• Now you should open the ‘StatsDataAnalyzer.m’ script. This script takes 
the master output from ‘DataFinder’, sorts data based on the desired 
condition, calculates additional properties from the measurements and 
creates output graphs and variables 

• If this is the first time using this code, you will need to change the 
‘masterPath’ variable on line 4 to match the ‘masterPath’ from line 69 of 
‘DataFinder.m’. 

 
• Next you will need to tell the script which tags (conditions) it should analyze 

and how they should be split up.  
• First there are the analyzeTags (line 18-21). These tags tell the script to only 

include data which match the listed tags. You should only list one tag for 
each condition, as nothing will have both tags for a condition (ie no 
experiment will have both the GDP and GMPCPP tag) 

 
• Next are the splitByTags (line 24-27). These tags determine how the data 

which matched to conditions from analyzeTags will be split. Example: if GDP 
was selected in analyzeTags, and splitByTags had the structure listing 
‘Intact’ and ‘Ragged’, then the GDP data will be split into either the Intact or 
Ragged categories and each will get its own portion of the graphs later. You 
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should only have one condition filled for the splitByTags, with two or more 
tags for that condition. Example: Leave all except the ‘structure’ condition 
blank (nothing between the curly braces) and in ‘structure’, have two or more 
conditions: {'Intact','Ragged'}. 

• Finally, there are the discludeByTags (line 29-32). These exclude the listed 
tags from being analyzed that otherwise would be part of the data based on 
the analyzeTags and splitByTags. For example, I did not want to include my 
storage condition when I used 1/5X or 5X the standard concentration:  

• There is also an option to randomly subsample one of the data sets if desired 
(lines 34-35). By default, no subsampling is performed (subsampleSplitType 
= []). 

•  If you would like to subsample one of the split conditions, you can list its 
condition and index number in the square bracket and how many you would 
like to sample by. The condition and index number are determined as 
follows: 

• The condition number is in the order the conditions are listed  for 
the tags (nucleotide = 1, day = 2, structure = 3, storage = 4). 

• The index number is the tag number in the list provided to 
splitByTags. 

• Thus, if you want to subsample the ragged structure condition from the 
example images above, the condition number is 3 (for structure) and the index 
is 2 ( Ragged is #2 in the {‘Intact’,’Ragged’} list). So subsampleSplitType 
should be [3,2].  

• By default, only the fraction of red covered by green (Repair fraction from the 
microtubule structure paper) is plotted. If you would like to activate some of the 
other plotting methods, you can change the plot booleans from false to true on 
any of lines 6-11 for the various plotting options. 
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• If you want to plot something that is not listed, or simply to do your own plots in 
excel, you  can get the data for a specific split-group by the following method: 

• Use the command eachData(splitTypes{C,I}); will create a 
variable with all the recorded data for the designated split type, where 
the ‘C’ and ‘I’ follow the pattern as described for the subsampling index. 
3,2 would be the structure category, 2nd tag.  

• Type a command into the script to create a variable of your choosing 
(for example: allRaggedData = eachData(splitTypes{3,2});. For 
simplicity I recommend adding it in the space at line 42. Then you will need to 
add that variable name (‘allRaggedData’ for this example) to what is currently 
at line 163, in the list of ‘variablesToAssign’. This function and the next add the 
listed variables to the Matlab workspace for you to access (otherwise they are 
only available inside the function and require breakpoints to access). You can 
then copy that variable from Matlab to Excel.  

• This completes the general data analysis section, now we will go over 
analyzing the intensity correlation data, which is a very similar process.  

• From the ‘GenerateStats’ folder you copied earlier, open the 
‘DataFinderForIntensityCorrelation.m’ script.  

• If this is the first time using this code, you will need to change the master 
output folder to somewhere on your folder of the shared drive. Change the 
variable ‘masterPath’, on line 58, to the filepath you would like to use (as a 
string, so it will be in single quotes). The path for my master output folder is 
shown below: 

 
• You will need to change the ‘searchDirs’ variable on line 5 to the file path for 

the folder or folders you would like included in your analysis: 

 
• If you would like to include multiple folders, you can either set the path to be 

one level higher than the folder you would like (this code will search all 
folders and subfolders of the directory), or you can list multiple folders to 
search using the semi-colon separated format {‘folderPath1’;’folderPath2’}; 

• Once you have set the search directories, press ‘Run’ to execute the script. 
The script will search through the listed search directories for any folders 
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starting with ‘_IntensityDataFor_’ and add all of the included data files into 
one master file in the master output directory. 

• The first time a data folder is processed, you will be prompted to enter 
identifying conditions about the experiment. The code attempts to 
automatically detect the correct conditions from the file name, but you will 
likely have to manually enter some conditions, especially if you do not follow 
the same experiment filename formatting as I do. The window will look 
something the same as for this step using the general ‘dataFinder’.  

• There are four conditions that need to be filled in. You will need to be 
consistent with your naming scheme to avoid headache later. You can ignore 
conditions that you aren’t testing, or repurpose those fields for conditions you 
are testing (for example, putting ‘WT’ and ‘Mutant123’ in the ‘Structure 
State:’ field, so long as you remember or write this down for later.  

• When you have entered the conditions you need, press ‘OK’. Because the 
future analysis script depends on these conditions, pushing cancel will abort 
the whole ‘DataFinder’ script.  

• Once the script finishes running (the Matlab command window will say 
‘Elapsed time is XXX seconds.’)  you are ready to move on to the analysis 
script. To verify, you can check your master output directory for a file with 
today’s date. 

• Now you should open the ‘StatsDataAnalyzerForIntensityCorrelation.m’ 
script. This script takes the master output from 
‘DataFinderForIntensityCorrelation’, sorts data based on the desired 
condition, calculates additional properties from the measurements and 
creates output graphs and variables 

• If this is the first time using this code, you will need to change the 
‘masterPath’ variable on line 4 to match the ‘masterPath’ from line 58 of 
‘DataFinderForIntensityCorrelation.m’. 

 
• This code is similar in use to the ‘StatsDataAnalyzer.m’ code. For instructions 

concerning condition tags (‘analyzeTags’, ’splitByTags’, and ‘discludeByTags’), 
or for random subsampling, please see the previous above description.  

• This code includes some additional functionality. You can change which fields 
are being correlated in what order by using the variable ‘correlateFields’ on 
line 20. The current example means that ‘red’ intensity will be on the x-axis, 
and ‘green’ intensity will be on the y axis. If you performed the 3-color analysis, 
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‘blue’ is also an option, but correlate fields should be limited to 2 values, for x 
and y. 

 
• There is also the option to trim the data before plotting. I have used this to 

exclude data from high  intensities corresponding to overlapping microtubules, 
and low intensities at background level: 

 
• First you will need to select which fields of the data structure you wish to trim, 

it is probably best to do one at a time, as they will likely not need the same 
trimming, if any at all. The field options are: 
• fullMtInt : intensities from the full microtubule area 
• thinMtInt : intensities from the microtubule centerline (1px thick) 
• fullOverlapInt : intensities from regions which are green-positive 
• thinOverlapInt : intensities from regions which are green-positive and 

overlap the microtubule centerline 
• fullCentMaskedOverlapInt : intensities from green-positive regions whose 

centroid is inside the microtubule area 
• thinCentMaskedOverlapInt : intensities from green-positive regions whose 

centroid is inside the microtubule area, and only the parts overlapping the 
microtubule centerline 

• ‘xTrim’ and ‘yTrim’ are the min and max intensity values beyond which the 
data should be trimmed. Leave as an empty square brackets [] if no trimming 
is desired. 

• By default, only the thin microtubule correlation is plotted, but the other data 
field plots can be turned on in lines 5-10. These options correspond, in order, 
to the fields listed just above. 

 
• Also by default, (and when plotting for thinMTCorrelation), three plots are 

created; 
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• 1. A scatterplot of the paired red and green intensity values. 
• 2. A multi-histogram of number of points for given intensity thresholds 
• 3. A probability/frequency plot for the fraction of points that are above a 

given threshold.  
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TEM Analysis: ‘EmAnalyzer’ 
 

Description and uses: 
A user-interface program that allows for tracing of microtubules from electron 
microscopy images. The traces are subsequently automatically refined to match 
the microtubule more closely and correct any user error in the tracing, and then 
various properties of the microtubules are recorded, including length, width 
variance, and curvature as the most useful.  
 

Important Notes: 
The tracing program also allows for sequential clicking of points of interest 
(originally individual protofilament traces), but the analysis of this specific portion 
of the data is not implemented, so there is no need to use that part until someone 
wants to add that functionality. For this reason I will not cover that portion of the 
tracing program and will only go over how to do the microtubule edge traces.  
 

Instructions: 
 
Microtubule edge tracing:  
• This code is found in the ‘EmAnalyzer’ folder.  
• Open ‘EmAnalyzerV2.m’ in 

Matlab.  
• First you will need to set which 

folder contains your current 
TEM images to be analyzed. Do 
this by changing the variable 
‘lookInFIle’ on line 7 to your 
folder path (example: ‘S:\Lab-
klei0091\YourFolderPath\*.tif) 

• The ’\*.tif’ should be at the end. 
• Run the file (Green arrow in the 

editor tab), and you will be 
prompted to select a tif image 
from your folder.  

• Once you do, you should see a 
window containing your image 
with prompts at the top, like this: 
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• To start tracing microtubules, follow the prompt for TraceEdge (push Ctrl-T). 
• Pick a microtubule, and click on a start point for one of the microtubule edges 

(could be at the edge of the screen). As you move the mouse away, you 
should see a cyan line following your cursor, anchored where you first 
clicked.  

• Move the mouse a small distance from your first click and aligned such that 
the cyan line matches with the edge of the microtubule. Click again to anchor 
the line segment at that point.  

• Repeat with small steps until the 
whole microtubule edge has been 
traced.  

• Important: If two microtubules 
cross, as shown in the example 
image, do not click to place one of 
anchor points in the crossover 
area, place anchor points on 
either side. Clicking in the middle 
will likely confuse the automated 
refinement process that occurs 
later.  

• Once you click at the opposite end, 
follow the prompt for ‘Next Edge’ (push Enter).  

• Repeat along the opposite side of the microtubule, this time the line will be 
magenta, to help make sure that you keep the two sides paired as part of the 
same microtubule. Always finish analyzing one microtubule before moving 
on to the next, otherwise the edge pairs won’t match up how you want them 
to.  

• If you make a mistake, as in the middle example image above, you can press 
backspace at any time to  undo your most actions (as many as necessary). 
Then you may continue clicking to place anchor points for the line.  

• Once both sides of the microtubule are completed (last anchor for the magenta 
line) press ‘Enter’ again to move on to the next microtubule. The line color 
will switch back to cyan so you know that you are on the first edge line for a 
microtubule.  

• Repeat until all microtubules are traced.  
• Press ‘Esc’ to exit the tracing portion of the program, which saves the current 

traces. You may now close the program.  
 
Data Analysis:  
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• Now that you have processed your images and have data files, it is time to 
analyze all of that data. 

• From the ‘EmAnalyzer folder you copied earlier, open the ‘EmDataFinder.m’ 
script. 

•  If this is the first time using this code, you will need to change the 
master output folder to somewhere on your folder of the shared drive. 
Change the variable ‘dirStr’, on line 9, to the filepath you would like to use 
(as a string, so it will be in single quotes). The path for my master output 
folder is shown below: 

 
• Next, you will need to change the ‘searchDirs’ variable on line 6 to the file path 

for the folder would like included in your analysis: 

 
• For this analysis, in contrast to the Microtubule Stats analysis described 

above, you should only have one folder and one condition analyzed at a 
time, as the analysis code doesn’t have the splitting code the other analysis 
code does.  

• Once you have set the search director, press ‘Run’ to execute the script. The 
script will add all of the relevant data files into one master file in the master 
output directory. 

• Once the script finishes running, it is time to run the automated refinement and 
measurements.  

• If this is the first time running the analysis for this set of images, I recommend 
first running the preprocessing script which will perform the edge-detection.  
Open ‘edgeDetectPreAnalyzer.m’. Provide it with the same ‘searchDir’ folder 
path (on line 3) as you did for ‘EmDataFinder.m’. Then press run. This will 
run for a long time and can be left do to its thing for a while. This benefit of 
doing this will be explained in a few steps.  

• Now open ‘EmDataAnalyzerV7.m’.  
• If this is the first time using this code, you will need to change the ‘dirStr’ 

variable on line 27 to match the master output path ‘dirStr’ variable that you 
set for EmDataFinder on line 9.  

• Push run to run the refinement and analysis. At this point the code will go 
through all the data from the master file you created just previously, and 
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perform the refinements. Part of the refinement process depends on having 
a map of where the edges are, which requires an intensive process of edge-
filtering. The preprocessing step described above performs and saves all the 
edge-filtering in advance to speed up this process. The reason this is 
important is that during the refinement, the code will periodically ask for user 
input if the refinement fit is low and uncertain. Because of this you will need 
to sit at the computer while the refinement runs in case it needs user input. 
By preprocessing, the time you have to spend waiting for it in-case it needs 
you is very much reduced.  

• If an uncertain refinement is encountered, a popup window will appear, 
showing the general area around the refinement point on the left, and a 
zoomed view on the right:  

• The red circle indicates the original user’s click when tracing the microtubule. 
The green circle indicates the refinements best guess at where the 
microtubule’s edge is. This window usually only pops up when the user 
clicked too far away from the edge, or the click was in an overlapped region 
of microtubules, leading to the edge being outside the refinement’s search 
range. It may also happen if the signal to noise ratio is low and the edges 
don’t come through strongly.  

• If the green circle is a good refinement to the edge, you may press any key on 
the keyboard to accept the automated refinement.  

• If the green circle is not accurate, as in the above example, click on the edge , 
in either of the zoomed or un-zoomed panels to override the refinement with 
the new point you selected. 
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• Note: the cyan line shows the closest up and downstream anchor-points as a 
guide for which microtubule the point should belong to. In this case we know 
it is the top right microtubule and not the middle one.   

• Once all of the refinements have been completed, with any user input 
necessary, the program will create a variable in the Matlab workspace called 
‘outputTable’. You should copy this into excel to create any graphs you need.  

• Note: By default, once an image has been refined, the adjusted anchor points 
are saved and will be reused if the code is run again. If instead you wish to 
repeat the refinement, you can turn on the variable 
‘forceRecalculateAdjustments’ to override the saved refinements. Do this by 
setting the value to ‘true’ on line 18.  

• Note: You also have the option of calculating the outputs without any 
refinement. To do this, change the value of ‘adjustPointsToEdges’ on line 25, 
from ‘true’ to ‘false’. Remember to revert the value if you want to turn 
refinement back on at a later time. 

 
 

 


