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Preface 

 

Prolonged period of muscle disuse circumstances such as limb immobilization 

and bedrest are associated with loss of skeletal muscle mass and function (Kandarian et 

al., 2006). This disuse-induced skeletal muscle atrophy has an important clinical 

implication to the elderly population because it is directly related to increased mortality 

and a decreased quality of life (Christensen et al., 1982). In the elderly population, age-

dependent muscle loss is a serious health threat known as sarcopenia (Rosenberg, 1997). 

Thus, the elderly population is much vulnerable to the muscle disuse atrophy. 

Furthermore, age-related muscle loss leads to increased incidence of falls and fractures 

(Mithal et al., 2012). Epidemiological evidences report that hip fractures can lead to 

serious mobility impairment and thus have a strong correlation with mortality (Kim et al., 

2012; Cornwall et al., 2004). Indeed, 34% of elderly hip fracture patients dying within 1 

year of surgery and this possibility increases with age (Holt et al., 2012). Therefore, 

enhancing our understanding of the underlying mechanisms for skeletal muscle atrophy 

in elderly population is vital in order to develop prevention and therapeutic treatments to 

these problems. 

Mitochondrial dysfunction with advanced age plays an important role in 

sarcopenia due to its critical roles including ATP production, redox homeostasis as well 

as apoptosis (Handchin & Spiegelman, 2008). In the past decade, the peroxisome 

proliferator-activated receptor-ɤ coactivator-1α (PGC-1α) and sirtuins (SIRTs) emerged 

as key regulators for transcriptional and/or post-translational modifications, which are 

involved in mitochondrial biogenesis, dynamics, antioxidant defense system as well as 

mitophagy (Kim et al., 2017). PGC-1α activates mitochondrial biogenesis via 
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coactivating nuclear-encoded mitochondrial protein transcription factors, and stimulates 

replication of mitochondrial DNA (mtDNA) (Lin et al., 2005). PGC-1α also has a 

regulatory mechanism for the expression of antioxidant enzymes such as SOD2, Catalase, 

and GPx1 (Wenz et al., 2009). In addition, recent studies have shown that PGC-1α is 

highly involved in mitochondrial fusion/fission and mitophagy machinery to maintain 

mitochondrial homeostasis, through interacting with mitochondrial fusion proteins 

(Mfn1/2 and Opa-1) and FoxO transcription factors (Sakellariou et al., 2016).  

SIRTs are NAD+-dependent protein deacetylases that, along with GCN5, plays a 

major role in controlling acetylation/deacetylation status of important intracellular 

proteins (Blander and Guarente, 2002). For example, deacetylation activity of SIRT1 is 

required for PGC-1α mediated mitochondrial biogenesis in skeletal muscles (Lagouge et 

al., 2006). Activity of NFkB and FoxO transcription factors, the key controllers for pro-

inflammatory cytokine expression and mitophagy, are also regulated by SIRTs (Yeung et 

al 2004; Kawahara et al., 2009). SIRTs can also activates certain mitochondrial 

antioxidant enzymes (such as SOD2), enzymes in the TCA cycle and ETC via protein 

deacetylation resulting in enhancing mitochondrial oxidative phosphorylation (Lombard 

et al., 2007). Several experimental procedures have been utilized to boost PGC-1α and/or 

SIRTs activities to improve mitochondrial function and antioxidant capacity in various 

age-related diseases, such as neurodegenerative diseases, chronic inflammation, type 2 

diabetes, and cardio vascular diseases (Rodgers et al., 2008; Wenz, 2011). 

Overexpression of PGC-1α and/or SIRTs is intended to ameliorate mitochondrial 

dysregulation and protein breakdown in aged skeletal muscles. Currently, however, direct 

evidences in the role of PGC-1α and SIRTs on aged muscles are limited. Therefore, this 
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dissertation aims to investigate the impact of PGC-1α and SIRTs on skeletal muscle under 

two pathophysiological conditions, immobilization and aging. The work will focus on 

muscle mitochondrial quality control by investigating mitochondrial biogenesis, fusion 

and fission dynamics, mitophagy and oxidative capacity.   

The dissertation consists of three studies. The first study investigated the effect of 

muscle immobilization on mitochondrial fission/fusion and mitophagy in mice. The 

second study investigated the effect of PGC-1α overexpression on mitochondrial 

homeostasis in aged skeletal muscle in mice. The third study elucidated the impact of 

protein acetylation during aging in skeletal and cardiac muscles and the role of SIRTs and 

NAD+, the limiting factor of protein deacetylation. 
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STUDY 1 

Effect of muscle IM on mitophagy and mitochondrial dynamics in mice 

Summary 

Skeletal muscle atrophy following prolonged immobilization (IM) is a catabolic 

state characterized by increased proteolysis and functional deterioration. Previous 

research indicates that discord of mitochondrial homoeostasis plays a critical role in 

muscle atrophy. We hypothesized that muscle IM would activate the ubiquitin-proteolysis, 

autophagy–lysosome (mitophagy) pathway, mitochondrial dynamics remodeling, and 

apoptosis partially controlled by the FoxO signaling pathway.  

Female FVB/N mice were randomly divided into five groups (n = 8 each): 

control (CON), IM with banding of one of the hindlimbs for 1, 2 and 3 weeks (1w-, 2w- 

and 3w-IM) and 2w-IM followed by 1 week of remobilization (RM).  

Mitochondrial density and DNA copies in tibialis anterior (TA) muscle were 

reduced by approx. 80% (P < 0.05 for 2w-IM; P < 0.01 for 3w-IM), along with activation 

of FoxO3a, atrogin-1 and MuRF1 following 2w- and 3w-IM (P < 0.01). Protein markers 

of autophagy/mitophagy, such as beclin 1 (approx. 2.7-fold; P < 0.01), LC3, ubiquitin-

binding adaptor (approx. 1.47-fold; P < 0.01), Rheb (approx. 1.9-fold; P < 0.05) and 

parkin (approx. 70%; P < 0.05), were all increased by IM and remained activated after 

RM, whereas BNIP3 and PINK1 levels were decreased by IM (P < 0.05), but elevated 

upon RM (P < 0.01). IM decreased Mfn2 expression (approx. 50%; P < 0.01) and 

increased Fis-1 expression (approx. 2.4-fold; P < 0.05). Muscle apoptosis indicator 

Bax/Bcl2 ratio was elevated at 2w- to 3w-IM (approx. 3.7-fold; P < 0.01), whereas 
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caspase-3 activity was five- to sixfold higher (P < 0.01) and remained threefold higher 

above CON (P < 0.05).  

Our data indicate that IM-induced mitochondrial deterioration is associated with 

altered protein expressions in the autophagic/mitophagic pathway, more fragmented 

mitochondrial network and activation of apoptosis partly under the influence of FoxO3 

activation. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



  

3 

 

1. Introduction 

Skeletal muscle immobilization (IM) represents a catabolic state characterized by 

a rapid reduction in muscle mass, fibre size and number, as well as of functional 

deterioration (Jackman & Kandarian 2004; Kandarian & Jackman 2006). IM-induced 

muscle atrophy is attributed to both a decline of protein synthesis and an increase in 

protein degradation, but it is generally believed that the latter plays a predominate role 

(Lecker et al. 1999; Krawiec et al. 2005). Muscle proteolysis is controlled by two ATP-

dependent proteolytic systems in the cell, the ubiquitin-proteasome system and 

autophagy–lysosome system, coordinated primarily by the forkhead box O (FoxO) class 

transcription factors (Sanchez et al. 2014a). The former pathway is known to degrade 

myofibril proteins such as myosin, actin, tropomyosin and troponins, as well as some 

myogenic transcription factors (Bonaldo & Sandri 2013). These proteins are labelled and 

degraded by MAFbx/atrogin-1 and muscle ring finger-1 (MuRF-1), two E3 ubiquitin 

ligases (Bodine et al. 2001; Gomes et al. 2001). Parallel to the above pathway, the 

autophagy–lysosome system targets long lived proteins that are damaged or metabolically 

nonfunctional (Youle & Narendra 2011). Mitophagy is the best known cargo-specific 

autophagic form during which damaged and/or fragmented mitochondria are selectively 

removed (Bonaldo & Sandri 2013). In addition to the above two proteolytic pathways, 

the nonlysomsomal protease calpains and the major apoptotic enzyme caspase-3 were 

recently shown to play a role in IM-induced muscle wasting in rats (Talbert et al. 2013). 

Mitochondrial morphological and functional defects by muscle IM may be 

influenced by rapid changes in cellular energy demand, hormone status and disturbance 

of intracellular redox homoeostasis (Romanello & Sandri 2010). Several recent studies 
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provided evidence that the down-regulation of mitochondrial biogenesis controlled by the 

PGC-1a pathway plays an important role in muscle atrophy (Sandri, Lin, Handschin, 

Yang, Arany, Lecker, Goldberg & Spiegelman 2006; Kang & Ji 2013; Cannavino et al. 

2014). However, the processes related to mitochondrial quality and quantity control, 

fusion and fission dynamics, autophagy (mitophagy) and apoptosis during muscle 

atrophy are still not well understood. During muscle IM, mitochondrial respiratory 

function is suppressed due to decreased inner membrane protein expression, whereas a 

decline of cross-membrane potential (ϫψ) can lead to ROS generation (Chan 2006; Suen 

et al. 2008). Both intracellular energy deficiency and oxidative stress can activate FoxO 

family transcription factors (mainly FoxO3a), the primary regulator of the ubiquitin-

proteolytic pathway (Sanchez et al. 2014a). Interestingly, FoxO1/O3 during muscle 

atrophy promote the expression of mitochondrial E3 ubiquitin protein ligase 1 (Mul1), 

which in turn ubiquitinates and degrades mitochondrial fusion protein-2 (Mfn2) 

(Lokireddy et al. 2012). Furthermore, Mfn1 and Mfn2 are also substrates for E3 ubiquitin 

ligase parkin, a key enzyme of mitophagic pathway (Gegg et al. 2010). Decreased fusion 

and increased fission protein expression can make mitochondria more fragmented and 

easier to be isolated for removal by mitophagy (Green & Van Houten 2011). Thus, 

mitochondrial dynamics is closely linked to its structural and functional integrity. Finally, 

increased mitochondrial oxidative stress and fragmentation are known to enhance the 

expression of pro-apoptotic factors and activation of caspase-3, directly contributing to 

muscle fibre loss and proteolysis (Du et al. 2004).  

In as much as mitochondrial quality and quantity control has been implicated in 

numerous studies of muscle atrophy caused by IM, direct examination on the role of 



  

5 

 

mitophagy during muscle wasting is limited. Furthermore, the pathophysiological 

mechanism that prevents the immobilized muscle from quick recovery during the early 

stage of remobilization (RM) is not understood. In the current study, we employed a 

mouse model to investigate the changes in the protein expression of 

autophagy/mitophagy, mitochondrial dynamics and apoptosis-related markers during 3 

weeks of IM and 1 week of RM. We tested the hypotheses that (i) muscle IM would 

activate the signaling pathways of ubiquitin-proteolysis, autophagy/mitophagy and 

apoptosis in a duration-dependent manner; (ii) the above changes in the IM muscle are 

partially controlled by FoxO3 activation and related to mitochondrial dynamics; and (iii) 

muscle RM would reverse the degradation pathways. 

2. Material and Methods 

Animals, experimental design 

 Female FVB/N mice (age 8–10 weeks; body wt 21–23 g) were housed 

individually in the animal facilities at the University of Minnesota Twin Cities, in 

temperature-controlled rooms (22 °C), on a reverse 12-h light/dark cycle. All animals 

were fed a chow diet and tap water ad libitum. The animal use protocol was approved by 

the University of Minnesota Twin Cities Research Animal Resource Center. Mice were 

randomly divided into five groups (n = 8 each group); (1) control (CON); (2–4) IM with 

banding of one of the hindlimbs for 1, 2 and 3 weeks (1w-, 2wand 3w-IM); and (5) 2 

weeks of IM followed by 1 week of RM with band removed (RM). 

Mouse hindlimb IM 

 Details of mouse hindlimb IM were described previously (Kang & Ji 2013). 
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Briefly, mice were anesthetized with 100 mg/kg ketamine plus 10 mg/kg xylazine via 

intraperitoneal (IP) injection. IM and IMRM mice in this study were immobilized 

wherein one of the hindlimbs was randomly selected to be fixed in knee extension and 

ankle plantarflexion. This was accomplished by cutting a 1.5-mL microtube 

longitudinally and placing the limb between two halves. The two pipette tip halves were 

secured around the limb via medical adhesive bandage. The animals were free to move, 

eat and drink ad libitum. The IM procedure prevented movement of the immobilized leg 

alone. 

Western blot analysis 

 The isolated TA muscle was immediately frozen in liquid nitrogen, and frozen 

muscles were homogenized with a tissue grinder (Tekmar Company, Mason, OH, USA) 

for 15 s in ice-cold buffer (10 mM Tris, pH 7.4, 150 mM NaCl, 0.2% Triton X-100, 2 

mM EDTA and 1 mM PMSF) in the presence of protease inhibitor (Roche Diagostics, 

Risch-Rotkreuz, Switzerland) and phosphatase inhibitor cocktails (Thermo Scientific, 

Waltham, MA, USA). Proteins were separated by SDS-PAGE, transferred to a PVDF 

membrane (Millipore, Billerica, MA, USA) and blocked with 5% of either bovine serum 

albumin or skim milk prior to primary antibody incubation. The following antibodies 

were used for primary antibody incubation: anti-LC3B (ab48394), FoxO3 (ab12162), p-

FoxO3 (sc-101683), pP62 (ab56416), Mfn2 (ab50803), Drp1 (ab54038), OPA1 

(ab42364), PINK1 (ab75487), parkin (ab77924) VDAC1/Porin (ab15895) and a-tubulin 

(ab18251) (all purchased from Abcam, Cambridge, UK); antibeclin 1 (#3495), Bax 

(#2772), Bcl2 (#2876) and BNIP3 (#12396) (all purchased from Cell Signaling, 

Beverly, MA, USA); anti-Fis-1 (sc-98900) antibody purchased from Santa Cruz (Dallas, 
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TX, USA). Following secondary antibody incubation, the membranes were developed by 

using peroxide and ECL PlusTM Western Blotting Detection Reagents (GE Healthcare, 

Little Chalfont, UK) to expose Hyperfilm ECL (GE Healthcare) and analysed using 

IMAGEJ software (version 1.42q; National Institutes of Health, Bethesda, MD, USA). 

RNA extraction and real-time qPCR 

 Total RNA was extracted according to the manufacturer’s instructions (RNeasy® 

Mini Kit; Qiagen, Venlo, Limburg, Netherlands). The RNA quantification and purity 

were estimated by spectrophotometer absorption readings at 260 and 280 nm, and 

complementary DNA was synthesized by SuperScript II Reverse Transcriptase kit 

(Invitrogen, Carlsbad, CA, USA). Atrogin-1, MuRF1, Bax and Bcl2 mRNA levels were 

quantified using SYBR Green analysis with a StepOnePlus Real-Time PCR System 

(Applied Biosystems, Foster city, CA, USA). We used following forward and reverse 

primers for the aforementioned genes: atrogin-1 forward primer, 5'-

GTCGCAGCCAAGAAGAGAAAGA-3'; atrogin-1 reverse primer, 5'-

TGCTATCAGCTCCAACAGCCTT-3'; MuRF1 forward primer, 50-TAACTGCATCTC 

CATGCTGGTG-3'; MuRF1 reverse primer, 5'-TGGCGTAGAGGGTGTCAAACTT-3'; 

Bax forward primer, 5'-CCACCAGCTCTGAACAGATC-3'; Bax reverse primer, 

5'-CAGCTTCTTGGTGGACGCAT-3'; Bcl2 forward primer, 5'-

TGGGATGCCTTTGTGGAACT-3'; Bcl2 reverse primer, 5'-GAGACAGCCAGGAGAA 

ATCA-3'. Gapdh forward primer, 5'-CGTCCCGTAGACAAAATGGT-3'; Gapdh reverse 

primer, 5'-TTGATGGCAACAATCTCCAC-3'. The relative mRNA levels were calculated 

by cycle threshold (Ct) values, which were normalized to the internal control 

glyceraldehyde 3-phosphate dehydrogenase (GAPDH) mRNA. 



  

8 

 

Caspase-3 activity 

Caspase-3 activity was measured according to the manufacturer’s instructions 

(Biovision, Milpitas, CA, USA). Results were expressed as raw fluorescence units per mg 

of cytosolic protein. 

Quantitative analysis of mitochondrial DNA (mtDNA) 

 Tissues were homogenized and divided into two equal amounts. Total DNA was 

first isolated using standard protocols from one portion of the homogenized tissues. Then, 

muscle mitochondria were isolated from the other portion of homogenate (Kang & Ji 

2013). Mitochondria were lysed in the presence of 0.5% SDS and 0.2 mg/mL proteinase 

K in 10 mM Tris-HCl, 0.15 M NaCl and 0.005 M EDTA. mtDNA was then purified by 

DNA purification kit (Qiagen). To quantify the amount of mtDNA present per nuclear 

genome, we used the following primers: mtDNA (NADH dehydrogenase 1; ND1) 

forward primer, CCTATCACCCTTGCCATCAT; mtDNA reverse primer, 

GAGGCTGTTGCTTGTGTGAC; nuclear DNA (Pecame gene on chromosome 6) 

forward primer, ATGGAAAGCCTGCCATCATG; nuclear DNA reverse primer, 

TCCTTGTTGTTCAGCATCAC.  

Quantification of relative copy number differences was carried out using analysis 

of the difference in threshold amplification between mtDNA and nuclear DNA (ΔΔC(t) 

method). The qRT-PCR thermal cycling conditions were 50 °C for 2 min, 95 °C for 10 

min, 40 cycles of 95 °C for 15 s and 60 °C for 1 min. 

Cytochrome-c oxidase activity 

Cytochrome-c oxidase (COX) activity was measured in mitochondria using a kit 
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according to the manufacturer’s protocol (Sigma, St. Louis, MO, USA). Protein 

concentrations of muscle homogenates, extracts and mitochondria were determined using 

the Bradford method (Kang & Ji 2013). 

Statistical analysis 

 Experimental data were expressed as means ± SE, and group comparisons were 

made by one-way ANOVA. The Tukey–Kramer method was used as a post hoc test when 

ANOVA reached significance (P < 0.05). 

3. Results 

 Body weight of mice was not affected by IM and RM regimen; however, TA to 

body weight ratio was decreased by 19.3% (P < 0.05) with 2w-IM and 29% (P < 0.01) 

with 3w-IM vs. Con (Table 1). Muscle IM and RM did not affect basal protein content of 

FOXO3a; however, phosphorylated (p)-FoxO3a was decreased by 38 and 63% in 2w-IM 

(P < 0.05) and 3w-IM (P < 0.01) respectively (Fig. 1a–c). After RM, p-FoxO3a showed a 

2.1-fold increase compared to 3w-IM (P < 0.05), but still below Con level (P < 0.05) (Fig. 

1c). The FoxO3a/p-FoxO3a ratio was increased by 40% in 2w-IM (P < 0.05) and by 2.4- 

fold in 3w-IM (P < 0.01), compared to that of Con (Fig. 1d). Following RM, it was 

reduced to Con level (P < 0.01). 

 Atrogin-1 mRNA level showed a duration-dependent increase by twofold (P < 

0.05), 8.1- (P < 0.01) and 12-fold (P < 0.01) in 1w-, 2w- and 3w-IM respectively (Fig. 1e). 

Although RM dramatically reduced atrogin-1 mRNA level compared to 2w- and 3w-IM 

(P < 0.01), it was still higher than Con (P < 0.05). MuRF-1 mRNA level was increased by 

3.3- to 4.1-fold during week 1–3 of IM (P < 0.01). After RM, it was reduced 70% (P <  
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 Con (n = 8) 1w-IM (n = 8) 2w-IM (n = 8) 3w-IM (n = 8) RM (n = 8) 

Body weight (g) 22.07 ± 3.01 22.7 ± 2.9 23.50 ± 2.25 23.67 ± 3.31 23.60 ± 2.34 

TA/Body wt (mg/g) 1.71 ± 0.025 1.62 ± 0.042 1.38 ± 0.016* 1.22 ± 0.013** 1.52 ± 0.027 

Table 1. Mouse body weight and TA muscle to body weight ratio. IM, immobilization; RM, remobilization; TA, tibialis anterior. All 

values are mean ± SEM; Con, Control; 1w-IM, 1 week of IM; 2w-IM, 2 weeks of IM; 3w-IM, 3 weeks of IM; RM, 1 week of RM 

following 2 weeks of IM. *P < 0.05 vs. Con; **P < 0.01 vs. Con.; one-way ANOVA with Tukey–Kramer’s post hoc test. 
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0.01) and no longer different from Con (Fig. 1f). 

 Mitochondrial density was reduced by 50 and 73% in 2w-IM (P < 0.05) and 3w 

IM (P < 0.01), respectively, vs. Con (Fig. 2a,b). It showed an increase after RM (P < 

0.05), but was still significantly below Con (P < 0.05). An additional mitochondrial 

quantity marker, the mtDNA/nDNA ratio, was decreased by 27, 71 and 78% in 1w (P < 

0.05)-, 2w (P < 0.01)- and 3w-IM (P < 0.01) respectively. RM resulted in a 72% increase 

over the level of 3w-IM (P < 0.05; Fig. 2c), but still showed less than half of CON level. 

Mitochondrial COX activity showed time-dependent decrease by 41, 53 and 79% (P < 

0.01) in 1w-, 2w-and 3w-IM respectively. After RM, COX activity recovered almost 

threefold compared to that of 3w-IM (P < 0.01), but remained below Con level (P < 0.01; 

Fig. 2d). 

 Protein markers in muscle autophagy/mitophagy pathway are presented in Figure 

3. BCL2/adenovirus E1B 19 kDa protein-interacting protein 3 (BNIP3) level was reduced 

during 1–3 weeks of by IM (P < 0.05), but showed a approx. twofold increase upon RM 

(P < 0.01; Fig. 3b). LC3-II/I ratio was increased by 1.6-, 2.4- and 1.4-fold in 1w (P < 

0.01)-, 2w (P < 0.01)- and 3w-IM (P < 0.05) respectively. RM dramatically increased 

LC3-II/I ratio level above Con and all IM groups (P < 0.01) (Fig. 3c). Beclin 1 level was 

increased by approx. 2.7-fold (P < 0.01) during IM of various durations and showed a 

further elevation with RM (P < 0.01; Fig. 3d). The ubiquitin binding adaptor p62 was 

increased by 50–70% (P < 0.05) in all IM groups vs. Con and remained elevated with RM 

(P < 0.05; Fig. 3e). GTP-binding protein Rheb showed a gradual increase over the 3 

weeks of IM and maintained at a high level after RM (P < 0.05; Fig. 3f). 

 To gain more direct information of mitophagy, PINK1 and parkin protein levels 
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Figure 1. Effect of mouse hindlimb immobilization (IM) and remobilization (RM) on FoxO3a and ubiquitin-proteasome pathways. 

IM and RM mice were immobilized wherein one of the hindlimbs was randomly selected to be fixed in knee extension and ankle 

plantarflexion. 1, 2 and 3 weeks (w) of IM, and 1 week of RM following 2w-IM (RM) groups were employed. (a) Representative 
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Western blot images of FoxO3a and phosphorylated (p) form of FoxO3a. (b) Quantification of FoxO3a, (c) p-FoxO3a protein 

expression and (d) FoxO3a/p-FoxO3a ratio. (e) Atrogin-1 and (f) MuRF1 mRNA levels were quantified by qRT-PCR. Values are the 

means ± SEM (n = 6 each group). *P < 0.05 vs. Con; **P < 0.01 vs. Con; †P < 0.05 vs. RM; ‡P < 0.05 vs. RM; one-way ANOVA with 

Tukey–Kramer’s post hoc test. 
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were measured in isolated mitochondria. PINK1 level was unchanged during 1w- and 

2w-IM but decreased by 22% in 3w-IM compared to Con (P < 0.05). RM resulted in a 

1.9- and 2.4-fold increase in PINK1 compared to Con and 3w-IM respectively (P < 0.01; 

Fig. 3g). Parkin level was increased by approx. 70% during the first 2 weeks of IM (P < 

0.05), but showed a reduction at 3w-IM. RM stirred a fivefold increase in parkin 

following 3 weeks of IM (P < 0.01; Fig. 3h). 

 Levels of major mitochondrial fusion and fission proteins are shown in Figure 4. 

Mfn2 content was reduced to 50 and 25% of Con (P < 0.01) at 2w-and 3w-IM 

respectively (Fig. 4b). After RM, it showed a great rise of 3.6-fold compared to 3w-IM 

level (P < 0.01). Opa-1 content was not affected by either IM or RM in the TA muscle 

(Fig. 4c). In contrast to fusion proteins, Fis-1 content showed a rapid increase at 1w-IM 

and reached 2.4-fold higher than Con at 2w-IM (P < 0.01; Fig. 4d). Interestingly, Fis-1 

returned to Con level at 3w-IM, but rose with RM (P < 0.01). Another fission protein, 

Drp1, was not affected by either IM or RM intervention (Fig. 4e). 

 To investigate whether apoptosis played a role in muscle atrophy during IM and 

RM, we measured protein expression of both pro- and anti-apoptotic factors. Bax level 

was elevated during IM and reached 3.7-fold higher above Con at 3w-IM (P < 0.01), but 

quickly returned to Con level upon RM (P < 0.01; Fig. 5b). In contrast, Bcl2 level 

showed a reduction at 2w- and 3w-IM (P < 0.05), but increased by 4.7-fold after RM 

compared to that of 3w-IM (P < 0.01; Fig. 5c). The Bax to Bcl2 ratio, widely regarded as 

an index of apoptotic tendency, increased by 4.2-fold in 2w-IM and sixfold in 3w-IM vs. 

Con (P < 0.01; Fig. 5d). RM completely restored BAX/Bcl2 ratio to Con level (P < 0.01). 

After 2w-IM, there was a five to six fold increase in caspase-3 activity (P < 0.01),  
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Figure 2. Effect of mouse hindlimb immobilization (IM) and remobilization (RM) on 

mitochondria density and copy number. Conditions of IM and RM are described in Figure 

1. (a) Representative transmission electronic microscopy (TEM) images of mitochondria 

in TA muscle (M indicates mitochondria and Scale bars represent 1 lm) and (b) 

mitochondrial density analysis. (c) Quantifications of mitochondria DNA (mtDNA) by 

analyzing of the difference in threshold amplification between mtDNA and nuclear DNA 

using qRT-PCR (ΔΔC(t) method). (d) Cytochrome-c oxidase activity (COX). Values are 

the means ± SEM (n = 6 each group). *P < 0.05 vs. Con; **P < 0.01 vs. Con; †P < 0.05 

vs. RM; ‡P < 0.05 vs. RM; one-way ANOVA with Tukey–Kramer’s post hoc test.
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Figure 3. Effect of mouse hindlimb immobilization (IM) and remobilization (RM) on mitochondria autophagy pathways. Conditions 

of IM and RM are described in Figure 1. (a) Representative Western blot images of cytoplasmic BNIP3, LC3 II, beclin 1, P62 and 

Rheb, and mitochondrial PINK1 and parkin protein expressions. Quantification of (b) BNIP3, (c) LC3, (d) beclin 1, (e) P62, (f) Rheb, 

(g) PINK1 and (h) parkin protein levels. Values are the means ± SEM (n = 8 each group). *P < 0.05 vs. Con; **P < 0.01 vs. Con; †P < 

0.05 vs. RM; ‡P < 0.05 vs. RM; one-way ANOVA with Tukey–Kramer’s post hoc test. 
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Figure 4. Effect of mouse hindlimb immobilization (IM) and remobilization (RM) on mitochondria dynamics. Conditions of IM and 

RM are described in Figure 1. (a) Representative Western blot images of Mfn2, Opa1, Drp1 and Fis-1 protein expression. 

Quantification of (b) Mfn2, (c) Opa1, (d) Fis-1 and (e) Drp1 protein levels. Values are the means ± SEM (n = 8 each group). *P < 0.05 

vs. Con; **P < 0.01 vs. Con; †P < 0.05 vs. RM; ‡P < 0.05 vs. RM; one-way ANOVA with Tukey–Kramer’s post hoc test
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whereas RM failed to restore caspase-3 activity, which remained threefold above Con 

level (P < 0.05; Fig. 5e). 

4. Discussion 

 The primary finding of the current study is that a prolonged period of IM of 

mouse TA muscle can decrease mitochondrial density and proliferation, disturb 

mitochondrial fusion/fission dynamics and activate autophagy/mitophagy pathway. These 

changes in the mitochondria were accompanied by activation of FoxO3a, ubiquitin 

proteolytic enzymes and apoptosis. Furthermore, many of the disturbances described 

above were not completely recovered, but even intensified, after 1 week of muscle RM. 

These findings extended our previous findings that mitochondrial biogenesis controlled 

by PGC-1a was down-regulated whereas oxidative stress and inflammation were 

enhanced during IM and RM (Kang & Ji 2013) and provided new insight into the critical 

role of mitochondrial homoeostasis in the etiology of muscle disused atrophy. 

 Muscle IM for as short as 1 week was shown to dramatically activate the gene 

expression of atrogin-1 and MuRF-1, two muscle-specific E3-ubiquitin ligases that 

regulate proteolysis (Fig. 1e, f) (Bodine & Baehr 2014). Since the two enzymes control 

the ubiquitination and degradation of structural proteins (e.g. myosin and troponin I), it is 

plausible that their upregulation caused an enhanced muscle protein degradation and thus 

weight loss seen in our current and previous studies (Kang & Ji 2013; Kang et al. 2015). 

Along with the increase in ubiquitin-proteolysis was the observation that FoxO3a was 

activated by 2–3 weeks of muscle IM (Fig. 1d). FoxO subfamily transcription factors are 

known to play a key role in skeletal muscle plasticity, including energy metabolism, 

protein degradation, redox homoeostasis, apoptosis and muscle regeneration (Sanchez et 
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al. 2014a). Specific to muscle disuse atrophy, FoxO3 controls the two major systems of 

muscle protein breakdown, namely the ubiquitin-proteasome pathway and the 

autophagy–lysosome pathway, independently. During muscle atrophy, diminished IGF 

PI3K-Akt pathway causes dephosphorylation of FoxO3, resulting in its nuclear 

sequestration and DNA binding (Bonaldo & Sandri 2013). As an alternative mechanism, 

activated AMPK during muscle IM phosphorylates Ser-413 and -588 of FoxO3a, thereby 

promoting its nuclear retention (Greer et al. 2007). Importantly, FoxO3 activation 

increases transcriptional activity of atrogin-1 and MuRF-1, which target both structural 

and regulatory muscle proteins for degradation (Stitt et al. 2004; Sandri et al. 2004). Thus, 

transgenic elevation of FoxO3 was reported to lead to muscle atrophy due to up 

regulation of atrogin-1 and MuRF-1, whereas knockdown of FoxO3 prevents muscle 

atrophy (Sandri et al. 2004). We recognize that activation of FoxO3 and ubiquitin 

proteolytic pathway is not the only reason for increased muscle wasting in our study. 

Other mechanisms are likely to play a role either independently or through crosstalk. For 

example, calpain and caspase-3 were recently identified as important enzymes required 

for inactivity-induced rat muscle atrophy (Talbert et al. 2013). Moreover, atrogin-1 

mRNA level remained threefold higher than control levels after muscle RM, the time 

when ROS and inflammatory cytokine production via NFκB activation was found (Kang 

& Ji 2013; Kang et al. 2015). 

 One of our hypotheses is that mitophagy pathway would be activated by IM to 

rid the structurally and functionally damaged mitochondria in the atrophying muscle. 

Indeed, a steady loss of mitochondrial density and mtDNA was observed along with 

decreased mitochondrial oxidative enzyme marker CS during the 3-week IM period (Fig. 
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Figure 5. Effect of mouse hindlimb immobilization (IM) and remobilization (RM) on apoptotic pathways. Conditions of IM and RM 

are described in Figure 1. (a) Bax and (b) Bcl2 protein levels and (c) the ratio of Bax to Bcl2 levels. (d) Caspase-3 activity. Values are 

the means ± SEM (n = 8 each group). *P < 0.05 vs. Con; **P < 0.01 vs. Con; †P < 0.05 vs. RM; ‡P < 0.05 vs. RM; one-way ANOVA 

with Tukey–Kramer’s post hoc test
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2). However, the effects of IM on the protein expression of mitophagic pathway are not 

cross-board. While some enzymes required for isolation membrane binding, 

autophagosome formation and mitochondrial sequestration, such as LC3II, beclin 1, 

RheB and parkin showed a robust up-regulation in response to IM, BNIP3 and PINK1 

were down-regulated (Fig. 3). The explanation for these differential responses is not easy, 

due to the complex role of and interactions among these factors. During the early phase 

of mitophagy, the STEN-induced putative kinase protein 1 (PINK1) induces the 

translocation of the E3 ubiquitin ligase (parkin) from the cytosol to the damaged 

mitochondria. BNIP3, which is located on mitochondrial outer membrane, binds with 

LC3, which is the ubiquitin-like protein covalently attached to the isolation membrane, to 

facilitate the sequestration of mitochondria into autophagosome (Youle & Narendra 2011). 

We speculate that a reduction in BNIP3 and PINK1 may reflect a compensatory 

mechanism to prevent excessive degradation of mitochondria population caused by IM. 

Another evidence for this potential preservation mechanism might be the observed 

increase in p62 level during IM, suggesting less p62 was consumed through the formation 

of the autophagosome. Nevertheless, the up-regulation of parkin, which ubiquitylates 

mitochondria for lysosomal fusion, indicates that damaged mitochondria indeed 

accumulated within IM muscle which stimulated the mitophagy pathway. 

 The present study reported for the first time that, regardless of their responses to 

IM, all autophagy/mitophagy-related proteins in TA muscle were dramatically up-

regulated after 1 week of RM. These data demonstrate that muscle autophagy/mitophagy 

pathway was significantly activated when renewed demands for energy metabolism, 

antioxidant defense and calcium homoeostasis all require mitochondrial remodeling 
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(Green & Van Houten 2011). Removal of damaged and non-functional mitochondria via 

autophagy and fusion/fission dynamics is critical to the quality control of this organelle. 

The mechanism for the RM-triggered mitophagy is unclear and probably multi-faceted. 

We have previously reported that RM significantly increased ROS generation, oxidative 

lipid membrane damage and overexpression of pro-inflammatory cytokines such as TNF-

a, II-1b and IL-6 in mouse TA muscle (Kang & Ji 2013; Kang et al. 2015). Enhancement 

of mitophagy during RM would act to clear damaged and non-functional mitochondria 

and prevent them from accumulating and compromising newly synthesized mitochondria. 

 Recent research indicates that mitochondria do not have fixed shape and 

configuration, but undergo constant changes through the processes of fusion and fission 

dynamics (Chan 2006). Fusion allows mitochondria for redistribution of proteins, 

metabolites and mtDNA, thus preventing local accumulation of defective cellular 

components, whereas fission can segregate damaged and less functional mitochondria 

allowing for removal through mitophagy (Benard & Karbowski 2009). We reported here 

for the first time that fusion protein Mfn2 was down-regulated by 50% at 2w-IM, 

followed by an additional 50% reduction at 3w-IM (Fig. 4a). Mfn2 is critical in 

maintaining mitochondrial DNA and membrane stability, and its down-regulation could 

favor mitochondrial fission and subsequent fragmentation, rendering the organelle for 

mitophagic degradation (Zhao et al. 2007). In muscle cells, Mfn2 gene expression 

requires PGC-1a signaling (Soriano et al. 2006), whereas enhanced FoxO3 activity can 

up-regulate mitochondrial E3 ubiquitin ligase 1 (Mul1), which ubiquitylates and degrades 

Mfn2 during muscle wasting (Lokireddy et al. 2012). Furthermore, both Mfn1 and Mfn2 

are identified to be substrates for parkin (Gegg et al. 2010). We have recently shown that 
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the IM-RM induced ubiquitination of Mfn2 was abolished by PGC-1a overexpression, 

possible explained by suppression of Mul 1 and parkin (Kang & Ji 2016). 

 Consistent with the function of fusion in mitochondrial quality control, fission 

allows for the isolation and fragmentation of damaged and dysfunctional mitochondria to 

be targeted and removed by mitophagy. Indeed, 2 weeks of IM markedly increased Fis-1 

content which remained at a high level after RM (Fig. 4d). These findings agreed with 

previous studies in murine muscle atrophied by denervation or fasting (Romanello et al. 

2010) and hindlimb suspension (Liu et al. 2012). Taken together, our data suggest that 

muscle IM may induce a remodel of mitochondrial dynamics with decreased fusion and 

increased fission. In coordination with enhanced mitophagy, this new dynamic pattern 

may facilitate the fragmentation and eventually the removal of damaged and 

dysfunctional mitochondria. 

 Numerous studies have shown that skeletal muscle atrophy is associated with 

induction of pro-apoptotic genes and DNA fragmentation, and mitochondria play an 

important role in coordinating these processes (Siu & Alway 2004; Adhihetty et al. 2006). 

Activation of muscle apoptosis in atrophying muscle is closely related to other catabolic 

pathways such as autophagy/mitophagy, mitochondrial fission and calpain activation 

(Sanchez et al. 2014a; Suen et al. 2008; Talbert et al. 2013). It has been demonstrated that 

inhibition of Fis-1 protects against apoptosis, whereas overexpression of Fis-1 promotes 

apoptotic cell death (James et al. 2003). Apoptosis in skeletal muscle can be modulated 

by pro- (e.g. Bax and Bid) and antiapoptotic signals (e.g. Bcl-2 and Bcl-XL) that regulate 

caspase-3 activity, the committed step for cell death (Adhihetty & Hood 2003). 

Activation of caspase-3 was observed in IM-induced muscle atrophy in rats, and caspase-
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3 inhibitor prevented soleus muscle from losing cross-sectional area (Talbert et al. 2013). 

Our data showing increased caspase-3 activity during 2–3 weeks of IM along with steady 

increases in Bax/Bcl2 ratio of protein content were clear indication of muscle apoptotic 

tendency. Experimental support for the link between apoptosis and muscle atrophy was 

also provided with caspase-3 knockout, which attenuates IM-induced muscle atrophy 

(Zhu et al. 2013). Thus, caspase-3 activation during IM is a potential additional factor 

that contributes to muscle protein loss. However, because skeletal muscle is multinuclear 

giant cell and does not follow normal apoptosis convention, and because quantitative data 

were not collected confirming cell number loss during our study, the role of apoptosis is 

still uncertain and warrants more investigation. 

5. Conclusion 

 Our data indicate that prolonged muscle IM can activate a series of catabolic 

pathways including ubiquitin-proteolysis, mitophagy, altered mitochondrial fusion and 

fission dynamics and apoptosis, paralleled with FoxO3 activation and PGC-1a down-

regulation. One week of muscle RM does not completely reverse these cellular events 

possibly related to an oxidative stress and inflammation that maintain a catabolic 

tendency to clear damaged mitochondrial and proteins. Together with our previous 

findings of the role of PGC-1a in muscle atrophy (Kang & Ji 2016; Kang & Ji 2013; 

Kang et al. 2015), we conclude that decreased mitochondrial biogenesis and increased 

mitochondrial degradation play a central role in the enhanced proteolysis, distorted 

morphology and decreased metabolic functions that dominate an atrophying muscle and 

prevent the muscle from quick recovery. 
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STUDY 2 

Effect of PGC-1α overexpression on mitophagy in aged mice skeletal 

muscle 

Summary 

 Mitochondrial dysfunction plays an important role in the etiology of age-related 

muscle atrophy known as sarcopenia. PGC-1α is positioned at the center of crosstalk in 

regulating mitochondrial quality control, but its role in mitophagy in aged skeletal muscle 

is currently unclear. The present study investigated the effects of aging and PGC-1α 

overexpression via in vivo DNA transfection on key mitophagy protein markers, as well 

as mitochondrial dynamics related proteins, metabolic function and antioxidant capacity 

in mouse muscle. 

C57BL/6J mice at the age of 2 mo (young, Y; N=14) and 24 mo (old, O; N=14) 

were transfected in vivo with either PGC-1α DNA (OE, N=7) or GFP (N=7) into the 

tibialis anterior (TA) muscle followed by electroporation.  

PINK1 and Parkin protein contents were 3.6 and 1.4-fold higher (P<0.01), 

whereas mitochondrial ubiquitination (Ub) increased 1.5-fold (P<0.05), in O vs. Y mice. 

PGC-1 OE suppressed PINK and Parkin protein levels by 50-60% (P<0.01), and 

decreased Ub by 20% (P<0.05) in old mice. Aging significantly increased the protein 

content of LC3II (30%, P<0.05), p62 (42%, P<0.05), RheB (5.5-fold, P<0.01), Beclin-1 

(3-fold, P<0.01) and Mfn2 (~4-fold, P<0.01) in the TA muscle.  However, these age-

related increases in mitophagy markers were attenuated by PGC-1α OE. Furthermore, 

aging dramatically increased Fis-1 protein content by 14fold (P<0.01), along with a 
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severe reduction of citrate synthase activity (64%, P<0.01) and cytochrome c oxidase 

subunit IV (COXIV) protein content (85%, P<0.01). PGC-1α OE mitigated the age 

effects on Fis-1 and Drp-1 (P<0.05). Moreover, PGC-1α OE enhanced mitochondrial 

oxidative function and antioxidant enzyme activities and decreased lipid peroxidation and 

inner membrane damage found in old mice (P<0.01).  

In summary, our data demonstrate that mitophagy protein expression in skeletal 

muscle was enhanced at old age driven possibly by increased mitochondrial dysfunction, 

damage, and fission. PGC-1α OE was effective in ameliorating mitochondrial deficits but 

did not restore muscle fiber atrophy. 
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1. Introduction 

 There is overwhelming evidence that failure to preserve mitochondrial quantity 

and quality control plays a vital role in the process of skeletal muscle aging (Hepple 2014; 

Kim et al. 2017; Picca et al. 2018). Several intrinsic and extrinsic factors may contribute 

to this age-related decline of mitochondrial population and function. First, with aging, 

oxidative damage to mitochondrial protein stimulates the expression of PTEN-induced 

putative protein kinase 1 (PINK) on the outer membrane (Liebert & Harman 2003; 

Sakellariou et al. 2016; Palikaras & Tavernarakis 2014; Wang et al. 2018). PINK 

phosphorylates Mfn2, the main mitochondrial fusion protein, which promotes the 

docking of Parkin, the E3-ubiquitin ligase. Activation of this PINK-Mfn2-Parken axis 

facilitates the removal of damaged mitochondria to maintain a healthier mitochondrial 

pool. Second, aging causes a decrease of the expression of fusion proteins (Mfn1, Mfn2 

and Drp-1) and an increase in fission protein (Fis-1 and Opa-1), favoring fragmentation 

of mitochondrial membrane (Hepple 2014; Chan et al. 2011; Joseph et al. 2012). Third, 

mitochondrial biogenesis is decreased during aging in muscle cells, driven by age-related 

decline of PGC-1α expression and acetylation (Kang et al. 2013; Konopka et al. 2014). 

Loss of mitochondrial homeostasis can lead to increased ROS production, NFκB 

activation and nuclear sequestration of the FoxO, the primary controller of ubiquitin 

proteolysis and mitophagy, forming a vicious cycle (Sanchez et al. 2014a). 

 PGC-1α is not only the master regulator of mitochondrial biogenesis, but it also 

plays a key role in modulating the crosstalk of signaling pathways of mitochondrial 

quality control during old age (Sakellariou et al. 2016). For example, PGC-1α controls 

the expression of Mfn2, a main player of the PINK-Mfn2-Parkin mitophagy axis, 
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whereas aging decreases Mfn2 levels, favoring mitophagic process (Jin & Youle 2013; 

Chen & Dorn 2013). PGC-1α also promotes the expression of SIRT3 thus deacetylating 

and activating key enzymes in the Krebs Cycle and electron transport chain (Lombard et 

al. 2007b; Kang et al. 2015), as well as SOD2 (Kong et al. 2010).  

 Several experimental approaches have been adopted to boost cellular PGC-1α 

content to upregulate mitochondrial biogenesis and reduce functional decline in skeletal 

muscle due to disuse or aging. Overexpression of PGC-1α successfully prevented 

unloaded muscle from atrophy and metabolic dysfunction in young and aged transgenic 

mice (Moraes et al. 2009; Cannavino et al. 2014; Sandri, Lin, Handschin, Yang, Arany, 

Lecker, Goldberg, Spiegelman, et al. 2006). Exercise training elevated PGC-1α level and 

signaling pathway in aged rats (Kang et al. 2013). We have reported that immobilized 

mouse TA muscle receiving PGC-1α DNA transfection increased mitochondrial 

biogenesis and function, reduced ROS generation, inflammation and oxidative damage, 

and suffered a lesser degree of fiber atrophy (Kang et al. 2015). PGC-1α transfected 

muscles also decreased mitophagy compared to control muscle receiving empty vectors, 

(Kang & Ji 2016). Since muscle disuse atrophy and age-associated muscle loss 

(sarcopenia) share a common etiological mechanism (Sandri 2013), we hypothesized that 

PGC-1α transfection would stimulate mitochondrial biogenesis, attenuate mitophagy thus 

maintaining better homeostasis in aged mouse muscle. 

2. Materials and methods 

Animals and experimental design  

Female C57BL/6J mice (age 8-10 wks; body wt 21~23g) were housed 

individually in the animal facilities at the University of Minnesota Twin Cities (UMTC) 
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in temperature-controlled rooms (22°C) on a reverse 12-h light/dark cycle, and fed a 

chow diet and tap water ad libitum. Aged mice were obtained from the animal facility of 

the University of Valencia School of Medicine. They were verified as pathogen free by 

the University of Valencia Vetienarium Service and translocated to UMTC at the age of 

16 months and maintained at the above-mentioned housing conditions until being used at 

the age of 24 months. The animal user protocols were approved by the UMTC Research 

Animal Resource Center. At the time of experiment, young and aged mice were randomly 

assigned to the following four groups: (1) young transfected with PGC-1α (Y-OE, n=7); 

(2) young transfected with GFP (Y-GFP, n=7); (3) old transfected with PGC-1α (O-OE, 

n=7); and (4) old transfected with GFP (O-GFP, n=7).  

PGC-1α in vivo Transfection  

PGC-1α in vivo transfection was carried out as previously described (Kang & Ji 

2016). GFP-tagged PGC-1α was a gift from Dr. Bruce M. Spiegelman (Addgene plasmid 

#4). For the electroporation protocol, the mice were anesthetized with 100 mg/kg 

ketamine plus 10 mg/kg xylazine, and a small incision was made through the skin 

covering the tibialis anterior (TA) muscle. A 27-gauge needle was used to inject plasmid 

DNA solution (2.5 ug/ul GFP or 2.7 μg/μl GFP-PGC-1α) into the proximal (6 μl) and 

distal (6 μl) ends of the muscle belly. Following the injections, electric pulses were 

applied through two stainless steel pin electrodes (1 cm gap, Harvard Apparatus, 

Holliston, MA, USA) laid on top of the proximal and distal myotendinous junctions. Ten 

20 ms square-wave electric pulses at a frequency of 1 Hz were delivered with an ECM 

830 electroporation unit (BTX-Harvard Apparatus, Holliston, MA, USA) at a field-

strength of 180 V/cm. Following the electroporation procedure, the incision was closed 
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with Vetbond surgical glue (3M, St. Paul, MN, USA). 

Muscle Harvest and Western Blot Analysis 

Five days after transfection, whole TA muscle was collected immediately after 

the mice were euthanized by pentobarbital (80 mg/kg) injection. A portion of the entire 

circumference around the mid-belly of TA muscle was used. There are two reasons to use 

only the mid-belly area for experiments 1) To avoid the proximal and distal portions 

where DNA was injected and 2) To collect a balanced mixture of fiber types representing 

the composition of TA muscle. The isolated TA muscle was immediately frozen in liquid 

nitrogen and the frozen muscles were homogenized with a bullet blender (Next Advance, 

Troy, NY, USA) for 3 minutes in ice-cold RIPA buffer (Thermo Scientific, Waltham, MA, 

USA) or mitochondrial isolation reagents (mitochondrial isolation kit for tissue, Thermo 

Scientific) in the presence of protease and phosphatase inhibitor cocktails (Thermo 

Scientific). The proteins were separated by SDS-PAGE, transferred to a PVDF membrane 

(GE Healthcare, Little Chalfont, UK), and blocked with 5% of either bovine serum 

albumin or skim milk prior to primary antibody incubation. The following antibodies 

were used for primary antibody incubation: Anti-PGC-1α (ST1202) purchased from 

Calbiochem (Billerica, MA, USA); anti-COX IV (A21348) purchased from Invitrogen 

(Carsbad, CA, USA); anti-Atrogin-1 (AP2041), MuRF1 (MP3401) (all purchased from 

ECM Biosciences, Versailles, KY, USA); anti- Mfn2 (ab50803), Opa-1 (ab42364) , Drp-1 

(ab56788), Fis-1 (ab71498), p62 (ab56416), Rheb (ab25873),  PINK1 (ab75487), parkin 

(ab77924), 4-HNE (ab46545), Catalase (ab16731), GPx1 (ab22604), VDAC1 (ab15895), 

and Histone H2B (ab1790)  (all purchased from Abcam, Cambridge, UK); anti-Beclin-1 

(#3495), LC3A/B (#12741), BNIP3 (#12396), ubiquitin (#3936), Cytochrome C (#11940), 
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and GAPDH (#5174) (All purchased from Cell Signaling, Danvers, MA, USA. Following 

secondary antibody incubation, the membranes were developed by using Pierce™ ECL 

Western Blotting Substrate (Thermo Scientific) to expose Pierce CL-Xposure™ Film 

(Thermo Scientific) and analyzed using ImageJ software (version 1.50i, National 

Institutes of Health, USA).  

Enzyme Activity Assay 

Both citric synthase (CS) and superoxide dismutase 2 (SOD2) activities were 

performed in isolation of enriched mitochondrial fraction from TA muscles. Citrate 

synthase (CS) activity was measured as recommended by manufacture’s protocol (Sigma-

Aldrich, St. Louis, MO, USA). SOD2 activity was measured by using Cayman SOD 

activity assay kit (Ann Arbor MI, USA) which used an optimized colorimetric assay 

based on observation of the decrease in absorbance of tetrazolium salt measured at 

450nm for detection of superoxide radicals, which is generated by xanthine oxidase and 

hypoxanthine. 

Immunohistochemical analysis 

Preparing frozen muscle cryosection and immunostaining were carried out as 

previously described [16]. Muscles were excised and fixed in 4% PFA for 4 h, 15% 

sucrose for 4 h, and 30% sucrose overnight before frozen sections were prepared. The 

samples were submerged in Tissue-Tek® O.C.T. compound (Sakura Finetek, CA, USA) 

and frozen in liquid nitrogen-chilled isopentane. Cross sections (12 mm in thickness) 

from the mid-belly of the muscle were obtained with a cryostat and fixed in -20°C 

acetone for 10 min. Under gentle rocking, the rehydrated sections were incubated in PBS 

for15 min followed by 20 min incubation in blocking solution (DPBS containing 0.5% 
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bovine serum albumin and 0.5%Triton X-100). Sections were then incubated with the 

anti-laminin primary antibody (ab11575, Abcam) dissolved in blocking solution for 1 h at 

room temperature. Sections were washed with DPBS and then incubated with the Alexa 

Fluor 594-conjugated secondary antibody dissolved in blocking solution for 1 h at room 

temperature. Finally, the sections were washed with DPBS and mounted with Shandon-

Mount mounting medium (Thermo Scientific) and a coverslip. Transfected fibers (GFP or 

GFP-tagged PGC-1α) and laminin were identified in dual-fluorescent images and 

captured with a Nikon Eclipse Ti-S fluorescent microscope and analyzed using NIS-

Elements 4.1.1. (Nikon). The staining intensity or CSA of 40–90 randomly selected 

transfected and non-transfected fibers per sample was measured by tracing the periphery 

of individual fibers. 

Statistical Analysis  

Experimental data were expressed as mean ± SE, and group comparisons were 

made by two-way ANOVA. The Tukey-Kramer method was used as a post-hoc test when 

ANOVA reached significance (P<0.05). 

3. Results 

 Five days after the injection of PGC-1α DNA, TA muscle showed a robust 

expression of PGC-1α in both young and old mice (Fig. 1A, B). In the young animals the 

increment of PGC-1α was approximately 6–7 folds, similar to that reported in TA muscle 

(7.2 folds) previously (Kang & Ji 2016). The old PGC-1α OE muscle showed 3–4 fold 

increase in PGC-1α content vs. GFP transfected muscle. These data demonstrate that 

aging did not abolish the ability of TA muscle to overexpress PGC-1α using the current 

transfection method.
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Figure 1. PGC-1α OE increased PGC-1α contents in both young and aged muscles. (A) Representative Western blots of endogenous 

PGC-1α and GFP- PGC-1α in mouse TA muscle. (B) Representative image of immunostaining for laminin (Red) of cross section of 

TA muscle electroporated with GFP-PGC-1α plasmid.
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We first measured the key mitophagic enzymes in the young and old TA muscle 

transfected by either GFP or PGC-1α, and the extent of mitochondrial ubiquitination as a 

marker of mitophagy (Fig. 2A). Aging significantly increased PINK1 protein content in 

the TA muscle, with approximately 3.6 folds increase (P < 0.01) in O-GFP vs. Y-GFP 

mice (Fig. 2B). Parkin content was elevated by 40% (P < 0.01) in O-GFP compared to Y 

GFP (Fig. 2C), whereas a 60% increase (P < 0.05) in mitochondrial ubiquitination was 

observed in O-GFP vs. Y-GFP (Fig. 2D).  

PGC-1α OE showed little effect on PINK1 or Parkin protein content, or 

mitochondrial ubiquitination level in TA muscle of young mice. However, PINK1 content 

was reduced by ~50% (P < 0.01), whereas Parkin was reduced by 60% (P < 0.01) with 

PGC-1α OE in TA muscle of old mice. Furthermore, mitochondrial ubiquitination in old 

muscle was decreased by 25% (P < 0.05) with PGC-1α OE. 

Aged TA muscle showed higher protein expression of other mitophagy-related 

enzymes (Fig. 3). Content of LC3II, LC3I, p62, RheB, and Beclin-1 increased 30% (P < 

0.05, Fig. 3B, C), 42% (P < 0.05, Fig. 3D), 5.5-fold (P < 0.01, Fig. 3E), and 3-fold (P < 

0.01, Fig. 3F), respectively, in the TA muscle from the old mice with GFP transfection 

compared to that from their young counterparts. PGC-1α OE significantly decreased 

LC3I content (P < 0.05) in both young and old muscles, and p62 (P < 0.05), RheB (P < 

0.05) and Belcin-1 (P < 0.01) levels in old muscles compared to GFP-treated old muscle. 

Interestingly, Bnip3/Nix content with GFP was dramatically decreased to less than 10% 

(P < 0.01) of that in young muscle, whereas PGC-1α OE restored its level to ~70% (P < 

0.05) of that in Y-GFP mice. PGC-1α OE had no significant effect on protein level of the 

above-mentioned enzymes in the young muscle, except for LC3I, which showed a 50%
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Figure 2. Aging enhanced mitophagy; PGC-1α OE attenuates mitophagy in aged muscle. (A) Representative Western blots of PINK1, 

Parkin, and Ubiquitin. The protein levels of (B) PINK1, (C) Parkin, (D) Ubiquitin in mitochondrial fraction in mouse TA muscle. Data 

are mean ± SEM. *P < 0.05; ** P < 0.01, Old vs. Young; †P < 0.05; †† P < 0.01 PGC-1α vs. GFP transfection. 
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Figure 3. PGC-1α OE attenuates autophagy markers in aged muscle. (A) Representative Western blots of autophagy markers. The 

protein levels of (B) LC3 A/B ll, (C) LC3 A/B l (D) p62, (E) RheB, (F) Beclin-1, and (G) Bnip3/Nix. Data are mean ± SEM. *P < 0.05; 

** P < 0.01, Old vs. Young; †P < 0.05; †† P < 0.01, PGC-1α vs. GFP transfection.
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decrease (P < 0.01). 

 Because the extent of mitophagy in muscle has been shown to be closely linked 

to the mitochondrial dynamic process (Palikaras & Tavernarakis 2014), we assessed 

mitochondrial fission and fusion protein expression in response to aging and PGC-1α OE 

(Fig. 4). Fis-1 content was elevated by about 20-fold (P < 0.01) in old vs. young muscle 

with GFP transfection (Fig. 4B), while the other fission protein Drp-1 level was not 

significantly altered with age (Fig. 4C). PGC-1α OE increased Fis-1 content (P < 0.05) 

and had no effect on Drp-1 in young muscle, but suppressed Fis-1 and Drp-1 level by 30% 

(P < 0.05) and 64% (P < 0.05), respectively. It is interesting to note that Mfn2 protein 

content increased 3.5-fold (P < 0.01) in old vs young GFP-treated muscle, whereas PGC-

1α OE dramatically elevated Mfn2 level by 8-fold (P < 0.01) in young, but not in the old 

muscle (Fig. 4D). Neither aging nor PGC-1α OE exerted any effect on Opa-1 protein 

level in the TA muscle (Fig. 4E). 

 To investigate whether altered protein expression of mitophagy and 

mitochondrial dynamics would impact mitochondrial oxidative capacity, we examined 

select enzyme markers in the TA muscle (Fig. 5). Activity of CS, the rate-limiting enzyme 

in the Krebs Cycle, was lowered by 70% (P < 0.01) in old vs. young muscle with GFP 

treatment (Fig. 5B); with PGC-1α OE, CS activity was enhanced by 25% (P < 0.05) and 

100% (P < 0.05), respectively, in young and old muscles. The protein content of 

cytochrome c oxidase subunit IV (COX IV), a classic marker of nuclear-encoded 

mitochondrial enzyme, decreased 80% (P < 0.01) in O-GFP vs. Y-GFP muscle, whereas 

in old muscle PGC-1α OE increased COX IV level by ~4 folds (P < 0.05) (Fig. 5C). 

PGC-1α OE had no effect on COX IV level in the young animals. Cytochrome c in the 
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Figure 4. PGC-1α OE suppressed fission proteins expression in aged muscle. (A) Representative Western blots of Mfn-2, Opa-1, Drp-

1, and Fis-1. The protein levels of (B) Fis-1, (C) Drp-1, (D) Mfn-2, (E) Opa-1 in mouse TA muscle. Data are mean ± SEM. *P < 0.05; 

** P < 0.01, Old vs. Young; †P < 0.05; †† P < 0.01, PGC-1α vs. GFP transfection.
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cytosol, used as a mitochondrial damage marker, doubled in old TA muscle, but its 

content was reduced by half with PGC-1α OE (P < 0.01) (Fig. 5D). 

 Aging caused a significant alteration of antioxidant enzyme expression and 

oxidative stress in the TA muscle (Fig. 6A). SOD2, the primary enzyme to remove 

superoxide level in the mitochondria, was downregulated by ~40% (P < 0.01) in the old 

muscle, whereas its content was restored to almost 90% of their young counterparts (Fig. 

6B). SOD2 activity in O-GFP was reduced 50% (P < 0.01) vs. that in Y-GFP, and the 

reduction was recovered by 27% (P < 0.01) with PGC-1α OE (Fig. 6C). In contrast to 

SOD2, protein levels of catalase and GPx1 were elevated with aging (P < 0.01) in TA 

muscle, and with PGC-1α OE, their contents were further increased (Fig. 6D, E). Muscle 

oxidative damage marker 4-HNE level showed a dramatic surge (> 5 folds) in old muscle 

(Fig. 6F). PGC-1α OE curtailed the increase by ~one third in old TA muscle. Surprisingly, 

PGC-1α OE increased 4-HNE level in the young muscle (P < 0.05). 

 Because age-related muscle atrophy is controlled by both ubiquitin proteolysis 

and autophagy-lysosomal pathway, we investigated the effects of age and PGC-1α OE on 

the protein expression of two muscle specific E3-ubiquitin ligases, Atrogin-1 and MuRF-

1, and the extent of muscle protein ubiquitination (Fig. 7A). To our surprise, there was no 

indication of increased ubiquitin-proteolysis in the aged muscle. Atrogin-1 content 

decreased by almost 60% (P < 0.01) in old vs. young TA muscle treated either with GFP 

or PGC-1α, with no difference seen between the two treatment groups (Fig. 7B). MuRF-1 

level was not affected by either mouse age or the transfected compound (Fig. 7C). Old 

TA muscle showed a significantly higher protein ubiquitination (P < 0.05) but the extent 

was no different between GFP and PGC-1α OE treatment (Fig. 7D).
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Figure 5. PGC-1α OE protected against mitochondrial dysfunction in aged muscle. (A) Representative Western blots of COX IV, 

Cytosolic Cytochrome C. (B) Citrate synthase activity, (C) The protein levels of COX IV, (D) Cytosolic Cytochrome C in mouse TA 

muscle. Data are mean ± SEM. *P < 0.05; ** P < 0.01, Old vs. Young; †P < 0.05; †† P < 0.01, PGC-1α vs. GFP transfection. 
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Figure 6. PGC-1α OE increased antioxidant defense and decreased oxidative damage in aged muscle. (A) Representative Western 

blots of antioxidant enzymes and 4HNE levels. The protein levels of (B) SOD2, (C) SOD2 enzyme activity, (D) Catalase, (E) GPx1, 

(F) 4HNE in mouse TA muscle. Data are mean ± SEM. *P < 0.05; ** P < 0.01, Old vs. Young; †P < 0.05; †† P < 0.01, PGC-1α vs. 

GFP transfection.
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We finally measured TA muscle mass and fiber size, the hallmark of sarcopenia 

in mice. TA mass was ~20% lower (P < 0.05) (Fig. 8A), whereas TA/body weight ratio 

decreased by more than 50% (P < 0.01) in old vs. young mice (Fig. 8B). PGC-1α OE did 

not significantly influence age-associate changes in these two indexes. We further 

measured fiber cross-sectional area (CSA) in the TA muscle using immunohistochemical 

staining method. Old TA muscle showed a 15% (P < 0.01) reduction of CSA vs. young 

muscle, but PGC-1α OE had no effect on myocyte size in either young or old mice (Fig. 

8C, E). 

4. Discussion 

 Despite more than a decade of research, there is still no conclusion as to whether 

mitophagy is diminished, unaltered or intensified in aging skeletal muscle (Kim et al. 

2017; Gouspillou et al. 2014). The mitochondrial theory of aging predicts that increased 

ROS generation and oxidative damage in old age would result in loss of inner membrane 

potential and enhanced fission, a major drive for increased mitophagy aimed at 

eliminating the damaged and dysfunctional organelles (Picca et al. 2018; Sebastián et al. 

2016). However, some studies suggested that aging diminishes mitophagic degradation 

(Baehr et al. 2016; Sakuma et al. 2016; Fritzen et al. 2016), or causes no change in major 

autophagic markers between young and old mice (White et al. 2016), or young vs. old 

men (Baehr et al. 2016). 

 Data from the present study provided clear evidence that, except for Bnip3/Nix, 

protein levels of all major enzymes involved in the mitophagy pathway increased 

significantly at 24 month of age in the mouse TA muscle. Importantly, the two major 

mitophagic enzymes, PINK1 and Parkin, which labels and ubiquitinates targeted 
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Figure 7. PGC-1α OE does not involve in Ub-proteasome system in aged muscle. (A) Representative Western blots of Atrogin-1, 

MuRF-1, and global ubiquitination. The protein levels of (B) Atrogin-1, (C) MuRF-1, (D) Ubiquitination in mouse TA muscle. Data 

are mean ± SEM. *P < 0.05; ** P < 0.01, Old vs. Young; †P < 0.05; †† P < 0.01, PGC-1α vs. GFP transfection. 
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Figure 8. Aging decreased muscle mass, and PGC-1α OE does not prevent muscle atrophy. (A) Average of TA muscle mass and (B) 

TA mass/body weight ratio for each group, (C) Average TA muscle cross-sectional area, (D) Distribution of cross-sectional area of 

transfected fibers from GFP or GFP-PGC-1a transfected muscles (E) Representative image of immunostaining for laminin (Red) of 

cross section of TA muscle electroporated with GFP or GFP-PGC-1α plasmid. Data are mean ± SEM. *P < 0.05; ** P < 0.01, Old vs. 

Young; †P < 0.05; †† P < 0.01, PGC-1α vs. GFP transfection.
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mitochondria, respectively, were markedly upregulated (Fig. 2). Consistent with the 

above findings, aged muscle showed a high level of ubiquitination and dramatically 

increased Fis-1 expression (Fig. 4). Furthermore, Mfn2 content also significantly 

increased in old age. Mfn2 was recently identified as a key protein that takes part in 

mitophagy in addition to controlling fusion (Chan et al. 2011). After being 

phosphorylated by PINK1, Mfn2 serves as a docking site for recruiting Parkin, a E3 

ubiquitin ligase. Elevated Mfn2 could represent a synergistic PINK1-Mfn2-Parkin 

signaling event to promote mitophagy in response to mitochondrial damage and 

dysfunction. Indeed, decreased mitochondrial oxidative enzymes (Fig. 5B, C), 

cytochrome c leakage to cytosol (Fig. 5D), and enhanced membrane lipid peroxidation 

(Fig. 6F) revealed mitochondrial damage and loss of structural integrity. A highlight of 

these age-related alterations was the augmentation of mitochondrial ubiquitination (Fig. 

2D), a required step before the organelle is engulfed by autophagosome and degraded by 

lysosomal proteases. The suppression of SOD2 protein level and activity, along with 

elevated catalase and Gpx1 contents, are clear indication of oxidative stress (Ji et al. 

2017). Taken together, the current study demonstrated that in aged muscle, mitochondria 

may not be “dysregulated”, but undergo dynamic adaptations of mitophagy to maintain 

mitochondrial quality control and homeostasis (mitostasis). 

 Our study indicated that PGC-1α overexpression via local DNA transfection 

could attenuate mitophagy protein expression, reduce fission protein levels and improve 

metabolic and redox status in aged muscle. These data were astonishingly consistent with 

our previous research showing PGC-1α OE ameliorated mitochondrial quantity and 

quality in immobilized skeletal muscle (Kang et al. 2015; Kang & Ji 2016). In the 
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crosstalk of signaling pathways that control mitostasis, PGC-1α occupies a central and 

critical position by regulating mitochondrial biogenesis (Scarpulla 2008), fusion and 

fission dynamics (Chan et al. 2011), and gene expression of antioxidant enzymes (St-

Pierre et al. 2006; Handschin et al. 2007). Furthermore, SIRT proteins are upregulated by 

PGC-1α OE causing deacetylation and activation of PGC-1α itself (Fernandez-Marcos & 

Auwerx 2011). A potential mechanism for the mitophagy-suppressing effect of PGC-1α 

could be related to inactivation of FoxO, the primary activator of mitophagy (Sandri, Lin, 

Handschin, Yang, Arany, Lecker, Goldberg, Spiegelman, et al. 2006). PGC-1α 

transfection was previously shown to reverse FoxO activation and decrease muscle PINK, 

parkin and LC3II expressions, along with reduced mitochondrial ubiquitination and 

mtDNA deletion in immobilized muscle (Kang & Ji 2016). Moreover, PGC-1α OE 

downregulated Mul1, the mitochondrial E3 ligase 1, which ubiquitinates and degrades 

Mfn2 (Kang & Ji 2016). Another adaptation caused by PGC-1α OE was the upregulation 

of antioxidant enzymes (Fig. 6). Reduced ROS generation and oxidative damage could 

make aged mitochondria less vulnerable to mitophagic elimination and thus maintain 

better structural and functional integrity. In this context, it has been reported that Ca2+ 

buffering capacity and handling, as well as the contractile performance, were improved in 

TA muscle of PGC-1α transgenic mice (Eshima et al. 2017; Ezaki et al. 2014). The 

authors suggested that increased Ca2+ uptake by the mitochondria was related to 

increased fusion protein (Mfn1 and 2) expression and inner membrane integrity due to 

PGC-1α OE. 

 As an unexpected finding, Bnip3 content was severely downregulated in aged TA 

muscle, whereas PGC-1α OE restored its content (Fig. 3f). Bnip3 and Nix are pro 
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apoptotic and autophagy-inducing proteins sharing structural and functional similarity. 

Upon activation they insert into the mitochondrial membrane, which causes an opening 

of the MPTP and loss of inner membrane potential (ѧψm) (Zhang & Ney 2009). Effect of 

aging on Bnip3/Nix expression has been controversial (Ko et al. 2016; Zampieri et al. 

2015; Capitanio et al. 2016). Recent research reveals that Bnip3/nix may act through an 

alternative mitophagy pathway than the PINK1-Mfn2-Parkin axis, caused by polarization 

change in mitochondrial membrane (Palikaras & Tavernarakis 2014). 

 Muscle protein loss is the hallmark of sarcopenia. Protein degradation controlled 

by ubiquitin-proteolysis plays a dominate role in aged skeletal muscle, as well as disused 

muscles due to immobilization, denervation and cachexia (Picca et al. 2018; Hepple 

2014). We therefore expected to find aged TA muscle to upregulate Atrogin-1 and MuRF-

1, two muscle-specific E3 ubiquitin ligases that target muscle contractile filaments 

(Bodine et al. 2001; Lecker et al. 2002). To our surprise, these two enzymes were not 

upregulated by aging or affected by PGC-1α OE. Nevertheless, aged muscle showed 

marked protein ubiquitination, along with decreased muscle mass and fiber cross-section 

area. These data confirmed a general agreement that increased protein degradation, rather 

than decreased protein synthesis, is the main reason underlying age-related muscle loss 

(Sandri 2013). Besides ubiquitin-proteolysis, and mitophagy, other pathways may 

become increasingly important in aged muscle (Lenk et al. 2010), such as AMPK, known 

to activate FoxO signaling (Kim et al. 2017; Williamson et al. 2009), NFκB, known to 

activate pro-inflammatory cytokine production (Kang & Ji 2013; Kang et al. 2015; Lenk 

et al. 2010), elevation of Calpain (Bartoli & Richard 2005), disorders of neuromuscular 

junction (Hepple 2014), and Ca2+ handling (Eshima et al. 2017; Ezaki et al. 2014). 
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Although PGC-1α OE failed to reverse muscle fiber loss in senescent muscle five days 

after transfection, the possibility of observing a greater adaptation if given a longer period 

of recovery cannot be ruled out. 

5. Conclusion 

 Aging was associated with a prominent increase in the expression of most 

mitophagy-related proteins in free moving mouse skeletal muscle. While it is necessary 

for aged muscle to remove damaged and dysfunctional mitochondria, excessive rate of 

mitophagy coupled with decreased mitochondrial bioenergetics may lead to removal of 

healthy mitochondria and reducing mitochondrial quantity, as well as loss of functional 

and structural integrity. Overexpression of PGC-1α, the master regulator of mitostasis, via 

in vivo transfection is effective in ameliorating mitophagic pathway and mitochondrial 

quality control along with improved redox status. 
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STUDY 3 

Aging impacts on acetylation status in skeletal and cardiac muscles in 

mice 

Summary 

During aging organs such as skeletal muscle and heart require sufficient NAD+ 

for multiple cellular functions. Sirtuins (SIRTs), the major NAD+-consuming enzymes, 

regulate mitochondrial biogenesis and antioxidant defense by deacetylating transcription 

factors and enzymes such as PGC-1α, p65, GCN5 and SOD2. However, age-related DNA 

damage activates PARP-1, the competing enzyme with SIRTs for NAD+, enhancing the 

tread of cellular NAD+ depletion, which retards SIRTs function and cause 

hyperacetylation of its target proteins. Thus, it is important to know how aging impacts 

on intracellular NAD+ pool and NAD+-depending enzyme levels in muscles. In this 

study we report that protein contents of all members of SIRT family were significantly 

increased in the skeletal and cardiac muscles of 24-month old mice compared to their 6 

month and 12-month old counterparts. However, the acetylation level of all SIRTs 

targeted proteins (PGC-1α, GCN5, p65 and SOD2) was uniformly increased with aging. 

Aging decreased NAD+ level as well as NAD+/NADH ratio in both skeletal and heart 

muscles, whereas the activity of PARP-1 were mostly elevated. Aged muscles 

demonstrated clear signs of mitochondrial dysfunction and oxidative stress, along with a 

decreased SOD2 activity. Taken together, our data suggest that despite upregulation of 

SIRTs, aged muscles suffer from a deficit of NAD+ pool partly due to the competition of 

elevated PARP-1. The enhanced acetylation of several key proteins involved in broad 
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cellular functions may contribute to the age-related mitochondrial dysfunction and 

oxidative damage. 
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1. Introduction 

It is well-documented that deteriorated mitochondrial function plays a critical role 

in the process of muscle aging (Chaudhary et al. 2011; Kim et al. 2017; Picca et al. 2018; 

Hepple 2014). A growing number of studies have suggested that dysregulation of protein 

acetylation/deacetylation in mitochondria is an important cause of mitochondrial 

dysfunction (Parodi-Rullán et al. 2018; He et al. 2012; Sack & Finkel 2012; Wagner & 

Payne 2011). Acetylation of mitochondrial proteins has been considered as a key 

regulator for inhibition of activity of enzymes involved in tricarboxylic acid (TCA) cycle 

and electron transport chair (ETC), as well as in antioxidant defense (Gómez & Hagen 

2012; Guan & Xiong 2011; Parodi-Rullán et al. 2018). Indeed, acetylation of those 

proteins increases during aging, which is thought to be directly related to age-associated 

decline in mitochondrial function (Wagner & Payne 2011; Baeza et al. 2016; Sack & 

Finkel 2012). Age-related acetylation of PGC-1α, a master regulator of mitochondrial 

biogenesis, may lead to a decrease of mitochondrial biogenesis in muscle cells (Kawai et 

al. 2011; King et al. 2018; Kang et al. 2013; Konopka et al. 2014). Increased acetylation 

of key mitochondrial antioxidant enzymes such as superoxide dismutase (SOD2) may 

elevate superoxide level in muscle cells leading to oxidative damage to lipids 

mitochondrial and DNA (Harman 1992; Palikaras & Tavernarakis 2014; Sakellariou et al. 

2016). Increased ROS activate redox sensitive signaling pathways such as NFκB and 

FoxO, which promote ubiquitin proteolysis and mitophagy, as well as proinflammatory 

cytokines expression, forming a vicious cycle (Sanchez et al. 2014b). Furthermore, 

acetylation of NFκB subunit p65 can enhance its entry into the nucleus and DNA binding 

activity (Kawahara et al. 2009; Yeung et al. 2004).   
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SIRTs are NAD+-dependent protein deacetylases that exert mitochondrial quality 

control process and regulate ROS productions through interacting with various targeted 

proteins, their functionality is highly linked to aging (Michan & Sinclair 2007). In 

mammals, seven SIRT isoforms are existed. SIRT1,6, and 7 are the nuclear isoforms 

whereas SIRT2 localizes in both cytoplasm and nucleus. SIRT3,4, and 5 are located in the 

mitochondria (Michan & Sinclair 2007). Over the past decades, SIRT1,3, and 6 have 

been extensively studied and it is well-established that mitochondrial biogenesis is 

regulated predominantly by the SIRT1-PGC-1α axis (Fernandez-Marcos & Auwerx 2011). 

In fact, acetylation/deacetylation modulates PGC-1α activity and PGC-1α is a 

deacetylation target of SIRT1 (Nemoto et al. 2005; Rodgers et al. 2005). SIRT1 is also 

known to regulate the activity of NFkB and FoxO transcription factors, the key 

controllers for pro-inflammatory cytokine expression and mitophagy (Yeung et al. 2004; 

Webb & Brunet 2014); (Olmos et al. 2013). The primary function of SIRT6 is promoting 

DNA repair and genome stability (Dominy et al. 2012; Kugel & Mostoslavsky 2014). 

SIRT6 can also inhibit NFkB activation at histone level and thus inhibit inflammation 

(Kawahara et al. 2009). SIRT3, the main mitochondrial deacetylase, deacetylates 

enzymes and proteins in the TCA cycle and ETC thereby promoting mitochondrial 

oxidative phosphorylation (Lombard et al. 2007a). Another key role of SIRT3 is to 

deacetylate SOD2 at multiple lysine acetylation sites that render the enzyme inactive (Qiu 

et al. 2010; Tao et al. 2010).  

Research evidence suggests that deacetylation capacity of SIRTs decreases with 

aging due in part to decreased cellular NAD+ level (Gómez & Hagen 2012). The decline 

could be caused either by a reduction of NAD+ biosynthesis or by an elevation of PARP 
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activity in response to accumulated DNA damage, or both, during aging (Braidy et al. 

2011; Schultz & Sinclair 2017; Yoshino et al. 2011; Kolthur-Seetharam et al. 2006; Bai et 

al. 2011). PARP-1 consumes NAD+ by using its ADP-ribose polymer backbone to repair 

damaged DNA base pair and thus compete with SIRTs for shared NAD+ pools (Imai & 

Guarente 2014). Recent research suggests that PARP-1 was chronically activated in aging 

mouse skeletal muscle, which lead to a reduction of NAD+ level and hence SIRTs 

activity (Verdin 2015; Bai et al. 2011). Furthermore, cleavage of PARP-1 by specific 

proteases such as caspases, calpains and cathepsins has been recognized as indications of 

cell stress and death (Chaitanya et al. 2010). Several experimental approaches have been 

employed to boost SIRTs deacetylation activity to ameliorate mitochondrial dysfunction 

and ROS production rate in aging-mimicking models, such as CR, fasting, exercise and 

resveratrol treatment, however, direct examination on the impact of aging on SIRTs and 

its target proteins’ acetylation level in muscles are limited.  

The primary purpose of this study is to investigate the change of protein contents 

of various fractions of SIRTs, cellular NAD+ level and their influence on acetylation of 

several important targets of SIRTs in the skeletal and cardiac muscles of young, mid-age 

and aged mice. The implication of these changes in muscle mitochondrial metabolic and 

antioxidant functions were examined. We hypothesize that aging decreases SIRTs protein 

expression due to a decreased NAD+ pool thus increasing acetylation of SIRTs targeted 

enzymes and transcription factors. This altered cellular milieu will result in mitochondrial 

dysfunction and redox disturbance in aged muscles. 
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2. Material and Methods 

Animals and experimental design 

 Female C57BL/6J mice at the age of 6 mo (young, Y; N=8), 12 mo (middle, M; 

N=8), and 24 mo (old, O; N=8) were housed individually in the University of Minnesota 

Twin Cities (UMTC) animal facilities in 22℃ rooms on a reverse 12-h light/dark cycle, 

and fed a chow diet and tap water ad libitum. The animal user protocols were approved 

by the UMTC Research Animal Resource Center. 

Muscle harvest and sample preparation 

 Whole G, Q, and H muscles were collected immediately after the mice were 

euthanized by pentobarbital (80 mg/kg) injection. The isolated muscles were immediately 

frozen in liquid nitrogen and the frozen muscles were homogenized with a bullet blender 

(Next Advance, Troy, NY, USA) for 3 min in ice-cold IP-Lysis buffer (Thermo Scientific, 

Waltham, MA, USA) or mitochondrial isolation reagents (mitochondrial isolation kit for 

tissue, Thermo Scientific) or NE-PERTM  nuclear and cytoplasmic extraction reagents 

(Thermo Scientific) in the presence of protease and phosphatase inhibitor cocktails 

(Thermo Scientific). All homogenized muscle samples were then stored at -80℃ until 

analysis. 

Immunoprecipitation and western blot analysis 

 Protein lysates were pre-cleared with protein A beads for 30 min before 

immunoprecipitation with lysine-acetylation antibody (Santa Cruz Biotechnology, Dallas, 

TX, USA) for 4 h. After the incubation, the beads were pelleted by centrifugation at 8000 

g for 30 s and washed with ice-cold buffer 3 times then the pellets were eluted to 2X 
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sample buffer, vortexed, and boiled at 100℃ for 5 min. Thereafter, the mixtures were 

centrifuged at 8000 g for 30 s, and supernatant was stored at -80℃ until western blotting. 

Both whole lysate protein samples and lysine-acetylated precipitation samples 

were separated by SDS-PAGE, transferred to a PVDF membrane (GE Healthcare, Little 

Chalfont, UK), and blocked with 5% of skim milk prior to primary antibody incubation. 

The following antibodies were used for primary antibody incubation: Anti-SIRT1 

(ab110304), SIRT6 (ab62739), catalase (ab16731), GPx1 (ab22604), COX2 (ab15191), 

and 4-HNE (ab46546) purchased from Abcam (Cambridge, UK); anti-SIRT3 (sc-99143), 

SIRT5 (sc-271635), GCN5 (sc-365321), SOD2 (sc-30080), Ac-lysine (sc-32268), and 

NAMPT (sc-166946) purchased from Santa Cruz Biotechnology; anti-p65 (#8242), 

PARP-1 (#9532), and GAPDH (#5174) purchased from Cell Signaling Technology 

(Danvers, MA, USA); anti-PGC-1a (ST1201) purchased from Calbiochem (Billerica, MA, 

USA); anti COX IV (A21348) purchased from Invitrogen (Carsbad, CA, USA). 

Following secondary antibody incubation, the membranes were developed by using 

PierceTM ECL Western Blotting Substrate (Thermo Scientific) to expose Pierce CL-

XposureTM Film (Thermo Scientific) and quantified using ImageJ software (version 1.50i, 

National Institutes of Health, USA).  

NAD+/NADH, ELISA, and enzyme activity assay 

NAD+/NADH level was measured according to manufacturer’s instruction 

(ab176723, NAD+/NADH Assay kit, Abcam). ELISA assay was performed to quantify 

TNFa protein levels, following the manufacturer’s description (BD Bioscience, Franklin 

Lakes, NJ, USA). CS and SOD2 activity were measured in mitochondria using a kit 

according to the manufacturer’s protocol (Sigma, St. Louis, MO and Cayman, Ann Arbor 
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MI, USA, respectively).  

Statistical analysis 

 Experimental data were expressed as means ± SE, and group comparisons were 

made by one-way ANOVA. The Tukey-Kramer method was used as a post hoc test when 

ANOVA reached significance (P<.05). 

3. Results 

 The extent of acetylation on the entire protein pool showed a prominent increase 

in both mid-aged and aged skeletal muscle and cardiac muscle (P<0.05 or 0.01) (Fig. 1B). 

Acetylation of PGC-1a, increased in G and H of old (6.7-, 1.5-fold, P<0.05, respectively) 

vs. young (Fig. 1C). Acetylated-GCN5 level was elevated by 1.6- (P<0.05), 10.8- 

(P<0.05), and 3.2-fold (P<0.01), respectively, in the three muscles comparing old vs. 

young mice (Fig. 1D). Aging increased acetylated-p65 levels of G (P<0.05) and H 

(P<0.01) of old vs. young (Fig. 1E). SOD2 showed a dramatic 9-fold higher acetylation 

level in G (P<0.05) and G (P<0.01) in aged muscles, whereas in cardiac muscle the level 

of SOD2 acetylation was also significant (P<0.05) (Fig. 1F). 

 We next measured the protein content of several members of the SIRT family in 

two major hindlimb muscle groups and cardiac muscle of young, mid-aged, and aged 

mice (Fig. 2). There was a clear trend toward a higher SIRT1 protein levels comparing 

mid-aged to young skeletal muscles, with SIRT3 in quadriceps (Q) and SIRT 5 and 6 in 

both gastrocnemius (G) and Q being highly significant (P<0.01). Protein levels of all 

SIRTs were significantly higher in aged vs. young muscles (P<0.01). In the cardiac 

muscle, age effect was diverse; SIRT 1 and 5 showed an increase (P<0.01) in mid-aged 
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Figure 1. Aging increased SIRTs-targeted protein acetylation levels in mouse muscles. (A) Representative Western blots of acetylated 

PGC-1α, GCN5, p65, SOD2, and total protein. The protein acetylation levels of (B) Total, (C) PGC-1α, (D) GCN5, (E) p65, and (F) 

SOD2 in young, mid-, and old age mouse muscles, respectively. Data are mean ±SEM. *p < 0.05 vs. Young; **p < 0.01 vs. Young; †p < 

0.05, mid-age vs. old; †† p < 0.01, mid-age vs. old. 
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Figure 2. Aging increased SIRTs protein level in mouse muscles. (A) Representative Western blots of SIRTs. The protein levels of (B) 

SIRT1, (C) SIRT3, (D) SIRT5, (E) SIRT6 in young, mid-, and old age mouse muscles, respectively. Data are mean ±SEM. *p < 0.05 

vs. Young; **p < 0.01 vs. Young; †p < 0.05, mid-age vs. old; †† p < 0.01, mid-age vs. old.
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group but no change in aged group. SIRT 3 level was increased but SIRT 6 decreased in 

aged group (P<0.05). 

 Because NAD+ is required as a substrate for both SIRT and PARP, we examined 

both nuclear and cytoplasmic fraction of NAD+ level in the muscles during aging (Fig. 3). 

Nuclear NAD+ and the NAD+/NADH ratio in both G and Q muscles showed decreases 

by more than half with aging starting with mid-age and sustained to old age (P<0.05) (Fig. 

3B, C). Cytoplasmic NAD+ and NAD+/NADH ratio were also lowered with aging and 

showed similar patterns (P<0.01). To gain more insight into the factors influencing 

NAD+ turnover, first measured the NAD+ salvaging enzyme NAMPT content in the 

various muscle. NAMPT content was elevated by 2.5-, 5.5 and 8-fold in G, Q and H of 

aged mice (P<0.01), and the increases were apparent in the mid-aged mice as well (Fig. 

3D).  We further measured protein content of PARP-1, another major NAD+-consuming 

enzyme than SIRT. PARP-1 level was increased with aging in G and H (P<0.01) but 

decreased in Q at old age (P<0.01) (Fig. 3E). The cleaved form of PARP-1 clearly 

increased with age in all three muscles (P<0.01, Fig. 3F). 

Aging caused a significant alteration of mitochondria-related protein contents and 

enzyme activities in muscles (Fig. 4A). The rate-limiting enzyme of TCA cycle, CS 

activity decreased with aging, down to ~50% of that in young mice in both G and Q 

muscles (P<0.01) and in H (P<0.05) (Fig. 4B). SOD2, mitochondrial antioxidant enzyme, 

activity was decreased by 40% (P<0.01) in G, and 30% (P<0.05) in Q and H comparing 

old vs. young mice (Fig. 4C). The protein content of COX IV, a key component of ETC, 

also decreased significantly with aging in G (P<0.05) and Q muscles (P<0.01), whereas 

in H it was elevated by 3.8- and 2.9-fold in in mid-aged and old mice, respectively 
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Figure 3. Aging attenuates NAD+ and increased NAMPT and PARP-1 levels in mouse muscles. (A) Representative Western blots of 

NAMPT, PARP-1 and Cleaved form of PARP-1. The level of nuclear and cytoplasmic (B) NAD+ and (C) NAD+/NADH ratio. The 

protein levels of (D) NAMPT, (E) PARP-1, (F) Cleaved PARP-1 in young, mid-, and old age mouse muscles, respectively. Data are 

mean ±SEM. *p < 0.05 vs. Young; **p < 0.01 vs. Young; †p < 0.05, mid-age vs. old; †† p < 0.01, mid-age vs. old.
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(P<0.01). PGC-1a protein content increased by 70% (P<0.01) in G of mid-aged mice and 

by 2.2-fold in H of old mice (P<0.01) compared to young mice. No age effect was 

observed in Q (Fig. 4E). GCN5 protein level was unaffected in G but significantly 

decreased in Q (P<0.01) (Fig. 4F). Interestingly, in the cardiac muscle GCN5 level was 

elevated by 2.6-, 2.9-fold (P<0.01), respectively, comparing mid-aged and old mice with 

young mice. 

 Aged skeletal and cardiac muscles demonstrated clear signs of oxidative stress 

and damage. We assessed the basal protein content of inflammatory and oxidative 

damage marker as well as several antioxidant enzymes in the various tissues (Fig 5A). 

SOD2 protein content was downregulated by 40% (P<0.01) in G of both mid-aged and 

old vs. young group, while it was increased by 60% (P<.01) in Q of old mice. SOD2 level 

in H did not affect by aging (Fig. 5B). In contrast, GPx1 level was increased significantly 

with aging in skeletal cardiac muscles (P<0.05 or 0.01) (Fig. 5C). Catalase content 

showed differential effect of aging, steadily decreased in G (P<0.01) but increased in Q 

(P<0.05) and H (P<0.01) (Fig. 5D). P65 content was not altered in skeletal muscle but 

showed a decrease in the mid-aged heart (P<0.05) (Fig, 5E). COX2, a well-studied 

inflammatory marker, increased 80% (P<.01) at mid-age and 6.6-fold (P<0.01), 4.7-fold 

(P<0.05) respectively, in Q of mid-aged and old mice (Fig. 5F). It also showed a 2.8-fold 

increase at old age in H (P<0.01). Surprisingly, COX2 level declined in Q muscle in old 

mice. Oxidative damage marker 4-HNE level was markedly elevated with aging in the 

hindlimb muscles, and in cardiac muscle at mid-age (P<0.01) (Fig. 5G). 

4. Discussion 

 A major finding in the present study is that global protein acetylation level was 
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significantly increased at old age in muscle skeletal muscle and cardiac muscle. To our 

knowledge, this has never been reported. Proteomic analysis of the acetylated peptides 

identified over 100 lysine acetylation sites in mitochondrial proteins, and established 

lysine acetylation as an one of the common post-translational modification in the 

mitochondrion (Kim et al. 2006). Acetylation can influence multiple mitochondria-related 

protein functions, including mitochondrial turnover, TCA cycle, ETC, and antioxidant 

enzymes (Gómez & Hagen 2012; Guan & Xiong 2011; Parodi-Rullán et al. 2018). Aging 

is a prominent inducer of mitochondrial protein hyperacetylation, which may be an one of 

the major causes for mitochondrial enzyme dysfunction in the TCA cycle and ETC (ref) , 

loss of redox homeostasis, and increased proteins and organelles oxidative damage 

(Wagner & Payne 2011; Baeza et al. 2016; Sack & Finkel 2012). We identified several 

important enzymes and proteins that showed elevated acetylation in the muscle. For 

example, acetylation is known to render PGC-1α incapable of coactivating mitochondrial 

biogenesis, and this could be a reason for decreased mitochondrial oxidative capacity, 

demonstrated by a decline of CS and COXIV activity (Fig. 4B, C) (Yeo et al. 2019). 

Acetylation also has significant implication in cellular antioxidant defense and redox 

balance, as increased acetylation of SOD2 has long been recognized as a major factor for 

its decreased catalytic activity and this may be caused by muscle immobilization (Kang et 

al. 2015) and aging (Yeo et al. 2019). In this study, we demonstrated that SOD2 

acetylation was elevated by 8-10 fold at 24 month of age in mice (Fig. 1F). The could 

result in a devastating effect as elevated superoxide radical (O●-2) can reactive with 

hydrogen peroxide (H2O2) or nitric oxide (NO) to form hydroxyl radical (OH●) or 

peroxynitrite (ONOO●), two most reactive oxygen species in the biological system. 
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Figure 4. Aging decreased mitochondria-related proteins and enzyme activities in mouse muscles. (A) Representative Western blots of 

COX IV, PGC-1α, and GCN5. The enzyme activity of Citric synthase (B) and SOD2 (C). The protein levels of (D) COX IV, (E) PGC-

1α, and (F) GCN5 in young, mid-, and old age mouse muscles, respectively. Data are mean ±SEM. *p < 0.05 vs. Young; **p < 0.01 vs. 

Young; †p < 0.05, mid-age vs. old; †† p < 0.01, mid-age vs. old
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Conceivably, this could be one of the main explanations of increased lipid peroxidation in 

aged animals (Fig. 5F). Another important finding was that aged skeletal and cardiac 

muscles had dramatically elevated acetylation of p65, the subunit of NFκB that binds 

with target gene DNA (Fig. 1E), in spite of unchanged p65 protein content (Fig. 5E). 

Acetylation increases the binding activity of p65 (Kawahara et al. year), a crucial step in 

the transactivation of pro-inflammatory cytokine expression. Thus, it is not surprising that 

aged muscle showed a clear sign of inflammation noted by a higher COX2 content (Fig. 

5F).  

Because dysregulation of SIRTs has been considered   a major explanations for 

age-related diseases such as cardiovascular disease, neurodegenerative disease, and 

cancer (Haigis & Guarente 2006, Michan & Sinclair 2007), we hypothesized that 

increased acetylation of mitochondrial protein pool could be caused by decreased SIRT 

protein expression due to aging. However, our finding directed disputed this possibility. 

Data from the present study provided clear evidence that, except for SIRT6 in H, protein 

levels of all SIRTs increased significantly in an age-dependent manner in mouse hindlimb 

and cardiac muscles (Fig. 2). These data are in partial agreement with several studies 

reporting a positive correlation between SIRT1 protein and age in muscle (Kilic et al. 

2015; Alcendor et al. 2007; Kilic et al. 2014; Koltai et al. 2010). However, some studies 

suggested that aging decrease SIRT1 protein content (Michishita 2005; Abdelmohsen et 

al. 2007; Sakamoto et al. 2004; Sasaki et al. 2006). With regard to other SIRT subgroups 

such as SIRT3, 5, and 6, there is almost no Report. Thus, our study represents one of the 

few that reveals an important relationship between SIRT expression and aging. 

The question arises as to what cellular signals and mechanism could lead to an 
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increase in SIRT protein expression at old age. More critically, why did aged muscles 

displayed higher levels of protein acetylation despite dramatically elevated SIRT content? 

In order to explore potential explanations, we focused on cellular NAD+ pool, a 

mandatory substrate of SIRTs deacetylation activity. The role of NAD+ has been 

highlighted in recent literature (Imai & Guarente 2014; Verdin 2015). In addition to serve 

as a coenzyme to accept hydrogen ions as reducing power for a variety of mitochondrial 

metabolic enzymes, NAD+ is the required acceptor of acetyl group during the SIRT 

catalyzed deacetylation reaction. Furthermore, a decrease in cellular NAD+ availability 

due to aging may render the tissues incapable of dealing with increased acetylation 

tendency despite high SIRT levels (Imai & Guarente 2014; Verdin 2015). In the present 

study, we  measured nuclear and cytosolic NAD+ and NAD+/NADH ratio, the 

expression of NAMPT, which is the rate-limiting enzyme for NAD+ biosynthesis (Cantó 

et al. 2015; Schultz & Sinclair 2017); as well as PARP-1, a strong competitor of SIRTs 

for consuming NAD+ to supply adenine nucleotide group during DNA repair, (Bai et al. 

2011; Kolthur-Seetharam et al. 2006), to gain some insights. 

Aging resulted in a dramatic decline of nuclear NAD+ level, and a smaller but 

significant decrease of cytoplasmic NAD+ pool (Fig. 3A-C). This finding was consistent 

with several previous studies reporting age-related deficits of NAD+ in muscle (Frederick 

et al. 2016; Koltai et al. 2010; Schultz & Sinclair 2017). As an unexpected finding, 

however, NAMPT content was clearly increased in aged muscles (Fig. 3D). This finding 

was in contrast to most of previous studies (Schultz & Sinclair 2017; Frederick et al. 

2016; Koltai et al. 2010). A potential explanation for increased NAMPT level in aged 

muscles could be related to inadequate precursors of NAD+ biosynthesis such as Trp, NA,
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Figure 5. Aging impact on antioxidant enzyme contents, oxidative damage and inflammation in mouse muscles. (A) Representative 

Western blots of SOD2, GPx1, Catalase, p65, COX2, and 4-HNE. The protein content of (B) SOD2, (C) GPx1, (D) Catalase (E) p65, 

(F) COX2, and (G) 4-HNE in young, mid-, and old age mouse muscles, respectively. Data are mean ±SEM. *p < .05 vs. Young; **p 

< .01 vs. Young; †p < .05, mid-age vs. old; †† p < .01, mid-age vs. old. 
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NR, NMN, and NAM (Johnson & Imai 2018).  There are two pathways for the synthesis 

of NAD+: i) De novo biosynthesis pathway synthesizes NAD+ from Trp through multiple 

enzymatic steps. ii) NAD+ salvage pathway resynthesizes NAD+ from NAM and NMN 

which are governed by NAMPT (Johnson & Imai 2018). Although NAD+ salvage 

pathway might predominate over de novo pathway in mammals, diminished de novo 

pathway may contribute in part to age-related depletion of NAD+ pool (Mills et al. 2016; 

Misiak et al. 2017; Schmeisser et al. 2013; Mitchell et al. 2018). Moreover, decreased NR 

with aging could be another cause for NAD+ depletion. A natural NAD+ precursor, NR 

can directly convert to NMN, thereby bypassing the NAMPT in the salvage pathway and 

thus provide an alternative pathway for increasing NAD+ levels (Trammell et al. 2016; 

Hou et al. 2018; Schöndorf et al. 2018). 

 An alternative explanation of age-associated decrease in muscle NAD+ could be 

due to elevated PARP-1 (Fig. 3E). Both PARP-1 and SIRTs share NAD+ as a required 

substrate thus compete for its consumption. It has been suggested that increased PARP-1 

level could be an inevitable process of aging due to accumulation of DNA damage (Fang 

et al. 2014). Indeed, recent studies coming from PARP-1 pharmacological inhibitor as 

well as knock-out mice model of PARP-1 revealed increase in NAD+ pool and enhanced 

SIRTs activity (Mouchiroud et al. 2013; Fang et al. 2016; Fang et al. 2014). Taken 

together, the current data demonstrated that in aged muscles, there is an increased SIRTs 

and PAMPT expression, but they are not sufficient to provide enough NAD+ for 

deacetylation, and the observed NAD+ depletion may result in part from increased 

PARP-1 competition 

Mitochondrial dysfunction resulting in oxidative stress and chronic inflammation 
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are hallmarks of aging (Sack & Finkel 2012). As we expected, aged muscles showed low 

level of CS activity and COX IV content, classic mitochondrial markers, as well as 

lowered SOD2 activity (Fig. 5B, C, D). Since PGC-1α immerses a central position by 

regulating mitochondrial biogenesis and antioxidant enzymes expression (Scarpulla 2008; 

Handschin 2009; St-Pierre et al. 2006), increased acetylated PGC-1α level (Fig. 3C), 

which is considered as inactive form, could be a major contributor of mitochondrial 

deterioration in aged muscles. SIRT1 has been described to directly affect PGC-1α 

activity through deacetylation. Indeed, enhanced SIRT1 activity via overexpression, 

calorie restriction, and resveratrol increased transcription activity of PGC-1α as well as 

increased mitochondrial contents and antioxidant capacity (Nemoto et al. 2005; Olmos et 

al. 2013; Rodgers et al. 2005). Besides SIRT1-PGC-1α axis, other pathways such as 

SIRT6-GCN5 and AMPK may also contribute to regulating PGC-1α activity in aged 

muscle (Dominy et al. 2012). GCN5 can directly acetylate PGC-1α which interaction 

governed in part by SIRT6 because it can activate GCN5 acetyltransferase activity 

through deacetylation. However, our current data indicated that GCN5 may not be 

involved in PGC-1α acetylation with aging due to increased acetylation form of GCN5, 

inactivation form, in aged muscles (Fig. 3D). Moreover, SIRT6 has relatively low 

deacetylation capability compared to SIRT1 and thus SIRT6 could be little effect on 

PGC-1α acetylation through GCN5 (Kugel & Mostoslavsky 2014). AMPK, an energy 

sensing molecule, can not only directly regulate PGC-1α, but it also modulates its activity 

through SIRT1 activation by phosphorylation. It can be proposed that AMPK signaling 

would be predominant pathway rather than SIRT1 in terms of PGC-1α activation (Cantó 

& Auwerx 2009). 



  

73 

 

Aging suppressed SOD2 protein level and activity, along with increased catalase 

and GPx1 protein contents are clear indication of oxidative stress (Fig. 5D, E, F). 

Furthermore, acetylated SOD2 protein level increased with aging in mouse muscles is in 

line with decreased SOD2 activity in aged muscles. SIRT3 is located in mitochondria and 

regulates the up to ~90% of mitochondrial proteins acetylation status (Lombard et al. 

2007a; Tao et al. 2010). It controls detoxification of mitochondrial ROS through 

activation of antioxidant enzymes, especially SOD2 (Tao et al. 2010). Several previous 

studies have demonstrated that SIRT3 deficient mice shows increased in mitochondrial 

protein acetylation as well as reduce antioxidant enzymes activities resulting in excessive 

ROS production and oxidative damage in muscles (Lombard et al. 2007a; Dittenhafer-

Reed et al. 2015; Parodi-Rullán et al. 2018) , whereas enhanced SIRT3 activity such as 

exercise and CR ameliorated those alterations (Kincaid & Bossy-Wetzel 2013). Thus, our 

data indicated that decreased the activity of SOD2 with aging contributes in part to age-

related mitochondrial deterioration and oxidative damage in muscles which can directly 

related to dysregulation of SIRT3 activity. 

NFκB is well-known transcription factor to activate pro-inflammatory cytokine 

expression and ROS production which signaling can be activated in age-associated 

diseases (Salminen & Kaarniranta 2009). Indeed, our current data indicated that aging 

clearly increased acetylated form of p65, whereas the total level of p65 has been no 

changed by aging (Fig. 3E). In addition, aged muscles showed higher level of COX2, 

NFκB downstream effector and induce inflammation, and 4-HNE, classic oxidative 

damage marker (Fig. 6). These results indicated that acetylation would be a major factor 

for activating NFκB signaling and its downstream effectors in aged muscles. In fact, 
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NFκB signaling can be regulated by SIRTs. SIRT1 can inhibit p65 nuclear translocation 

by deacetylation activity (Yeung et al. 2004). In literature, SIRT1 suppressed 

inflammatory cytokines expression and oxidative damage through inactivation of NFκB 

(Zhu et al. 2011; Yeung et al. 2004). SIRT6 also interacts with NFκB and is recruited to 

the promoters of several NFκB target genes. SIRT6 can deacetylates histone H3 lysine-9 

residue on these promoters and thus inhibit the binding of NFκB to target genes DNA 

promoter regions, which result in suppressed of NFκB regulated genes such as TNFa and 

IL-1, 6 (Kawahara et al. 2009). Paradoxically, NFκB also regulate several antioxidant 

target genes expression, specifically SOD2. It is assumed that increased acetylation of 

NFκB might be a protective role of keeping antioxidant capacity against aging (Kawahara 

et al. 2009; Salminen & Kaarniranta 2009).  

SIRT5 has emerged as a regulator of mitochondrial metabolism with different 

aspects compared to other SIRTs (Bringman-Rodenbarger et al. 2017). SIRT5 has a weak 

deacetylase activity but a strong desuccinylase and demalonylase activity (Du et al. 2011). 

Recent studies elucidated that SIRT5 plays an important role in TCA cycle, fatty acid 

oxidation, and antioxidant defense system in various tissues (Bringman-Rodenbarger et al. 

2017). Our data clearly showed that aging increased SIRT5 protein content in mouse 

muscles (Fig. 1D). Unfortunately, in this study, we did not specifically investigate the 

SIRT5 targeted protein desuccinylation or demalonylation levels. The physiological 

relevance of SIRT5 induced protein modifications and their molecular consequences in 

the process of aging are still largely unknown. 

5. Conclusion 

 Our data indicate that aging increased SIRTs, PARP-1, and protein acetylation 
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levels, whereas NAD+ pool was decreased with aging in mouse muscles. Decreased level 

of NAD+ in aged muscles may heighten the competition between SIRTs and PARP-1 for 

utilizing NAD+, which can contribute to aged-associated mitochondrial dysfunction and 

plays an important role in process of muscle aging.   
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