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Abstract 
Providing clean and safe water to the world’s growing human population in one of the 

major challenges of the 21st century. Increased human activity contaminates waters with toxic 

chemicals, making it unsafe for consumption. Bioremediation utilizing encapsulated bacteria has 
emerged as an efficient method for the removal of toxic chemicals from the environment, and can 
permanently remove a wide range of pollutants by breaking them down into simple compounds. 
In this presentation, biocatalytic materials were developed for water bioremediation utilizing 
encapsulated bacteria. Silica gels with encapsulated bacterial cells and spores were designed and 
optimized for cytocompatibility, porosity, and catalytic activity.  

As a case study, the gels were used to remove a hydrophobic herbicide from drinking 
water. First, the surface properties or the silica gel were optimized for biodegradation of the 

hydrophobic herbicide, by incorporating hydrophobic side chains into the gel. The hydrophobic 
groups rapidly removed the herbicide by adsorption, and the adsorbed herbicide was 
rapidly degraded by encapsulated cells, resulting in high biodegradation rates. Next, materials 
were engineered for the encapsulation, germination and outgrowth of bacterial spores. 
Encapsulation of the robust bacterial spores enabled a much wider range of synesis conditions, 
resulting in materials with better mechanical properties. After encapsulation, spores could be 
germinated by adding nutrients, causing them to grow into metabolically active cells. In 

addition, spores could be encapsulated in desiccated materials, enabling long term storage with a 
low risk of fowling. After the gels were designed and characterized, an emulsion system was 
developed for production of silica gel microspheres with encapsulated bacteria for use in a packed 
bed bioreactor, and the system was scaled up to produce 52 gallons of microspheres for field test.  

Finally, robust bionanocomposites with controlled morphologies were produced via the 
self-assembly and biosilification of fusion proteins. The scaffold forming protein EutM was 
genetically fused to four different silica biomineralization peptides, enabling control over the 

scaffold morphology and extent of biosilicification. At high silica concentrations, the proteins 
catalyzed the formation of a macroscale silica gel, and the microstructure and mechanical 
properties of the gel could be tuned by adjusted the protein concentration. The silica precipitating 
protein scaffolds developed in this work represent an ideal biomaterial for the fabrication of 
living materials because of their small size, self-assembling properties and their robustness. 
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1 Introduction 
 

1.1 Motivation 

Providing clean and safe water to the world’s human population is one of the 

greatest challenges of the 21st century. Globally, around 750 million people lack access to 

safe drinking water, 2.5 billion lack adequate sanitation, and 842,000 people still die 

annually from contaminated water sources [1-3]. These conditions are expected to worsen 

due to climate change, population growth, and human activity [3]. As of 2010, nearly 80% 

of the world’s population live in regions where threats to water security are likely [4], and 

a Gallup poll taken in 2009 found that pollution of drinking water is the primary U.S. 

environmental concern [5]. 

More than one third of Earth’s accessible freshwater is used for industrial, 

agricultural, or domestic purposes, and most of these processes lead to water contamination 

[1, 6]. Agriculture accounts for 70% of water abstractions, and discharges large quantities 

of agrochemicals, organic matter, drug residues, sediments and saline drainage into water 

bodies [6]. Many of these contaminates cause damage to the environment and human 

health, even at low concentrations [1, 7]. As an example, the herbicide atrazine is often 

detected above the maximum allowed concentration of 3 μg L−1 in USA and 0.1 μg L−1 in 

Europe. 

Biodegradation has emerged as the most advantageous technique for the removal 

of low concentrations of atrazine and other chemicals from water [8-10]. Encapsulation of 

the biodegrading bacteria in 3D matrix isolates the microorganisms from the environment, 

and protects them from predation and environmental stressors. Bioencapsulation results in 

a solid biocatalytic material that is ideal for use in a flow though bioreactor for water 

treatment and environmental remediation applications.  
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1.2 Atrazine Bioremediation 

Atrazine is the most widely used herbicide in the world [11] with 70,000–90,000 tons 

applied annually [10]. Used primarily for weed control in corn, atrazine is applied to 69% of 

corn acreage in the US [12]. Due to its long half-life and poor adsorption to soil, atrazine has 

a high potential for surface and ground water contamination [10, 11]. The herbicide can enter 

surface waters as a result of severe rainfall, improper handling or disposal, floods, spills, or 

leaching from agricultural soils [8]. As a result, atrazine is the most commonly detected 

pesticide in soil, groundwater, and drinking water in the United States [10, 13], and is often 

detected above the maximum allowed concentration of 3 μg L−1 in USA and 0.1 μg L−1 in 

Europe. 

Atrazine contamination is a growing public concern because many are known to 

cause damage to the environment [14-16], and human health [12, 16-28]. Due to these 

health concerns atrazine was banned by the European Union in 2004, however significant 

concentrations can still be detected in the banned regions [11]. 

Several technologies are available for the removal of atrazine from water and soil. 

The most commonly used methods are chemical treatment, incineration, phytoremediation, 

adsorption and biodegradation [12]. These techniques are ideal for treating large 

concentrations of atrazine in a contained area (in the case of a spill for example), but regular 

atrazine use results in water contaminated with small concentrations of atrazine and 

removal is only feasible by adsorption and biodegradation. Adsorption of atrazine to 

granular activated carbon (GAC) or powder activated carbon (PAC) has been recognized 

as the best available technology for atrazine removal from water [29, 30]. However 

activated carbon has several drawbacks: 1. Organic chemicals are adsorbed 

nonspecifically, 2. Saturation occurs when all the adsorption sites are occupied and 

removal ceases. 3. Adsorbents only concentrate pollutants at a surface, requiring follow-

up steps to deal with the concentrated chemicals that can be expensive and time consuming 

[31-33]. 

Bioremediation, the use of microorganisms or microbial processes to detoxify and 

degrade environmental contaminates has emerged as the most advantageous technique for the 

cleaning up atrazine contaminated water and soil [8-10]. Advantages of bioremediation over 

conventional remediation techniques include [9]:  

• Bioremediation can be done on site. 
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• Transportation costs and liabilities are eliminated.  

• Site disruption is minimal. 

• Biological systems are often less expensive 

• Atrazine is permanently eliminated. 

• Bioremediation can be coupled with other treatment techniques into a treatment 

train. 

 

As with any remediation technology, bioremediation has several drawbacks including: 

• Biocompatible conditions must be maintained including temperature, pH, ionic 

strength etc. 

• Bioremediation projects are heavily regulated by the EPA and other agencies, 

especially when recombinant bacteria is used. 

• Bioremediation is often considerably slower than other methods [34]. 

• The natural microbial population is altered. 

• Atrazine degrading bacteria must be isolated and cultured, which can be time 

consuming and expensive. 

 

The fate of atrazine in the environment is directly correlated with the ability of 

microbes to metabolize them. Until the 1980s atrazine was considered to be poorly 

biodegradable, however in the last thirty years a wide range of atrazine mineralizing 

bacteria have been isolated that catabolize atrazine as the sole source of nitrogen and 

release the ring carbon atoms as carbon dioxide [35-37]. Pseudomonas sp. ADS was the 

first atrazine mineralizing strain isolated, and the enzymatic mechanism responsible has 

been well characterized [36]. The Pseudomonas sp. ADS atrazine degrading plasmid is 

named pADP-1 and contains the atzA-F genes [10]. The atrazine degradation pathway is 

shown in Figure 1.1. 
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Figure 1.1: Atrazine biodegradation pathway 

 
Atrazine chlorohydrolase (AtzA) catalyzes a hydrolytic dechlorination reaction, 

transforming atrazine to hydroxyatrazine [38]. Hydroxyatrazine is not herbicidal, has no 

known negative impact on human health, and is more strongly adsorbed to soil that atrazine 

[35]. For these reasons the AtzA catalyzed reaction is the important step in the 

biodegradation pathway, and further degradation is not necessary. AtzA has been cloned 

and successfully expressed in E. coli [39], allowing the extensive E. coli literature and 

mutant bank to be utilized. In a field study our collaborators in the Wackett laboratory used 

recombinant E. coli expressing AtzA to clean up a spill of 1,000 pounds of atrazine from 

contaminated soil to attain a level of herbicide acceptable to regulatory agencies [35]. 

 

1.3 Bioencapsulation 

Bioencapsulation is the immobilization of biomolecules or cells in a 3D porous 

matrix by physical entrapment [40-42]. The encapsulated bacteria are immobilized in the 

matrix, but retain their activity resulting in a solid biocatalytic material. The encapsulation 

matrix isolates microorganisms from the environment and protects them from predation 

and environmental stressors, such as changes in pH and osmotic stress [43, 44]. The 

resulting biocatalytic material is ideal for use in a flow though bioreactor and can be used 

repeatedly as long as the microorganisms remain active [45]. It is also important to note 

that bioencapsulation technology has other application in biotechnology including drug 

delivery [46], tissue engineering [47], biosensing [48], biocatalysis [49], cell delivery [50], 

and separation and adsorption processes [51]. Therefore, the scientific output of this 
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research will potentially benefit other areas of biotechnology. 

Successful bioencapsulation requires the encapsulated microorganisms to remain 

active, and the encapsulation matrix to maintain good chemical, physical and mechanical 

properties. Margaritis [52] has provided an excellent summary of the desirable 

characteristics for a cell encapsulation matrix. An ideal cell encapsulation matrix will: 

 

1. Maintain the activity of the cells for long periods of time. 

2. Not react with substrates or products. 

3. Retain its physical integrity and be insoluble under the bioprocess conditions. 

4. Be permeable to reactants and products. 

5. Have large specific area per unit volume. 

6. Have high diffusion coefficients for substrates and products (and possibly nutrients). 

7. Be resistant to microbial degradation. 

8. Have good mechanical strength. 

9. Retain chemical and thermal stability under bioprocess and storage conditions. 

10. Recognized as environmentally safe for water treatment applications. 

11. Be available in adequate quantities with consistent quality and acceptable price. 

12. Be feasible to produce efficiently for desired quantities. 

 

Different organic, inorganic and hybrid polymers can be used for cell encapsulation 

[53-60]. Synthetic organic polymers such as polyethylene glycol (PEG), polycaprolactone 

(PCL), and polylactic acid (PLA) are used extensively due to their high biocompatibility, 

tunable properties, and commercial availability [41]. Many of these materials are 

biodegradable, swell in media, expensive to purify, and have poor mechanical properties, 

making them unsuitable for bioremediation applications. Natural polymers including 

alginate, chitosan, and carrageenan are commonly used due to their biocompatibility, low 

cost, and ease of synthesis [61]. However these materials are chemically unstable, swell in 

media, and the encapsulated biologicals leak from the gel [62, 63]. Alginate is the most 

commonly used material for bioencapsulation, but it undergoes uncontrollable dissolution 

due to the loss of divalent ions making it non-ideal for biocatalytic applications [64]. 
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1.4 Silica gel 

Silica gel emerges as an ideal candidate for bioencapsulation due to its favorable 

mechanical properties, chemically stability, biocompatibility, and mild synthesis 

conditions [60, 65-68]. Silica gel is superior to natural and organic materials because it 

forms a stiff matrix, does not swell, does not leak encapsulated cells, is chemically and 

biologically stable, and not toxic [69-71]. Our lab has shown that recombinant E. coli cells 

encapsulated in silica gel continued to degrade atrazine for over 4 months, greatly 

surpassing the 21 days achieved by the free cells [66].  

 

1.4.1 The Sol-gel process 

 

Silica gel is most commonly formed by the sol–gel transformation of a silicon 

alkoxide. In a typical process a silicon alkoxide is hydrolyzed in the presence of water and 

an acidic catalyst to produce orthosilicic acid and alcohol. The reactive silanol groups of 

the hydrolyzed alkoxide then undergo condensation reactions to form siloxane bonds and 

a 3D gel network (Figure 1.3) [55, 72, 73]. The resulting gel contains a mixture of micro, 

meso, and macro pores [74]. The most commonly used silicon alkoxide precursors are 

TEOS and TMOS and these alkoxides are shown in Figure 1.2. 

 
Figure 1.2: The Silicon alkoxide TEOS and TMOS are commonly used in sol-gel 

processing 
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Figure 1.3: The sol-gel transition of a silicon alkoxide 

After gelation the gel network continues to polymerize and condense in a process 

called aging [72].  Aging increases the crosslinking density resulting in a more 

mechanically stiff gel [68]. In addition to aging, silica gel is typically post-processed by 

thermal treatment [75] or supercritical drying [76] to promote further condensation 

reactions. These processing steps can drastically increase the mechanical stiffness of the 

gel, but are unsuitable for bioencapsulation. Silica gel for bioencapsulation is generally 

very different than silica gel used for other applications due to its lack of post processing 

and large water content [67]. 

 

1.4.2 Organically modified silicon alkoxides 

 

Silicon alkoxides can be classified as primary or secondary alkoxides. Primary 

alkoxides are tetrafunctional, meaning that they have four hydrolysable alkoxy groups and 

can form four siloxane bonds. Secondary alkoxides have one of more alkoxy group 

replaced with a nonhydrolysable organic group. Secondary alkoxides are commonly 

referred to as organically modified siloxanes, or ORMOSILs. ORMOSILs can introduce a 

wide range of chemical groups into the gel matrix, allowing the structural and chemical 
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properties of the gel to be tuned [77, 78]. Two extensively used ORMOSIL alkoxides 

triethoxy-methylsilane (MTES), and triethoxy-phenylsilane (PTOS) are shown in Figure 

1.4. 

 
Figure 1.4: Commonly used ORMOSIL alkoxides, MTES and PTES 

 

ORSOMIL gels have been shown to be superior to inorganic silica gel with regard 

to transport properties, biocompatibility, and adsorption of organic molecules [79, 80]. 

These organic inorganic hybrid materials can lead to synergistic properties that are 

unattainable by the separate precursors [81]. ORMOSIL gels have found applications in 

contact lenses, laser components, bone repairing materials, photochromic coatings, and 

adsorbents. They have also been used extensively in biosensors, drug delivery, and other 

medical applications [82]. ORSOMIL gels have been used to encapsulate a wide range of 

enzymes, sometimes resulting in an enhancement in activity [83], but the encapsulation of 

bacteria cells in ORMOSIL gel is less well studied [80, 84]. 

Incorporation of ORMOSILs into the gel network changes the microstructure, 

porosity, adsorption properties, and transport properties of the gel [85, 86]. Extensive 

literature is available about the characterization of ORMOSIL gels, however the vast 

majority of these gels are not suitable for bioencapsulation due to high ethanol 

concentrations or heat treatment. Papers describing the characterization of biocompatible 

ORMOSIL gels are less common [67], and to our knowledge ORMOSIL cross-linked SNP 

gels have not been developed.  

 

1.4.3 Silica nanoparticles 

Sol-gel bioencapsulation has two major drawbacks: ethanol is produced during the 

process, which can damage cells, and the process gives little control over the porosity and 

structure of the gel [87]. Ethanol can be removed from the alkoxide solution before gelation 
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[84], but this requires an additional processing step, alters the gel matrix, and requires the 

use of a vacuum or rotary evaporator system. Our lab has shown that small concentrations 

of ethanol can enhance the biodegradation rate by permeabilizing the bacterial cell 

membrane [45]. Bacteria with compromised membrane integrity can function as a “bag of 

enzymes” and continue to catalyze hydrolytic reactions [88]. However the sol-gel process 

produces ethanol in concentrations that cause encapsulated bacteria to become inactive. 

These problems can be circumvented by using silicon alkoxides in combination with 

another silica gel precursor: silica nanoparticles (SNPs).  

SNPs are amorphous silica colloids stabilized in a highly alkaline solution, and by 

lowering to pH of the solution it is possible to obtain a gel [89]. SNPs are appealing 

precursors because they are biocompatible and commercially available at high volumes 

and low cost [87]. SNPs are available sizes ranging from nanometers to micrometers 

allowing the microstructure of the gel to be fine-tuned by using SNPs of different sizes. 

However, cell encapsulation in exclusively SNPs gels results in mechanically weak gels, 

and allows limited control over the gelation process and final gel microstructure.  

 

1.4.4 Silicon alkoxide cross-linked silica nanoparticle gels 

SNPs can be used in combination with silicon alkoxides to achieve mechanically 

strong, biocompatible gels, with a tunable microstructure [90]. The silicon alkoxide acts as 

a cross linker, chemically linking the silica nanoparticles and forming a gel. The gel 

microstructure can be controlled by adjusting the SNP size and the alkoxide : SNP ratio 

[91].  Increasing the SNP size increases the gel permeability and porosity of the gel but 

decreases the mechanical stiffness. Increasing the alkoxide : SNP ratio increases the 

mechanical stiffness of the gel, but it decreases the gel permeability and increases the 

ethanol concentration. These parameters must be optimized to achieve a mechanically 

strong, permeable, and biocompatible gel. 

 

1.5 Cell and spore encapsulation systems 

Cell encapsulation systems have been widely developed, but have several drawbacks [52]: 

• Biocompatible conditions must be maintained during encapsulation. 
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• The encapsulation material must be stored wet and under cytocompatible 

conditions. 

• The encapsulation system has a limited shelf-life 

• Encapsulated cells become inactive under stress. 

 

Some bacteria including Bacillus subtilis form robust spores under conditions of 

environmental stress [92-95]. Encapsulation of spores rather than vegetative cells enables 

the use of a much wider range of encapsulation materials and harsh encapsulation processes 

[96-102]. The spore encapsulation material can be stored under a wide range of conditions, 

including desiccated, which makes the material easier to store and ship, and reduces the 

risk of fouling [102].  

The major drawback associated with spore encapsulation systems, is that spores 

have little to no metabolism, making them unsuitable for biocatalytic applications [103]. 

However, spores can be rapidly germinated by exposing them to nutrients, causing them to 

outgrow into vegetative cells [104, 105]. Under conditions of environmental stress, the 

outgrown cells can resporulate, and the germination cycle can be repeated.  

Engineering a spore encapsulation material represents an interesting design 

problem, with different considerations than cell encapsulation systems. The 

cytocompatibility of the encapsulation process is not a primary concern, because spores 

can survive a harsh environments and treatments [94, 106-119]. However, the material 

must be engineered to allow the rapid diffusion of nutrients and oxygen to support spore 

outgrowth. Transport limitations can result in spore outgrowth only occurring near the 

surface of the gel, leaving spores encapsulated in the gel bulk metabolically dormant. 

Transport limitations can be reduced by increasing the gel permeability, decreasing the 

characteristic length and decreasing the spore loading [45]. The spore encapsulation matrix 

should be mechanically strong, but also elastic enough to allow spore outgrowth. Spore 

outgrowth requires the cell volume to increase by over 100%, so the matrix must yield in 

some way [96].  
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1.6 Self-healing materials 

Self-healing materials are a relatively new type of smart material that have the built 

in ability to automatically repair damage in them without external intervention [120-122]. 

This bio-inspired property and has been implemented for the development self-healing 

polymer composites, anticorrosion coatings, concrete, and structural ceramics [120]. Self-

healing materials can be divided into three categories based on the healing mechanism: 

microcapsule based [122-126], vascular based [127-129], and intrinsic [121, 130, 131]. 

Microcapsule  and vascular based self-healing materials embed the healing agent within 

the material in spherical capsules, and vascular networks respectively. Intrinsically self-

healing is accomplished by the material itself, though thermally reversible covalent bonds 

and alkenes cyclization by light [132, 133], Diels-Elder reversible bonds [134, 135], 

disulfide bonds [136], and hydrogen bonds [137]. Zhu et al. outlines reasons microcapsule 

based self-healing materials have the greatest potential for commercialization in the near 

future: (i) no changes in the molecular structure are required to integrate the polymers with 

self-healing abilities, (ii) microencapsulation has matured as a technology since its 

emergence in the 1950s, and (iii) healing-agent-loaded microcapsules can be easily 

incorporated into the polymer matrix using existing blending techniques [123].  

Microcapsule based materials compartmentalize the healing agent in spherical 

capsules embedded within the material. Encapsulation of the healing agent protects it from 

the environment, and the matrix, allowing it to remain inactive for extended periods of time 

[123]. Damage to the material, such as microcracking, causes the capsules to rupture and 

the healing agent to be released. Typically the healing chemistry requires a catalyst, which 

can be embedded in the material or can also be encapsulated in microcapsules [137]. The 

first microcapsule based self-healing material was developed in 2001 using 

dicyclopentadiene and Grubb’s catalyst [125], and since then a wide variety of chemistries 

have been used [123]. 

 Microcapsules are typically formed though emulsification of the healing agent, 

followed by polymerization and shell formation at the droplet interface. The shell can be 

formed though in situ polymerization, interfacial polymerization, Pickering emulsion 

templating, miniemulsion polymerization, solvent evaporation/extraction, or sol-gel 

reaction [123, 137]. Self-healing systems typically utilize polyurethane-urea, urea-

formaldehyde or melamine-formaldehyde (MF) shell capsules formed though in situ 
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polymerization [137]. Recent efforts have focused on melamine-formaldehyde, because 

MF shell capsules can encapsulate greater amounts of core material and retain the core 

longer than other capsules [137-141]. In addition MF shell capsules have better 

mechanical, chemical, and thermal properties than the other materials, mainly due to 

thicker walls, a higher degree of crosslinking, and the presence of triazine rings (from 

melamine) in the network [142-144]. In addition, melamine is more reactive than the urea 

, so MF shell capsules require much shorter reaction times [142, 145]. The drawback of 

using MF shell capsules, is that the melamine-formaldehyde prepolymer must be prepared 

separate from the emulsion, resulting in a two-step process [142]. 

 

 

1.7 Fabrication of Living materials 

The next generation of advanced functional materials will include “smart” materials 

that respond to environmental conditions though adaptive and self-healing properties [146, 

147]. Though billions of years of evolution biology has developed the ability to produce 

materials with many of these properties, including wood, shell, cotton, leather, silk, and 

bone. However, the properties of the natural biological systems are limited to those selected 

for by evolution.  

Recently the fabrication of engineered living materials (ELMs) with adaptive and 

self-healing properties has become an extremely active area of research [148]. ELMs utilize 

genetically engineered microorganisms as nanofactories to produce materials, typically 

though the self-assembly of biomolecules. Properly engineered microorganisms can 

precisely control the structure of the ELM over many length scales. The cells that produce 

the materials remain associated with them, and are able to respond to changes in the 

material and the environment by maintaining or modifying the material properties in some 

way.  

ELMs have been fabricated though the secretion and self-assembly of 

polysaccharide and protein building blocks. Bacterial cellulose (BC) has been extensively 

utilized for the production of living biofilms [146, 147], because it has good chemical and 

mechanical properties [146, 149, 150], BC production can be easily regulated genetically 

[151-154], it is easily functionalized [155-159],  and the assembly and material properties 

can be easily modified [160-164]. However structural modifications to polysaccharides 
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using genetic engineering are difficult and limited compared to proteins. Protein structure 

and function can be easily manipulated, making them desirable building blocks for ELSs 

with specific functional characteristics. Protein based living materials have primarily 

utilized amyloid fibers, such as Curli Fibers to produce living biofilms [148, 165, 166]. In 

a recent study Bacillus subtilis was genetically engineered to secrete TasA amyloid fusion 

proteins, which self-assembled into supramolecular structures in solution, and enabled the 

production of macroscale materials [148].  

Incorporation of inorganic components into ELMs through biomineralization can 

add structure, robustness, and longevity to the material [146, 147, 167, 168]. 

Biomineralization can be accomplished utilizing naturally biomineralizing biomolecules, 

such as collagen [169, 170], or by  genetically fusing biomineralization peptides to the 

biomolecular building blocks (see Chapter 5) [148, 171-175].  

In this work a living material is developed by genetically engineering Bacillus 

subtilis for the production and secretion of fusion proteins consisting of the scaffold 

forming protein EutM fused to several different silica binding peptides. These proteins are 

described in detail in Chapter 5. Secretion, self-assembly, and subsequent biosilification of 

the protein scaffolds resulted in robust materials with controllable structures. The material 

properties can be tailored by adjusting the concentration and spatial distribution of silica 

binding peptides within the material. The living material also has self-healing and adaptive 

properties, as mechanical damage to the material could be repaired by further secretion and 

self-assembly of the structural proteins. After scaffold production, sporulation of Bacillus 

subtilis provides robustness and longevity to the system. Spores can be rapidly germinated 

by exposure to nutrients, causing protein scaffold production to resume. 

Bacillus subtilis remain associated with the material by expressing the SpyCatcher 

peptide on polar flagella on the Bacillus subtilis cell membrane, and the SpyTag peptide 

on the protein scaffolds. Together the SpyTag−SpyCatcher pair autocatalyze the formation 

of an intermolecular covalent bond between two amino acid side chains [146, 176]. 

Bacillus subtilis can remain bound to the scaffolds during sporulation by deletion of the 

autolysis gene, causing the cell membrane and SpyCatcher peptide to remain intact during 

sporulation.  
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In fabrication of the living material described above, my work focused on the 

sporulation and germination of Bacillus subtilis (Chapter 4), and self-assembly and 

biosilification of the protein scaffolds (Chapter 5) 

 

1.8 Biomineralization 

Biomineralization enables the incorporation of inorganic materials into living 

systems, enabling the production of robust composite materials [167, 168, 177-181]. 

Natural biomineralization systems include, calcium carbonate [182] in molluscan shells 

[183-185] and sea urchins [186], amorphous silica in diatoms [187-189] and marine 

sponges [190, 191], hydroxyapatite in bones and teeth of mammals [192], and magnetite 

in chiton teeth [193]. Biomineralization provides these organism with structural support, 

and protection from predation and environmental stressors [175, 194, 195]. 

Biominerals have elaborate hierarchical structures, giving them mechanical 

properties and flexibility than cannot be achieved in analogous synthetic materials [196, 

197]. One way this is accomplished is through the utilization of self-assembled 

supramolecular biomolecular scaffolds as templates for biomineralization [187, 198-201]. 

By taking advantage of the infinitely diverse structures that can be formed by biomolecular 

self-organization and the mineralization of inorganic elements, structurally robust 

composite bionanomaterials are produced [202-204]. Harnessing the principles that govern 

the assembly of natural organic/inorganic hybrid nanomaterials offers a tremendous 

potential for the bottom-up design of engineered materials with tailored properties for 

desired applications.  

 

1.8.1 Biosilification 

Silica biomineralization is especially interesting because silica is one of the most 

technologically important inorganic compounds, and extremely intricate silica structures 

with precisely designed nanostructures are found in nature [172, 179, 189]. These 

structures are formed from undersaturated concentrations of silicic acid, at physiological 

temperature, near neutral pH, and ambient temperature [175, 205]. This is in sharp contrast 
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to synthetic silica precipitation, which requires oversaturated silicic acid solutions, harsh 

solvents, extreme pH, and gives poor control over the silica structure [194]. Furthermore 

biosilification is estimated to occur 106 times faster than the abiotic process [206].  

Biosilica is the main component in the diatom exoskeleton [206, 207], the spicules of 

siliceous sponges [179, 191, 208], and is deposited in the spore coat of some gram positive 

bacteria [209], and in various plants [210-212]. Deposited silica provides these organisms 

with structural support, and protects them from environmental stressors and predation [175, 

194, 195].  

Perhaps the most impressive biosilica structures are the exoskeletons of diatom, 

with seemingly infinite varieties of nanostructures and patterns with characteristic length 

scales between 50 and 500 nm [187-189]. Diatom biosilica is deposited by the action of 

short, highly post translationally modified cationic peptides called silaffins and anionic 

peptides called silacidins [175, 206]. These proteins self-assemble into supramolecular 

structures, and serve as a template as well as a catalytic site for silica deposition [187]. The 

silaffins (Silaffin-1A, 1B, and 2) catalyze silica precipitation electrostatically, using 

cationic lysine residues to bring anionic silicic acid molecules together, and catalyze 

condensation [188, 213].  

Self-assembly of the biosilificating proteins is a prerequisite for silica precipitation 

[187, 188]. Native silaffin-1A (natSil-1A) has a high number of long chain polyamines 

attached to lysine residues, and phosphorylated serine and hydroxylysine residues. These 

modifications impart zwitterionic character to the peptides, causing the protein to self-

assemble via electrostatic interactions [187, 206, 214]. Silaffins without these 

modifications (Sil-1A) do not self-assemble due to repulsions between the cationic 

peptides, and therefore do not precipitate silica. However, the addition of phosphate to the 

media causes Sil-1A to self-assemble due to electrostatic bridging, and restores the 

biosilification activity [187, 214]. Similarly, silacidins require the presence of long chain 

polyamines to self-assemble and precipitate silica [215, 216]. 

While biosilification in eukaryotic organisms has been known for over a century, 

biosilification in prokaryotic organisms has only recently been reported. Motomura et al. 

[209] reported that silica is deposited in the spore coat of the gram-positive bacteria 

Bacillus cereus increasing their durability [195]. Silica precipitation is catalyzed by the 

spore coat protein CotB1 (171aa 19.3 kDa). CotB1 has a zwitterionic C-terminus sequence, 
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containing an anionic silacidin-like sequence, followed by a cationic silaffin-like sequence, 

rich in arginine. These similarities indicate that Bacillus cereus deposits silica by a similar 

method to the diatoms. Removal of the anionic or cationic sequence from the CotB1 C-

terminus resulted in the loss of biosilification, indicating that proper assembly of CotB1 in 

the spore coat in essential for biomineralization.  

Biomimetic approaches using synthetic peptides have been used for the production 

of silica nanoparticles, microparticles for drug delivery [217, 218], silica nanotubes and 

fibers [172, 219-221], biosensors [222-225] , enzyme encapsulation [175, 226-228], cell 

encapsulation [225, 229], and optical materials [230]. A synthetic variant silaffin-1A , 

known as R5 has been widely used for the biomimetic production of silica [172, 188, 206, 

213, 220, 222, 230, 231]. Other synthetic peptides have been shown to bind silica including 

CotB1p [232] and SB7 [233] from the zwitterionic C-terminus of CotB1, and synthetic 

amyloid forming peptides. These peptides are described in detail in Chapter 4. 

 

1.9 Overview of Dissertation 

The main goal of this dissertation was to develop biohybrid materials for 

bioremediation applications. The specific aims of this dissertation are as follows: 

• Design and optimize an emulsion device for the lab scale production of 

monodisperse silica gel microspheres with encapsulated E. coli. 

• Engineer the surface properties of silica gel encapsulation systems using 

ORMOSIL alkoxides to enhance atrazine biodegradation. 

• Design and optimize materials for spore encapsulation and outgrowth. 

• Design biosilica composite materials via self-assembly of fusion proteins 

for the production of living materials. 

• Engineer TEOS core microcapsules for the fabrication of silica based self-

healing materials   

These specific aims were addressed in Chapters 2, 3, 4, 5 and 6 of this dissertation 

respectively. A summary of the research is provided in Chapter 7. 
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2 Production of monodisperse silica gel 
microspheres for bioencapsulation by 

extrusion into an oil cross-flow1 

2.1 Overview 

Silica gel microspheres are ideal materials for bioencapsulation due to their 

mechanical properties, biocompatibility, and stability. Encapsulated cells are isolated from 

the environment and protected from predators, changes in pH, and osmotic stress. However 

methods for the production of silica gel microspheres suitable for bioencapsulation are not 

well established. This Chapter describes a method for the production of monodisperse 

silicon alkoxide cross-linked silica nanoparticle (SNP) gel microspheres for 

bioencapsulation in which silica gel precursor is extruded from a needle into a cross-

flowing stream of mineral oil. Microspheres produced ranged from 1.3 to 2.9mm in 

diameter with coefficients of variation ranging from 2 to 6%. Microsphere size was mainly 

controlled by the flowrate of the cross-flowing oil and smaller microspheres generally had 

larger coefficients of variation. The method described in this chapter can be optimized to 

produce silica gel microspheres with a diverse range of compositions and properties. 

 

2.2 Introduction 

Since 1954 [51] synthetic hydrogels have extensively been used in drug delivery 

[46, 47, 234], tissue engineering [235-237], separation and adsorption processes [51], 

biosensensing [48], biocatalysis [49], and bioremediation [236]. Spherical hydrogel 

microcapsules are particularly attractive due to their transport characteristics and surface 

properties [47, 238].  

Hydrogel microspheres are usually produced by creating an emulsion of gel 

precursors in an immiscible phase and then allowing the precursors to separate out and 

                                                        
1 Reprinted from: Benson, Joey J., Lawrence P. Wackett, and Alptekin Aksan. "Production of monodisperse silica gel microspheres 
for bioencapsulation by extrusion into an oil cross-flow." Journal of microencapsulation 33.5 (2016): 412-420. 
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aggregate followed by gelation [239-241]. The precursor microspheres may gel via 

chemical gelation (condensation reactions), physical gelation (gelation by heating or 

cooling), or ionotropic gelation (cross-linking induced by the addition of counter ions) 

[242]. 

Silica is an ideal material for the synthesis of microspherical hydrogels to 

encapsulate biological materials as silica gels have favorable mechanical properties, are 

chemically stable, biocompatible, do not swell, and resist leakage of the encapsulated cells 

[69-71]. Encapsulation in stiff silica gel immobilizes the cells, isolates them from the 

environment and protects them from predators, changes in pH, and osmotic stress. Our lab 

has shown that recombinant E. coli cells encapsulated in silica gel continued to degrade 

atrazine, an herbicide, for over 4 months, greatly surpassing the 21 days achieved by the free 

cells [66]. 

Silica gels can be formed by sol-gel transformation of a silicon alkoxide. Silicon 

alkoxide is hydrolyzed in the presence of water and an acidic catalyst to produce 

orthosilicic acid and alcohol. The reactive silanol groups of the hydrolyzed alkoxide then 

undergo condensation reactions to form siloxane bonds and a 3D gel network [72, 243, 

244]. Furthermore, hydrolyzed alkoxide can be combined with silica nanoparticles (SNPs) 

to produce a silicon alkoxide cross-linked silica nanoparticle gel network with significantly 

higher porosity [73, 89, 245]. The microstructure, transport characteristics and 

biocompatibility of the gel can be enhanced by using SNPs of different size, and varying 

the ratio of silicon alkoxide to silica nanoparticles [87]. 

Silica gel microspheres are more difficult to produce than ionotropically gelling 

materials such as alginate, which is by far the most common material used for the synthesis 

of hydrogel microspheres [246, 247]. The difficulty arises because silica microspheres 

stiffen and gel when condensation reactions span the microsphere, which takes time, and 

the silica sol must maintain its spherical shape until this occurs. Alginate microspheres on 

the other hand, gel instantaneously upon contact with a hardening solution [248]. Although 

alginate microspheres are easier to produce than silica microspheres, they suffer from poor 

mechanical properties, are chemically unstable, swell in media [62], and the encapsulated 

biologicals leak out of the gel [63].  

An emulsion consisting of monodisperse silica precursor microspheres can be 

produced using variety of techniques including turbulent drop breakup [249, 250], 



 19 

microfluidic devices [251, 252], membrane emulsification [253-255], microchannel 

emulsification [256-258], and extrusion [259, 260]. These methods and their limitations 

are summarized in Table 2.1.  

 

 

 

Table 2.1: Summary of emulsion microsphere formation using turbulent drop breakup, 

microfluidic devices, membrane emulsification, and microchannel devices [261-269]. 

 
Turbulent 
Drop Breakup  

Microfluidic 

Devices 
  

Membrane 

Emulsification  
 

Microchannel 
Emulsification  

Max Throughput 

(L/h) 
100-20,000 

0.005 per 
junction 

100/m2 (Direct ME) 

37,000/m2 (Premix ME) 

100 

 

CV > 30% <  3% 10-20% < 5% 

Minimum Drop 
Size (um) 

0.05 10 0.1 1 

Power Input 

(J/m3) 
105 -108 Minimal 103 -106 Minimal 

Microengineering No Sometimes No Yes 

 

 

Turbulent drop breakup involves adding a gel precursor to an immiscible phase and 

using a homogenizer or a rotor-stator system to generate a high shear region to form 

precursor microspheres [264, 270]. These systems can produce microspheres at high 

throughputs typically ranging from 100-20,000 L/h, [261] but microsphere size cannot be 

easily controlled, the size distribution of the microspheres is very wide [271], and high 

power inputs are required [261]. For example, alginate microspheres ranging from 200 to 

1000 μm in diameter with a coefficient of variation (CV) of 35 ± 5% have been reported 

to be produced in a reactor impellor system [272]. Smaller microspheres have been 

produced with high speed blenders, colloid mills and high pressure homogenizers with 

microsphere diameter size distributions of 2-10 μm, 1-5 μm, and 0.05-1 μm respectively 

[262].  
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Microfluidic emulsion devices can produce highly monodisperse microspheres with 

coefficients of variation (CV) less than 3% [264]. Microsphere size is easily controlled in 

these devices because it is determined by the dimensions and shape of the microfluidic 

channels and the properties of the two phases rather than the relatively uncontrolled 

turbulent flow conditions [238]. Microspheres in a diameter range of 50 to 500 μm and a 

CV of less than 2% have been produced with a T junction [273], and smaller microspheres 

ranging from a few microns to 20 μm with a CV of less than 1% have been produced with 

a flow focusing device [274]. Microfluidic devices with a single junction have low 

throughputs of about 5 ml/h [263] but they can be scaled up into a microfluidic chip and 

throughputs as high as 128 ml/h can be achieved [275]. Unfortunately, the construction of 

scaled up microfluidic chips requires special microengeneering techniques and tools [276-

278]. 

Membrane emulsification (ME) can produce monodisperse microspheres at a high 

throughput by forcing the gel precursor (direct ME) or a premixed emulsion (premixed 

ME) though a membrane into an immiscible phase. Direct ME typically uses disperse phase 

fluxes of less than 100 L/m2 h and CV are usually around 10%. Premixed ME can produce 

uniform microspheres at throughputs of up to 37,000 L/m2 h, but CV are higher than direct 

ME [262, 265-267]. Microsphere size typically ranges from 0.1-220 μm [261, 279] and 

larger microspheres typically have wider size distributions [280]. A significantly high 

power input is required to force the disperse phase though the membrane, but typical power 

inputs are 10-100 times less than required for turbulent microsphere breakup [261]. 

Microchannel emulsification (MC) produces highly monodisperse microspheres by 

passing the gel precursor though a microchannel array [268, 269]. Microsphere diameter 

sizes range from 1 μm to 4 mm and disperse flow rates can be as high as 50 ml/h but are 

typically much less [264]. Coefficients of variation are typically less than 5% for 

microspheres smaller than 100 μm, and greater than 10% for microspheres larger than 100 

μm [268, 281]. High power inputs are not required because interfacial tension drives the 

formation of the emulsion microspheres. Manufacturing microchannel arrays requires 

microengineering techniques and tools, similar to those required to manufacture scaled up 

microfluidic devices. 

Extrusion systems are an appealing alternative to the methods discussed above. 

These systems form an emulsion by extruding microspheres of gel precursor (sol) through 
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a needle or a nozzle into an immiscible phase. They do not require any special 

microengineering techniques or tools, no large power input, often consist of parts that are 

cheap and commercially available, and can often be assembled quickly and easily. 

Microspheres produced with extrusion systems have the additional benefit of not needing 

a surfactant for stabilization, while the methods described previously generally do. This is 

beneficial because surfactants can change the surface properties and pore structure of the 

final gel [282, 283]. Extrusion systems have several drawbacks: 1) Microspheres smaller 

than 1 mm in diameter are difficult to produce, and extrusion systems are generally not 

scalable and are only suitable for lab scale production [272], 2) After extrusion from the 

needle precursor microspheres must remain separated until they are gelled to avoid 

coalescence, and 3) After the microspheres are collected the continuous phase must be 

washed away, generating a separate waste. 

In this chapter, quasi-steady state microsphere separation was achieved by 

extruding the microspheres into cross-flowing oil (in a spiraling long tube) that carried the 

microspheres downstream maintaining their separation until they gelled. In order for the 

extrusion system to produce monodisperse microspheres the flow rate of the gel precursor 

injected into the cross-flow stream and the flowrate of the cross-flow stream were 

optimized. The effect of these two flowrates on microsphere formation can be examined 

by evaluating the dimensionless capillary number (Ca) and the Webber number (We). The 

capillary number is the ratio of viscous forces to interfacial tension, and the Webber 

number is the ratio of inertial forces to interfacial tension as follows: 

𝐶𝑎. =
µ1	U1
Υ 											𝐶𝑎5 =

µ5	U5
Υ 											𝑊𝑒 =

ρ5	𝐿	U58

Υ  

where μ is the viscosity, U is the velocity, ϒ is the interfacial tension, ρ is the density, L is 

diameter of the needle, and the subscripts D and C represent the continuous and disperse 

phases, respectively. As the silica sol is injected through a needle into the cross-flow, a 

sphere forms and grows at the end of the needle where interfacial tension acts to maintain 

its spherical shape while viscous and inertial forces deform it [284]. At low capillary and 

Webber numbers interfacial tension dominates and nearly spherical microspheres detach 

from the needle and are released into the cross-flow. When the capillary number or the 

Webber number is increased, viscous forces or inertial forces can overcome surface tension 

and pull the precursor into a jet, which breaks into microspheres downstream from the 

needle [285-288]. These different microsphere detachment mechanisms are called dripping 
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and jetting, respectively. Production of monodisperse microspheres almost always requires 

microsphere breakup to occur in the dripping regime. This is because dripping results from 

an absolute instability, meaning that perturbations that lead to microsphere detachment 

grow at a fixed location in space and are insensitive to fluctuations in the flow conditions. 

Jet breakup, on the other hand, is a convective instability implying that perturbations 

amplify random noise in the flow conditions along the jet [285, 289].   

In the dripping regime microsphere detachment usually occurs through a neck that 

forms between the microsphere and the needle [290]. Increasing the length of the neck 

generally decreases the monodispersity of the microspheres produced because the 

instability that leads to neck breakup is similar to the instability that leads to jet breakup 

[288, 291]. The length of the neck increases with an increasing capillary and Webber 

number [292, 293], so increasing those parameters tend to increase the microsphere size 

distribution.  

This chapter describes an extrusion system for the production of silica gel 

microspheres by extruding the gel precursor (the sol) continuously from a needle into a 

cross-flowing stream of mineral oil. After detachment from the needle, the spherical sol 

travels in the oil stream, maintaining its separation from the other sol spheres until gelation 

is completed. The system was designed to produce silicon alkoxide cross-linked silica 

nanoparticle microspheres encapsulating bacteria at a throughput of 12-13 ml per hour. 

The microspheres produced were optimized for use in a packed bed flow though 

bioreactor, specifically in terms of microsphere size and microsphere size distribution. In 

a packed bed reactor the microsphere size should be small in order to decrease diffusion 

limitations, but they must also be large enough to avoid a large pressure drop across the 

reactor [294].  Microspheres in a packed bed bioreactor must also be monodisperse so that 

mass transport limitations, biocatalyst concentration, and solid fraction are consistent 

throughout the bioreactor. This allows the system to be modeled, predictable, and 

reproducible [238, 295]. The system developed here enabled production of silica 

microspheres that met these requirements. 
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2.3 Materials and methods 

2.3.1 Chemical reagents 

Reagent grade Tetraethoxysilane (TEOS) was purchased from Sigma-Aldrich 

(Sigma-Aldrich Corp. St. Louis, MO, USA) and NexSil 125-40 silica nanoparticles (85 nm 

in diameter) were purchased from NYACOL (NYACOL® Nano Technologies Inc. 

Ashland, MA, USA). Crystal Plus Food Grade 200 Mineral Oil was purchased from STE 

Oil Company (STE Oil Company, Inc. San Marcos, TX, USA). Ultrapure water (UPW) 

was used for hydrolysis of TEOS. UPW was prepared by filtering deionized water though 

a Milli-Q water purification system (Millipore, Billerica, MA, USA) to reach a final 

electrical resistance of >18.2 MΩ cm-1.  

 

2.3.2 Bacterial growth 

E. coli BL21(DE3)(pET28b+ CAH) were grown at 37°C in LB medium containing 

50 μg kanamycin mL-1 with vigorous aeration and induced by adding 0.5 mM isopropyl-β-

D-thiogalactopyranoside (IPTG) to the culture that had reached an optical density of 0.5 at 

600 nm. The induced cells were grown overnight and harvested. 
 

2.3.3 Preparation of the silica gels 

The pH of the silica nanoparticle sol was adjusted to 7 by adding 1M HCl at a 1 : 

35 ratio of HCl : SNP. E. coli cells were suspended in isotonic phosphate buffered saline 

solution (PBS) at a concentration of 1 g /ml. This suspension was then added to the pH 

neutralized SNP sol to a final cell loading density of 0.11g of cells per ml of gel. In the 

meantime, TEOS was hydrolyzed by adding 1M hydrochloric acid and water at a 1 : 5.3 : 

0.0013 molar ratio of TEOS : water : HCl. At this ratio TEOS hydrolyzes rapidly and 

condensation reactions occur slowly [87]. 

Mixing of the silicon alkoxide solution and the SNP cell mixture induced a rapid 

condensation reaction, which spanned the sol and transitioned it into a gel. The amount of 
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time it takes for the mixture to gel (the gelation time) depended on the ratio of alkoxide : 

SNPs : cell suspension as well as other parameters such as pH, temperature, humidity, etc. 

 

2.3.4 NMR measurements and sample preparation 
1H NMR was used to monitor hydrolysis of TEOS. Spectra were recorded on an 

Agilent/Varian 600 MHz Spectrometer (Aligent Technologies, Santa Clara, CA, USA) 

using a pulse width of 3.563 μs with a 2.555 μs acquisition time and one second cycle 

delay. Briefly, samples were placed in Thin Wall Precision NMR sample tubes (length: 7” 

OD: 5 mm) purchased from Wilmad-LabGlass (Vineland, NJ, USA). The deuterated 

solvent Acetonitrile-d3 was used in all samples and was purchased from Cambridge 

Isotope Laboratories, Inc. (Tewksbury, MA, USA). Samples were prepared by adding 300 

μl of acetonitrile-d3 to 300 μl of the silicon alkoxide solution in an NMR sample tube. 

Spectra were recorded within five minutes of sample preparation in order to limit the 

effects of acetonitrile-d3 on the reaction. 

 

2.3.5 Emulsion encapsulation system setup 

 
Figure 2.1: Schematic representation of the emulsion system setup. The silicon alkoxide 

solution and the SNP + cell mixture are pumped though the supply tubes and into the 

residence tube where they are mixed by coupling the residence tube with a vortex mixer. 
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The mixture is then extruded from a needle into an oil cross-flow where microspheres are 

carried in the oil stream until gelation is completed. 

 

A schematic of the emulsion system is shown in Figure 2.1. The silicon alkoxide 

solution and the SNP + cell mixture were filled into 12 ml syringes. The syringes were 

placed in syringe pumps (model no NE-300 New Era Pump Systems Inc. Farmingdale, 

NY, USA). The syringe luer locks were connected to the supply tubes (1/32” inner diameter 

Tygon tubing) via male adaptor to barbed tube fittings. A barbed Y connector was used to 

join the supply tubes and the outlet of the Y connector was joined to the residence tube 

(1/32” inner diameter Tygon tubing). A vortex mixer was pressed against the residence 

tube to facilitate the mixing of the silicon alkoxide solution and the nanoparticle solution 

containing cells as they flow through the tubing. The end of the residence tube was 

connected to an 18-gauge 1.5” blunt end stainless steel needle via the needle’s luer lock 

and a male adaptor to barb fitting. The needle was inserted into the oil crossflow using a 

specially assembled connector shown in Figure 2.2.  

 
Figure 2.2: Connector used to insert the needle into the oil stream. (a) The parts used to 

make the connector: two male to barb fittings, Teflon tubing and a rubber stopper. (b) The 

assembled connector with the needle inserted. (c) The connector with the needle inserted 

attached to the oil tube via a tee connector. 

 

Briefly two male to barb fittings were connected by a Teflon tube, and a rubber 

stopper was inserted into one of the fittings. The needle was pushed though the connector 

and the connector was attached to the oil tube via a tee connection. Sol was injected through 

the needle into the oil crossflow, where it assumed a spherical shape due to the hydrophobic 



 26 

nature of the oil, and the sol microspheres were carried in the oil stream until gelation was 

completed. 

Mineral oil was pumped through 1/8” inner diameter Tygon tubing using an A-

Mount Suction Shoe pump head driven by a 115 VAC 50/60 Hz console drive purchased 

from Cole-Parmer (Cole-Parmer, Vernon Hills, IL, USA). The tube was 475 cm long to 

enable the microspheres to gel before reaching the end of the tube. The tube was then 

wrapped into a helix to keep the system compact and ordered. Microspheres remained in 

the oil stream after gelling for approximately 1-3 minutes depending on the oil flow rate. 

The gelled microspheres were collected at the outlet of the helical tubing in a water bath, 

and washed with copious amounts of water to remove excess oil. The collected 

microspheres were then imaged and analyzed using MATLAB software (MathWorks, 

Natick, Massachusetts, USA). 

 

2.3.6 Adjustment of residence length 

The extent of polymerization that the gel precursor undergoes before it enters the 

oil stream can be controlled by adjusting the length of the residence tube. This length must 

be sufficiently short so that the viscosity of the gel precursor does not increase dramatically 

before injected into the oils stream. As the viscosity of the gel precursor increases 𝐶𝑎5 

increases, increasing necking and making jetting more likely (instead of individual droplet 

formation upon injecting into the oil stream). High viscosity gel precursor passing though 

the needle can also cause the system to clog. On the other hand, the residence length must 

be sufficiently long so that the microspheres gel shortly after injected from the needle. 

Spacing between microspheres decreases with time due to small differences in microsphere 

size, so microspheres that spend more time in the oil before gelling have a greater 

probability of coalescing.  

 

2.3.7 Rheological measurements 

The rheology tests were performed on an AR-G2 Rheometer from TA instruments 

(North Castle, DE). A conical plate with a 40 mm diameter, a 2º incline, and a truncation gap 
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of 50 μm was used in conjunction with a Peltier plate. A cone and plate geometry was used to 

keep the strain constant throughout the sample. Hydrolyzed silicon alkoxide : SNP ratios of 

1:1, 1:3, and 1:7 were each tested with alkoxide + SNP solution, alkoxide + SNP solution 

with the addition of PBS, and alkoxide + SNP solution with the addition of PBS containing 

cells. Nine different gel compositions were tested in triplicate using 16 ml of gel.   

 

2.3.8 Emulsion system characterization 

The emulsion system was tested at three different oil flowrates and three different 

gel precursor flow rates, specifically in terms of the size range and distribution of the silica 

gel microspheres produced. In characterization experiments, a gel formula with a 1:1 

volumetric ratio of silicon alkoxide solution :  SNP sol was used and no PBS or cells were 

added. At each oil and gel flow rate combination the emulsion system was run five times 

for five minutes each. 

The oil flowrates used for characterization were chosen to be slow enough to not 

have jetting occur, yet fast enough for the sol to be injected from the needle in to the cross-

flow at a reasonable size. The fast, medium and slow oil rates were chosen to be 10, 6.2, 

and 4.2 ml/min, respectively because 10 ml/min was the fastest rate that did not cause 

jetting and 4.2 ml was the slowest rate at which the microspheres generated were 

significantly smaller than the tube diameter.  

The gel precursor flowrates used for characterization were chosen to be as fast as 

possible to maximize microsphere production rates. The maximum flowrate that can be 

used was however limited by the minimum spacing needed to be preserved between 

microspheres in the oil stream. This was needed to minimize coalescence of the extruded 

sol spheres before they hardened. The fast, medium and slow gel precursor flowrates were 

chosen to be 36, 24, and 12 ml/hr as 36 ml/hr was the fastest flowrate that did not result in 

frequent coalescence (less than approximately once every 60 microspheres). No 

coalescence was observed at the medium or slow precursor flowrates.  
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2.3.9 Encapsulation of E. coli in silica microspheres 

The emulsion system was used to encapsulate E. coli in a silica gel that has 

previously been reported to be biocompatible and mechanically strong [87]. E. coli were 

suspended in PBS at a concentration of 1g/ml. The cell suspension was added to the pH 

neutralized SNP solution at a 1:7 volume ratio. The silicon alkoxide solution and SNP cell 

mixture flow rates were adjusted to result in a 1:8 volume ratio mixing. This resulted in a 

1:7:1 final ratio of silicon alkoxide solution : SNPs : cells in PBS. 

2.3.10 SEM imaging 

Silica gel with encapsulated E. coli was examined by scanning electron microscopy 

(Hitachi S-4700). The encapsulated bacteria were fixed in 2% glutaraldehyde and then 1% 

osmium tetroxide in cacodylate buffer (0.1 M sodium cacodylate, pH 7.3). After fixation, 

the samples were gradually dehydrated in an up-grading series of ethanol (50, 70, 80, 95 

and 100%). The samples were then dried in a Critical Point Dryer (Tousimis Model 780A) 

using liquid carbon dioxide as transitional fluid. Finally, the samples were sputter-coated 

with a thin layer of gold–palladium and examined under the SEM.  

2.4 Results 

2.4.1 Determination of the extent of TEOS hydrolysis 

TEOS must be fully hydrolyzed before significant amount of networking among 

tetrafunctional silanols can occur, resulting in a strong silica gel. The degree of hydrolysis 

of the silicon alkoxide solution with a 1 : 5.3 : 0.0013 molar ratio of TEOS : water : HCl 

was determined using 1H NMR. The pH of the silicon alkoxide solution was approximately 

3.5 and spectra were taken at 20° C (Figure 2.3). In the spectra, TEOS CH3 and CH2 groups 

are located at 1.2 and 3.8 ppm, respectively while those for ethanol are located at 1.1 and 

3.6 ppm, respectively [296]. The OH peak of water and ethanol is located at 3.9 ppm at 25 

minutes and shifts to 4.4 ppm at 80 minutes. The intensity of the TEOS peaks decreased 

during hydrolysis while the intensities of the ethanol peaks increased. At 80 minutes TEOS 

peaks were no longer observable while ethanol peak intensity reached a maximum 

indicating that hydrolysis of TEOS was complete.  
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Figure 2.3: 1H NMR spectra of: (a) TEOS; (b) silicon alkoxide solution with a 1:5.3:0.0013 

molar ratio of TEOS:water:HCl after 25 min of hydrolysis; and (c) silicon alkoxide solution 

with a 1:5.3:0.0013 molar ratio of TEOS:water:HCl after 80 min of hydrolysis. TEOS CH3 

and CH2 groups are located at 1.2 and 3.8 ppm, respectively while those for ethanol are 

located at 1.1 and 3.6 ppm, respectively. During hydrolysis, the TEOS peaks decreased in 

intensity while the ethanol peaks increased in intensity. At 80 min, TEOS peaks were no 

longer observable while ethanol peak intensity reached a maximum indicating that 

hydrolysis of TEOS was complete. 

 

2.4.2 Rheological measurements 

Gelation times of the nine distinct silica gel formulation used in this study are 

shown in Table 2.2. The gelation time is defined as the time it takes for the storage modulus 

(G’) be equal to the loss modulus (G”) after the hydrolyzed silicon alkoxide solution and 

SNP/PBS/cell mixture are combined [297-299].  
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Table 2.2: Gelation times for the different silica gel formulations used in this study. 

Note that the gelation times for the silica gels were measured from the intersection 

of G’ and G’’. 

Gelation Time (s) 

Silicon Alkoxide to SNP 

Ratio (v/v) 
No PBS or Cells PBS PBS with cells 

1:1 155 ± 13 130 ± 12 103 ± 15 

1:3 143 ± 13 152 ± 27 144 ± 50 

1:7 201 ± 18 188 ± 24 181 ± 17 

 

Determination of the exact gelation time of the sol after mixing of all its 

components is very important as the gel precursor is injected through a needle into an oil 

cross-flow and early gelation would cause clogging, while late gelation could result in 

coalescence in oil or formation of a weak gel at the outlet of the emulsion system. 

Furthermore, the sol should also be extruded from the needle before G’ and G” increase 

drastically so that 𝐶𝑎5 does not increase enough to cause jetting. Based on the 

measurements conducted here, the extrusion time into the oil was chosen to be 120 s before 

the gelation time. The length of the residence tube was then determined by the flowrate of 

the gel precursor through the residence tube and the extrusion time. Each unique gel flow 

rate and gel formula (with a different gelation time) has a different residence length. After 

the microspheres gel they remain in the oil stream for 1-3 minutes depending on the oil 

flow rate, so the microspheres are immersed in oil for a total of 3-5 minutes.  

 

2.4.3 Characterization of the produced silica microspheres 

Microsphere sizes produced using three different oil flowrates and three different 

precursor flowrates are given in Table 2.3.   
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Table 2.3: Silica microsphere sizes produced at three different oil flow rates and 

three different precursor flow rates. 

Gel Precursor Flowrate 

(ml/hr) 

Average Microsphere Diameter 

(mm) 

Coefficient of 

Variation 

Slow oil flowrate (4.2 ml/min) 

12 2.50 0.02 

24 2.71 0.03 

36 2.86 0.05 

Medium oil flowrate (6.2 ml/min) 

12 1.89 0.04 

24 2.07 0.03 

36 2.16 0.03 

Fast oil flowrate (10 ml/min) 

12 1.26 0.06 

24 1.40 0.06 

 

Increasing the oil flowrate caused the microsphere diameter to decrease while 

increasing the coefficient of variation. Increasing the precursor flow rate also increases the 

microsphere diameter, but not as strongly as the oil flowrate. 

The slow oil - fast precursor flowrate combination resulted in the largest silica 

microspheres with an average diameter of 2.86 mm while the fast oil - slow precursor 

flowrate combination resulted in the production of the smallest microspheres with an 

average diameter of 1.25 mm. Note that fast oil - fast precursor flowrate combination 

resulted in jetting, causing polydisperse and coalesced microspheres. Small, large and 

intermediate sized microspheres manufactured using the emulsion system designed and 

utilized here are shown in Figure 2.4. 
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Figure 2.4: Microsphere size distributions produced using: (a) slow oil and fast gel (b) 

medium oil and medium gel and (c) fast oil and slow gel flow rates 

2.4.4 Effect of encapsulation of E. coli on microsphere size 

distribution 

The emulsion system was also used to produce silica microspheres that contained 

encapsulated E. coli. The oil - gel precursor flowrate combination was selected to optimize 

the microspheres for use in a flow though bioreactor system as discussed in the introduction 

section. To manufacture silica microspheres that contained encapsulated E. coli, the 

medium oil flowrate of 6.2 ml/min was used as it resulted in small microspheres with a 

narrow size distribution. The medium gel precursor flowrate of 24 ml/hr was used, as this 

was the highest flowrate coalescence was not observed.   

The emulsion system was continuously operated for 100 minutes and produced 

approximately 65 ml of microspheres. A picture of the microspheres produced and the size 

distribution histogram are shown in Figure 2.5 (a) and (b). The average diameter of the 

microspheres that contained E. coli. was 2.43 mm (compared to 2.06 mm for the 
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microspheres produced using the same flowrate combination in the absence of cells). The 

E. coli were well distributed in the gel as indicated by the SEM image Figure 2.5 (c). 

 

Figure 2.5: (a) E. coli containing microspheres (b) microsphere size distribution and (c) 

SEM image of E. coli encapsulated in the gel. 

 

2.5 Discussion 

An emulsion system was designed and manufactured to produce silica gel 

microspheres that contain encapsulated biocatalysts in a diameter range from 

approximately 1.3 to 2.9 mm. Microsphere size was mainly controlled by the oil flowrate, 

and the microsphere throughput was determined by the gel precursor flowrate. The 

emulsion system produced monodisperse microspheres with a coefficient of variation of 

less than 3% when operated at the optimum oil and precursor flowrate values. This is on 

par with the coefficient of variation values achieved using microfluidic devices [264], but 

much higher in terms of yield. Under all other conditions, the microspheres had a 

coefficient of variation less than 7%, which is a much more narrow size distribution than 

the microspheres produced using microchannel arrays (considering microspheres in a 

similar size range), turbulent microsphere breakup, or membrane emulsification. 

Microsphere size variation increased with increasing oil flowrate as increasing 𝐶𝑎. causes 

longer necks to form before microspheres detach from the needle.  

The throughput of the extrusion system ranges from 12-36 gel ml/hour, which 

translates to 20-60 ml of microspheres per hour assuming a 60% microsphere packing 

density. This throughput is much greater than that achieved using single junction 

microfluidic devices, it is similar to that achieved in typical microchannel devices, and it 
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is much less than that achieved using turbulent microsphere breakup and membrane 

emulsification. 

The throughput of the extrusion system could be increased beyond 36 ml/hr by using a 

faster gel precursor flow rate, but the frequency of microsphere coalescence would 

increase. At a gel flow rate of 36 ml/hr the frequency of coalescence is approximately once 

every 60 microspheres, and increasing the gel flow rate would increase this frequency. The 

coalesced microspheres can be filtered out after the microspheres are collected because 

they are twice the size of noncoalesced microspheres but filtration requires additional time 

and material waste would also be an issue. 

Microspheres produced containing encapsulated E. coli were larger and had a 

greater CV than microspheres produced with similar flowrates during characterization. 

This occurred because the addition of cells caused the gel precursor to become more 

viscous [300]. This increase in viscosity caused the precursor to remained attached to the 

needle for a longer period of time, increasing the microsphere size. The increase in 

viscosity also caused a longer neck to form between the drop and the needle [301-303], 

increasing the microsphere size distribution. 

 

2.6 Conclusions 

The extrusion system designed and optimized here produced microspheres ranging 

from 1.3 to 2.9 mm in diameter with coefficients of variation ranging from 2 – 6%. 

Microsphere size was mainly controlled by adjusting the flowrate of the cross-flow oil 

stream and smaller microspheres generally had larger size distributions. The gel precursor 

flowrate ranged from 12-36 ml/hour and had had a weak effect on microsphere size. 
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3 Enhanced biodegradation of atrazine by 
bacteria encapsulated in organically 

modified silica gels2 

3.1 Overview 

Biodegradation by cells encapsulated in silica gel is an economical and 

environmentally friendly method for the removal of toxic chemicals from the environment. 

In this chapter, recombinant E. coli expressing atrazine chlorohydrolase (AtzA) were 

encapsulated in organically modified silica (ORMOSIL) gels composed of TEOS, silica 

nanoparticles (SNPs), and either phenyltriethoxysilane (PTES) or methyltriethoxysilane 

(MTES). ORMOSIL gels adsorbed much higher amounts of atrazine than the hydrophilic 

TEOS gels. The highest amount of atrazine adsorbed by ORMOSIL gels was 48.91x10-3 

µmol/ml gel, compared to 8.71x10-3 µmol/ml gel by the hydrophilic TEOS gels. Atrazine 

biodegradation rates were also higher in ORMOSIL gels than the TEOS gels, mainly due 

to co-localization of the hydrophobic substrate at high concentrations in close proximity of 

the encapsulated bacteria. A direct correlation between atrazine adsorption and 

biodegradation was observed unless biodegradation decreased due to severe phase 

separation. The optimized PTES, and MTES gels had atrazine biodegradation rates of 

0.041 ± 0.003, and 0.047 ± 0.004 µmol/ml gel, respectively. These rates were 

approximately 80% higher than that measured in the TEOS gel. This study showed for the 

first time that optimized hydrophobic gel material design can be used to enhance both 

removal and biodegradation of hydrophobic chemicals.  

 

3.2 Introduction 

Silica gels are ideal for encapsulation of biological materials (such as enzymes, and 

cells) due to their tunable mechanical properties, durability, chemical stability, cost, 

                                                        
2 Reprinted from: Benson, Joey J., et al. "Enhanced biodegradation of atrazine by bacteria encapsulated in organically modified silica 
gels." Journal of colloid and interface science 510 (2018): 57-68. 
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biocompatibility, and mild synthesis conditions [60, 65-71]. Silica gel bioencapsulation is 

used extensively in drug delivery [46, 47, 234], tissue engineering [235-237], biosensing 

[48], biocatalysis [49], and bioremediation [236]. 

 Silica gels are generally made by the sol–gel transition of tetraethylorthosilicate 

(TEOS) or tetramethylorthosilicate (TMOS) [304, 305]. In a typical encapsulation process, 

the silicon alkoxide is hydrolyzed in the presence of water and a catalyst to produce 

orthosilicic acid (and the byproduct, alcohol). This solution is then mixed with the buffer 

containing the biological material. As the pH of the solution neutralizes, orthosilicic acid 

molecules undergo condensation reactions, forming a siloxane bonded network [55, 72, 

73] and encapsulating the biological material in a porous gel. Depending on its composition 

and synthesis conditions, the resulting porous gel may contain a mixture of micro-, meso-

, and macro-scale pores [74].  

In previous studies, our group has utilized silica nanoparticles (SNPs) in 

combination with a silicon alkoxide to encapsulate bioreactive bacteria [66, 306]. When 

SNPs are used in silica gel formulations, they act as nucleation sites for the condensing 

orthosilicic acid molecules, which cross-link and bind the SNPs in a 3D network. This 

enables better control of the gel microstructure by changing the SNP size and the 

SNP:alkoxide ratio [90, 306]. SNPs also function as space fillers, increasing the 

permeability of the silica gel while reducing the concentration of the alcohol byproduct of 

hydrolysis (ethanol in TEOS gels, and methanol in TMOS gels), making the gels more 

biocompatible [307]. Alcohol, at low concentrations is found to enhance the activity of the 

encapsulated cells (potentially, by permeabilizing the bacterial cell membrane [45, 308]), 

but at higher concentrations it is detrimental.  

While most encapsulated bacteria should remain viable to be bioreactive when 

encapsulated, non-viable encapsulated cells can also be used to catalyze reactions [88]. For 

example, E. coli expressing atrazine chlorohydrolase (AtzA) [38] can be used as “bags of 

enzymes” and do not need to be viable to catalyze the hydrolytic conversion of atrazine to 

hydroxyatrazine [45, 306]. We showed that these cells, when encapsulated in TMOS-SNP 

gels degraded atrazine at rates comparable to free cells, for over 4 months, greatly 

surpassing the 21 day activity achieved by free cells [66]. When the same cells were 

encapsulated in TEOS-SNP gels, they showed high biodegradation activity in gels with 

SNP:alkoxide ratios of 7:1 and 3:1 [306]. However, diffusion limitations in the gel and 
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through the bacterial membrane remained as challenges against further increasing the 

removal and bioremediation rates. 

Note that both of the TMOS-SNP and the TEOS-SNP gels used in the previous 

studies were hydrophilic gels while the target substrate to be biodegraded, atrazine, is 

hydrophobic (log 𝑘AB = 2.2 − 2.8) [309]. We therefore hypothesize here that the rate of 

atrazine removal and biodegradation by the bacteria encapsulated in alkoxide-SNP gels can 

be further enhanced by rendering the silica gels hydrophobic by incorporating organically 

modified silicon (ORMOSIL) alkoxides. ORMOSIL gels have been shown to adsorb 

higher amounts of organic chemicals than inorganic silica gels [310-316]. Wu et al. [315] 

measured the adsorption of organic dyes to ORMOSIL gels composed of TEOS, 

methyltriethoxysilane (MTES), vinyltriethoxysilane, propyltriethoxysilane, and 

phenyltriethoxysilane (PTES), and found that the adsorption capacity increased with the 

hydrophobicity of the precursor. 

ORMOSIL gels have previously been used to encapsulate a wide range of enzymes, 

sometimes resulting in enhanced activity [49, 83, 317], but encapsulation of bacteria in 

ORMOSIL gels is less studied [55, 84, 318-322]. In a seminal study, Ferrer et al [84]. 

reported that recombinant E. coli encapsulated in an ORMOSIL gel composed of TMOS, 

glycidoxypropyltrimethoxysilane (GPTMS), and poly(ethylene glycol) remained viable for 

18 days, significantly longer than the 6 days they survived in inorganic silica gels. The 

researchers attributed the higher viability in ORMOSIL gels to the lower levels of stress 

imposed on the cells due to decreased shrinking in the ORMOSIL gels, and more effective 

isolation of the cells from surface silanol groups of the gel. Other groups have also reported 

that cells encapsulated in ORMOSIL gels are subjected to lower stress than cells 

encapsulated in inorganic silica gels [318].  

However, these studies only focused on the viability of the encapsulated bacteria, 

and have not characterized the biocatalytic activity of the gel in general (especially when 

encapsulated cells do not need be alive). The biocatalytic activity of the encapsulated cells 

is dictated by the transport of the substrate in the gel [45], and through the bacteria 

membrane (diffusion limitation), as well as the reaction kinetics of the enzyme within the 

cell (reaction limitation) [45]. Therefore, by making the silica gels more hydrophobic, 

diffusion limitations observed in hydrophilic gels against hydrophobic substrates might be 

relaxed, enhancing the overall biocatalytic activity. However, there is a delicate balance 
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here to be preserved; while enhanced hydrophobicity of the gel is expected to increase the 

transport of the hydrophobic substrate [80, 83], increasing its concentration in close 

proximity to the encapsulated cells, strong adsorption of the substrate to the gel surface 

might render it unavailable for bioremediation [78, 323, 324]. For example, in certain 

applications where biodegrading bacteria were immobilized on the surface of activated 

carbon [324-326], it was observed that strong adsorption of the substrate decreased its 

bioavailability, and consequently inhibited biodegradation [323, 327-329]. On the other 

hand, biocatalytic activity was shown to be sustained when adsorption was relatively weak 

so that the adsorbed substrate could also readily desorb [324, 328, 330].  

In this chapter, recombinant E. coli expressing AtzA were encapsulated in 

ORMOSIL gels composed of TEOS, SNPs, and either phenyltriethoxysilane (PTES) or 

methyltriethoxysilane (MTES). The microstructure of the gels formed were strongly 

dependent on the composition of the gel and significantly influenced its adsorption and 

degradation characteristics. The transport characteristics of the gels (adsorption and 

diffusion) were measured, and quantified with the help of a mathematical model. It was 

established that in hydrophobic gels, diffusion was decreased however, biodegradation 

capacity of the gel was enhanced, due to co-localization of the substrate at high 

concentrations in close proximity of the bacteria. This was enabled through controlled 

phase separation in the ORMOSIL gels. To our knowledge, this is the first report of 

enhanced bioreactivity in an encapsulation system due to co-localization of the substrate 

and the encapsulated cells. 

 

3.3 Materials and methods 

3.3.1 Chemical Reagents 

Reagent grade Tetraethoxysilane (TEOS), Triethoxyphenylsilane (PTES), 

Triethoxymethylsilane (MTES), and LUDOX® TM-40 silica nanoparticles (22 nm in 

diameter) were purchased from Sigma-Aldrich (Sigma-Aldrich Corp. St. Louis, MO, 

USA). Technical grade atrazine was provided by Syngenta (Syngenta Crop Protection, NC, 

USA). Standard grade hydroxyatrazine, all reagents used for buffers, and High Pressure 

Liquid Chromatography (HPLC) solvents, etc. were purchased from Sigma-Aldrich.  
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Ultrapure water (UPW) was used for hydrolysis of the silicon alkoxides. UPW was 

prepared by filtering deionized water though a Milli-Q water purification system 

(Millipore, Billerica, MA, USA) to reach a final electrical resistance higher than 18.2 MΩ 

cm-1.  

 

3.3.2 Bacterial growth conditions 

The growth conditions of E. coli expressing AtzA enzyme have been described in 

detail elsewhere [306]. Briefly, E. coli DH5α (pMD4) were grown at 37 °C in superbroth 

medium supplemented with 30 μg mL−1 chloramphenicol with vigorous aeration. E.coli 

DH5α expressing green fluorescence protein (GFP), transformed as previously described 

elsewhere [331], were grown at 37 °C in LB medium supplemented with 50 μg mL-1123 

kanamycin with vigorous aeration. 

 

3.3.3 Silicon alkoxide hydrolysis and NMR measurements 

Silicon alkoxides must be fully hydrolyzed for condensation of a highly networked 

gel, producing a strong matrix. TEOS, PTES, and MTES were hydrolyzed by adding water 

and 1M hydrochloric acid at a 1:5.3: 0.0013 molar ratio of alkoxide:water:HCl and stirring 

vigorously. All of the hydrolyzed silicon alkoxide solutions were approximately at pH 3. 

The hydrolyzing solution was stirred vigorously because before hydrolysis, the silicon 

alkoxides are not miscible with water and immediately form an emulsion. As the hydrolysis 

reaction proceeds, alkoxy groups are gradually replaced by more polar hydroxyl groups, 

increasing water solubility, and miscibility of the alkoxides and producing the co-solvent 

ethanol. This results in the formation of a well-mixed solution phase, observed by a very 

significant decrease in turbidity. 
1H NMR was used to monitor hydrolysis reaction of the silicon alkoxides. At 

certain timepoints, a 200 µm aliquot of the alkoxide solution was removed and added to 

400 µm of d6-dimethyl sulfoxide in a Thin Wall Precision NMR sample tube (length: 7”, 

OD: 5 mm). Spectra were recorded using an Agilent/Varian 600 MHz Spectrometer 

(Aligent Technologies, Santa Clara, CA, USA) using a pulse width of 3.563 μs with a 2.555 
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μs acquisition time and one second cycle delay. Spectra were recorded within five minutes 

of sample preparation in order to limit the effects of d6-dimethyl sulfoxide on the reaction. 

Chemical shifts were referenced to TMS. 

 
Figure 3.1: Hydrolysis of the silicon alkoxides. 1H NMR spectra of TEOS (Column 1), 

MTES (Column 2), and PTES (Column 3) at a 1:5.3:0.0013 molar ratio of 

alkoxide:water:HCl.  Alkoxide CH3 and CH2 groups are located at 1.2, and 3.8 ppm, 

respectively while those for ethanol are located at 1.1, and 3.6 ppm, respectively. The 

MTES methyl group is located at 0 ppm, and the PTES phenyl group is located at 7.3, and 

7.7 ppm. During hydrolysis, the intensity of the alkoxide peaks decreased while the 

intensities of the ethanol peaks increased. Hydrolysis was considered to be complete when 

the alkoxide peaks were no longer observable. TEOS was completely hydrolyzed at 80 

minutes, MTES was completely hydrolyzed at 9 minutes, PTES was completely 

hydrolyzed in 140 minutes. 

In the 1H NMR spectra (Figure 3.1), alkoxide CH3 and CH2 groups had a chemical 

shift of 1.2, and 3.8 ppm, respectively while those for ethanol were 1.1, and 3.6 ppm, 

respectively [296]. The MTES methyl group has a chemical shift of 0 ppm, and the PTES 

phenyl group has a chemical shift of  7.3, and 7.7 ppm [332]. The OH peak of water, and 

ethanol have chemical shift between 4, and 5 ppm. During hydrolysis, the intensity of the 

alkoxide peaks decreased while the intensities of the ethanol peaks increased. Hydrolysis 

was considered to be complete when the alkoxide peaks were no longer observable. 

The TEOS solution became clear at 50 minutes, and was completely hydrolyzed at 

80 minutes. The MTES solution became clear at 4 minutes, and was completely hydrolyzed 
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at 9 minutes. The PTES solution became clear at 120 minutes, and was completely 

hydrolyzed in 140 minutes. These hydrolysis times were used as benchmarks for 

production of the gels used in all of the experiments discussed in this chapter.  

 

3.3.4 Preparation of the silica gels 

Hydrolyzed TEOS solution was added to the hydrolyzed organically modified 

alkoxide solutions to achieve the desired ORMOSIL/TEOS ratio, 𝜔 (PTES/TEOS ratio: 

𝜔G and MTES/TEOS ratio: 𝜔H). The pH of the TM-40 silica nanoparticle sol was adjusted 

to 7 using 1M HCl. E. coli were suspended in isotonic phosphate buffered saline solution 

(PBS) at a concentration of 1 g /ml. This suspension was then added to the pH 7 SNP sol 

to reach a final cell loading density of 0.11g of cells per ml of gel. In cell-free gels, an equal 

volume of PBS (without cells) was used. Mixing of the silicon alkoxide solution and the 

SNP cell mixture caused a rapid pH-induced condensation reaction, which spanned the sol 

and transitioned it into a gel. 

 

3.3.5 Nitrogen sorption measurements 

Specific surface area and pore volume measurements were conducted using 

nitrogen sorption as previously reported [333]. Nitrogen sorption isotherms were collected 

on a Quantachrome Autosorb iQ2-MP at liquid nitrogen temperature (77 K). Prior to 

measurement, samples were outgassed at 200°C for 2 h, and at 50°C for 6 h using a 

turbomolecular vacuum pump. Brunauer-Emmett-Teller (BET) specific surface areas were 

obtained from the adsorption branch from P/P0 = 0.05–0.35. 

 

3.3.6 Scanning electron microscopy (SEM) imaging 

Gel microstructure was examined with a Hitachi S-4700 cold field emission gun 

(CFEG) scanning electron microscope (SEM, Hitachi, Ltd., Tokyo, Japan). The samples to 

be imaged were gradually dried in increasing ethanol concentrations of 25%, 50%, 75%, 
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and 100% for 10 minutes per wash, left to air-dry overnight, and sputter-coated with 50 Å 

of iridium before examination with SEM.  

 

3.3.7 Hydrophobicity measurement 

Nile red was used as a probe for determining the relative hydrophobicity of the gels. 

Nile red from a stock solution (100 μg/mL in EtOH) was added to the sol before gelation 

to reach a final concentration of 6.25 μg/mL. 20 μL gel samples were prepared on glass 

microscope slides and cover slips were placed on the samples before gelation was 

completed. Samples with cells were prepared by encapsulating E. coli expressing green 

fluorescent protein (GFP). Confocal microscopy was performed with a Nikon A1si spectral 

confocal system mounted on a Nikon Ti2000E inverted fluorescence microscope equipped 

with DIC optics (Nikon Instruments Inc., Melville, NY, USA). Nile red fluorescence was 

measured in the 600-650 nm range at an excitation wavelength of 561 nm. GFP 

fluorescence was measured in the 500-550 nm range at an excitation wavelength of 488 

nm. The data for each fluorescent material were captured in separate channels 

simultaneously and band-pass filters were used to eliminate any overlap in the emission 

spectra (GFP: 500-550 nm, Nile red: 570-620 nm). NIS Elements imaging software was 

used to control image acquisition and the collected images were analyzed using the ImageJ 

software. 

The relative hydrophobicity of the gels was measured quantitatively by preparing 

300 μL gel samples containing 6.25 μg/mL Nile red in a 96-well plate. A Gemini EM plate 

reader (Molecular Devices, LLC., Sunnyvale, CA, USA) was used to excite the samples at 

561 nm, and emission was measured in the range of 600-700 nm at 1 nm resolution. 

Background from gel samples containing no Nile red was subtracted from the emission of 

the Nile red stained samples. Measurements were conducted in triplicate.   

 

3.3.8 Adsorption measurements 

Adsorption of atrazine and hydroxyatrazine to the silica gel was measured by 

preparing 2.25 ml gel samples in 20 ml scintillation vials. Three ml of 50 µM atrazine or 
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hydroxyatrazine solution was deposited on top of the gel and the samples were agitated on 

a shaker overnight. The supernatant was then filtered through a 0.2 μm Teflon filter and 

analyzed using HPLC to determine the amounts of atrazine and hydroxyatrazine remaining 

in the solution. All measurements were carried out on a Hewlett-Packard HP 1090 HPLC 

system equipped with a photodiode array detector. HPLC separations were performed 

using an analytical C18 reverse-phase Agilent column eluted isocratically with 35:65 

H2O:MeOH at a flowrate of 1 mL/min. Chemicals eluting from the column were detected 

by ultraviolet spectroscopy at a wavelength of 220 nm. 

The kinetics of atrazine and hydroxyatrazine adsorption to gels with 

ORMOSIL/alkoxide (𝜔) of 0 and 0.5 gels were measured by preparing samples in the same 

way described above and depositing 3 ml of 50 µM atrazine or hydroxyatrazine solution 

on top. The samples were placed on a shaker until the prescribed timepoints were reached 

at 30 min, 1 hr, 2 hr, 4 hr, 10 hr, and 24 hr. At the set timepoints the supernatant was 

removed, filtered through a 0.2 μm Teflon filter and analyzed using HPLC. Experiments 

with each gel at each different timepoints were run in triplicate. 

 

3.3.9 Mass transport modeling 

The effective diffusion coefficient, 𝐷K, and the Langmuir isotherm adsorption, 𝐾L, 

were determined by fitting the kinetic adsorption data to a one-dimensional mass transport 

model, which included effects of diffusion and adsorption. Dimensionless forms of the 

coupled partial differential equations (PDEs) used in the model are as follows: 

𝜕𝜒
𝜕𝐹𝑜 =

𝜕8𝜒
𝜕𝜆8 − 𝐷𝑎RST𝜒

(1 − 𝜃) + 𝐷𝑎SKT𝜃 (1) 

𝜕𝜃
𝜕𝐹𝑜 = 𝐷𝑎RSTχ(1 − 𝜃) − 𝐷𝑎SKT𝜃 

(2) 

Here χ is the dimensionless chemical concentration in the pore liquid defined by:  

χ = 1
1Y

, (3) 

where 𝐶 and 𝐶Z are the concentrations of the chemical in the pore liquid, and initially in 

the supernatant, respectively. 𝐹𝑜, and 𝜆 are the dimensionless time and space variables, 

respectively defined as: 
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𝐹𝑜 = 5[\
L]^

,      𝜆 = _
L]

 (4) 

In the equation above, 𝐷K is the effective diffusivity, t is time, 𝐿. is the characteristic length, 

and x is the distance from the bottom of the gel slab. The characteristic length, Lc, is defined 

as the ratio of gel volume to surface area. θ is the dimensionless concentration of adsorbed 

species within the gel defined as: 

θ =
𝐶∗
𝐶∗,Z

 
(5) 

where 𝐶∗ and 𝐶∗,Z are the concentration of adsorbed species, and the total concentration of 

adsorption sites within the gel. Due to the low saturation limit of atrazine and 

hydroxyatrazine in aqueous media (atrazine and hydroxyatrazine water solubilities are 30 

and 5.9 mg/L, respectively) [309], C*,0 was set to 1 g/L, which ensured that the number of 

adsorption sites in the gel was much greater than the number of molecules in the system. 

𝐷𝑎RST and 𝐷𝑎SKT, are the Damkohler numbers for adsorption, and desorption, respectively, 

which are defined as the ratio of the characteristic diffusion time to the characteristic 

adsorption, and desorption times as follows: 

𝐷𝑎RST =
cdef1∗,YL]^

5[
,       𝐷𝑎SKT =

ce[fL]^

5[
, (6) 

In the equations above 𝑘RST, and 𝑘SKT are the adsorption, and desorption rate constants, 

respectively. 

The following boundary conditions were applied: 
gh(Z,iA)

gj
= 0,         χ(1, Fo) = χm(𝐹𝑜),          χ(𝜆, 0) = 0 (7) 

gn(Z,iA)
gj

= 0,         gn(o,iA)
gj

= 0,          θ(𝜆, 0) = 0 (8) 

where χm is the concentration in the bulk solution defined by: 

χm =
𝐶m
𝐶Z

 
(9) 

Conservation of chemical species in the control volume was ensured by satisfying: 

χm = 1 − 𝛽q (	χ +
o

Z

θ
𝛾	)𝑑𝜆 

(10) 

where  
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𝛽 = tu[v
twxvy

,            𝛾 = 1
1∗,Y

 (11) 

Finally, the Langmuir adsorption isotherm was used to relate the pore liquid concentration 

to the adsorbed concentration at equilibrium: 

𝜃 = 1[z{|
o}1[z{|

,           𝐾L =
cdef	
ce[f	

 (12) 

In the equation above, Ceq is the solution concentration at equilibrium, and KL is the 

Langmuir adsorption coefficient.  The model was solved numerically using a spatially 

centered finite difference scheme with a custom script written in MATLAB (Mathworks, 

Inc., Natick, MA, USA). The second order adsorption rate constant was calculated by 

fitting the kinetic adsorption data to a pseudo-second order model [316]: 
𝑡
𝐶∗
=

1
𝐾�𝐶K�8

+
𝑡
𝐶K�

 
(13) 

 

3.3.10 Steady state biodegradation experiments 

 
Gel samples (2.25 ml) containing encapsulated cells were prepared in scintillation 

vials, and 3 ml of 50 μM atrazine solution was placed on top. After 20 minutes, the 

supernatant was removed and analyzed using HPLC. Three ml of fresh 50 μM atrazine 

solution was added to the vial containing the gel. 20 minutes later, a new sample was 

collected for analysis, and this process was repeated until the hydroxyatrazine 

concentration (the biodegradation product) in the supernatant remained constant after each 

cycle, implying that the system had reached pseudo steady state. Pseudo steady state was 

reached after 8 cycles because the hydroxyatrazine concentration in the supernatant 

changed by less than 5% between cycles. Biodegradation rates were quantified by 

measuring the concentration of hydroxyatrazine in the supernatant after the last cycle. 

Biodegradation experiments were run in triplicate on three different days (to account for 

variations in the cell activity) for a total of 𝑛 = 9 repeats.  
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3.4 Results 

Atrazine is the second most widely used herbicide in the United states with an 

estimated 76 million pounds applied annually [334, 335]. Use at these high levels lead to 

spikes in atrazine concentration in waterways, especially after heavy rainfall events [10, 

336]. The Environmental Protection Agency has established a maximum allowed 

concentration for atrazine of 3 μg L−1 in drinking water, and the effect of atrazine on the 

environment and human health are still under debate [10, 337, 338]. In this chapter, silica 

gels with varying levels of hydrophobicity were used to encapsulate bioreactive bacteria to 

rapidly remove atrazine from water, and biodegrade it to hydroxyatrazine. Hydroxyatrazine 

is not herbicidal, has no known negative impact on human health, and is more strongly 

adsorbed to soil that atrazine [35].  

 

3.4.1 Atrazine and hydroxyatrazine adsorption by silica gels 

Adsorption of atrazine and hydroxyatrazine by the PTES and MTES gels is 

presented in Figure 3.2. ORMOSIL gels adsorbed much higher amounts of atrazine than 

the TEOS (w = 0) gels, and PTES gels adsorbed more atrazine than the MTES gels. 

Adsorption decreased with SNP : alkoxide ratio in w ≥ 0.25 gels and was not significantly 

affected by the SNP : alkoxide ratio in TEOS gels.  
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Figure 3.2: Adsorption of (a) atrazine and (b) hydroxyatrazine from 3 ml of 50 lM solution 

by 2.25 ml of gel as a function of x = ORMOSIL alkoxide/total alkoxide. 
 

Atrazine adsorption had a similar dependence on the ORMOSIL/alkoxide fraction 

(w) for all gels. Adsorption increased with w until a critical value was reached (at wG =

0.67, and wH = 0.75) and decreased when w was increased further. In PTES gels, atrazine 

adsorption increased dramatically when wG was increased from 0 to 0.25. Over this range, 

adsorption increased from 7.80 × 10�� to 48.91 × 10�� 𝜇mol/ml gel in gel with a 3:1 

ratio of SNP:alkoxide, from 8.86 × 10�� to 43.66 × 10�� 𝜇mol/ml gel in the 7:1 gel, and 

from 8.71 × 10�� to 38.84 × 10�� 𝜇mol/ml gel in the 9:1 gel. Adsorption increased again 

but less significantly when wG was increased from 0.25 to 0.5. Increasing wG beyond 0.5 

had little effect on adsorption, and increasing wG from 0.75 to 1 caused a slight decrease in 

adsorption. Maximum atrazine adsorption occurred at wG = 0.67 for all PTES gels, and 

was 56.58 × 10�� 𝜇mol/ml gel for 3:1 gels, 53.53 × 10�� 𝜇mol/ml gel for 7:1 gels, and 

51.44 × 10�� 𝜇mol/ml gel for 9:1 gels, corresponding to adsorbed fractions of 0.81-0.89. 
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In MTES gels, atrazine adsorption increased only slightly from wH = 0 to wH = 0.25. 

Atrazine adsorption then increased with wH until a maximum of 37.87 × 10�� 𝜇mol/ml 

was reached at wH = 0.75 for the 3:1 gel, and a maximum of 27.25 × 10�� 𝜇mol/ml was 

reached for the 7:1 gel. Adsorption decreased slightly when wH was increased from 0.75-

1. 

ORMOSIL gels adsorbed lower concentrations of hydroxyatrazine than atrazine, 

while TEOS gels adsorbed similar amounts of the two compounds (atrazine Log 𝑘AB =

2.2 − 2.8, and hydroxyatrazine Log 𝑘AB = 1.4) [309]. Adsorption of hydroxyatrazine to 

PTES gels increased nearly linearly with wG up to wG = 0.5 in the 3:1 gels, up to wG =

0.75 for the 7:1 and 9:1 gels, and then decreased with increasing wG. The highest 

concentration of hydroxyatrazine adsorbed in all the experiments conducted was 0.032 

𝜇mol/ml gel, which was 0.48 of the starting concentration, and occurred in the 3:1 PTES 

gel with wG = 0.5. MTES gels adsorbed very small amounts of hydroxyatrazine when 

compared to the other gels. Adsorption of hydroxyatrazine by the MTES gels increased 

slightly with wH in 3:1 gel, but none of the 7:1 MTES gels adsorbed significantly more 

hydroxyatrazine than the TEOS gels. 

 

3.4.2 Atrazine biodegradation rates 

E coli expressing AtzA were successfully encapsulated in the ORMOSIL gels (Figure 3.3). 

The cells were well distributed in the gels, but were excluded from hydrophobic aggregates 

that formed due to phase separation (see below).  
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Figure 3.3: Confocal images of E. coli expressing GFP (Green Fluorescent Protein) 

encapsulated in 7:1 PTES gel with w𝒑= 0:5. The hydrophobic regions of the gel are stained 

with Nile red. Left image: green fluorescence, Right image: red and green composite 

fluorescence. 

  

Atrazine biodegradation rates were quantified by incubating gels containing 

encapsulated E. coli for eight consecutive 20 minute cycles, and measuring the 

hydroxyatrazine concentration in the supernatant after the last cycle (Figure 3.4). 

Biodegradation rates were overall higher in organically modified silica gels than TEOS 

(w = 0) gels, except for PTES gels with a 3:1 ratio of SNP:alkoxide. The greatest 

enhancement in biodegradation was observed in wG =0.5-0.75 PTES, and wH = 1 MTES 

gels (80%, and 86% greater than that in inorganic TEOS silica gels, respectively).  

100 μm 100 μm
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Figure 3.4: Pseudo-steady state atrazine biodegradation by gels containing encapsulated 

E. coli in 20 min (a) as a function of x = ORMOSIL alkoxide/total alkoxide, and (b) as a 

function of atrazine adsorption. 

In PTES gels, biodegradation rates were strong functions of the SNP:alkoxide ratio 

Figure 3.4a .The PTES/alkoxide fraction (wG) had very different effects on the 

biodegradation rate in gels with different SNP:alkoxide ratios. Biodegradation rates in 7:1 

PTES gels increased with wG until a maximum was reached at wG = 0.5. Increasing wG 

from 0.5 to 0.75 had little effect on biodegradation, and  biodegradation decreased from 

wG = 0.75 to 1. Biodegradation rates in 3:1 PTES gels did not change significantly from 

wG = 0 to 0.25, but decreased when wG was increased to 0.5 and remained relatively 

constant from wG = 0.5 to 1. Biodegradation rates in 9:1 PTES gels did not change 

significantly from wG = 0 to 0.25, increased from wG = 0.25 to 0.75 and remained constant 

from wG =0.75 to 1.  

In 7:1 MTES gels biodegradation rates did not change significantly with wH until 

wH = 0.67 at which point biodegradation increased nearly linearly until wH = 1. In 3:1 
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MTES gels biodegradation rates increased nearly linearly for all wH. The greatest 

biodegradation rate in all the gels studied occurred in 7:1 MTES gel with  wH = 1.  

In MTES gels an increasing correlation was observed between adsorption and 

biodegradation (Figure 3.4b). In 3:1 MTES gels biodegradation increased linearly with 

adsorption, and in 7:1 MTES gels biodegradation increased exponentially with adsorption. 

In PTES 7:1 gels biodegradation increased linearly with adsorption. In 9:1 PTES gels 

biodegradation did not change significantly when adsorption increased from 8.71 × 10�� 

to 38.84 × 10�� 𝜇mol/ml, but biodegradation increased exponentially when adsorption 

was increased further. In PTES 3:1 gels biodegradation did not change significantly when 

adsorption increased from 7.80 × 10�� to 48.91 × 10��𝜇mol/ml, and biodegradation 

decreased exponentially when adsorption increased further. 

Mutlu et al. [306] reported biodegradation rates for atrazine of 0.0016 ± 0.0001 and 

0.0014 ± 0.0003 µmol/ml-gel/min in 7:1, and 3:1 TEOS gels, respectively. They also 

reported 0.0029 ± 0.0001, and 0.0027 ± 0.0001 µmol/ml-gel/min degradation rates in 7:1, 

and 3:1 wH = 1 gels, respectively. In this work, we measured biodegradation rates of 

0.0012 ± 0.001 µmol/ml-gel/min in both 7:1 and 3:1 TEOS gels, and 0.0024 ± 0.0002, and 

0.0021± 0.0004 µmol/ml-gel/min in 7:1, and 3:1 wH = 1 gels, respectively. The 

biodegradation rates reported by Mutlu et al. were slightly higher than those reported here 

because they used a higher atrazine supernatant concentration (150 µM), and smaller 

volume of gel (2 ml), reducing diffusion limitations. 

 

3.4.3 Atrazine and hydroxyatrazine transport in the silica 
gels 

Transport properties of atrazine and hydroxyatrazine in the porous silica gels were 

calculated by fitting the experimentally obtained kinetic adsorption data to a one-

dimensional transport model, and a pseudo-second order kinetic adsorption model. The 

experimental data fit the model with 𝑅8 > 0.98 in all of the cases. The pseudo-second 

order kinetic model fit the data better than a pseudo-first order model, which is consistent 

with other reports in the literature [316, 339].  
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The values for effective diffusion coefficient, 𝐷K, Langmuir equilibrium constant, 

𝐾L, and second order adsorption rate constant, 𝐾�, for atrazine in the various silica gels are 

presented in Table 3.1. The effective diffusion coefficient (𝐷K) in any hydrophilic TEOS 

gel was higher than that in the hydrophobic ORMOSIL gels. In PTES gels, De decreased 

by 78%, 49%, and 54% when wG was increased from 0 to 0.5, in 3:1, 7:1 and 9:1 gels, 

respectively. Increasing wG from 0.5 to 1 caused De to increase by 127% in the 3:1 gel, and 

decreased it by 8%, and 7% in the 7:1, and 9:1 gels, respectively. In MTES gels, De 

decreased by 86%, and 83% when wH was increased from 0 to 0.5 in the 3:1, and 7:1 gels, 

respectively, and then increased by 46% and 30% when wH was increased from 0.5 to 1. 

De was always higher in the PTES gels than in the MTES gels. In wG = 0.5 gels, De was 

157%, and 198% higher than that in wH = 0.5 gels for the 3:1, and 7:1 gels, respectively, 

and in wG = 1 gels De was 244%, and 211% higher than that in wH = 1 gels. 

 

Table 3.1: Transport properties of atrazine in TEOS, PTES, and MTES gels. The effective 

diffusion coefficient (De), Langmuir equilibrium constant (𝑲𝑳), and second order 

adsorption rate constant (𝑲𝒓) were calculated by fitting kinetic adsorption data to the one 

dimensional transport model and pseudo-second order kinetic adsorption model (w𝒑= 

PTES/total alkoxide, and w𝒎= MTES/total alkoxide ). 

 
 

In TEOS gels, atrazine 𝐷K was the highest in the 3:1 gel, while the 7:1 and 9:1 gels 

had similar lower values of 𝐷K. In PTES wG = 0.5 gels, atrazine 𝐷K increased with the 

SNP:alkoxide ratio from 3:1 to 7:1, and then decreased slightly when the SNP:alkoxide 

ratio was increased to 9:1. In wG = 1 gels, atrazine 𝐷K decreased with increasing 

SNP:alkoxide ratio. Increasing PTES content from wG = 0.5 to wG = 1 caused atrazine 𝐷K 

to increase in 3:1 gels, but 𝐷K did not change significantly in the 7:1 and 9:1 gels. In MTES 

gels, atrazine 𝐷K was greater in the wH = 1 gels than the wH = 0.5 gels, and 𝐷K decreased 

with increasing SNP:alkoxide ratio. Hydroxyatrazine 𝐷K was less than atrazine 𝐷K, except 

 

 ! = # !$ = #. & !$ = ' !( = #. & !( = ' 
SNP:alkoxide 3:1 7:1 9:1 3:1 7:1 9:1 3:1 7:1 9:1 3:1 7:1 3:1 7:1 

)* (µm2/s) 1390 985 987 301 498 457 682 458 425 192 167 280 217 

/0 (L/mol) 0.06 0.27 0.28 15.85 9.33 8.26 9.56 8.47 7.69 2.52 2.11 4.72 3.37 

/1 (mol-1 s-1) 11.66 10.75 10.63 12.84 10.64 9.18 14.22 10.84 9.75 3.35 4.29 6.45 6.74 
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in 9:1 TEOS gel (Table 3.2). Hydroxyatrazine diffusion was faster in TEOS gels than 

PTES gels and increased with increasing SNP:alkoxide ratio. 

 

Table 3.2: Transport properties of hydroxyatrazine in TEOS and PTES gels. The effective 

diffusion coefficient (𝑫𝒆), Langmuir equilibrium constant (𝑲𝑳), and second order 

adsorption rate constant (𝑲𝒓) were calculated by fitting kinetic adsorption data to the one 

dimensional transport model and pseudo-second order kinetic adsorption model (w𝒑= 

PTES/total alkoxide). 

 𝝎 = 𝟎 𝝎𝒑 = 𝟎. 𝟓 

SNP:alkoxide 3:1 7:1 9:1 3:1 7:1 9:1 

𝑫𝒆 (µm2/s) 617 871 1119 196 246 505 

𝒌𝑳 (L/mol) 0.49 0.53 0.38 4.48 3.62 2.43 

𝒌𝒓 (mol-1 s-1) 5.57 6.93 9.07 3.05 4.10 4.58 

 

The atrazine 𝐾L was much higher in ORMOSIL gels than TEOS gels, and much 

higher in PTES gels than MTES gels. In ORMOSIL gels atrazine 𝐾L decreased with 

increasing SNP:alkoxide ratio, and the 3:1 gel with wG = 0.5 had a much higher atrazine 

𝐾L than the other gels. Hydroxyatrazine KL values were less than atrazine KL values, and 

hydroxyatrazine KL decreased with increasing SNP:alkoxide ratio. The atrazine 𝐾� 

decreased with SNP:alkoxide ratio in PTES gels, and the 7:1 PTES gels had similar values 

of 𝐾� as TEOS gels. In MTES gels, atrazine 𝐾� was greater in the wH = 1 gels than the 

wH = 0.5 gels, and increased with SNP:alkoxide ratio.  

 

3.4.4 Gel microstructure and specific surface area 

measurements 

Nitrogen sorption measurements and SEM imaging were used to characterize the 

gel microstructures. TEOS 3:1 (SNP:alkoxide ) gel had a specific surface area of 194 m2g-

1, which was much greater than the other gels studied (Table 3.3). The specific surface area 
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of TEOS gels decreased to 142 m2g-1 when the SNP:alkoxide ratio was increased to 7:1, 

and then increased slightly to 151 m2g-1 when the SNP:alkoxide ratio was increased to 9:1. 

Note that the specific surface area of the nanoparticles used was 140 m2g-1. The TEOS gels 

had similar pore volumes regardless of the SNP: alkoxide ratio. Increasing w𝒑 from 0 to 

0.5 caused the specific surface area in the 3:1 gel to decrease from 194 to 155 m2g-1. The 

decrease in specific surface area was less in the 9:1 gel, and not significant in 7:1 gel. The 

pore volume of all gels decreased when w𝒑 was increased from 0 to 0.5, and all w𝒑 =0.5  

gels had similar pore volumes. 

 

Table 3.3: BET surface area and pore volume measurements in TEOS and w𝒑=0.5 PTES 

gels (w𝒑= PTES/total alkoxide). 

 
BET surface area (m2g-1) Pore volume (cm3g-1) 

SNP: alkoxide ratio 𝝎 = 𝟎 𝝎𝒑 = 𝟎. 𝟓 𝝎 = 𝟎 𝝎𝒑 = 𝟎. 𝟓 

3:1 194 155 0.49 0.38 

7:1 142 144 0.47 0.41 

9:1 151 142 0.53 0.38 

 

In the SEM images (Figure 3.5), the 9:1 gels appear to be more tightly packed and 

uniform in terms of microstructure than the 7:1 and the 3:1 gels. Decreasing the 

SNP:alkoxide ratio caused the gel to become more loosely packed and the microstructure 

contained more packing defects. Increasing w from 0 to 0.5 caused the microstructure to 

become more loosely packed with more packing defects in the 3:1 gel, and in the 7:1 PTES 

gel, but changes were less significant in other gels. Large packing defects were observed 

in the 3:1 PTES gel with ω� = 0.5. 
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Figure 3.5: SEM images of TEOS and PTES gels (𝛚𝐩= PTES/total alkoxide, and 𝛚𝐦= 

MTES/total alkoxide). All images are at a magnification of 105. 

3.4.5 Distribution of the hydrophobic groups in the gel 

Macroscale gel hydrophobicity was quantified by measuring the fluorescence 

intensity of Nile red using a fluorescent plate reader. Nile red is a hydrophobic probe that 

partitions into and fluoresces in hydrophobic environments. Gel hydrophobicity was 

greater in the PTES gels than the MTES gels, and increased with increasing organic 

alkoxide content (Figure 3.6).  

ω=0 ωp=0.5 ωm=0.5

3:1

7:1

9:1



 56 

 
Figure 3.6: Nile red fluorescence intensity of 300 μL of gel containing 6.25 μg/mL Nile 

red: (a) PTES gels (b) MTES gels.   
 

The distribution of the organic groups in ORMOSIL gels was visualized by adding 

Nile red to the precursor solution before gelation, and imaging the gel samples using 

confocal microscopy. Phase separation occurred in all ORMOSIL gels, as indicated by the 

formation of hydrophobic aggregates (Figure 3.7). Aggregates were very polydisperse in 

size with large variations. In PTES gels, the average aggregate size, and percent of the total 

area occupied by the hydrophobic aggregates decreased with SNP:alkoxide ratio, and 

increased with wG except for the 9:1 gel. In 9:1 PTES gel, phase separation was the greatest 

at wG = 0.25 and decreased with increasing wG. Large scale phase separation, defined here 

as the formation of aggregates larger than the microscope viewing area (635.60 x 635.60 

µm), was observed in the 3:1 gels with wG ≥ 0.75 and in the 7:1 gels with wG = 1. Phase 

separation in MTES gels was much less severe, with the average aggregate size less than 

3 µm in diameter (data not shown). 
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Figure 3.7: Confocal images and quantification of phase separation in PTES gels (w𝒑= 

PTES/total alkoxide). Phase separation occurred in all ORMOSIL gels, as indicated by 

regions of concentrated Nile red fluorescence. Large scale phase separation, defined here 

as the formation of aggregates larger than the microscope viewing area (635.60 x 635.60 

μm), is shown in the 3:1 gel with w𝒑=1. All images are at the same magnification. 

PTES gels stained with Nile red and containing encapsulated E. coli expressing 

GFP are shown in Figure 3.8. It can be seen that the cells were relatively uniformly 

 
 

wp Aggregate 
diameter (μm)  

% Area 
occupied by 
aggregates 

Max aggregate 
diameter 

(μm) 

SNP : alkoxide ratio = 3:1 
0.25 2.89 ± 3.68 1.5 53 
0.5 6.44 ± 10.43 4.38 130 

0.75 Large-scale phase separation 
1 Large-scale phase separation 

SNP : alkoxide ratio = 7:1 
0.25 2.82 ± 4.32 0.23 43 
0.5 3.28 ± 3.82 0.56 38 

0.75 4.68 ± 12.54 3.84 190 
1 Large-scale phase separation 

SNP : alkoxide ratio = 9:1 
0.25 4.21 ± 10.85 3.6 187 
0.5 2.94 ± 5.78 3.5 112 

0.75 2.9 8± 6.41 3.7 94 
 

3:1

ωp=0.25

ωp=0.5

ωp=1

7:1 9:1
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distributed within the hydrophilic regions of the gel, but were excluded from the 

hydrophobic regions.  

 
Figure 3.8: Confocal images of PTES gels containing Nile red and encapsulated E. coli 

expressing GFP. Top row: composite image of red and green fluorescence. Bottom row: 

green fluorescence only. Cells were excluded from the hydrophobic regions stained with 

Nile red. 

 

3.5 Discussion 

We hypothesized that atrazine diffusion through hydrophobic ORMOSIL gels 

would be slower while overall transport (which also includes diffusion through the cell 

membrane as well as adsorption to the gel) would be faster than in hydrophilic gels. In 

support of this argument, a direct linear correlation between adsorption and biodegradation 

rates was observed in the 7:1 PTES, and 3:1 MTES gels (Figure 3.4). A much stronger 

(exponential) dependence of biodegradation rate on adsorption was also observed in the 

7:1 MTES gels. Biodegradation in 9:1 and 3:1 PTES gels remained unaffected by 
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adsorption at low w, and then increased exponentially in the 9:1 gels, and decreased 

exponentially in the 3:1 gels. Detailed analysis of distribution of hydrophobic regions 

within the gel showed that concentrating atrazine in close proximity to the encapsulated 

cells increased the biodegradation rate of atrazine while significant phase separation 

decreased it. It is plausible that this was because no cells were present in the areas with 

large, phase separated hydrophobic regions, which concentrated larger amounts of atrazine. 

This is discussed in detail below. 

 

3.5.1 Adsorption capacity 

In all compositions tested, ORMOSIL gels adsorbed higher amounts of atrazine 

than the hydrophilic (wG= 0) TEOS gels (Figure 3.2). PTES gels adsorbed higher amounts 

of atrazine than the MTES gels at the same w, potentially due to a stronger hydrophobic 

effect [315]. The ORMOSIL gels adsorbed much higher amounts of atrazine than 

hydroxyatrazine, which was expected as atrazine is more hydrophobic (atrazine log 𝑘AB =

2.2 − 2.8, hydroxyatrazine log 𝑘AB = 1.4	) [309].  

As detailed above, a direct relationship between the ORMOSIL content of the gel 

and its adsorption capacity could not be established as adsorption characteristics of the gel 

not only depended on the concentration but also on the localization and distribution of the 

organic groups in the gel. During synthesis, organic groups either localized at the gel pore 

surface, or aggregated in the gel bulk (red patches in Figure 3.7). Only the organic groups 

located at the gel pore surface affect the adsorption properties of the gel [81]. This was also 

reported previously by different groups [80, 81, 83]: For example, Fidalgo et al. [83] used 

DRIFT FTIR to measure the concentration of methyl groups on the pore surface of a TEOS-

MTMS (methyltrimethoxysilane) gel. They found that the concentration of surface methyl 

groups increased dramatically when w was increased from 0 to 0.25, but only increased 

slightly with additional MTMS content, reaching a maximum at w = 0.75. Our absorption 

results showed a similar trend.  

Another factor of importance for adsorption capacity is the specific surface area of 

the gel, which depended on the ORMOSIL content, decreasing with w due to decreased 

network connectivity. Specific surface area measurements showed a dramatic decrease in 
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the 3:1 PTES gels when wG was increased from 0 to 0.5, but the decrease was less dramatic 

in 9:1 gel and not significant in the 7:1 gel. Changes in 7:1 and 9:1 gel were less significant 

because the specific surface area approached the limit of the SNPs (140 m2g-1). Specific 

surface area was not the dominant factor controlling adsorption capacity, because 

adsorption in 3:1 PTES increased dramatically from wG = 0 to wG = 0.5 while the specific 

surface area decreased significantly over this range. However, the decrease in adsorption 

that was observed in all of the gels when organic content was increased to w = 1 was 

probably caused by decreased specific surface area. 

 

3.5.2 Atrazine biodegradation 

Phase separation of the hydrophobic precursors (as shown in Figure 3.7) was 

expected to decrease the biodegradation rate by sequestering atrazine into hydrophobic 

aggregates, separating it from the cells. Note that confocal microscopy images showed that 

cells were in contact with the hydrophobic aggregates, but no cells were observed within 

any aggregate (Figure 3.8). ORMOSIL gels without severe phase separation or severely 

hindered atrazine diffusion had greater biodegradation rates than inorganic TEOS gels as 

detailed below.  

Atrazine biodegradation rates were higher in hydrophobic ORMOSIL gels than the 

hydrophilic TEOS gels, except for 3:1 PTES gels. A direct relationship between adsorption 

and biodegradation was observed in 7:1 PTES, 7:1 MTES, and 3:1 MTES gels (Figure 

3.4b). In 7:1 MTES gels however, in the range of wH = 0.75 − 1 biodegradation increased 

drastically. This could be due to increased diffusion, because increasing MTES content 

from wH = 0.5 to wH = 1, caused DK to increase from 167 to 217 µm2/s . In 9:1 PTES a 

gels direct relationship between adsorption and biodegradation only for  wG > 0.5. Of the 

gels with wG = 0.25, the 9:1 gel had by far the most significant phase separation (Figure 

3.7), which could explain why biodegradation did not increase in the range of wG = 0 −

0.25.  

Biodegradation in the 3:1 PTES gels was low despite these gels adsorbing the 

highest concentrations of atrazine. The low biodegradation levels observed in these gels 

can be attributed to a combination of severe phase separation and slow atrazine diffusion. 
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PTES 3:1 gel with wG ≥ 0.5 had severe phase separation, and biodegradation rates of these 

gels were less than that of hydrophilic TEOS gels. When PTES content was increased from 

wG = 0 to wG = 0.5 in the 3:1 PTES gel, DK decreased significantly by 78%, which was 

much greater than the decreases of 49%, and 54% in the 7:1, and 9:1 PTES gels, 

respectively.  

 

3.5.3 Transport in the silica gel 

Atrazine diffusion was higher in TEOS gels than in ORMOSIL gels because strong 

adsorption to the pore surfaces potentially reduced its translational mobility in ORMOSIL 

gels [78, 340]. In TEOS gels, atrazine 𝐷K was the highest in the 3:1 gel because this gel 

had the lowest atrazine adsorption affinity with 𝐾L = 0.06 L
HA�

 compared to 𝐾L = 0.27 L
HA�

 

in both the 7:1, and 9:1 gels (Table 3.1). In wG = 0.5 gels the 3:1 gel had the slowest 

diffusion because it had by far the greatest 𝐾L. Hydroxyatrazine diffusion was inversely 

correlated to 𝐾L in all gels (Table 3.2). 

Atrazine 𝐷K was higher in PTES gels than in the MTES gels despite PTES gels 

adsorbing higher amounts of atrazine, but this could be due to the significant phase 

separation that occurred in the PTES gels. In phase-separated ORMOSIL gels, diffusion is 

through different domains; through the hydrophobic aggregates, which could be hindered 

relative to that through the surrounding (less hydrophobic) regions. This effect was more 

pronounced in PTES gels as phase separation was more significant.  

In gels with similar values of 𝐾L the rate of atrazine diffusion was mainly 

determined by the gel microstructure. 𝐷K increased with decreasing SNP:alkoxide ratio 

because the gel microstructure became more loosely packed and contained more defects 

(Figure 3.5). For example, gels with w = 1 had similar values of 𝐾L, and 𝐷K increased 

with decreasing SNP:alkoxide ratio. This trend was also observed in 7:1 and 9:1 wG = 0.5 

gels, and in  3:1 and 7:1 wH = 0.5 gels. 
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3.6 Conclusions 

Recombinant E. coli expressing AtzA were encapsulated in hydrophobic 

ORMOSIL gels composed of TEOS, SNPs, and either phenyltriethoxysilane (PTES) or 

methyltriethoxysilane (MTES). Biodegradation rates were overall greater in ORMOSIL 

gels than in inorganic TEOS gels, due to co-localization of the substrate at high 

concentrations in close proximity of the bacteria. In optimized PTES and MTES gels, 

biodegradation rates were approximately 80% higher than that measured in the TEOS gel. 

ORMOSIL gels adsorbed much higher amounts of atrazine than inorganic TEOS gel, 

increasing the local concentration within the gel.  This study conclusively showed that there 

is a delicate balance that need to be maintained in biomaterials as hydrophobic groups 

distributed uniformly within the pore surface help remove the hydrophobic substrate 

rapidly form the solution, and concentrate it in close proximity of the encapsulated cells -

therefore increasing its bioavailability-, at higher concentrations, the same hydrophobic 

groups may aggregate in large areas and concentrate the substrate in a way to make it 

inaccessible to the encapsulated cells.  
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4 Engineering materials for encapsulation, 
germination, and outgrowth of bacterial 

spores. 
4.1 Overview 

Cells encapsulation systems have been widely developed, but the materials, 

processes, and storage conditions are limited to maintain cell viability. Cells are typically 

encapsulated in natural polymers due to their high biocompatibility, but these materials are 

often unstable, biodegradable, and mechanically weak. Encapsulation of robust endospores 

enables the use of materials and processes that cannot be utilized in cell encapsulation 

systems. In this chapter, spore germination and outgrowth is first characterized in agarose 

gels. Encapsulated spores germinated and grew into dense cell clusters within the gel. Next, 

silica gels were designed and optimized for spore encapsulation and outgrowth. Sores 

encapsulated in mechanically strong silica gels germinated and grew into clusters, but cells 

encapsulated in the same gels did not survive the encapsulation process. The oxygen 

consumption rate of germinated spores decreased with increasing silicon alkoxide cross-

linker content, due to increased gel stiffness, and decreased pore size distribution. Finally 

spores were encapsulated in desiccated polyacrylamide gels. Incubation in media caused 

the gels to swell, and encapsulated spores to grow into cell clusters.  
 
 

4.2 Introduction 

Bioencapsulation of microorganisms in a 3D matrix isolates the organism from the 

environment, protects against environmental stress and predation [40, 41, 43, 44, 53], and 

in some cases enhances the biocatalytic activity and longevity of the organism [66, 341-

343].  Cell encapsulation systems have been used extensively for biocatalysis [90, 344-

346], bioremediation [45, 66, 91, 306, 341], tissue engineering [347-350], and biosensing 

applications [351-353].  
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The fabrication of cell encapsulation systems requires precursors, encapsulation 

materials, and processes that do not kill the cells. After encapsulation, the resulting 

biomaterial must be stored under physiological conditions, and has a limited shelf-life, 

typically on the time scale of weeks [308, 354]. However, some microorganisms including 

Bacillus subtilis can form robust endospores, enabling the use of a much wider range of 

encapsulation processes and materials [96, 355]. Furthermore, encapsulated spores can be 

stored under a wide range of conditions, even desiccated, for years to decades [102]. 

Bacillus subtilis forms metabolically dormant and resistant endospores under 

conditions of environmental stress [92-95]. The unique structures of the spores makes them 

one of the most resilient cell types in nature [118, 356-358]. The outer proteinaceous spore 

coat [106, 107] protects the spore from predation and harmful chemicals including iodine-

based disinfectants hypochlorite, hydrogen peroxide and glutaraldehyde [108-116]. The 

spore inner membrane has an extremely low permeability, contributing to the spore 

chemical resistance, especially to acids and ethanol [94, 117]. Ethanol has no sporicidal 

activity [113], and spores can survive in 0.5 M HCl for extended periods of time [117]. 

The spore core contains the DNA, enzymes, RNA, and ribosomes, and is 

maintained at a partially dehydrated state (22-55% wet weight), with a high concentration 

of divalent ions (especially Ca2+). The low water content and high ion concentration both 

contribute to the spores wet heat resistance [94, 118]. Spores are typically resistant to wet 

heat 40°C higher than vegetative cells [94, 118, 359]. The core also contains a high 

concentration (10% dry mass) of the spore specific molecule Dipicolinic acid (DPA), 

which is chelated with divalent ions [104, 118]. DPA is required to maintain spore 

dormancy, and contributes to core dehydration (thus wet heat resistance), and resistance to 

some chemicals [360-362]. Spore DNA is saturated with small acid soluble spore proteins 

(SASPs), which protect the spore from, dry heat, desiccation, UV radiation and some 

chemicals including hydrogen peroxide, nitrous acid, and formaldehyde [94, 108, 114, 117-

119].  

Resistance of spores to harsh conditions make them ideal candidates for 

encapsulation, but the lack of metabolism makes them unsuitable for most biocatalytic 

applications [103]. However, spores can be rapidly germinated after encapsulation by 

exposure to nutrients, resulting in loss of resistance and dormancy, and recovery of 

metabolism [104, 105]. Nutrient germinates including specific amino acids such as L-
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alanine [363-365], and mixtures of nutrients such as Nutrient Broth (NB), function as 

signaling molecules by triggering the spore germination receptors [366]. Spores become 

committed to germination within seconds of exposure to nutrients and will germinate even 

if the nutrients are removed. After commitment, spores release monovalent cations form 

the core including H+, K+, and Na+, followed by the release of all DPA, which is replaced 

by water. DPA release triggers the degradation of the spore cortex, causing the core to 

expand and take up water. The spore water content increases to about 80%, equal to that of 

a vegetative cell, and metabolism begins [104, 105, 366]. Nutrient germination of Bacillus 

subtilis occurs quickly, and only takes minutes [367]. If sufficient nutrients are present to 

support growth, germination is followed by outgrowth into a vegetative cell [105, 368]. 

Outgrowth involves the production of macromolecules, breaking out of spore coat, and 

elongation into a vegetative cell that can subsequently divide [105, 368, 369].  In the 

absence of sufficient nutrients, development is arrested or the outgrowing cell forms a 

second spore [105]. 

The spore encapsulation matrix should be engineered to allow rapid diffusion of 

nutrients and oxygen, and be elastic enough to allow spore outgrowth while maintaining 

good mechanical properties. Spore outgrowth requires the cell volume to increase by over 

100%, so the encapsulation matrix must yield in some way [96]. Nutrient and oxygen 

diffusion limitations are more severe in gels with smaller pore sizes, higher spore loading, 

and larger characteristic lengths [45, 370]. Oxygen limitations in particular are common 

features of biofilm and cell encapsulation systems [371-376]. Pabst et al. [371] 

encapsulated Staphylococcus aureus cells in 2% agarose gel, and found that cells near the 

gel surface grew into large, dense cell clusters, but cells deeper in the gel did not grow. It 

was determined that the growth distribution was due to an oxygen limitation, and the gel 

became anoxic at approximately 500 µm into the gel. 

Silica is an ideal material for spore encapsulation because it is mechanically strong, 

inert, has a tunable structure and porosity, and is easily functionalized [40, 55, 60, 69]. 

Silica gels are typically formed though the sol-gel transition of a silicon alkoxide [72], but 

because the alkoxide and alcohol byproduct are cytotoxic, the standard process must be 

alerted for cell encapsulation [65, 73, 84]. Typically, hydrolyzed silicon alkoxides are 

extensively diluted into silica nanoparticles (SNPs) or buffer, resulting in weak gels [66, 

308, 318, 377]. Spores are resistant to the sol-gel precursors, and can be encapsulated in 
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silica gels with high silicon alkoxide contents, resulting in much better mechanical 

properties [102, 355].  

Spores have been encapsulated in silica layers and bulk materials though the sol-

gel process, and freeze gelation [96-102]. Encapsulated spores remained viable, and when 

incubated in nutrient broth, spores near the surface of the material germinated and grew 

into vegetative cells [96, 99, 101]. It was suggested that spores near the surface found 

additional space by escaping though pore channels to the surface, or by partial bucking or 

delamination of the silica surface [96], and outgrowth deeper in the gel could potentially 

be achieved by increasing the pore size by incorporating sorbitol or poly(ethylene glycol) 

into the matrix [96, 99, 101, 102, 355].  Matys et al. [102] encapsulated Bacillus sphaericus 

spores in sol-gel films, and the spores germinated and grew into cells when incubated in 

Ca2+-DPA followed by NB, even after storage for 2.5 years in wet and dry conditions. The 

resulting biomaterials have been used for phenol biodegradation [98], and heavy metal 

removal [99, 100].  

Previously described spore encapsulated systems demonstrated outgrowth at or 

near the surface of the material, and the outgrowth required surface delamination, and 

involved spores breaking out of the material [96-102]. Outgrowth and metabolism of spores 

embedded in the material bulk was not characterized, and relationships between material 

properties and spore outgrowth were not established. In this chapter, spores were 

encapsulated in agarose, silica, and polyacrylamide gels, and germination and subsequent 

growth was characterized in the gel. Silica gels were then engineered to have good 

mechanical properties, while still enabling high levels of spore outgrowth.  

Silicon alkoxide cross-linked SNP gels enable precise control over the gel pore 

structure, allowing the mechanical properties and diffusion characteristics to be tailored 

[45, 91, 306, 341, 342]. Decreasing the SNP size, and the SNP/alkoxide ratio increases the 

mechanical properties of the gel, and decreases the diffusion rate within the gel [306]. By 

adjusting these parameters the extent of spore outgrowth in the gel can potentially be 

controlled. 

The mechanical properties of silica gel can be further enhanced by heat treatment 

and drying, process that kill encapsulated cells, but not spores [342]. Drying in particular 

is desirable because dry materials can be easily shipped and stored, and have a greater 

resistance to fouling [96-98]. However, drying silica gels causes a dramatic increase in 
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mechanical properties [342], and decrease in pore size . As a result, outgrowth in dried 

silica gels has only been demonstrated at the surface of the material [96, 99, 101]. 

Polyacrylamide gels may be better suited for spore encapsulation in desiccated materials, 

because polyacrylamide can be dehydrated, stored dry, and then rehydrated before use, 

causing the gel to swell close to the initial volume [378, 379].  

 

4.3 Materials and methods 

4.3.1 Materials 

Molecular Biology Grade Agarose, SYTO™ 16 (1 mM Solution in DMSO), and 

Propidium Iodide (FluoroPure grade) was purchased from ThermoFisher Scientific 

(Waltham, MA). 30% Acrylamide/Bis Solution, 37.5:1 was purchased from Bio-Rad 

Laboratories (Hercules, CA). Glutaraldehyde (aqueous, 10%), Formaldehyde (aqueous, 

16%), Osmium tetroxide (aqueous, 4%), Sodium Cacodylate Buffer (0.4M, pH 7.2), and 

Aluminum SEM specimen mounts were purchased from Electron Microscopy Sciences 

(Hatfield, PA). Reagent grade tetraethoxysilane (TEOS), LUDOX® TM-40 silica 

nanoparticles (SNPs), Sodium dodecyl sulfate (SDS), N,N,N′,N′-tetramethylethylene-

diamine (TEMED), Ammonium persulfate (APS), Potassium ferrocyanide trihydrate, 

04511 Cellstain double staining kit (Calcein-AM and Propidium Iodide (PI) solutions) and 

other chemicals were purchased from Sigma-Aldrich (Sigma-Aldrich Corp., St. Louis, 

MO). Ultrapure water (UPW) was used for hydrolysis of TEOS. UPW was prepared by 

filtering deionized water though a Milli-Q water purification system (Millipore, Billerica, 

MA) to reach a final electrical resistance higher than 18.2 MΩ cm-1.  

4.3.2 Production of the spores 

Bacillus subtilis strain 168 spores were grown at 37°C in liquid 2x SG medium 

[380]. After 2-3 days the spores were collected by centrifugation, and washed 5 times with 

UPW. Spores were resuspend in UPW at a OD600 of 2, and stored at 4°C. Spore suspensions 

were free of cells, cell debris, and phase dark spores (>98%). Spore stability was confirmed 

by storing Bacillus subtilis spores in water at 37°C, RT, 4°C, and -20°C. Spores were 

germinated by adding 100 µL of spore suspension (OD600 of 2) to 4 ml of Nutrient broth 
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and incubating at 37°C overnight. Spores stored under all conditions maintained the ability 

to germanite and grow into vegetative cells for at least 6 weeks of storage, and dormant 

spores were not observed after incubation. 
  

4.3.3 Cloning the Moorella thermoaceticia CAH gene into 
Bacillus subtilis 168 

The cyanuric acid hydrolase gene from Moorella thermoacetica ATTC 39073 

[381] was codon-optimized for expression in Bacillus subtilis and synthesized by ATUM 

(formerly DNA 2.0) (Newark, California). The synthetic gene and a 7884 bp fragment 

from the Bacillus subtilis expression/Escherichia coli shuttle vector pHT254 (MoBiTec, 

Göettingen, Germany) were amplified by PCR with Q5 Hi-Fidelity DNA polymerase 

(New England BioLabs, Ipswich, Massachusetts) and primers (Integrated DNA 

Technologies, Coralville, Iowa) CAH_fwd 

(ctggatggagATGCAAAAAGTCGAAGTTTTTAG), CAH_rev 

gctgccccggCTAAACACGCGCAATTAC), and pHT254 backbone_fwd 

(gcgtgtttagCCGGGGCAGCCCGCCTAA), pHT254 backbone_rev 

(ctttttgcatCTCCATCCAGTCTATTAATTGTTGCCGGGAAGC), respectively. The PCR 

fragments were gel-purified with a QIAquick gel extraction kit (QIAGEN, Hilden, 

Germany) and joined using an NEBuilder® HiFi DNA Assembly kit (New England 

BioLabs). The assembly reaction was then used to transform chemically competent NEB 

5-alpha Competent E. coli (high efficiency) cells (New England BioLabs) and 

transformants were selected on Luria-Bertani (LB) agar plates containing 100 µg/ml 

ampicillin (Sigma-Aldrich, St. Louis, Missouri). Resulting colonies were grown 

overnight in LB broth with 100 µg/ml ampicillin and the assembled circular plasmid 

pHT254::CAH was purified from the cells using a QIAprep Spin Mini Prep kit 

(QIAGEN). The presence and position of the synthetic gene in pHT254::CAH was 

verified by Sanger sequencing (ACGT, Inc.; Wheeling, Illinois). 

B. subtilis 168 cells were transformed with pHT254::CAH using the protoplast 

method of Chang and Cohen [382]. An overnight culture of the cells grown in Penassy 

broth (BD Difco Antibiotic Medium 3; Becton, Dickinson, and Company, Sparks, 

Maryland) was used to inoculate a fresh aliquot of the same medium to OD600 nm = 0.1. 
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The culture was shaken at 37 °C and harvested by centrifugation when OD600 nm = 1.0, 

resuspended in SMMP solution, and the cell walls were digested with 2 mg/ml lysozyme 

for 2 h as described previously [382]. The protoplasts were washed and resuspended and 

then 0.5 ml aliquots were transformed by combining with 2.5 µg of pHT254::CAH in TE 

buffer, 2X SMM solution, and 1.5 ml of 40% PEG 6000 (Fluka, Buchs, Switzerland) as 

described [382]. After 2 min exposure to PEG 6000, the treated protoplasts were washed 

and resuspended and then recovered for1.5 h at 30 °C as described [382]. The protoplasts 

were then spread onto DM3 plates (Chang and Cohen) containing 5 µg/ml 

chloramphenicol (GoldBio, St. Louis, Missouri) and incubated until colonies were 

visible. 

To test putative transformants for cyanuric acid hydrolase activity, colonies were 

picked and grown overnight at 37 °C in 2X YT medium (per liter: 16 g tryptone, 10 g 

yeast extract, 5 g NaCl, pH 7.0) plus 5 µg/ml chloramphenicol. Fresh aliquots of medium 

in baffled flasks were inoculated with the cultures to OD600 nm = 0.1 and incubated with 

shaking at 37 °C. When the cells had grown to OD600 nm = 0.7-0.8, IPTG (GoldBio) 

was added to 1 mM and incubation was continued overnight under the same conditions. 

Cells were harvested by centrifugation in tared tubes and the pellets were resuspended to 

100 mg wet cells/ml in PBS (pH 7.4).  

4.3.4 Spore Encapsulation in Agarose gel 

Solutions of 2.22% Agarose were prepared by adding agarose to water on a 

hotplate, and stirring until the solution became clear. The temperature was then reduced to 

60°C, and a spore suspension (OD600 of 2) was added at a 1:10 ratio of spore suspension : 

agarose solution, resulting in a final agarose concentration of 2%. The suspension was 

placed in the appropriate mold (see below), and allowed to cool resulting in gelation.   

 

4.3.5 Spore encapsulation in silicon alkoxide cross-linked 

SNP gels 

TEOS was hydrolyzed by adding water and 1 M HCl at 1:5.3:0.0013 M ratio of 

TEOS:water:HCl and stirring vigorously for 80 minutes at RT. We have previously shown 

that under these conditions hydrolysis is complete in 80 minutes [341].  SNPs (22 nm in 
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diameter) were neutralized by adding 1M HCl. A spore suspension (OD600 of 2) was added 

to the neutralized SNPs at a 1:10 ratio of spore suspension : gel precursors  (SNPs + 

hydrolyzed TEOS). Hydrolyzed TEOS was then added to the SNP and spore suspension to 

the desired alkoxide concentration. Mixing of the alkoxide solution and the SNP and spore 

suspension caused a rapid pH-induced condensation reaction, which spanned the sol and 

transitioned it into a gel.  

The viability of cells and spores was determined in thin silica films produced by 

placing 20 μl of gelling solution in a Secure-Seal™ Spacer  (Molecular Probes S24737) on 

a microscope slide. Encapsulated spores were incubated in 15 ml Nutrient Broth at 37 °C 

for 8 hours. Cells and spores were stained using the Cellstain double staining kit. In drying 

experiments, gels were dried in ambient conditions to the desired water content, and then 

incubated in 15 ml Nutrient Broth at 37 °C for 8 hours. The water content of the gel was 

determined by baking the gel at 180°C for 12 hours and measuring the weight decrease. 

 

4.3.6 Spore encapsulation in polyacrylamide gels 

Polyacrylamide (PA) gels with encapsulated spores were prepared by mixing 3.1 

ml H2O, 1 ml spores suspension (OD=2), 3.3 ml Acrylamide/bis (30% 37.5:1), 2.5 ml Tris-

HCl (1.5 M, pH 8.8), 100 µl SDS (10%), 10 µl N,N,N’,N’-tetramethylethylene-diamine, 

and 32 µl Ammonium persulfate (10%). In drying experiments, the gel was allowed to dry 

in the hood for 48 hours, and then incubated in 15 ml of NB at 37°C for 8 hours. The water 

content of the gel was determined by baking the gel at 180°C for 12 hours and measuring 

the weight decrease.  

4.3.7 Encapsulated spore germination kinetics 

Spore suspensions (OD600 of 2) were diluted 10x, and the spores were encapsulated 

in 0.1 ml samples of 2% agarose gels in 96 well plates. An equal volume of germination 

buffer (9.6 mM L-alanine, 0.25 mM sodium acetate, 0.45% NaCl, 30 μM TbCl3, pH 5.6) 

was added to the gel, and the plate was incubated in a fluorescent plate reader at 37°. The 

DPA concentration was measured during germination by monitoring the DPA-TbCl3 

emission spectrum in the plate. The basal level of DPA in the gels (0% DPA release) was 

measured by incubating the gel in the buffer as described above, except the germinate L-
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alanine was omitted. DPA release during germination was calculated by subtracting the 

basal concentration of DPA from the DPA in the samples with germinating buffer. 

4.3.8 Growth distribution visualization 

The growth distribution of outgrowing spores in 2% agarose and silica gels was 

visualized by placing gel cylinders (diameter: 12.5 mm, height: 3.5 ml) in a petri dish with 

15 ml of NB. After incubation for 8 hours, the cylinders were cut in half radially, and the 

cut surface was stained using SYTO 16. 

4.3.9 Spore and cell staining 

The viability of encapsulated cells and spores was determined using the Cellstain 

double staining kit, which contains Calcein-AM and Propidium Iodide (PI) solution. Gels 

were incubated in an equal volume of PBS with 2% Calcein-AM solution and 1% PI 

solution. Sample were viewed with a Nikon A1si spectral confocal system mounted on a 

Nikon Ti2000E inverted fluorescence microscope equipped with DIC optics (Nikon 

Instruments Inc., Melville, NY, USA). PI fluorescence was measured in the 600–650 nm 

range at an excitation wavelength of 561 nm. Calcein-AM and SYTO 16 fluorescence was 

measured in the 500–550 nm range at an excitation wavelength of 488 nm. The data for 

each fluorescent material were captured in separate channels simultaneously and band-pass 

filters were used to eliminate any overlap in the emission spectra (Calcein-AM and SYTO 

16: 500–550 nm, PI: 570–620 nm). 

4.3.10 SEM imaging 

Spore outgrowing in the silica gels was visualized by SEM. Silica gel films with 

encapsulated spores were prepared by dip coating glass substrates in the gelling solution. 

Substrates were incubated in NB for 12 hours at 37°C, and then fixed in a solution of 2% 

paraformaldehyde, 2% glutaraldehyde, 4% sucrose in 0.135 M sodium cacodylate buffer 

for 20 hrs. Samples were then washed in 0.135 M sodium cacodylate buffer, and 

incubated in a secondary fixative solution containing 1% osmium tetroxide, and 1.5% 

potassium ferrocyanide in 0.135 M sodium cacodylate buffer for 90 minutes. Samples 

were washed with 0.135 M sodium cacodylate buffer, and chemically dehydrated in a 

graded ethanol series of 25%, 50%, 70%, 85%, 95% and 100% (2x) at 5-10 minutes per 
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step. Samples were then critically point dried from ethanol, and sputter coated with 8 nm 

of iridium before imaging.  Samples were viewed on Hitachi SU8230 field emission gun 

scanning electron microscope. 

4.3.11 Compression testing 

Cylindrical samples were prepared in silicon molds with a thickness of 12.5 mm 

and diameter of 12.5. Samples were removed from the molds and testing was preformed 

on an MTS QTest 10 mechanical testing machine (MTS Systems, Eden Prairie, MN, USA). 

The elastic modulus for compression (E) of the gels was evaluated by compression tests 

conducted at 1 %/min strain rate.  

4.3.12 Rheological testing 

Cylindrical gel samples were prepared by adding 2% agarose to an O-ring (3/4” x 

5/8” x 3/16”) and sandwiching the O-ring between glass slides. Gels were incubated in 20 

ml NB in 100 ml baffles flasks with vigorous aeration for 12 hours. Mechanical properties 

of the gels were measured using an extensional DMA Rheometer (TA Instruments RSA-

G2) with an 8 mm compression disk. A frequency sweep was performed with gap of 2.5 

mm and an oscillation strain of 1%. 

4.3.13 Pore size distribution measurements 

Silica gels were made into cylindrical 200 μL test pieces (radius = 0.32 cm and 

height = 0.62 cm) in a 96-well plate. Gels were chemically dehydrated in a graded 

ethanol series of 25%, 50%, 70%, 85%, 95% and 100% (2x) at 5-10 minutes per step, and 

critically point dried from ethanol. Nitrogen adsorption isotherms were obtained on a 

Quantachrome Autosorb iQ (Boynton Beach, FL) at the temperature of liquid nitrogen 

(77.3 K). Samples were loaded in 6 mm stems and degassed for 15 min at 50 °C,  30 min 

at 100 °C, 3 h at 200 °C, and 14 h at 18 °C before measurement using a turbomolecular 

pump. BET specific surface areas were obtained from the adsorption branch from P/P0 = 

0.05-0.35. Mesopore size distributions were estimated using a quenched solid density 

functional theory (QSDFT) kernel for the adsorption branch of nitrogen on carbon using 

a cylindrical pore model. 
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4.3.14 Oxygen consumption measurements 

Oxygen consumption rates were measured using an Oxygraph Oxytherm System 

(Hansatech Instruments Ltd., United Kingdom). Gels with encapsulated spores were made 

into cylindrical 200 μL test pieces (radius = 0.32 cm and height = 0.62 cm) in a 96-well 

plate. After gelation, gels were removed using a thin copper wire, and incubated in 15 ml 

Nutrient Broth in a petri dish at 37°C. At the desired incubation time, the gel was removed, 

washed with PBS, and suspend in the reaction chamber in 2 mL of PBS. 

4.3.15 Cyanuric acid biodegradation measurements 

Bacillus subtilis expressing CAH were encapsulated in cylindrical gel samples 

(diameter: 26.7 mm, height: 5.36 mm), prepared by adding 3 ml of gel precursor and spores 

mixture to 60 ml syringes (ID=26.7) with the top removed. After gelation, the gels were 

pushed out of the syringe, and incubated in 30 ml nutrient broth with 5 µg/ml 

chloramphenicol in a large petri dish (Diameter 150 mm) at 37 °C. After 4 hours of 

incubation, CAH expression was induced by adding Isopropyl β-D-1-

thiogalactopyranoside (IPTG) to a concentration of 1 mM, and gels were incubated for an 

additional 4 hours. Gels were then removed, washed extensively with PBS, and incubated 

in 5 ml of 140 ppm cyanuric acid (CYA) in PBS on a rocking platform at room temperature. 

At 2 hr and 12 hr incubation times, 0.5 ml of supernatant was removed, filtered through a 

0.2 µm Teflon filter, and CYA concentration was measured using the melamine 

precipitation assay described previously [90]. Briefly, the analyte solution was added to a  

melamine solution (2.5 mg/ml) at a 1:1 ratio, and the concentration of the melamine CYA 

complex was quantified by measuring the turbidity as the apparent absorbance of the 

mixture at 600 nm. CYA concentrations were normalized by controls, in which the gels 

were not exposed to NB. 
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4.4 Results 

4.4.1 Germination and growth of spores encapsulated in 2% 

agarose gel 

Germination of Bacillus subtilis spores encapsulated in 2% agarose gel was 

confirmed by measuring the DPA release kinetics, and staining with Calcein-AM (Figure 

4.1). DPA release began immediately after germination buffer was added and was >95% 

complete in 60 minutes, indicating that germination was complete. Complete germination 

was also  confirmed using Calcein-AM stain, which is taken up and converted into calcian 

by esterase in metabolically active cells resulting in fluorescence. No fluorescence was 

observed in encapsulated spores, but after one hour of incubation in germination buffer all 

Bacillus displayed green fluoresce, indicating that germination was complete (Figure 4.1). 

Although encapsulated spores germinated rapidly, the germination buffer did not contain 

enough nutrients to support outgrowth, so elongated cells were not observed even after 

extended incubation times.  

 
Figure 4.1: Germination of Bacillus subtilis spores encapsulated in 2% agarose gels: (a) 

kinetics of DPA release (b) Calcein-AM stain. After 1 hr of incubation in germination 

buffer, DPA release was complete and the Calcein-AM stain resulted in fluoresce, 

indicating that germination was complete. 

 

t=0 t=1 hr
a. b.

Tr
an

sm
itt

ed
 li

gh
t

Ca
lc

ei
n-

AM
 s

ta
in

 

Encapsulated Bacillus subtilis Germination Kinetics



 75 

Incubation of the agarose gels with encapsulated spores in nutrient broth (NB) 

caused spore germination, followed by outgrowth into vegetative cells (Figure 4.2). The 

metabolic activity of outgrowing spores was quantified by measuring the oxygen 

consumption rate (Or)  of the gels. At incubation times of less than 3 hours, the oxygen 

consumption rate did not increase and elongated cells were not observed, despite 

germination occurring in less than 1 hour. At 3 hours, some elongated cells were observed, 

and oxygen consumption began to increase. At 4 hours, many elongated cells were 

observed, and at longer incubation times the cells grew into cell clusters within the gel. The 

cell cluster size and Or then increased with time until at least 12 hours. The unique structure 

of the gel, with dense and discreate cell cluster inclusions, is similar in nature to biofilms 

found in the lungs of patients with cystic fibrosis [383], chronic wounds [384], and 

prosthetic joint infections [385, 386]. Similar structures have been also been observed in 

artificial biofilms [371, 387-389]. 

 
Figure 4.2: Outgrowth of Bacillus subtilis spores encapsulated in 2% agarose gel and 

incubated in NB at 37°C (a) time coarse images of spore outgrowth in the gel, (b) oxygen 

consumption rate of the gel. 

Spore outgrowth and subsequent division can be limited by confining forces 

imposed by the matrix, transport limitations of nutrient and oxygen though the gel pores, 

and cytotoxicity of the matrix or reaction byproducts. The 2% agarose gels are soft with 

E=213 ± 15 kPa, and nontoxic, so transport limitations are expected to be the most 

significant limitation. However, cell cluster growth caused a small increase in the storage 
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modulus, indicating that the gel was excreting a some force on the expanding cell clusters 

(Figure 4.3).  

 

 
Figure 4.3: Effect of cell cluster growth on the mechanical properties of 2% agarose gels: 

(a) images of the gels after spore encapsulation (first column) and after incubation in NB 

for 12 hrs at 37°C (second column), (b) Storage (G′, filled symbols) and loss (G′′, open 

symbols) modulus of gels with and without cell clusters. 

 
 Transport limitations were confirmed by visualizing the growth distribution of 
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significant transport limitations of nutrients or oxygen (Figure 4.4). In order to determine 
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resource. Oxygen limitations and hypoxia conditions are a common feature of natural and 

artificial biofilms [371, 373, 376, 390-392]. In a similar study Pabst et al. [371] 

encapsulated Staphylococcus aureus in 2% agarose gel, and found that the gel became 

anoxic at approximately 500 µm into the gel. 

 

Figure 4.4: Growth distribution of spores encapsulated in 2% agarose gel. Growth was 

most significant near the edge of the gel, and decreasing the spore loading caused the 

growth layer (𝛿) to increase. Cell clusters were stained with SYTO 16. 

 

4.4.2 Germination and growth of spores encapsulated in silica 

gel 

Silica gel is an ideal material for bioencapsulation because it is inert, chemically 

stable, and has controllable pore structure and mechanical properties. The hydrolyzed 

silicon alkoxide solution is cytotoxic due to the ethanol byproduct of the hydrolysis 

reaction and low pH, but is not toxic to spores. Spores suspended in the hydrolyzed 

alkoxide solution for 10 minutes suffered no loss in viability, as measuring by colony 

counting on NB agar plates.  

Bacillus subtilis spores were encapsulated in silica gel films with different alkoxide 

contents, and incubated in NB resulting in germination and cell cluster growth. Viability 

of outgrown Bacillus subtilis cells that had been encapsulated as spores was compared to 

that of directly encapsulated vegetative cells, using the Cellstain live dead kit (Figure 4.5). 
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concentration of 12.5% remained viable (>90%), but increasing the alkoxide concentration 

to 25% caused some cell death, and increasing the alkoxide content further to 50% and 

75% caused total cell death. Spores encapsulated in identical gels and incubated in NB 

germinated and grew into clusters of viable cells regardless of the alkoxide content (Figure 

4.5 bottom row).  

 

Figure 4.5: Bacillus subtilis encapsulated as vegetative cells (top row) and spores (bottom 

row) in silica gels with different alkoxide concentrations. Gels with encapsulated spores 

were incubated in NB for 8 hours at 37°C, resulting in germination and growth. Cells were 

stained with the Cellstain double staining kit. 

 

The oxygen computation rate of Bacillus subtilis encapsulated as spores in the silica 

gels decreased with increasing alkoxide content (Figure 4.6a), because the hydrolyzed 

silicon alkoxide acted as a crosslinker, increasing the mechanical properties and decreasing 

the pore size.  The elastic modulus of the gels increased exponentially with alkoxide 

content, from 0.80 ± 0.07 MPa at an alkoxide content of 12.5% to 4.40 ± 0.23 MPa at an 

alkoxide content of 50% (Figure 4.6b). Increasing the alkoxide content from 50% to 75% 

resulted in a moderate increase in E, to 4.92 ± 0.21 MPa. Spore outgrowth and subsequent 

Alkoxide content: 12.5% 25% 50% 75%

Ce
lls

Sp
or

es



 79 

division required a significant increase in cell volume, and the force required for the gel to 

yield is greater in stiffer gels, resulting in less growth. 

 

Figure 4.6: Bacillus subtilis spores encapsulated in silica gels (a) oxygen consumption rate 

(Or) after incubation in NB for 8 hrs at 37°C, (b) compression elastic modulus of the gels, 

(c) pore size distribution of the gels. 

 

The silica gel pore size distribution also decreased with increasing alkoxide content 

(Figure 4.6c), resulting in more significant diffusion limitations [306, 341, 393, 394]. The 

gel with the lowest alkoxide content of 12.5% had no significant pore volume less than 7 

nm in width, and had significant pore volume greater than 30 nm, while the gel with the 

largest alkoxide content of 75%  had a significant pore volume less than 0.2 nm in width, 

and little pore volume > 10 nm in width. The combination of decreased pore size, and 

increased gel stiffness caused the oxygen consumption rate to decrease with increasing 

alkoxide content. The oxygen consumption rate of the 2% agarose gels was much greater 

than that of the silica gels, because the agarose gels were significantly more pliable (E=0.21 

± 15 MPa), and had much larger pore sizes, typically measured in the 100 nm range [395, 

396]. 

Spore growth in the silica gels was most significant near the surface of the gel due 

to oxygen transport limitations (Figure 4.7). Decreasing the spore loading in gels with 

alkoxide concentrations of 12.5%, 25%, and 50% caused an increase in the growth layer 
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(𝛿) due to decreased transport limitations. However, in the gel with the largest alkoxide 

content of 75%, growth only occurred near the surface of the gel regardless of the spore 

loading. It is possible that this gel is too stiff to allow spore outgrowth, and only spores 

near the surface are able to grow by partially bucking, or delaminating the gel surface. This 

was confirmed by observing the surface of the 75% alkoxide gel with SEM microscopy 

(Figure 4.8). Spores located near the gel surface were able to break their way out of the 

gel in order to grow, and it is possible that in very stiff gels this is the only type of growth 

possible.   

 

Figure 4.7: Growth distribution of spores in encapsulated in silicon alkoxide cross-linked 

SNP gels with different alkoxide contents.  
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Figure 4.8: SEM images of Bacillus subtilis encapsulated as spores growing at the surface 

of silica gel with an alkoxide content of 75%. 

 

One of the greatest benefits of using spore encapsulation systems is the ability to  

desiccate the material and store it dry. Spores have been encapsulated in dried silica gels 

previously [96-102], but drying causes a dramatic increase in gel stiffness and decrease in 

pore size [342], and as a result only spores at the surface of the gel were able to grow into 

vegetative cells [96, 99, 101]. However, by reducing the water content of the gel in a 

controlled process, the mechanical properties of the gel could potentially be increased 

while maintaining high spore growth rates and metabolism. The oxygen consumption rate 

of silica gels with an alkoxide concentration of 12.5% decreased linearly, and by 

approximately half, from water contents of 100% to 50% (Figure 4.9). However, over this 

same range the mechanical properties of the gel increased 18 fold, from 0.80 ± 0.07 to 

14.13 ± 2.02 MPa.  Decreasing the water content further to 25% caused the gel to transition 

into a very stiff, opaque, and glassy material, resulting in no detectable oxygen 
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consumption. Decreasing the water content to 0.5% caused oxygen consumption to 

increase slightly, probably due to pore collapse during drying or rehydrating. 

 

 
Figure 4.9: Oxygen consumption of Bacillus subtilis encapsulated as spores in silica gel 

with 12.5% alkoxide and different water contents. Gels were air dried to the desired water 

content, and then incubated in NB for 8 hours at 37°C. 

4.4.3 Encapsulation of spores in dried polyacrylamide gels   

Spore encapsulation in desiccated materials is desirable to enable simple storage 

and shipping, and reduce the risk of fowling. However, desiccation of silica gels beyond 

50% water loss resulted in a total loss of growth and metabolism. As an alternate method, 

spores could be encapsulated in polyacrylamide (PA), which can be desiccated, stored dry, 

and rehydrated causing it to swell approximately to its initial size (Figure 4.10a). PA gel 

is not typically used for cell encapsulation because the precursor monomers are cytotoxic, 
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but spores survived the encapsulation process, and grew into cell clusters within the gel 

(Figure 4.10b). Air drying PA gel with encapsulated spores for 48 hours, caused the water 

content to decrease  from 84.7% ± 0.2% to 15.8% ± 0.2% and the material became 

extremely stiff. Incubation of the dried gel in NB for 8 hours caused the gel to swell to a 

water content of 79.0% ± 0.2%, and the encapsulated spores to grew into cell clusters, 

indicating that they had survived the desiccation and rehydration process (Figure 4.10c). 

Surprisingly, the oxygen consumption rate of the PA gel increased by 32% after desiccation 

and rehydrating, probably due to a change in the gel structure caused by the process. PA 

gel encapsulation enabled the storage of spores in a dried material without a loss of activity.  

 
Figure 4.10: Polyacrylamide (PA) gels (a) dehydration and rehydration of the gel, (b) 

outgrowth of spores encapsulated in PA gel, (c) outgrowth of spores encapsulated in PA 

gel after dehydration and rehydration cycle. 

 

PA gel Dried Rehydrated

Water content (wt%): 85% 15% 79%

PA gel PA gel, dried/rehydrated 
Or= 66 ± 6 nmol L-1 s-1 Or= 97 ± 11 nmol L-1 s-1

a.

b. c.
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4.4.4 Cyanuric acid bioremediation 

The spore encapsulation systems described above were designed for biocatalytic 

applications. As a case study, gels with encapsulated Bacillus subtilis spores expressing 

cyanuric acid hydrolase (CAH) were utilized for cyanuric acid (CYA) bioremediation. 

The 2% agarose gel was chosen for CYA bioremediation due to its high metabolic 

activity, and the 50% alkoxide silica gel was chosen due to its superior mechanical 

properties and moderate metabolic activity. Gels with encapsulated spores were 

incubated in NB for 8 hours, followed by incubation in a 140 ppm cyanuric acid solution. 

After 2 hours of incubation, the silica gel did not reduce the CYA concentration below 

that of the control, and the 2% agarose gel decreased the CYA concentration by 

approximately half (Figure 4.11). After 12 hours of incubation, both the silica and 2% 

agarose gels removed nearly all CYA, removing 94% and 97% respectively.  

 

Figure 4.11: Fraction of cyanuric acid (CYA) biodegraded by Bacillus subtilis expressing 

CAH encapsulated as spores in 2% agarose gel and 50% alkoxide silica gel. Gels were 

incubated in NB for 8 hours at 37°C, and then incubated in 140 ppm CYA at RT. CYA 
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biodegradation was normalized by the concentration of controls in which the gel was not 

exposed to NB.  

5 Production of biosilica composite materials 
with controlled morphology via self-

assembly of peptide-scaffold fusion proteins 
and biosilification. 

 

5.1 Overview 

Biology has developed the ability to produce robust materials with precisely 

controlled nanoarchitectures though self-assembly and biomineralization of protein 

building blocks. This bottom-up approach has been utilized in vitro for the fabrication of 

biocomposite materials, but control over the nanostructure and morphology has not been 

realized. In this chapter, we genetically fused four silica binding peptides (R5, CotB1p, 

SB7, and Synthetic) to the scaffold forming bacterial microcompartment protein, EutM, 

from Salmonella enterica. The resulting fusion proteins rapidly self-assembled into 

scaffolds in solution. The size and morphology of the scaffolds could be controlled by 

changing the silica binding peptide, and protein concentration in solution. The silica 

binding peptides facilitated silica deposition on the scaffold surface, resulting in robust 

composite materials. The largest amount of silica was precipitated by CotB1p scaffolds, 

which precipitated 7.44 ± 0.36 mmol g-1 protein. Scaffolds containing R5 or SB7 peptides 

precipitated about 60% as much silica as CotB1p, and scaffolds containing synthetic 

peptides precipitated the least amount of silica. Silica precipitation could be increased by 

increasing the concentration of silicic acid in solution, but at a silicic acid concentration of 

500 mM the proteins catalyzed the formation of a macroscale gel. The microstructure and 

mechanical properties of the gel could be controlled by adjusting the concentration of 

protein in solution, and the processing conditions. The fusion proteins developed in this 

chapter represent an ideal biomaterial for the fabrication of living materials, and enable the 
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production of robust nanocomposites with controllable morphologies, as well as 

macroscale silica gels with controllable microstructures. 

 

5.2 Introduction 

The ability to self-organize into precisely controlled patterns, forming structures in 

the nano- to macro-scale, is an inherent characteristic of biological systems. Patterning, 

templating, and self-organization are also key for the formation of many inorganic 

biocomposites with complex architectures and extraordinary mechanical properties [167, 

168, 177-181]. One way this is accomplished is through the utilization of self-assembled 

supramolecular biomolecular scaffolds as templates for biomineralization [187, 198-201]. 

By taking advantage of the infinitely diverse structures that can be formed by biomolecular 

self-organization and the mineralization of inorganic elements, structurally robust 

composite bionanomaterials are produced [202-204]. Harnessing the principles that govern 

the assembly of natural organic/inorganic hybrid nanomaterials offers a tremendous 

potential for the bottom-up design of engineered materials with properties tailored for 

desired applications. 

Among the different composite materials that can be formed through 

biomineralization, silica-based hybrid materials are especially interesting because silicon 

is the second most abundant element in earth’s crust, and silica is one of the most 

technologically important inorganic materials. Because of its abundance, a variety of 

organisms use this mineral for the formation of complex nanostructures [172, 179, 189]. 

These intricate silica-based structures are formed with undersaturated concentrations of 

silicic acid at physiological temperature, near neutral pH, and ambient pressure [175, 205]. 

These conditions are in sharp contrast to those utilized during synthetic silica precipitation, 

which requires oversaturated silicic acid concentrations, harsh solvents, extremes of pH, 

and generally provides poor control over the structure of the silica network formed [194]. 

Perhaps the most impressive biosilica structures are the exoskeletons of diatoms, 

which contain seemingly infinite varieties of nanostructures, and patterns with 

characteristic length scales between 50 and 500 nm [187-189]. In diatoms, peptides known 

as silaffins have been shown to facilitate silica precipitation [175, 206, 397]. A synthetic 

variant of one those peptides, known as R5, was shown to precipitate silica from phosphate 
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buffered silicic acid at neutral pH, and has therefore been widely used for biomimetic 

production of silica-based structures [172, 188, 206, 213, 220, 222, 230, 231]. R5 is a 

cationic peptide rich in lysine resides that catalyzes the formation of silica microspheres 

ranging in diameter from approximately 0.5 to 10 µm [172].   

Silicification is also observed on the tough outer coat of bacterial spores, improving 

their durability [195]. In the Gram positive bacteria Bacillus cereus, silica is deposited by 

the spore coat protein CotB1 [209]. A minimal silica binding tag CotB1p from the 

zwitterionic C-terminus of CotB1 has been fused to proteins for silica-based purification 

purposes [232]. It is proposed that positively charged CotB1p binds negatively charged 

silica via electrostatic interactions. This has been confirmed by shortening the CotB1p tag 

to only seven amino acids, yielding peptide SB7, and site directed mutagenesis of the 

arginine residues [233]. Direct silica precipitation by CotB1p and SB7 has not been 

demonstrated in vitro, but these peptides have the potential to precipitate silica efficiently 

because they are more cationic than the  R5 peptide, and they are rich in arginine residues, 

which precipitate silica more efficiently than lysine residues [398].  

These silica precipitating peptides have been used in a variety of applications, 

including biotemplating of silica as nanowires on designed, synthetic peptides using the 

amyloid-type fibrils formed by the variants of a synthetic peptide sequence [399, 400]. 

Fusion of silica precipitating peptide R5 to proteins has been used for silica encapsulation 

of proteins or formation of a silica-based composite matrix made up from a self-assembled 

protein hydrogel [148, 171-175]. The R5 fusion proteins had greater silica precipitating 

efficacy (per R5 peptide) than free R5 [171, 172], which is beneficial because R5 is 

expensive to obtain [175]. However, in these previous studies, self-assembly of the silica 

peptide fusion proteins did not allow control over the size, shape, and morphology of the 

formed structures. The structures catalyzed the formation of silica microspheres, but direct 

templating of a silica coating on the surface of the protein structures was not demonstrated. 

In addition, in these studies only the silica binding peptide R5 has been used, despite reports 

that other synthetic peptides can precipitate silica more efficiently [398, 401]. 

In this chapter, we sought to design and characterize silica precipitating proteins 

scaffolds with controllable morphologies as a first step towards future fabrication of 

composite materials with engineering nanoarchitectures. As our scaffold forming protein 

building block, we chose the 9.8 kDa bacterial microcompartment protein EutM from 
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Salmonella enterica, which we have previous shown to self-assemble into robust nano- to 

microscale structures from ordered arrays of EutM hexamers [402-406]. Importantly, we 

found that the structures formed by EutM can be controlled by adjusting the protein 

concentration, temperature, and ionic strength during assembly [406]. To achieve silica 

precipitation onto EutM scaffolds, we genetically fused four different, known silica binding 

peptides (R5, CotB1p, SB7, and Synthetic [232, 233, 398, 399]) to the scaffold forming 

protein EutM. The fusion proteins self-assembled into scaffolds with controlled 

morphologies, and the scaffolds functioned as a template for silica deposition, resulting in 

mechanically robust bionanocomposites. In addition, the proteins catalyzed the formation 

of macroscale silica gels with controllable microstructures. To our knowledge this is the 

first report of a protein system capable of producing nano- and micro- scale materials, as 

well as catalyzing the formation of macroscale gels. 

 

5.3 Materials and methods 

5.3.1 Materials 

Reagent grade tetraethoxysilane (TEOS), ammonium molybdate tetrahydrate, 4-

methylaminophenol sulphate, anhydrous sodium sulfite, all acids and bases, and other 

chemicals were purchased from Sigma-Aldrich (Sigma-Aldrich Corp., St. Louis, MO). 

Trump’s Fixative was purchased from ThermoFisher Scientific (Waltham, MA). Ultrapure 

water (UPW) was used for hydrolysis of TEOS. UPW was prepared by filtering deionized 

water though a Milli-Q water purification system (Millipore, Billerica, MA) to reach a final 

electrical resistance higher than 18.2 MΩ cm-1. The Q5® Site-Directed Mutagenesis kit for 

Q5-site directed mutagenesis and E. coli T7 Express (C2566) cells were obtained from 

New England Biolabs (NEB) (Ipswich, MA) and the Pierce BCA assay kit (Thermo, 

Rockford, IL) was used for protein concentration measurements.  

5.3.2 Genetic constructs 

As previously described, cumate inducible expression plasmid pCT5BB-His-EutM 

[406] was used as a template to construct plasmids for the expression of His-EutM proteins 

containing C-terminal silica biomineralization peptide tags. C-terminal silica 
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biomineralization tags (see Error! Reference source not found. and Table 5.1 for construct 

design and sequences) were genetically fused using the Q5® mutagenesis kit from NEB 

according to the manufacturers’ instructions and with optimal primers (Table 5.2) designed 

using NEBs online tools. All other routine molecular biology methods followed standard 

methods. E. coli TOP10 cells (ThermoFisher Scientific, Waltham, MA) were used for 

cloning and plasmid maintenance. Plasmid sequences were verified by Sanger sequencing 

(University of Minnesota Genomics Center, Minneapolis, MN).  

 

Table 5.1: Sequences of EutM scaffold building blocks with and without added C-terminal 

biomineralization peptide tags. Sequences are color coded. Properties of tags are shown 

Peptide & 
Properties 

His-GS-EutM-GS-Peptide 

His-GS-EutM  
Control 

ATGCATCATCATCACCACCACGGTTCTGGTTCTGGTTCTGGTTCTGGTTCT
GGTTCTGAAGCATTAGGAATGATTGAAACCCGGGGCCTGGTTGCGCTGAT
TGAGGCCTCCGATGCGATGGTAAAAGCCGCGCGCGTGAAGCTGGTCGGCG

TGAAGCAGATTGGCGGTGGCCTGTGTACTGCCATGGTGCGTGGCGATGTG
GCGGCGTGCAAAGCCGCAACCGATGCTGGCGCCGCTGCGGCGCAGCGCA
TTGGCGAGTTGGTCTCCGTACACGTGATTCCACGCCCGCACGGCGATCTG
GAAGAAGTGTTCCCGATCAGCTTCAAAGGCGACAGCAACATT 

R5: 
SSKKSGSYSGSKGS
KRRIL 
19 aa, 2 kDa, pI 11.2 

ATGCATCATCATCACCACCACGGTTCTGGTTCTGGTTCTGGTTCTGGTTCT
GGTTCTGAAGCATTAGGAATGATTGAAACCCGGGGCCTGGTTGCGCTGAT
TGAGGCCTCCGATGCGATGGTAAAAGCCGCGCGCGTGAAGCTGGTCGGCG

TGAAGCAGATTGGCGGTGGCCTGTGTACTGCCATGGTGCGTGGCGATGTG
GCGGCGTGCAAAGCCGCAACCGATGCTGGCGCCGCTGCGGCGCAGCGCA
TTGGCGAGTTGGTCTCCGTACACGTGATTCCACGCCCGCACGGCGATCTG

GAAGAAGTGTTCCCGATCAGCTTCAAAGGCGACAGCAACATTGTCGACGG
GAGTGGTGGCAGCGGAGGCAGCTCTAAGAAAAGTGGCAGCTATTCAGGC
AGCAAAGGTTCGAAGCGACGCATTCTG 

CotB1p: 

SGRARAQRQSSR
GR 

14 aa, 1.5 kDa, pI 
12.6 

ATGCATCATCATCACCACCACGGTTCTGGTTCTGGTTCTGGTTCTGGTTCT
GGTTCTGAAGCATTAGGAATGATTGAAACCCGGGGCCTGGTTGCGCTGAT
TGAGGCCTCCGATGCGATGGTAAAAGCCGCGCGCGTGAAGCTGGTCGGCG
TGAAGCAGATTGGCGGTGGCCTGTGTACTGCCATGGTGCGTGGCGATGTG

GCGGCGTGCAAAGCCGCAACCGATGCTGGCGCCGCTGCGGCGCAGCGCA
TTGGCGAGTTGGTCTCCGTACACGTGATTCCACGCCCGCACGGCGATCTG
GAAGAAGTGTTCCCGATCAGCTTCAAAGGCGACAGCAACATTGTCGACGG

GAGTGGTGGCAGCGGAGGCAGCGGCCGTGCGCGAGCTCAGCGTCAAAGC
TCACGTGGGCGC 
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Synthetic: 

KFFEAAAKKFFE 

12 aa, 1.4 kDa, pI 8.5 

ATGCATCATCATCACCACCACGGTTCTGGTTCTGGTTCTGGTTCTGGTTCT
GGTTCTGAAGCATTAGGAATGATTGAAACCCGGGGCCTGGTTGCGCTGAT

TGAGGCCTCCGATGCGATGGTAAAAGCCGCGCGCGTGAAGCTGGTCGGCG
TGAAGCAGATTGGCGGTGGCCTGTGTACTGCCATGGTGCGTGGCGATGTG
GCGGCGTGCAAAGCCGCAACCGATGCTGGCGCCGCTGCGGCGCAGCGCA

TTGGCGAGTTGGTCTCCGTACACGTGATTCCACGCCCGCACGGCGATCTG
GAAGAAGTGTTCCCGATCAGCTTCAAAGGCGACAGCAACATTGTCGACGG
GAGTGGTGGCAGCGGAGGCAAGTTCTTTGAAGCTGCCGCGAAGAAATTCT
TTGAA 

SB7: 

RQSSRGR 

7 aa, 0.84 kDa, pI 
12.3 

ATGCATCATCATCACCACCACGGTTCTGGTTCTGGTTCTGGTTCTGGTTCT
GGTTCTGAAGCATTAGGAATGATTGAAACCCGGGGCCTGGTTGCGCTGAT
TGAGGCCTCCGATGCGATGGTAAAAGCCGCGCGCGTGAAGCTGGTCGGCG

TGAAGCAGATTGGCGGTGGCCTGTGTACTGCCATGGTGCGTGGCGATGTG
GCGGCGTGCAAAGCCGCAACCGATGCTGGCGCCGCTGCGGCGCAGCGCA
TTGGCGAGTTGGTCTCCGTACACGTGATTCCACGCCCGCACGGCGATCTG

GAAGAAGTGTTCCCGATCAGCTTCAAAGGCGACAGCAACATTGTCGACGG
GAGTGGTGGCAGCGGAGGCCGTCAAAGCTCACGTGGGCGC 

 

Table 5.2: Primers used to add C-terminal biomineralization tags to His-GS-EutM. 

Primer Name Sequence 
pCT5BB EutM-GS-
R5 FWD 

cagcaaaggttcgaagcgacgcattctgTGACTCGAGGCCCAAGGTTTAAAG 

pCT5BB EutM-GS-
R5 REV 

cctgaatagctgccacttttcttagagctGCCTCCGCTGCCACCACT 

pCT5BB EutM-GS-
CotB1p FWD 

cgtcaaagctcacgtgggcgcTGACTCGAGGCCCAAGGTTTAAAG 

pCT5BB EutM-GS-
CotB1p REV 

ctgagctcgcgcacggccgctGCCTCCGCTGCCACCACT 

pCT5BB EutM-GS-
Synthetic FWD 

gcgaagaaattctttgaaTGACTCGAGGCCCAAGGTTTAAAG 

pCT5BB EutM-GS-
Synthetic REV 

ggcagcttcaaagaacttGCCTCCGCTGCCACCACT 

pCT5BB EutM-GS-
SB7 FWD 

acgtgggcgcTGACTCGAGGCCCAAGGTTTAAAG 

pCT5BB EutM-GS-
SB7 REV 

gagctttgacgGCCTCCGCTGCCACCACT 

 

5.3.3 Protein expression 

Plasmids encoding N-terminally 6xHis tagged His-EutM, and the His-EutM-

peptide fusions generated in this study, were transformed into E. coli T7 Express (C2566) 

cells (NEB). Individual colonies were isolated on LB agar plates supplemented with 
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ampicillin (100 µg mL-1), and were used to inoculate 50 mL LB medium supplemented 

with ampicillin (100 µg mL-1). Cultures were grown at 37 °C with shaking at 220 rpm for 

16 hrs (overnight). An aliquot of 5 mL of the overnight culture was used to inoculate 500 

mL LB medium supplemented with ampicillin (100 µg mL-1), which was incubated at 37 

°C with rotation at 220 rpm. Once an optical density of 0.4 at 600 nm was reached, protein 

expression was induced by the addition of 50 µM 4-isopropylbenzoic acid (cumate). 

Cultures were incubated at 37 °C with rotation at 220 rpm for another 16 hours and cells 

harvested by centrifugation at 3000 x g for 30 mins at 4 °C. Cell pellets were washed once 

with water and stored at -20 °C. 

5.3.4 Protein purification 

Cell pellets were thawed on ice and were resuspended in EutM lysis buffer (20 mM 

Tris-HCL, 250 mM NaCL, 5 mM imidazole, 4 M urea, pH 7.5). Cells were lysed by 

sonication (4 mins, pulse on 1 sec, and off for 2 sec at 30 % power) on ice, and soluble 

protein was separated from the cell debris by centrifugation at 12,000 x g for 30 mins at 4 

°C. The soluble protein was loaded onto a 5 mL HisTrap™ FF column (GE Healthcare, 

Uppsala, Sweden) pre-equilibrated with EutM lysis buffer. The column was washed with 

5 column volumes of EutM lysis buffer before removing unspecifically bound proteins 

with a 25 % gradient of EutM elution buffer (20 mM Tris-HCL, 250 mM NaCL, 250 mM 

imidazole, 4 M urea, pH 7.5) over 3 column volumes. Finally, the 6xHis tagged EutM 

proteins were separated from the column using a 100 % gradient of EutM elution buffer 

over 3 column volumes. Protein purity was assessed by SDS-PAGE, and pure proteins 

were dialyzed using Spectra/Por membrane tubing with a MWCO 6-8 kDa (Spectrum 

LifeSciences, Chennai, India) into 100-fold greater volume of deionized water for 24 hrs 

at 4 °C. Protein concentrations were determined using the Pierce™ BCA Protein Assay Kit 

(ThermoFisher Scientific, Waltham, MA). Proteins were aliquoted and were stored at -80 

°C. 

5.3.5 Silica binding assays 

Silicic acid solutions were prepared by hydrolyzing TEOS. TEOS was hydrolyzed 

by adding water and 1 M hydrochloric acid at a 1:5.3:0.0013 molar ratio of 

TEOS:water:HCl and stirring vigorously. We have previously shown that under these 
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conditions hydrolysis is complete in 80 mins [341]. Silica precipitation was measured using 

the molybdate blue method [191, 407].  Purified protein scaffolds were incubated in silicic 

acid solutions, and the suspension was mixed for two hrs at RT. The scaffolds and the 

precipitate were then collected by centrifugation (18.8 g, 3 mins), and the resulting pellet 

was washed 3 times with deionized water. Precipitated silica in the pellet was 

depolymerized by adding 1 M NaOH for 10 mins. The samples were then diluted, and 0.15 

mL of a solution with 20 g L-1 ammonium molybdate tetrahydrate and 60 mL L-1 

concentrated hydrochloric acid was added to 1.6 mL of the sample. After 10 mins, 0.75 

mL of a solution with 20 g L-1 oxalic acid, 6.67 g L-1 4-methylaminophenol sulphate, 4g L-

1 anhydrous sodium sulfite, and 100 mL L-1 concentrated sulphuric acid was added. The 

blue color was allowed to develop for 2 hrs, and the absorbance was measured at 810 nm. 

All samples were run in triplicate. 

5.3.6 SEM imaging 

Scaffolds were attached to silicon wafers by incubating the protein suspension on 

a silicon wafer for 1 hr. In samples with silica, the wafers with attached protein were 

incubated in 100 mM silicic acid for two hrs. Samples were washed with water, fixed with 

Trump’s Fixative for two mins to preserve the hydrated protein structure during drying, 

and washed with water again. Silica gels were prepared by adding 500 mM silica to the 

protein suspension, and smearing a thin layer on glass substrates. The suspensions were 

allowed to gel for 3.5 hrs, and then the sample was washed with water. Samples were 

washed with increasing ethanol concentrations of 25%, 50%, 75%, and 100%, and then 

supercritically dried using a Tousimis Critical-Point Dryer (Model 780A). Samples were 

sputter-coated with 8 nm of iridium, and viewed with a field emission gun scanning 

electron microscope (Hitachi SU8230). 

5.3.7 Mechanical testing 

Samples were prepared in 5 mL syringes (ID = 12.06 mm) with the tops removed. 

Silica was added to 0.5 mL protein suspensions to a concentration of 500 mM. Samples 

were allowed to gel for 3.5 hrs, and the gel plugs were pushed out of the syringe. 

Mechanical properties of the gel plugs were measured using an extensional DMA 
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Rheometer (TA Instruments RSA-G2) with an 8 mm compression disk. A frequency sweep 

was performed with gap of 2.5 mm and an oscillation strain of 1%. 

 

5.4 Results 

5.4.1 Design and purification of silica peptide EutM fusion 

proteins 

Four different silica binding peptides (R5, CotB1p, SB7, and Synthetic; see Error! 

Reference source not found. and Table 5.1 for sequence information [232, 233, 398, 399]) 

were genetically fused to the C-terminus of EutM to create His-EutM-R5, -CotB1p, -SB7, 

and -Synthetic. A short, flexible GS-linker was introduced between the C-terminus of 

EutM and the silica precipitating peptide to ensure that the peptide would not be sterically 

hindered. For protein purification by Ni2+ affinity chromatography, EutM also contained 

an N-terminal 6xHis tag also followed by a GS-linker. It should be noted here that histidine 

peptide tags have been shown to enhance silica precipitation [174]. 

 

 

 
Figure 5.1: Schematic of EutM scaffold building blocks designed and expressed for silica 

biomineralization. (A) Color-coded illustration of genetic constructs designed for 

expression in E. coli under the control of a cumate inducible promoter (PCT5). EutM 

contains an N-terminal His-tag for metal affinity purification and C-terminal fusion of one 
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of four different biomineralization peptide tags. GS-linker sequences are added between 

EutM and peptide tags to prevent steric hindrances. (B) Upon expression of EutM in E. 

coli, purified EutM forms hexamers that assemble into higher order scaffolds, displaying 

the fused peptide tags at their surface. Amino acid sequences for N- and C-terminal peptide 

tags, linker sequences and EutM are shown. Corresponding DNA sequences and properties 

of biomineralization peptides are provided in Table 5.1. 

 

The silica peptide fused His-EutM proteins along with a His-EutM protein 

containing no silica peptide fusion were expressed in E. coli for affinity purification. 

Because His-EutM rapidly self-assembles into large protein structures, all purification 

steps were performed in the presence of urea to prevent formation of these macromolecular 

structures as described previously [406]. Similar to our observations for His-EutM proteins 

[406], the silica peptide fused His-EutM proteins also rapidly formed a white precipitate 

upon elution from the affinity purification column. Likewise, SDS-PAGE analysis of the 

purified EutM proteins showed that they migrated as smeared band(s) (Figure 5.2), despite 

exhaustive attempts at completely denaturing EutM proteins by boiling in SDS containing 

buffer [403, 406, 408]. Following purification, all proteins were extensively dialyzed into 

deionized water.  

 

 
Figure 5.2: SDS-PAGE of purified His-EutM proteins. Proteins were expressed in E. coli 

and purified by Ni2+ affinity chromatography. EutM proteins typically migrate as 

“smeared” band(s) close to their predicted molecular weights: His-EutM (11.5 kDa), His-

EutM-R5 (14.2 kDa), His-EutM-CotB1p (13.8 kDa), His-EutM-SB7 (13.0 kDa), His-

EutM-Synthetic (13.6 kDa). 
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5.4.2 Different types of scaffolds are formed by EutM silica 

peptide fusion proteins 

Purified silica peptide fusion proteins rapidly self-assembled in solution, resulting 

in an opaque suspension similar to what we observed previously for His-EutM [406]. This 

suggested that addition of the C-terminal peptide did not disrupt EutM self-assembly. To 

compare structures formed by the fusion proteins to those made by the unmodified His-

EutM protein, scaffolds were chemically fixed to ensure that they retained their hydrated 

structures and visualized by SEM (Figure 5.3). At a protein concentration of 1 mg mL-1, 

the proteins self-assembled into scaffolds with sizes ranging from 5 to 50 µm. His-EutM 

formed flat sheet-like structures, intermixed with some hollow tubes. Fusing the R5 peptide 

to the His-EutM protein led to the formation of very porous and open chain-like structures, 

potentially due to repulsion between the cationic R5 peptides. His-EutM-CotB1p scaffolds 

formed some chain-like structures similar to those formed by R5, but also formed other 

structures with varying morphologies and sizes. CotB1p is a short cationic peptide similar 

in nature to R5, but CotB1p is slightly shorter and more cationic than R5 and is rich in 

arginines rather than lysines. SB7 contains seven of the fourteen CotB1p amino acid 

residues, but the scaffolds formed by His-EutM-SB7 were more similar to those formed by 

His-EutM than to His-EutM-CotB1p, indicating that the shorter peptide had little effect on 

the self-assembly characteristics of EutM. His-EutM-SB7 predominantly formed tubes and 

sheets similar to His-EutM, but also formed a few small chain-like structures similar to 

those formed by His-EutM-CotB1p. His-EutM-Synthetic formed dense globular 

aggregates with varying morphologies.  
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Figure 5.3: SEM images of the protein scaffolds obtained at a protein concentration of 1 

mg mL1. The two columns show different scaffold morphologies from the same sample. 

Scaffolds with different sizes and morphologies could be observed by reducing the 

EutM scaffold building block protein concentrations in solution as shown for His-EutM 
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and His-EutM-R5 in Figure 5.4. While His-EutM formed scaffolds composed of a mixture 

of sheets and tubes (potentially, made up of folded sheets) at a protein concentration of 1 

mg mL-1, scaffolds with tubular patterns were observed at 0.25 mg mL-1, and sheets were 

observed at 0.1 mg mL-1. The size of the scaffolds formed under these different 

concentrations did not change significantly. In contrast, His-EutM-R5 formed open chain-

like structures at all protein concentrations tested, but the size of the scaffolds decreased 

with decreasing protein concentrations. The averages sizes of the scaffolds were 20, 5, and 

1 µm at 1, 0.25, and 0.1 mg mL-1, respectively, protein concentrations. 

 

 
Figure 5.4: SEM images of His-EutM and His-EutM-R5 scaffolds obtained at different 

protein concentrations 

5.4.3 Silica peptides fused to EutM scaffolds facilitate 

biosilicification 

Biomineralization of silica onto the different EutM scaffolds was characterized by 

incubating scaffolds formed in 1 mg mL-1 protein solutions for 2 hrs with 100 mM silicic 

acid. Silica precipitation by the different scaffolds was first quantified using a molybdate 

blue assay (Figure 5.5). EutM scaffolds that displayed the most cationic silica binding 

peptide rich in arginines, CotB1p (pI 12.6, 14 aa, five Arg residues, Table 5.1), were most 

efficient at precipitating silica, and precipitated 7.44 ± 0.36 mmol g-1 protein. Scaffolds 

containing either the lysine rich R5 (pI 11.2) or SB7 (7aa) peptides precipitated less silica, 
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which would agree with previous reports that showed that arginine residues precipitate 

silica more efficiently than lysine residues [398]. Fusion of the synthetic peptide as the 

least cationic silica binding peptide (pI 8.5) to His-EutM increased scaffold-mediated silica 

precipitation only slightly more than 1.98 ± 0.01 mmol g-1 protein precipitated by the His-

EutM control scaffolds. Silica precipitation by unmodified His-EutM scaffolds is probably 

due to positively charged residues on EutM scaffolds, including the His-tag, which are 

known to catalyze silica precipitation [174, 187, 213, 409].  

 
Figure 5.5: Silica precipitated by the fusion protein scaffolds. Scaffolds formed at a 

protein concentration of 1 mg mL-1 were incubated in a 100 mM silicic acid solution for 2 

hours. Silica precipitation was measured using the molybdate blue method, which is 

detailed in the materials and methods section. 

 

Deposition of silica on protein scaffolds was next visualized by SEM imaging 

(Figure 5.6). An increase in surface roughness, surface porosity, and the formation of silica 

nanoparticles are indicators of silica deposition. All of the scaffolds showed an increase in 

surface roughness after silicic acid incubation. The formation of silica nanoparticles 

occurred on His-EutM and His-EutM-SB7 scaffolds, while a clear increase in surface 

porosity was visible for His-EutM-R5, and His-EutM-CotB1 scaffolds.  
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Figure 5.6: SEM images of protein scaffolds without (column 1) and with (columns 2 and 

3) silica deposition. The boxed regions in column 2 are enlarged and shown in column 3. 

Protein scaffolds obtained at a protein concentration of 1 mg mL-1 were incubated in a 100 

mM silicic acid solution for 2 hours. Silica deposition is reflected by the appearance of 

silica aggregates, an increase in surface roughness, and an increase in surface porosity. 
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5.4.4 Induction of silica gel formation by silica peptides fused 

to EutM 

After having established silica precipitation by the silica peptide modified EutM 

scaffolds, one His-EutM silica peptide fusion was chosen for further investigation of silica 

biomineralization. For these experiments, His-EutM-R5 was chosen because it can be 

produced with the highest purification yields, scaffolds form at the lowest protein 

concentration among all scaffolds tested (< 0.07 mg mL-1, not shown), and scaffolds form 

with consistent and controllable morphology (Figure 5.3 & Figure 5.4). Although silica 

precipitation by the His-EutM-R5 scaffold is less than CotB1p fused scaffolds, it is more 

than twice the amount removed by unmodified His-EutM scaffolds (Figure 5.5).  

To measure silica precipitation by His-EutM-R5 scaffolds as a function of silicic 

acid concentration, 1 mg mL-1 of scaffold was incubated with mixing in different silicic 

acid concentrations (Figure 5.7).  

 
Figure 5.7. Silica precipitation on His-EutM-R5 scaffolds as a function of silicic acid 

concentration. At a silicic acid concentration of 500 mM, the suspension formed a gel. The 

protein concentration was 1 mg mL-1. 
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At 1 mM silicic acid concentration, no silica precipitation was detected, consistent 

with previous reports showing that the R5 peptide precipitates silica at saturating 

concentrations greater than 2 mM [398]. A linear increase in silica precipitation occurred 

at silicic acid concentrations ranging from 10 to 250 mM until at 500 mM, unexpectedly, 

a gel formed. Gel formation was catalyzed by the His-EutM-R5 scaffolds, as in the absence 

of protein no gelation occurred even after extended incubation for more than a week. To 

test how protein scaffold concentration (and therefore concentration of R5 peptide) may 

affect gelation, His-EutM-R5 scaffolds were incubated at increasing concentrations (0.1, 

0.25, 0.5, 0.75, and 1 mg mL-1) with 500 mM silicic acid. As expected, the time until 

gelation was observed to decrease with increasing protein concentration, requiring more 

than 10 hrs at 0.25 mg mL-1 compared to 82 mins at 1 mg mL-1 (Table 5.3). As a 

comparison, the same gelation experiment was performed with His-EutM scaffolds 

displaying the strongest silica binding peptide CotB1p. As with His-EutM-R5, the CotB1p 

peptide also induced gelation, but about 3 times faster at all protein concentrations tested 

(Table 5.3), which agrees with its high silica precipitation efficiency as measured in Figure 

5.5. 

 

Table 5.3: Silica gelation time as a function of His-EutM-R5/CotB1p scaffold protein 

concentration in the solution. Gels were formed by incubating scaffold protein solution 

with 500 mM silicic acid at RT. 

 

Protein suspensions of scaffolds consist both of large assembled scaffolds that are 

insoluble (and can be removed by centrifugation) and soluble multimers and monomers 

that are in a dynamic equilibrium with each other. To determine whether the soluble His-

EutM-R5 proteins catalyze silicic acid gelation, insoluble scaffolds from 1 mg mL-1 His-

EutM-R5 suspensions were removed by centrifugation and the supernatant with a 

remaining His-EutM-R5 concentration of 0.07 mg mL-1 was incubated with 500 mM silicic 

 
Gelation Time (mins) 

Protein concentration (mg mL-1) 1.00 0.75 0.50 0.25 0.10 

His-EutM-R5 82 94 140 720 >3000 

His-EutM-CotB1p 27 31 46 112 1200 
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acid. Gelation was observed after 57 mins compared to 82 mins with protein suspensions 

containing scaffolds, suggesting that heterogenous scaffold formation is not required for 

gelation and the soluble protein catalyzes silica gelation. The scaffolds may actually 

precipitate silica and remove silicic acid from the solution, slowing down gel formation. 

5.4.5 His-EutM-R5 forms a strong and robust silica 

biocomposite material   

Mechanical properties of silica gels formed by His-EutM-R5 were measured with 

an extensional DMA rheometer 3.5 hrs after 500 mM silicic acid was added to scaffold 

suspensions formed at different protein concentrations (Figure 5.8).  

 
Figure 5.8: Mechanical properties of the gels formed by incubating His-EutM-R5 in a 

500 mM solution of silicic acid at different protein concentrations. Filled symbols: G' 

(storage modulus), open symbols: G''(loss modulus). 

 

The storage modulus (G’) increased with increasing protein concentration, while 

the loss modulus (G’’) did not change significantly. Gels formed at His-EutM-R5 
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concentrations of 0.5, 0.75, and 1 mg mL-1 had G’ values of approximately 3, 10, and 20 

kPa, respectively. Comparison of microstructures by SEM of silica gels formed with 0.5 

and 1 mg mL-1 His-EutM-R5 (Figure 5.9) showed that the higher protein concentration 

resulted in a denser microstructure, which is consistent with the measured protein 

concentration dependent increase in storage modulus (Figure 5.8). 

The mechanical strength of the silica gel formed with 1 mg mL-1 His-EutM-R5 

could be further increased by allowing the gel to age for 24 hrs at 70℃. Aging increased 

the storage modulus G’ of the gel 5-fold to 100 kPa (Figure 5.10), resulting in a very strong 

and robust biocomposite material formed from silica precipitation catalyzed by the fusion 

proteins. 

 
Figure 5.9: Microstructure of the gels formed at His-EutM-R5 concentrations of 1, and 0.5 

mg mL1, and a silicic acid concentration of 500 mM. 

1 mg mL-1 0.5 mg mL-1



 104 

 
Figure 5.10: Mechanical properties of aged His-EutM-R5 gel. A gel was formed by 

incubating 1 mg/mL His-EutM-R5 scaffolds in 100 mM silicic acid and allowing the gel 

to age for 24 hrs at 70℃ prior to measuring mechanical properties. Filled symbols: G' 

(storage modulus).Open symbols: G'' (loss modulus). 

 

5.5 Discussion 

Production of genetically programmable, living materials with self-healing and 

adaptive properties is a new area of research, and recent publications have demonstrated 

the potential for engineering materials with such attributes [147, 148, 410]. The silica 

precipitating protein scaffolds developed in this chapter represent an ideal biomaterial for 

the fabrication of living materials because of their small size, self-assembling properties 

and their robustness [406]. They may be secreted by a microbial producer organism such 

as a Bacillus [148] to form large scaffolds with controllable morphologies even at low 

protein concentrations. Addition of silica to secreted scaffolds would then result in the 

formation of robust nanocomposite structures with controlled morphologies or macroscale 

gels, depending on reaction conditions. Because the producer organism would become part 

of the material, such a living material could also have self-healing and adaptive properties; 

as mechanical damage to the material could be repaired by further secretion and self-

assembly of the structural proteins.  
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The structures of the protein scaffolds may be controlled by changing the silica 

binding peptide, and the protein concentration in the solution (Figure 5.3 & Figure 5.4). 

For example, His-EutM produced both hollow tube and flat sheet structures, and the 

relative amounts of the two structures could be controlled by changing the protein 

concentration. Similar structures were formed by His-EutM-SB7, and the SB7 scaffold 

precipitated more silica than EutM. His-EutM-R5 formed very porous and open chain-like 

structures, and the size of the structure could be controlled, without affecting the 

morphology of the scaffold, by adjusting the protein concentration. His-EutM-CotB1p 

formed some chain-like structures, but also formed other structures with variable 

morphologies and sizes.  

Because the goal of this work was to produce silica-protein structures with 

controlled morphologies, the R5 peptide was chosen as optimal silica binding tag, despite 

precipitating less silica than the CotB1p peptide. However, the biosilicification 

experiments clearly demonstrate the potential for CotB1p to function as a silica binding 

tag in other applications. Further control over the scaffold structure could potentially be 

achieved by adjusting the temperature, ionic strength, and pH of the solution [173, 406], 

which was not investigated in this study. 

Silica is clearly deposited on the surface of the protein scaffolds (Figure 5.6) 

resulting in silica-protein composites with controlled morphologies. In previous work, R5 

fusion proteins have catalyzed the formation of large silica spheres [171-174], but direct 

templating of a silica layer on the protein surface had not previously been demonstrated. 

The amount of silica precipitated by His-EutM-R5 could be controlled over a range of 2.67 

- 7.13 mmol g-1 protein by adjusting the concentration of silicic acid in solution. Larger 

amounts of silica deposition could not be achieved due to gelation of the suspension, but 

gelation could potentially be avoided by decreasing the protein concentration, which 

increases the gel time (Table 5.3).  

The protein suspensions consist of both insoluble protein scaffolds, and solubilized 

proteins, which are in dynamic equilibrium. Silica polymerization seems to be a 

competitive phenomenon between precipitation on the protein scaffolds, and 

polymerization in solution catalyzed by the solubilized protein. This enables formation of 

different structures. Removal of the insoluble His-EutM-R5 protein scaffolds caused 

gelation to occur faster, because the concentration of silicic acid in the solution is decreased 
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by precipitation by the protein scaffolds. Production of silica gels using soluble peptides 

has been described previously [409], but to our knowledge this is the first report of a protein 

system capable of producing nano- and micro- scale materials, as well as catalyzing the 

formation of macroscale gels.  

Gelation results in encapsulation of the entire suspension in a silica matrix with a 

controllable structure (Figure 5.9). This has implications in a wide range of applications. 

Drugs and enzymes are commonly encapsulated in silica-protein composites [175, 217, 

218, 226-228], and now, these composites can be easily packaged in a matrix for delivery 

and protection. In a living material, secreted proteins can catalyze the formation of a 

macroscale gel, encapsulating the cells and the protein scaffolds. The resulting material 

would have self-healing properties, as mechanical damage could be repaired by the 

secretion and mineralization of additional proteins, and could be developed into a plaster 

for healing cracks, or used for biocatalytic and biosensing applications. Another advantage 

of this method is that cell encapsulation in silica gels usually requires high silicic acid 

concentrations, which is damaging to cells, but the proteins described here allow gels to 

form and encapsulate any biological at silicic acid concentrations as low as 500 mM.  

The gel structure and porosity can be controlled by adjusting the protein 

concentration (Figure 5.8 & Figure 5.9). Gels formed at higher protein concentrations 

have denser structures, resulting in better mechanical properties, and gels formed at lower 

protein concentrations have more porous structures with minimum resistance to diffusion. 

Silica gels can be designed with these trade-offs in mind. For example, in a living material 

the gel should be dense enough to encapsulate cells, but porous enough for secretion and 

transport of the proteins though the gel network. Allowing the gel to age at high 

temperature dramatically enhances its mechanical properties, resulting in robust 

macroscale biocomposites.  
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6 TEOS core microcapsules for silica based 
self-healing materials 

6.1 Overview 

Recently, the development of self-healing materials has become an extremely 

active area of research. Extrinsic self-healing is a bioinspired property that enables the 

recovery of mechanical and functional properties, resulting in increased durability and 

lifetime of the material. Microcapsule based self-healing systems utilize an encapsulated 

healing agent and catalyst, but  previously developed systems, have utilized unstable 

chemistries, and required harsh catalysis. In this work, TEOS core microcapsules are 

produced for the fabrication of silica based self-healing materials. The produced capsules 

had a liquid core content of 87% wt., and were stable for at least 10 days under various 

storage conditions. Damage to the material will cause the microcapsules to rupture and 

release TEOS, which could be polymerized using a wide range of synthetic polymers 

including, polyDADMAC,, polyethylenimine (PEI), and  poly(allylamine hydrochloride) 

(PAH). TEOS can also be polymerized though the action of specific biomolecules, such as 

the silicatein proteins from the marine sponge. This  enables the fabrication of smart 

biomaterials with self-healing properties that are controlled by the implemented biology. 
 

6.2 Introduction 

The ability to autonomously self-heal without external intervention is a crucial 

property of living systems. Recently bio-inspired approaches have been developed for 

implementing self-healing properties into synthetic materials. The healing agent is 

typically sequestered into microcapsules that are embedded within the material. A catalyst 

or hardening agent is also embedded within the material, or encapsulated in separate 

microcapsules. Damage to the material causes the microcapsules to rupture and release the 

healing agent, which hardens upon contact with the catalyst, effectively healing the 

material. 

The healing chemistry must re-bond the material at the fractured site, causing the 

material to regain mechanical properties that had been lost due to damage. The most 
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commonly used healing chemistry is the ring-opening metathesis polymerization (ROMP) 

reaction of DCPD assisted by Grubbs’ catalyst. However, Grubb’s catalyst is not stable in 

the presence of water or air, is expensive, has poor dispersion in most materials, and is 

required in high concentrations for sufficient healing [123, 411]. Self-healing materials 

based on the polycondensation of silica based compounds have been developed to 

overcome these problems. Sodium silicate core microcapsules have been developed for 

self-healing in concreate [412-414], however this process relies on specific reactions that 

occur between sodium silicate and concreate, which take long periods of time [415].  

Cho et al. developed self-healing materials based on the organotin catalyzed 

polycondensation of silanol functionalized PDMS along with alkoxysilane [411, 416, 417]. 

These martials are cheap, widely available, and stable in the presence of air and moisture. 

The silanol was encapsulated in urea-formaldehyde microcapsules or embedded directly 

into the resin matrix by phase separation, and the organotin catalysts di-butyl tin dilaurate 

(DBTL) or dimethyldineodecanoate tin (DMDNT) were encapsulated in polyurethane shell 

capsules [411, 416]. Mechanical stress to the matrix caused the microcapsules to rupture, 

catalyzing polymerization. This system had two major drawbacks: effective healing 

required the addition of an adhesion promotor due to poor adhesion between the 

polymerized PDMS and resin matrix, and significant healing (~40%) only occurred when 

the temperature was increased to 50°C. Organotin catalyzed PDMS polymerization occurs 

at room temperature, so it was hypothesized that the lack of healing was due to poor mixing 

between PDMS and the catalyst. Room temperature healing was accomplished by 

decreasing the viscosity of the PDMS, and using the catalyst TKAS (Si[OSn(n-

C4H9)2OOCCH3]4) [417]. 

In this Chapter, melamine-formaldehyde shell TEOS core microcapsules are 

synthesized for use in a self-healing material. TEOS is chosen as the healing agent because 

it is much less viscous that PDMS (2-6 orders of magnitude cP depending on the PDMS 

molar mass [417, 418]), and is tetrafunctional, allowing a much greater degree of 

crosslinking. In addition TEOS polymerization can be catalyzed at neutral pH by mild 

reagents, including PAH (polyallylamine) [419], block copolymers [420], and bifunctional 

small molecules [421], so toxic organotin chemical are not needed. TEOS can also be 

biomineralized through the action of specific biomolecules, such as the silicateins from the 

marine sponge [190, 191, 208, 422-425]. This would enable the fabrication of biomaterials 
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with self-healing properties that are controlled by the implemented biology. To our 

knowledge this is the first report of TEOS core microcapsules, which enable the production 

of a new class of self-healing materials. 

Silicateins are large proteins (36 kDa in S. domuncula [188]), that are closely 

related to the cathepsin family [179, 190]. TEOS is first hydrolyzed, and then polymerized 

by the action of a  catalytic triad composed of Ser138, His227, and Asn350 [179, 188]. 

Silicatein-α has been successfully expressed in E. coli, resulting in biosilification of the 

cell membrane [229], but purification and secretion of large amounts of silicatein-α from 

E. coli has been difficult because the protein is large and rapidly self-assembles into large 

structures [188]. 

 

6.3 Materials and methods 

6.3.1 Synthesis of the melamine-formaldehyde shell and 

TEOS core microcapsules  

TEOS core and melamine-formaldehyde shell microcapsules were prepared by 

modifying a previously developed protocol [426]. The melamine-formaldehyde 

prepolymer solution was prepared by adding 3.96 g of melamine powder and 7.68 ml of 

37% formaldehyde to 12 ml of water. The solution was stirred at 50°C  until the solution 

became clear (about 30 minutes). 

In a 100 ml beaker, 15.23 ml of Poly(styrene-alt-maleic acid) sodium salt solution 

(13 wt. % in H2O, average Mw 350,000) was added to 36.37 ml H2O. After mixing, 30 ml 

TEOS was added, and the solution was emulsified with a homogenizer at a 20,000 rpm tip 

speed (Ika, T25 basic homogenizer) at 50°C. During homogenization, the pH was adjusted 

to 5 by adding 0.165 ml of concentrated sulfuric acid to the emulsion. After 10 minutes of 

homogenization, the emulsion was poured into a 200 ml beaker, and the solution was 

stirred vigorously with a magnetic stir bar at 50°C. The prepolymer solution was slowly 

added to the emulsion, and the mixture was stirred at 50°C for 3 hrs. Microcapsules were 

collected by centrifugation at 1,000 rpm for 5 minutes, which caused the microcapsules to 

cream to the top of the suspension.  
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6.3.2 SEM imaging 

Microcapsules were imaged a Hitachi SU8230  field emission gun scanning electron 

microscope (SEM, Hitachi, Ltd., Tokyo, Japan). The samples were sputter-coated with 8 

nm of iridium before examination with SEM. 

6.3.3 Determination of the microcapsule core content 

The core content of the microcapsules was determined using the acetone extraction 

method [142, 427, 428]. Dried microcapsules were placed in a cellulose thimble, and the 

thimble was incubated in acetone for 48 hours to extract the TEOS. The core content was 

calculated by comparing the mass of the microcapsules before and after the extraction. 

6.3.4 NMR spectroscopy 
1H NMR was used to verify the presence of TEOS in the acetone used for 

extraction. Spectra were recorded on an Agilent/Varian 600 MHz Spectrometer (Aligent 

Technologies, Santa Clara, CA) using a pulse width of 3.563 µs with a 2.555 µs 

acquisition time and one second cycle delay. Samples were placed in Thin Wall Precision 

NMR sample tubes (length:700 OD:5 mm) purchased from Wilmad-LabGlass 

(Vineland,NJ). Spectra were recorded in deuterated chloroform. 

 

6.3.5 Microcapsule storage conditions 

Microcapsules were stored under various conditions, and the core content was 

measured after 5 and 10 days of storage. The capsules were stored in air, in a sealed 20 ml 

scintillation vial, in water, and in 100% humidity. After storage the capsules were dried 

(for samples in water and 100% humidity), and the core content was measured as described 

above.  

 

6.3.6 TEOS polymerization 

The polymers polyDADMAC, polyethylenimine (PEI), and polyallylamine (PAH) 

were screened for their ability to catalyze TEOS polymerization in solution. Solutions of 
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100 mM polymer in water were added to TEOS at a 3 : 7 volumetric ratio of polymer 

solution : TEOS. TEOS polymerization was tested in samples that were mixed, and samples 

that were not mixed. Samples that were mixed formed an emulsion, and samples that were 

not formed an interface. The experiment was then repeated with the pH of the polymer and 

TEOS mixture adjusted to 7. 

6.3.7 Polymerization encapsulated TEOS  

Dried microcapsules were crushed within a mortar-pestle, and solutions containing 

water, 5% polyDADMAC (pH 8), and 5% polyDADMAC (pH 8) with 10% APTS were 

added to the crushed capsules at a 0.8:1 ratio of catalyst (ml) to microcapsules (g). TEOS 

polymerization was measured by quantifying the increase in solid percent weight of the 

microcapsules using an acetone extraction. The crushed capsules were washed before 

extraction to remove excess polyDADMAC and APTS, and the solid content was 

calculated by comparing the original mass of the capsules (before crushing) to the mass 

after extraction.  

6.3.8 Microcapsules embedded in materials.  

Dense suspensions of microcapsules in water were prepared, and the capsules were 

added to 2% agarose, silica gel with SNP/alkoxide of 7, or the epoxy amine EPON® 828. 

The epoxy was prepared as described previously [416]. Briefly Epon®828 was mixed with 

12 wt% diethylenetriamine, 3 wt% adhesion promoter, and (3-trimethoxysilylpropyl) 

dimethylene triamine. 

Stability of microcapsules embedded in different materials was tested using the 

hydrophobic probe Nile Red. Nile Red was added to the TEOS to a concentration of 6.25 

µg/mL before microcapsule synthesis. Confocal microscopy was performed with a Nikon 

A1si spectral confocal system mounted on a Nikon Ti2000E inverted fluorescence 

microscope equipped with DIC optics (Nikon Instruments Inc., Melville, NY, USA). Nile 

red fluorescence was measured in the 600–650 nm range at an excitation wavelength of 

561 nm. 
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6.4 Results 

6.4.1 Optimization of the temperature and pH 

Microcapsules were prepared at different pH and temperatures to determine 

optimum synthesis conditions. As described in the materials and methods section, the pH 

was adjusted during homogenization by adding concentrated sulfuric acid. Microcapsules 

were synthesized at a pH of 4.5, 5, and 5.5 by adding 0.150, 0.165, and 0.175 ml of 

concentrated sulfuric acid respectively. Microcapsules formed under the different 

conditions are shown in (Figure 6.1). Capsules formed at a pH of 5 and temperature of 

50°C appear to have the most uniform morphologies. Microcapsules formed at 50°C and a 

pH of 5.5 also had uniform morphologies, but some capsules appear to be cracked or 

deflated. This is probably because increasing the pH cases a lower rate of poly(melamine-

formaldehyde) (PMF) deposition at the interface, leading to thinner walls that are more 

easily damaged [142]. Capsules formed at a pH of 5.5 had a slightly higher core content of 

87% compared to 82% in capsules formed at a pH of 5. The presence of TEOS in the 

acetone was confirmed using 1H NMR (Figure 6.2). 

 

 
Figure 6.1: Melamine-formaldehyde shell, TEOS core microcapsules synthesized at 

different temperatures and pH. 

pH 5.5 pH 5 pH 4.5

50∘

70∘
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Figure 6.2: NMR spectra of acetone used for TEOS extraction. TEOS CH2 and CH3 

groups are located at 0.6 and 32 ppm respectively. The large peak at 1.5 is acetone. 

 

 

 

 At a pH of 4.5 and temperature of 50°C the emulsion formed both large aggregates 

and some microcapsules. At a temperature of 70°C and a pH of 5.5 the microcapsules were 

aggregated and embedded in excess PMF. Increasing the temperature causes an increase in 

PMF particle formation in the continuous phase, which probably explains why the capsules 

are embedded in excess polymer. [142]. At a temperature of 70°C and a pH of 5 the 

microcapsules appeared shriveled and slightly deflated. The optimum temperature and pH 

were 50°C and  pH: 5 respectively and these conditions were used in subsequent 

experiments. 

6.4.2 Optimization of the reaction time and storage 

conditions. 

The core content of microcapsules formed with a synthesis time of 1 hr and 3 hrs 

was measured under different storage conditions (Figure 6.3). After microcapsule 
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formation (day 0) microcapsules formed with a reaction time of 3 hrs had a slightly higher 

core content. The core content of the microcapsules decreased with time, and the decrease 

was most significant in samples stored in Air and a sealed container, especially in 

microcapsules with a 1 hr synthesis time. Samples stored in a humid environment retained 

the greatest core content, followed by samples stored in water. It is not clear why moisture 

causes the capsules to retain a greater core content, but it could be due to cracking in the 

dry samples. In subsequent experiments a synthesis time of 3 hrs was used.  

 
Figure 6.3: Core content of microcapsules synthesized for 1 hr and 3 hrs, stored under 

different conditions. 

6.4.3 TEOS catalysis by biomimetic polymers 

Polymer mixtures were screened for TEOS polymerization catalysis. The pH of the 

TEOS polymer mixture and gelation time are shown in Table 6.1. In samples that were 

mixed, all solutions gelled within 18 hours. In samples that were not mixed, only the 

polyDADMAC solution gelled. When the pH of the mixtures was adjusted to 7, only the 

polyDADMAC solution gelled with mixing, and none of the solutions gelled with no 

mixing.  

Synthesis time: 1 hr Synthesis time: 3 hr
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Table 6.1: TEOS polymerization catalyzed by biomimetic catalysts. 

 

6.4.4 Polymerization of encapsulated TEOS 

Microcapsules were crushed to release TEOS, and catalyst solution were added to 

test for TEOS polymerization (Error! Reference source not found.). The solid content of 

crushed capsules increased slightly when water was added, but it was not significant. 

Incubation in 5% polyDADMAC (pH 8) caused the solid content to increase by 5.1%, 

and incubation in 5% polyDADMAC (pH 8) and 10% APTS caused the solid content to 

increase by 11.5%. However it is possible that some of the solid content increase was due 

to APTS polymerization. PolyDADMAC was used at a pH of 8 because this was 

determined to catalyze TEOS polymerization the fastest in solution (data not shown).  

SEM images of the crushed capsules with added catalyst are shown in Figure 6.5. 

Crushing the capsules with a pestle caused about half the capsules to rupture. In crushed 

samples with 2% polyDADMAC (pH 8) added, a polymerized material is observed, and 

more of this material is seen in samples with 2% polyDADMAC (pH 8) and 10% APTS 

added. This material is likely TEOS that has been released for the capsules and polymerized 

by the catalyst.  

 

Catalyst (100 mM) pH
Gel time (hrs)

pH
Gel time (hrs)

Stirring No stirringStirring No stirring
PloyDADMAC 5 5 15 7 18 No gel

PEI 11 11 No gel 7 No gel No gel
PAH 4 4 No gel 7 No gel No gel

Water 5 5 No gel 7 No gel No gel
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Figure 6.4: Increase in solid content of the microcapsules after capsules were crushed and 

incubated in catalyst solutions 

 

 
Figure 6.5: SEM images of microcapsules, crushed microcapsules, and crushed 

microcapsules with added catalyst. In samples with added catalyst, polymerized material 

can be observed. 

Microcapsules Crushed Microcapsules 2% polyDADMAC 2% polyDADMAC 10% APTS
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6.4.5 Stability of TEOS core microcapsules embedded in 

materials  

In self-healing applications the TEOS core microcapsules must be embedded 

different materials. The stability of TEOS core microcapsules was tested in 2% agarose 

gels, SNP/alkoxide: 7 silica gel, and an epoxy resin. Capsules embedded in each of these 

materials maintained their TEOS core for at least 10 days (Figure 6.6). However, drying 

the agarose and silica gel caused the microcapsules to lose their core material, probably 

due to capillary stress in the drying material.  

 
Figure 6.6: TEOS-Nile Red core microcapsules embedded in different materials. 

Embedded capsules were stable for at least 10 days, but drying the agarose and silica gels 

caused the TEOS core to be lost. 

 

6.5 Discussion  

The TEOS core microcapsules developed in this chapter are ideal for the fabrication 

of a self-healing material, because TEOS has a low viscosity which allows it to easily flow 

to damaged areas of the material, and TEOS can be polymerized without using harsh 
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catalysts. In the next steps of this project, the microcapsules and a catalyst will be 

embedded within materials, and tested for self-healing capability. Self-healing will be 

evaluated by measuring a recovery of mechanical properties, chemical stability, or 

function. Previously developed silica based self-healing materials have not displayed 

excellent recovery of mechanical properties, but regained superior chemical stability and 

passivating ability, making them ideal for coating applications [416]. 

Microcapsules should be embedded a material that is stiffer than the capsule shells 

to ensure the capsules rupture when the material is damaged. One study reported the yield 

stress and Young’s modulus of melamine formaldehyde capsules was 145 MPa, and 13.2 

GPa respectively [427], but these properties depend strongly on the synthesis conditions. 

For example, increasing the synthesis time, and decreasing the microcapsule size cause the 

microcapsules to become stronger [429]. The microcapsule size can be controlled by 

adjusting the agitation speed [429]. Typically capsules are embedded in epoxy materials or 

cement, because these materials are much stiffer than the capsule shells [411, 416, 417].  

Polymerization of TEOS released from ruptured capsules can be catalyzed using a 

wide range of methods. In the dual capsule method, a polymer solution is encapsulated in 

a second microcapsule that is also embedded within the material. Based on the results of 

this chapter, polyDADMAC solution at pH 8 would be ideal for this type of catalysis. The 

major drawback of the dual capsule method, is that another microencapsulation procedure 

must be developed, which is difficult and time consuming. In a second method, bacterial 

spores are embedded within the material, and cracks expose the spores to moisture and 

nutrients, causing them to germinate. The germinated spores grow within the crack and 

secrete biomineralizing proteins such as silicatein, which catalyze TEOS polymerization. 

After polymerization, the cells could resporulate and the cycle would be repeated. Finally, 

the two approaches could be combined by producing microcapsules containing spores 

suspended in polymer solutions. To our knowledge, self-healing materials utilizing 

biomineralization of a healing agent have not been developed.  
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7 Research summary and suggested future 
work 

 

In this dissertation, studies were undertaken to develop novel biocatalytic 

materials for environmental remediation applications. An emulsion system was designed 

and optimized for the production of silica microspheres with encapsulated cells for use in 

a packed bed flow though bioreactor. The silica gel properties were then optimized for 

atrazine biodegradation, by incorporating organically modified silicon alkoxides 

(ORMOSIL) into the gel. Next, materials were designed and optimized for spore 

encapsulation, germination, and outgrowth, enabling the use of harsh encapsulation 

processes and storage conditions. A  self-assembling and biomineralizing protein scaffold 

system was developed for use in a living material. And finally, a microcapsule and silica 

based self-healing material was developed for biomimetic healing.  

In Chapter 2, an emulsion system was developed for the production of 

monodisperse silica microcapsules with encapsulated E. coli by extrusion into an oil 

crossflow. The two silica gel precursors, hydrolyzed silicon alkoxide and SNPs 

containing cells, were mixed in a flow though system inducing polymerization reactions. 

Drops of the polymerizing solution were extruded from the end of a needle into an oil 

cross-flow. The gel precursors formed emulsion drops in the oil that were transported in 

the oil flow until gelation occurred. The emulsion system was characterized at different 

flow rates of the polymerizing gel solution and oil cross-flow, in order to control the size 

and size distribution of the silica microcapsules. The microcapsule size ranged from 1.3 

to 2.9 mm, with coefficients of variation of 2 to 6%. Microsphere size was mainly 

controlled by the flowrate of the cross-flowing oil, and smaller microspheres generally 

had larger coefficients of variation. The method described in this Chapter can be 

optimized to produce silica gel microspheres with a diverse range of compositions and 

properties. 

In Chapter 3, silica gel with encapsulated E. coli were optimized for atrazine 

biodegradation by incorporating the organically modified silicon alkoxide (ORMOSIL) 

precursors MTES and PTES into the gel. Increasing the organic content of the gel caused 

a dramatic increase in atrazine adsorption, and this increase was most significant in PTES 
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gel. However, atrazine adsorption stopped increasing at a critical organic content due to 

phase separation in the gel. Gels with high organic contents formed phase separated 

hydrophobic regions, which functioned as adsorption sites, and excluded encapsulated 

cells. The rate of atrazine biodegradation in the gels increased with increasing adsorption, 

except in gels with severe phase separation. Phase separation decreased atrazine 

biodegradation by sequestering atrazine into hydrophobic regions that contained no cells. 

In an optimized ORMOSIL gel, the atrazine biodegradation rate was 80% greater than the 

rate in hydrophilic TEOS gel. In future work, phase separation in the gels should be 

optimized by incorporating surfactant, resulting in more homogenous gels. The 

hydrophobicity of the gels can be increased by functionalizing the surface of hydrophilic 

TEOS gels after they have been synthesized, rather than incorporating ORMOSIL 

alkoxides into the gel network, which changes the gel structure. Finally, hydrophobic 

nanoparticles could be embedded in hydrophilic gels resulting in greater control over the 

distribution of hydrophobic groups in the gel. 

In Chapter 4, materials are developed for the encapsulation, germination and 

outgrowth of bacterial spores. Spores encapsulated in agarose gels germinated, and grew 

into dense cell clusters when exposed to nutrients. Spore growth was the most significant 

near the surface of the gel due to oxygen limitations. Next silicon alkoxide cross-linked 

SNP gels were designed and optimized for spore encapsulation. The gels were engineered 

to allow rapid diffusion of nutrients and oxygen, and be elastic enough to allow spore 

outgrowth while maintaining good mechanical properties. The oxygen consumption rate 

of the gels (a measure of overall metabolism) decreased with increasing alkoxide content, 

due to increased gel stiffness, and decreased porosity. Finally, spores were encapsulated 

in polyacrylamide gels, and the gels were desiccated and stored dry. Spores survived this 

process, and grew into cell clusters when the gel was rehydrated and nutrients were 

added. In future work, encapsulated spores could be utilized for the detection and healing 

of cracks in materials. Cracks in the material would expose the spores to moisture and 

nutrients, causing them to germinate and express GFP, allowing cracks to be visualized in 

3D. If sufficient nutrients were present, the spores would grow out of the material to fill 

the crack and resporulate, effectively healing the material. Spores encapsulation materials 

could also be utilized as  oxygen scavengers for anticorrosion coatings, and medical 

diagnostics.  
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In Chapter 5, a protein scaffold system is developed as a platform for the 

fabrication of living materials, utilizing the self-assembly and biomineralization of fusion 

proteins. The scaffold forming protein EutM was genetically fused to different silica 

binding peptides, resulting in proteins that rapidly self-assembled into large structures 

and catalyzed silica polymerization. The structure of the protein scaffolds could be 

controlled by changing the silica binding peptide, and the protein concentration. All 

protein scaffolds tested catalyzed silica deposition, but the greatest amount of silica was 

deposited by EutM-CotB1p. Increasing the concentration of silica in solution caused an 

increase in silica deposition by the scaffolds, and at a critical silica concentration, the 

proteins catalyzed the formation of a silica gel. The microstructure and mechanical 

properties of the gel could be controlled by adjusting the protein concentration. In future 

work, the protein scaffolds will be secreted by Bacillus subtilis, and the biomineralization 

and gel formation of the secreted scaffolds will be characterized in growth media. 

In Chapter 6, TEOS core microcapsules were synthesized for the fabrication of 

self-healing materials. TEOS was successfully encapsulated in melamine-formaldehyde 

shell microcapsules, with a core content of 87% wt. Capsules stored for 10 days 

maintained 97% of their core content, indicating that the encapsulated TEOS was stable. 

Crushing the capsules and adding catalyst solution increased the solid content of the 

capsules, indicating that polymerization had occurred. The microcapsules were embedded 

in various materials and maintained their TEOS core for at least 10 days. In future work, 

TEOS core microcapsules will be embedded in materials with a catalyst for self-healing 

applications. The catalyst can be synthetic, such as TKAS, or natural, such as silicatein 

proteins. In one setup, microcapsules can be coencapsulated with cells that excrete 

silicatein, resulting in a biocatalyzed self-healing material. 
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