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Abstract 

Patient-specific vascular modeling seeks to provide physicians with 

predictive data that will enable them to make better treatment decisions and 

improve patient outcomes.  To achieve this, these models must incorporate the 

mechanical response of the arterial components including the key mechanically 

active component - vascular smooth muscle cells (VSMCs).  However, current 

models fail to incorporate the dynamic mechanically-induced VSMC growth and 

remodeling, or mechano-adaptation, behavior.  Therefore, the focus of this work 

is to mathematically characterize VSMC mechano-adaptation using 

experimentally determined VSMC functional responses to perturbations in the 

surrounding mechanical environment.  To test this hypothesis, we developed 

three experimental techniques and proposed two VSMC mechano-adaptation 

laws.  First, we asked if vascular disease relevant changes in extracellular matrix 

mechanical properties would affect tissue-scale VSMC functional contractility.  

We adapted the muscular thin film assay to control the underlying substrate 

modulus and found that with increasing substrate modulus there is increasing 

VSMC contractility.  Second, we asked if a simple growth law could capture 

single cell VSMC mechano-adaptation.  To derive a VSMC mechano-adaptation 

law from experimental data, we engineered a chronic strain traction force 

microscopy method, which enabled us to apply a chronic step change in strain to 

micropatterned single VSMCs and measured their internal stress generation over 

time.  We found that single VSMCs have a preferred homeostatic stress-state, 
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referred to as target stress, that they return to if perturbed.  This dynamic growth 

and remodeling response was described by a set of simple growth laws we 

termed a VSMC mechano-adaptation law.  Finally, we elucidated the relationship 

between single VSMC mechano-adaptation and substrate modulus.  To 

determine this law from experimental findings, we adapted the previous chronic 

strain traction force microscopy assay, such that the substrate modulus could be 

altered.  We then tracked the temporal stress evolution of single VSMCs on three 

different substrate moduli and used those data to develop a substrate dependent 

VSMC mechano-adaptation law. 
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Chapter 1. Introduction 

 Cardiovascular disease (CVD) is the leading cause of death globally 

accounting for 17.7 million deaths in 2015 worldwide according to the World 

Health Organization.  As with many CVDs, hypertension and atherosclerosis 

perturb the biomechanical homeostasis of the vascular system often leading to 

maladaptive changes of the affected blood vessels.  The increased blood 

pressure of hypertension increases the mechanical load on the vessel wall and 

often results in the stiffening and thickening of the vessel wall to accommodate 

this increased load.  Atherosclerotic plaques not only impede blood flow, but alter 

the material properties of the blood vessel resulting in both softer and stiffer 

regions of the vessel wall.   

 The main cellular component of blood vessels are vascular smooth muscle 

cells (VSMCs), which are responsible for the active contraction and relaxation of 

the blood vessel resulting in decreased and increased vessel diameter, 

respectively.  Tight control over the temporal and spatial vessel diameter 

throughout the entire vasculature is mechanically regulated by VSMCs.  

Mechanical perturbation of the vasculature due to pathophysiology leads to 

dynamic mechano-adaptive changes by VSMCs on varying time-scales and 

spatial locations.  The goal of this thesis is to increase our understanding of CVD 

initiation and progression as it pertains to the mechanical behavior of VSMCs to 

improve patient prediction and treatment.  

 To achieve our goal this thesis centers on the hypothesis that VSMCs 
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respond to mechanical perturbations in their environment by adapting their 

own mechanical output and that this behavior can be described by a set of 

mechano-adaptation equations with physiologically relevant parameters.  

To elucidate this and further our understanding of the initiation and development 

of CVDs, such as hypertension and atherosclerosis, we developed three 

experimental techniques and used the resulting data to generate two VSMC 

mechano-adaptation laws.  First, we developed an assay that assesses tissue-

scale VSMC functional contractility as a function of changing substrate modulus, 

where tissue engineered arterial lamella mimics were stimulated mechanically 

and contractile function and protein data were acquired.  Second, we 

mathematically characterized the growth and remodeling behavior of VSMCs 

based on phenomenological observations. We accomplished this by developing 

a novel assay that measures the VSMC temporal stress generation in response 

to a chronic step-change in strain.  This data was used to empirically determine 

growth and remodeling laws that govern the mechano-adaptation of VSMCs.  

Finally, the assay that measures VSMC temporal stress generation after an 

applied chronic step-change in strain was modified to control the surrounding 

VSMC mechanical environment, by changing the substrate modulus, as well as 

applying a step-change in chronic strain and tracking the VSMC stress evolution 

with time.  This data generated a more comprehensive VSMC mechano-

adaptation law that captures both the growth and remodeling of the VSMCs 

themselves and their mechanical surroundings. 
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 Taken together the findings of this thesis provide a clearer understanding of 

the growth and remodeling behavior of VSMCs in response to mechanical 

perturbations.  Knowing the biological process mediated VSMC mechano-

adaptation law will lead to improved vascular disease models with physiologically 

relevant parameters.  Ultimately, this may lead to better prediction of vascular 

dysfunction in patients. 

 

 

Chapter 2. Vascular Smooth Muscle Cells’ Role in Vascular 
Disease Initiation and Progression 
 
2.1 Summary 

 Atherosclerosis and hypertension effects 1.6% of American adults 

between the ages of 33 and 45 and 29% of American adults, respectively, 

according to the American Heart Association and the Centers for Disease 

Control.  Both of these pathologies effect the mechanical environment and 

function of the vascular system.  As with almost all other organs in the human 

body, blood vessels have an elegant relationship between structure and function.  

Arteries are organized into three key layers, each with a unique cellular and 

matrix composition.  VSMCs reside in the medial layer and provide the only 

active mechanical response to changes in the artery environment.  Due to this, 

VSMCs play a key role in the initiation, development, and mediation of 

cardiovascular disease.  VSMCs, like many other cells, are known to modify their 

functional behavior in response to changes in their mechanical environment 
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ranging from extracellular matrix stiffness to cyclic stretch.  These mechanical 

perturbations can be as mundane as pressure and flow changes due to the 

cardiac cycle and as detrimental as extracellular matrix stiffening in hypertension 

or atherosclerotic plaque development.   

Pathologic changes to the VSMC mechanical environment can trigger 

VSMCs to adapt their own functional output, alter their phenotype and thus role 

in the artery, and/or modify the mechanical environment that surrounds them.  

These active behaviors are often grouped together and known as growth and 

remodeling in response to mechanical perturbation or mechano-adaptation.  For 

the past half-century scientists have studied vascular growth and remodeling on 

the tissue-scale.  The prominent growth law, developed by Y.C. Fung, centers on 

the idea that biological tissue have an ideal stress state, termed ‘target stress’, 

and when perturbed away from this stress state the tissue will grow and remodel 

to return to the target stress.  Numerous other scientists have adapted this 

stress-based growth and remodeling model and are able to capture whole-artery 

behavior.  Some of these models use rule-of-mixtures modeling to incorporate 

each tissue component in the blood vessel.  To do this each component must be 

mechanically characterized.  However, to date, VSMCs mechanical behavior has 

not been characterized separately from the whole tissue.  

 

 

 



 

 5 

2.2 Introduction 

 CVD, such as atherosclerosis and hypertension, alters the mechanical 

output and mechanical properties of the vasculature, which directly impacts 

VSMC behavior as it is the sole active mechanical component of the blood 

vessel. It is well known that cells respond to changes in their mechanical 

environment and VSMCs are no different.  Moreover, VSMCs not only adapt their 

functional output to mechanical perturbations, but they can also modify their own 

phenotype and their surrounding mechanical environment.  In this chapter, we 

cover, in detail, the relevant background knowledge regarding VSMC mechano-

adaptation and its role in vascular disease initiation and progression. 

 

2.3 Vascular Disease: Atherosclerosis and Hypertension 

CVD is estimated to affect 83.6 million Americans and accounts for 2,150 

deaths each day.  Major contributors to CVD are hypertension and 

atherosclerosis, and both disrupt the mechanical environment of the vasculature.  

Hypertension increases the stress on the vessel, which results in vessel 

stiffening and thickening.  Atherosclerosis is the stiffening of the vessels due to 

plaque formation.  Atherosclerotic plaques are composed of both a stiff, fibrous 

capsule and a soft, lipid pool, which lead to local mechanical changes of the 

arterial system.  Vascular smooth muscle cells are the main component involved 

in maintaining mechanical homeostasis in arteries and are known to respond to 
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changes in their mechanical environment, such that they remodel and grow to 

maintain an ideal stress state.   

 Arteries are responsible for maintaining their own wall stress and shear 

homeostasis.  Mechanical perturbations due to a healthy physiology, such as a 

beating heart, or due to pathological conditions, such as atherosclerosis or 

hypertension, are constantly changing stresses in the walls of the vasculature.  

Through acute responses, such as contracting or relaxing, and chronic 

responses, such as growth and remodeling, arteries are able to maintain 

homeostasis.  Thus, not only are arteries altering the mechanical environment, 

but they are also subject to changes in the mechanical environment.  

 Atherosclerosis on the macroscale often leads to arterial stiffening.  More 

specifically, it is the development of atherosclerotic plaques along the 

vasculature walls.  Atherosclerotic plaque can occlude blood vessels reducing 

necessary blood flow, and fragments can slough off or dislodge, potentially 

resulting in complete occlusion of a smaller blood vessel downstream [2, 3].  

Both of these events can lead to ischemia [3, 4].  Depending on the location, 

ischemia can cause severe pathologies, such as stroke or myocardial infarction 

[2].  Recently, a study found that of 3,238 white adults between the ages of 45 

and 75, 32% of women and 52.9% of men exhibited atherosclerosis [5].  Current 

treatments are as simple as lifestyle changes, including diet and exercise, or as 

invasive as surgery.  Stents are frequently placed within atherosclerotic arteries 

to provide support and prevent further occlusion by plaque.   
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 Both the pathophysiology of atherosclerosis and one of its treatments, 

stenting [6], lead to drastic mechanical changes in the local artery environment.  

Atherosclerotic plaques are composed of two regions; a soft, lipid pool 

surrounded by a stiff, fibrous cap [4].  This architecture yields a mechanical 

modulus spanning 50Pa to 350kPa depending on location [4].  Stents are 

commonly metal meshes, and often made of nitinol or stainless steel with a 

Young’s modulus of 200 GPa [6].  Mechanical and chemical perturbations 

involved with stenting can result in restenosis [2].          

 According to the U.S. Department of Health and Human Services, 28.6% of 

adults in the United States, as of 2010, have hypertension [7].  Hypertension is 

defined as having a systolic blood pressure higher than 140mm Hg or a diastolic 

blood pressure higher than 90mm Hg [7].  The catalyst for hypertension is 

unknown, but there are treatment options.  Most treatments are drug-based and 

focus on dilation of the artery by preventing smooth muscle cell contraction.  

Hypertension has been shown to reduce the arterial compliance of the artery 

through “intrinsic alteration of the arterial walls” [8].  This suggests a change in 

the mechanical environment of the artery on a cellular level.  

 Each of these vascular pathologies affects the native mechanical 

environment of the VSMC.  Atherosclerosis introduces plaques that alter 

substrate mechanics, while hypertension is itself a mechanical perturbation, 

which results in growth and remodeling to account for the increase in arterial 

pressure.  Elucidating the relationship between VSMCs and their mechanical 
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environment is critical to understanding and combating CVD. 

 

2.4 The Anatomy of an Artery 

The artery is divided into three layers; intima, media, and adventitia [9].  

The intima is the innermost layer of the artery and is primarily composed of 

endothelial cells [9].  The adventitia is the outermost layer and is composed of 

collagen fibers and fibroblasts [9]. The middle layer is the media and is 

composed of VSMCs, collagen fibrils, and elastic fibrils [9].  The media is the 

active mechanical component of the artery and is further organized into 

concentrically aligned sheets of VSMCs called arterial lamellae.  The number of 

arterial lamellae correlates with the artery’s location in the vasculature [9].  

Arteries closer to the heart, which bear higher pressures, have more arterial 

lamellae [9].  VSMCs are responsible for maintaining the vascular tone 

throughout the arterial system.  This is accomplished through dynamic 

contraction and relaxation of the VSMCs. 

 

2.5 Vascular Smooth Muscle Cell Contraction 

Smooth muscle’s contractile apparatus is composed of three main 

elements; thick filaments, thin filaments, and dense bodies [10].  Thick filaments 

are composed of myosin [10, 11], while thin filaments are composed of actin [10, 

11].  Dense bodies are composed of alpha actinin and physically connect thin 

filaments [10, 12].  Contraction occurs when the thin filaments slide along the 
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thick filaments due to the cross bridge mechanism, wherein the myosin heads 

bind and unbind actin to cause overall shortening of the contractile unit [10].  

Smooth muscle cell contraction and relaxation are stimulated by agonists, 

mechanical stretch or myogenic response, and the autonomic nervous system 

[13, 14].  The focus of our work is on agonist and mechanical stretch induced 

contraction.  Overall, contraction occurs when myosin light chain kinase (MLCK) 

phosphorylates the myosin light chain (MLC), which allows myosin to bind actin 

[13].  The shortening occurs as the myosin unbinds actin and binds it again, but 

at a new point closer to the center of the contractile unit; thus, in a ratcheting 

fashion, the two filaments slide along each other resulting in shortening of the 

contractile unit [13].  Relaxation occurs when MLC is dephosphorylated by 

myosin light chain phosphatase, preventing actin and myosin interaction [13].   

Two pathways, calcium-dependent and calcium-independent, regulate 

MLCK activity.  The main agonists, which induce smooth muscle’ contraction, are 

norepinephrine, angiotensin II, and endothelin-1 (ET-1).  Agonist-stimulated, 

calcium-dependent, contractile pathways occur when the serpentine receptor 

binds its agonist ligand, and the G-protein coupled to the receptor activates 

phospholipase C, which catalyzes inositol triphosphate (IP3) and diacylglycerol 

(DG) [13].  In turn, IP3 causes the release of calcium (Ca2+) from the 

sarcoplasmic reticulum, and together, Ca2+ and DG activate protein kinase C 

(PKC) [13].  PKC phosphorylates type Ca2+ channels, which also open due to 

depolarization of the membrane due to stretch [15].  This allows additional Ca2+ 
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to enter the cytoplasm [13].  Ultimately, Ca2+ binds calmodulin, which activates 

MLCK and leads to actin and myosin interactions resulting in contraction as 

previously mentioned.  Investigation of pathway details for myogenic response is 

ongoing, however, it is known that it leads to an increase in cytosolic Ca2+, 

which converges with the agonist-stimulated, calcium-dependent pathway [14]. 

 

2.6 Vascular Smooth Muscle Cell Phenotype Switching 

VSMCs exist along a phenotype continuum and are distinguished by 

morphology, proteomics, migration, and proliferation [16, 17].  On one end of the 

continuum is the healthy contractile phenotype [16].  The contractile phenotype’s 

sole purpose is to contract; thus its morphology is spindle-shaped and it has very 

low levels of migration and proliferation [16, 17].  Furthermore, its proteome 

contains higher levels of proteins associated with the contractile apparatus, such 

as smooth muscle myosin heavy chain (SM-MHC) and smoothelin [16, 18].  On 

the other end of the continuum is the injured or synthetic phenotype [16].  The 

synthetic phenotype is rhomboid in shape, exhibits high levels of migration, and 

its roles include remodeling the extracellular matrix (ECM) and proliferation [16, 

17, 19]. The synthetic phenotype has characteristic proteins, such as cellular 

retinol-binding protein-1 [16, 17].  However, it is more common to verify a 

synthetic phenotype by the lack of contractile phenotype markers [16]. A unique 

trait of VSMCs is their ability to switch phenotype depending on physical and 

biochemical signals [16, 17, 20-23].  Phenotype modulation ensures that the 
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artery can adapt to a variety of physiological and pathological conditions, as the 

VSMCs will adapt to meet the appropriate needs of the vessel [16].  For example, 

if the vessel becomes injured, the VSMCs in the local area are thought to switch 

from the contractile phenotype to the synthetic phenotype to aid in the repair 

process.  In atherosclerosis, VSMCs are also though to switch from a contractile 

to synthetic phenotype and migrate from the media layer to the intima layer of the 

artery [24, 25].  Due to the increased proliferation characteristic of the synthetic 

phenotype, an increase in arterial wall thickness results [24].   

 

2.7 Effect of Mechanical Environment on Vascular Smooth Muscle Cells 

It is well established that cells sense and respond to their mechanical 

environments and more specifically, the substrate stiffness [26].  This behavior 

has been reported to direct stem cell differentiation, influence motility, affect 

cytoskeletal organization, and alter focal adhesions [21, 27-29].  It has been 

shown that VSMCs respond to mechanical stimulus, and when VSMCs are 

cultured on soft substrates, such as hydrogels with a Young’s modulus of 

21.5kPa, they have fewer focal adhesions than when they are cultured on very 

stiff substrates, such as polystyrene [21]. When VSMC morphology is altered, 

resulting in structural reorganization, their main mechanical function, contraction, 

is affected [30].  For example, it has been shown that VSMCs with a thinner, 

more elongated morphology are more contractile compared to VSMCs with a 

thicker, shortened morphology [30].  Furthermore, VSMCs exposed to “a single 
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axial high-velocity stretch” show increased contractility an hour after mechanical 

perturbation [20]. 

 

2.8 Vascular Growth and Remodeling Theory 

When considering the mechanical behavior of living tissues, one must 

account for growth and remodeling.  Y.C. Fung proposed that, “the remodeling of 

the blood vessel involving growth or resorption of cells and extracellular materials 

is linked to the stress in the vessel [31].”  Thus, the best descriptor of a 

remodeling vessel is the change in its zero-stress configuration [31].  Fung 

proposed a stress-growth law as follows:  

�̇� = 𝐶(𝜎 − 𝑎)𝑘1(𝑏 − 𝜎)𝑘2(𝑐 − 𝜎)𝑘3, 

where �̇� is the growth rate, σ is the stress, and  𝐶, 𝑎, 𝑏, 𝑐, 𝑘1, 𝑘2, and 𝑘3 are 

constants [31].  Additionally, the tissue attempts to maintain a “preferred set of 

homeostatic stresses,” also referred to as target stresses; thus, growth and 

remodeling occur to bring about a desired target stress following applied 

perturbation of the system [32].  This has been shown in rat aorta models of 

hypertension, wherein acute changes in stress (basal tone) occurred, but after 56 

days, the stress approached control values [33].  

Growth and remodeling of the vasculature is a long term solution for 

adaptation to environmental changes such as disease, drugs, injury, and hypoxia 

[9].  Often, these environmental factors result in changes in wall shear stress due 

to blood flow or arterial pressure.  To maintain homeostasis, cells undergo 



 

 13 

growth and remodeling to alter characteristics, such as size and structure [9].  

Fung and Liu showed that rats exposed to hypoxia, generating increased 

pulmonary artery blood pressure, resulted in arterial media thickening after 12 

hours and adventitia thickening at 96 hours [34].  Additionally, the zero-stress 

state of the artery is changed due to a step increase in pressure, and moreover, 

it varies across different locations of the artery [35].  Matsumoto and Hayashi 

showed similar results when they induced hypertension in rat aortas [36].  During 

chick embryo development, the artery experiences an increase in shear stress; to 

mediate this increase, the “muscle fibers grow longer” to allow for an increase in 

vessel radius [32].  Furthermore, after exposure to blast-like injury, immediate 

hypercontraction and phenotype switching is observed in VSMCs, which is likely 

due to “stress-induced remodeling pathways [20].”  These phenomena can be 

reasonably captured at the tissue scale using a modified linear version of Fung 

stress-growth law,  

�̇� = 𝐴(𝜎 −  𝑎), 

where �̇� is the rate of growth and  A and 𝑎 are constants [20, 32, 37, 38]. Linear 

growth laws cannot capture all mechano-adaptation behaviors.  Hyper-

restoration theory, developed in several papers by Lev Beloussov, states that a 

tissue or cell will respond to an applied stress “by actively generating forces 

directed towards restoration of the initial stress value, but as a rule overshoot it 

[39-41].”  In other words, when stress changes in an artery the target stress is 

also changing.  This model has been successfully applied to several embryonic 
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systems, suggesting that changing target stresses could play an important role in 

tissue mechano-adaptation [42, 43].  No current theories perfectly capture the 

complete growth and remodeling behavior of arteries.  This is likely due to a lack 

of physiologically relevant parameters present in the models.  This may be 

remedied by phenomenological determination of the growth and remodeling 

equations as well as accounting for biological phenomena inherent in the system, 

such as phenotype switching. 

 

2.9 Current Methods for Assessing Cell Stress Generation 

2.9.1 Muscular Thin Films 

 Many techniques have been developed to determine contractile function on 

the cell and tissue scale.  Muscular thin films (MTFs) evaluate the stress in a 

single monolayer of tissue, by seeding cells onto a thin film of 

polydimethylsiloxane (PDMS) and stimulating the tissue with a vasoconstrictor 

(Fig. 1A).  Active contraction of the cells causes bending of the film and the 

resulting radius of curvature can be used to 

determine the stress (Fig. 1B) [1].  A modified 

version of the MTF was developed to increase the 

throughput, in which the MTFs remain tacked to the 

coverslip, instead of being placed against a post, 

and their curvature is determined based on the 

observed projection length of the film relative to the 

Figure 1. Muscular thin film 
technique. A. MTF on Teflon 
post[1]. B. Schematic of MTF 
on Teflon post with tissue on 
inner curvature and R 
indicating the radius of 
curvature [1]. 
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total film length [44].  Despite these improvements it remains relatively low 

throughput. This system is particularly useful at examining the cell stress in a 

single tissue monolayer and the tissue’s functional response to drug treatments.   

 

2.9.2 Microfabricated Post-Array-Detectors 

 Microfabricated post-array-detectors (MPADs) consist of a bed of PDMS 

micro-pillars fabricated using soft photolithography techniques.  The top surface 

of the pillars is marked with a fluorescent dye and any pillar deflection is captured 

by tracking the displacement of the fluorescent marked pillars.  Single or small 

groups of cells are seeded onto the micro-pillar surface and the cell-induced pillar 

deflection is captured.  Using Hooke’s law and known substrate properties and 

dimensions these pillar deflections are converted to traction forces [45].  As with 

any experimental technique there are both advantages and disadvantages to the 

system.  While MPADs are easier to use than other techniques that determine 

cell force generation, the substrate is essentially restricted to PDMS due to the 

fabrication process. 

 

2.9.3 Microfabricated Tissue Gauges 

Microfabricated tissue gauges (µTUGs) are microfabricated tissue gauges 

that measure the stress generation of cells imbedded within a collagen gel [46].  

The construct is fabricated using PDMS and standard photolithography 

techniques, such that two cantilevers are positioned in parallel.  Collagen gels 
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seeded with cells are allowed to form around and between the two cantilevers.  

Deflection of the cantilever from its baseline is measured and from the known 

material properties and dimensions the force generation is determined.  While 

this method is restricted to measuring forces of cells imbedded within a matrix 

material, such as collagen or fibrin, this same feature is relevant for tissue 

engineering methods that imbed cells in collagen and fibrin gels [47]. 

 

2.9.4 Traction Force Microscopy 

Traction force microscopy (TFM), as with all other cell-scale force 

measurement techniques, utilizes the substrate as a “force transducer” to 

calculate the forces exerted by the cell. Unlike the PDMS based systems 

discussed previously, TFM is performed using polyacrylamide gels.  However, 

unlike MPADs and µTUGs the substrate does not need to be molded into a 

three-dimensional shape (pillars/ cantilevers), instead fluorescent microspheres 

are imbedded within the substrate and the substrate displacement is determined 

by tracking the bead displacement.   

As with all of these force measurement systems it is critical that the 

substrate is a linear elastic isotropic material to ensure that the calculations can 

be solved analytically for traction force.  The Young’s modulus of the substrate 

material must be selected so that the measured substrate displacement 

calculates the traction forces of a single cell based on the deformation of the 

underlying substrate [48].  While standard TFM is two-dimensional, as are all of 
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the other prior force measurement methods mentioned above, other than the 

µTUGs, recent studies have begun to publish three-dimensional TFM data in a 

three-dimensional matrix, which is an improvement towards mimicking the in vivo 

environment [49].   

 

 

Chapter 3. Vascular Smooth Muscle Cells Functional Contraction 

Depends on Substrate Modulus 

3.1 Summary 

 VSMCs’ primary function is to maintain vascular homeostasis through active 

contraction and relaxation.  In diseases such as hypertension and 

atherosclerosis, this function is inhibited concurrent to changes in the mechanical 

environment surrounding VSMCs.  It is well established that cell function and 

extracellular mechanics are interconnected; variations in substrate modulus 

affect cell migration, proliferation, and differentiation.  To date, it is unknown how 

the evolving extracellular mechanical environment of VSMCs affects their 

contractile function.  Here, we have built upon previous vascular muscular thin 

film technology to develop a variable-modulus vascular muscular thin film that 

measures vascular tissue functional contractility on substrates with a range of 

pathological and physiological moduli.  Using this modified vascular muscular 

thin film, we found that vascular smooth muscle cells generated greater stress on 

substrates with higher moduli compared to substrates with lower moduli.  We 
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then measured protein markers typically thought to indicate a contractile 

phenotype in vascular smooth muscle cells and found that phenotype is 

unaffected by substrate modulus.  These data suggest that mechanical 

properties of VSMCs’ extracellular environment directly influence their functional 

behavior and do so without inducing phenotype switching. 

 

3.2 Introduction 

VSMCs, the most numerous cell type in arteries, are responsible for 

maintaining vascular homeostasis through active contraction and relaxation.  

However, in vascular pathologies, contractile function can be inhibited.  This loss 

of function often corresponds with changes in the mechanical environment to 

which the cells are exposed.  For example, while healthy vessels have a small-

strain Young’s modulus of 30kPa [9], atherosclerotic plaques are composed of 

soft lipid pools, with Young’s moduli of ~50Pa [4], surrounded by stiff, fibrous 

caps, with moduli of 0.5-2.0MPa [50].  In hypertension, increased collagen 

content can lead to increased vessel stiffness [51].  The mechanical properties of 

the extracellular environment, such as the substrate modulus in vitro, can directly 

impact cell behavior [26] including cell motility [21, 28, 52, 53], differentiation [27], 

focal adhesion formation [21], proliferation [54-56], and cytoskeletal organization 

[27, 29].  In VSMCs, substrate mechanics affect migration [21, 52, 53], 

proliferation [55], and sensitivity to growth factors [57].  However, it is unknown 

how substrate mechanical properties affect the key function of VSMCs: 
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contractile force generation.  We hypothesize that VSMC contractility is altered 

by perturbations of extracellular mechanics associated with vascular pathologies. 

VSMC contractility is controlled chronically through switching between two 

distinct phenotypes [25, 58].  The differentiated, mature contractile phenotype 

has a spindle-shaped morphology, expresses higher levels of proteins 

associated with the contractile apparatus, and exhibits limited migration and 

proliferation [16, 25].  VSMCs with a synthetic phenotype are rhomboid in shape, 

are highly migratory and proliferative, and synthesize extracellular matrix 

proteins, such as collagen and elastin [16, 59].  In atherosclerosis, VSMCs may 

switch from a contractile to synthetic phenotype and migrate from the media to 

the intima of the artery [24, 25].  In vitro, non-confluent VSMCs cultured on stiff 

substrates express contractile phenotype markers at higher levels than on soft 

substrates, though this difference declines in confluent VSMCs [60].  Currently, it 

is unclear whether substrate mechanics-related phenotype expression affects 

VSMC functional contractility. 

In vitro methods, traction force microscopy (TFM) [61] and microfabricated 

Post-Array-Detectors (mPADs) [45],  have  previously been used to study the 

effects of substrate mechanics on cell force generation [62, 63].  However, these 

systems evaluate force generation of a single cell or a small group of cells [64], 

and do not capture tissue-scale functional contractility.  This distinction is 

important because in vivo VSMCs exist within cell-dense medial lamellae 

wrapped concentrically around the vessel [65].  Additionally, in vitro VSMCs with 
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increased cell-cell contacts exhibit a more contractile in vivo-like behavior than 

sparsely seeded VSMCs [66], and VSMCs with in vivo-like alignment express a 

more contractile phenotype than disorganized, but confluent, cells [67].  Thus, it 

is important to recapitulate in vivo structure to study VSMC function in vitro.  We 

have previously developed vascular muscular thin film (vMTF) [1] technology to 

evaluate VSMC stress generation in aligned, confluent vascular lamellae mimics, 

but to date all vMTF studies have been performed with a single substrate 

modulus [20, 30, 68, 69].  Thus, it is unclear how extracellular mechanical 

properties affect contractile function in confluent VSMCs with in vivo-like 

structure. 

Here, we describe a modified vMTF method for determining the effect of 

substrate modulus on functional contractility of a confluent layer of VSMCs.  We 

find increasing substrate modulus corresponds with increasing VSMC 

contractility.  However, this increase in cell stress generation occurs without 

changes to VSMC tissue architecture or phenotype.  

 

3.3 Fabrication of Three Layer Muscular Thin Films 

3.3.1 Polydimethysiloxane Mechanical Characterization.      

Polydimethylsiloxane (PDMS) 184 (Dow Corning, Midland, MI) was mixed 

and degassed in an AR-100 mixer (Thinky, Tokyo, Japan) at base to cross linker 

ratios of 50, 40, 30, 20, 15, and 10.  PDMS 527 (Dow Corning) was similarly 

mixed and degassed at component A to component B ratios of 0.5, 0.6, 0.7, 0.8, 
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0.9, and 1.  Each formulation was cured at 90oC in a dog-bone shaped mold and 

uniaxial tensile tests were conducted in triplicate.  The Young’s modulus was 

determined from the stress-strain curve.  PDMS 184 and PDMS 527 Young’s 

moduli (𝐸) varied by 𝐸 = 3448𝑒−0.1172𝑥 and 𝐸 = 306.67𝑒−3.829𝑥 , respectively, 

where 𝑥 is the formula’s ratio.  These functions were used to calculate the 

recipes for each substrate modulus: 10kPa – 0.9 (A:B; PDMS 527), 50kPa – 0.47 

(A:B; PDMS 527), 100kPa – 0.29 (A:B; PDMS 527), 1MPa – 10.6 (base:cross 

linker; PDMS 184). 

 

3.3.2 Variable-Modulus Muscular Thin Film Fabrication  

Clean, 22mm coverslips were spin coated with poly(N-isopropylacrylamide) 

(PIPAAm) (Polysciences, Warrington, PA) (Fig. 2, steps 1, 2).  Then a 10-12µm 

thick layer of variable modulus (10kPa, 50kPa, 100kPa, 1MPa) PDMS doped 

with green fluorescent microspheres (Polysciences) was spin coated and cured 

at 90oC (Fig. 2, step 3).  Next, a 5-10µm thick layer of PDMS at 1MPa was spin 

coated and cured at 90oC (Fig. 2, step 4).  A ~5mm strip of tape was placed 

across the diameter of a clean, 25mm coverslip and a ~5µm layer of 1MPa 

PDMS 184 was spin coated (Fig. 2, steps 5-7).  Prior to curing, the tape was 

removed and the 22mm coverslip was inverted and placed on the 25mm 

coverslip.  The two coverslips were then cured at 90oC bonding the PDMS 

surfaces (Fig. 2, step 8).  The constructs were submerged in ddH2O overnight, 

dissolving the PIPAAm layer, releasing the 22mm coverslip, and revealing the 
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variable modulus substrate (Fig. 2 steps 9, 10).  The final construct was 

composed of three layers: 1) supportive base layer 2) variable modulus layer 3) 

arterial lamella tissue layer (Fig. 3A).  This inverse layer construction method was 

developed to prevent the development of residual stress in the released films 

(see Fig. 4).  PDMS thicknesses were acquired with a P10 Tencor profilometer 

(KLA-Tencor, Milpitas, CA). 

 

 

 

Figure 3.  Variable modulus vascular 
muscular thin film structure.  A. Side 
view of each layer in the three layer 
MTF.  B. Film release yields a curved 
beam.  The radius of curvature (R) is 
used to calculate the stress in the 
tissue layer. Inset: Transmural stress 
distribution.  
 

Figure 2.  Variable modulus muscular thin film fabrication. 
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3.3.3 Tissue Construction  

Human umbilical artery VSMCs were purchased from Lonza (Walkersville, 

MD) and cultured in M199 culture medium (Mediatech, Manassas, VA), 10% fetal 

bovine serum (GIBCO, Grand Island, NY), 50U/ml penicillin (GIBCO), 50U/ml 

streptomycin (GIBCO), 10mM HEPES (GIBCO), 1X MEM non-essential amino 

acids (GIBCO), 2mM L-glutamine (Sigma Aldrich, St. Louis, MO), 3.5g/L glucose 

(Sigma Aldrich), and 2mg/L vitamin B-12 (Sigma Aldrich).  VSMCs were kept in 

5% CO2 at 37oC and all experiments were conducted using passages 5-7.  Prior 

to all experiments the tissues were serum starved for 24h to induce an in vivo-

like phenotype [70].   

Microcontact printing was used to construct arterial lamella tissue mimics 

as in our previous publications [20, 30, 69].  Briefly, extracellular matrix protein, 

Figure 4. Residual stress in the variable modulus vMTF due to different fabrication 
methods. A. Film curvature that develops due to thermal mismatch between the two 
layers. B. Film curvature that develops due to chemical interactions between the two 
different Sylgard polymer recipes (184 and 527) that interface between the two 
layers.  C. Film curvature the develops when the construct is fabricated inverted, 
such that the layer two is cured first and then layer one. 
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fibronectin (BD Biosciences, Radnor, PA), was stamped onto the PDMS 

substrate surface in 10µm parallel lines with 10µm pitch and VSMCs were 

seeded at 57,000cells/cm2. 

 

3.4 Immunofluorescent Imaging and Quantification 

Tissues were fixed with 4% paraformaldehyde (Electron Microscopy 

Sciences, Hatfield, PA), permeabilized with 0.05% Triton (Sigma Aldrich), and 

blocked in 10% bovine serum albumin (Thermo Fisher Scientific, Waltham, MA) 

for 1h.  F-actin, nuclei, smooth muscle alpha-actin, and N-cadherin were stained 

with fluorophore-conjugated phalloidin (Life Technologies, Carlsbad, CA), DAPI 

(Life Technologies, Grand Island, NY), fluorophore-conjugated anti-αsmooth 

muscle actin antibody (1A4; Sigma Aldrich), and anti-N-cadherin antibody (GC-4; 

Sigma Aldrich) with secondary Alexa Fluor 546 goat anti-mouse IgG (Life 

Technologies), respectively.  Tissues were imaged using an Olympus IX81ZDC 

confocal microscope (Olympus, Shinjuku, Tokyo).  Actin and nuclear alignment 

were determined as in Alford et al. (2011b) using immunofluorescent staining and 

custom MATLAB software to determine the orientation order parameter (OOP).  

Anti-paxillin antibody (Abcam, Cambridge, MA) was used to stain for focal 

adhesions and imaged at 60x with an Olympus IX81ZDC confocal microscope 

(Olympus).  Image processing with ImageJ was completed using rolling ball 

threshold and a single application of dilation and erosion.  Particle analysis was 
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conducted for particles between 0.11µm [71] and 23µm [72].  Tissue thickness 

was measured using confocal stacks of phalloidin labelled f-actin [1]. 

 

3.5 Variable-Modulus Muscular Thin Film Experimental Protocol 

The construct was placed in 37oC, 1X, pH 7.4 Tyrode’s buffer and cut 

eight times parallel to tissue alignment and two orthogonal to the initial eight [73], 

leaving two rows of four, semi-detached, curved variable-modulus vMTFs with 

the VSMCs on the concave surface (Fig. 3B).  After 15min of equilibration, the 

variable-modulus vMTF VSMCs were serially stimulated with increasing 

concentrations of endothelin-1 (Sigma Aldrich) every 10min; 500pM, 5nM, 50nM, 

and 500nM.  Finally, 100µM rho-kinase inhibitor HA-1077 (Sigma Aldrich) was 

added for 30min.  Fluorescent and bright field images were acquired every 30s 

using a Lumar V12 stereomicroscope (Zeiss, Oberkochen, Germany).  These 

images were used to determine the 2D projection length of the film, which was 

used to evaluate its radius of curvature [69].  Data was analyzed using ANOVA 

and pairwise comparisons were made using the Tukey test in MATLAB.  

 

3.6 Vascular Smooth Muscle Cell Stress Generation Analysis 

The stress in the tissue layer was determined by utilizing finite volumetric 

growth theory [74] modified for pseudo-contraction [43], as in our previous work 

(Fig. 5) [1].  The variable-modulus vMTF is treated as an incompressible three-

layer beam in both moment and radial force equilibrium.  The PDMS layers 
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undergo shear-free bending, while the tissue layer contracts. Each layer is 

modeled as a Neo-Hookian material, and the thickness of each layer is 

experimentally determined (See Methods 2.2 and 2.5). 

The deformed geometry is mapped to the undeformed by 

𝑟 = 𝑟(𝑌), 𝜃 = 𝑘𝑌, 𝑧 =  𝜆𝑧,   (1) 

where 𝑘 and 𝜆 are constants (Fig. 5).  The experimentally-determined radius of 

curvature is assumed to be the vMTF midline (𝑟𝑚) so that 

𝑟𝑖 =  𝑟𝑚 −  
ℎ

2
, 𝑟𝑜 =  𝑟𝑚 +  

ℎ

2
,  (2) 

where ℎ is the deformed film thickness, and 𝑟𝑖 and 𝑟𝑜are the inner and outer radii 

of the film in the deformed configuration.  The observed deformation of the beam 

is represented by the deformation gradient tensor, 𝑭, given by  

𝑭 = diag[𝜆𝑟 , 𝜆𝜃,𝜆𝑧] = diag[
𝜕𝑟

𝜕𝑌
 , 𝑘𝑟, 𝜆𝑧],   (3) 

where 𝜆𝑖 is the stretch ratio in the 𝑖 principal direction (Fig. 5).  We assume plane 

strain deformation (𝜆𝑧 = 1).  Incompressibility then gives 

𝑭 = diag[
1

𝑘𝑟
 , 𝑘𝑟, 1].  (4) 

The VSMCs are assumed to only contract in the direction of alignment, along the 

length of the variable-modulus vMTF.  The cellular active stretch ratio (𝜆𝑎) 

represents the stress-free shortening the cells would undergo if not constrained 

by the PDMS layers.  Thus, the total active deformation tensor (Fig. 5) is given by 

𝑨𝒄𝒆𝒍𝒍𝒔  = diag[1 , 𝜆𝑎, 1].   (5) 
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The PDMS is passive, so 𝑨𝑷𝑫𝑴𝑺 = 𝑰.  The elastic deformation tensor defines the 

deformation from the contracted zero-stress configuration to the current observed 

configuration and is given by 

𝑭∗  = diag[𝜆𝑟
∗  , 𝜆𝜃

∗ , 𝜆𝑧
∗ ],  (6) 

where 𝜆𝑖
∗ is the elastic stretch ratio in the 𝑖 principal direction (Fig. 5).  The 

observed deformation is the product of the active and elastic deformations; 

𝑭 = 𝑭∗ ∙ 𝑨.  (7) 

Therefore, 

𝑭∗  = diag[𝜆𝑟  ,
𝜆𝜃

𝜆𝑎
, 𝜆𝑧].   (8) 

All layers are represented by Neo-Hookean strain energy density functions, given 

by 

𝑊 =  
𝜇

2
(𝐼1

∗ − 3),  (9) 

where 𝜇 is the shear modulus and 𝐼1
∗is the first elastic strain invariant, defined as 

𝐼1
∗ =  𝜆𝑟

∗ 2 + 𝜆𝜃
∗ 2

+ 𝜆𝑧
∗ 2

.  (10) 

The Cauchy stress of the cell layer is a function of elastic deformation, and 

defined as, 

𝜎𝑖 = 𝜆𝑖
∗ 𝜕𝑊

𝜕𝜆𝑖
∗ − 𝑝,   (11) 

where 𝑝 is a Lagrange multiplier.  The radial and moment equilibrium equations 

and boundary conditions are given by: 

𝜕𝜎𝑟

𝜕𝑟
+

𝜎𝑟−𝜎𝜃

𝑟
= 0,  (12) 

∫ 𝜎𝜃𝑟𝑑𝑟 = 0
𝑟𝑜

𝑟𝑖
,  (13) 
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𝜎𝑟(𝑟𝑖) =  𝜎𝑟(𝑟𝑜) = 0.  (14) 

Given 𝑟𝑚, the undeformed thickness, and 𝜇 for each layer, the active stretch ratio 

(𝜆𝑎) and the deformed thickness (ℎ) of the variable-modulus vMTF in the radial 

direction was solved with Nelder-Mead minimization and used to calculate the 

Cauchy stress in the cell layer.  The cell strain was determined by 𝜀 =  𝜆𝜃 𝑐𝑒𝑙𝑙 − 1.  

 

3.7 Western Blotting 

Tissues were lysed with RIPA buffer (100mM Tris (pH 7.4) (Sigma 

Aldrich), 4M Urea (Sigma Aldrich), 5mM EDTA (Sigma Aldrich), 0.5% SDS 

(Sigma Aldrich), 0.5% Nonidet P-40 (Sigma Aldrich), and protease inhibitor 

cocktail (Complete mini, Roche)) 36h after seeding.  15µg of total protein for 

each sample was run through a 4-15% Tris-HCL gel (Bio-Rad, Hercules, CA) at 

120V for 2h.  Then the samples were transferred to 0.2µm PVDF membrane 

(Bio-Rad).  The following primary antibodies were incubated overnight at 4oC: 

smoothelin (Abcam), Calponin (Santa Cruz Biotechnology, Dallas, TX), 

Caldesmon (Santa Cruz Biotechnology), and ß-actin (Santa Cruz Biotechnology).  

Figure 5.  Schematic representation of 
volumetric pseudo-contraction applied 
to variable modulus vMTF to calculate 
cell stress.  F is the deformation 
gradient tensor.  F* is the elastic 
deformation tensor.  A is the active 
deformation tensor.     
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Protein bands were visualized after 1h incubation in LICOR secondary antibodies 

on the LICOR Odyssey (LICOR, Lincoln, NE).  Image Studio Lite Version 3.1 was 

used to quantify protein amounts via densitometry.  Each protein band value was 

normalized to its respective ß-actin loading control and then normalized to the 

10kPa substrate construct. 

 

3.8 Inhibition of N-Cadherin 

Tissues were seeded in cell media supplemented with either 10µg/ml 

neutralizing anti-N-cadherin antibody or 10µg/ml nonimmune mouse 

immunoglobulin G (Sigma Aldrich) [75].  After 12h, tissues were serum starved 

for 24h in serum free cell media supplemented with 10µg/ml of the respective 

antibody with which they were initially seeded.  VSMC functional contractility for 

each condition was assessed as described in Methods 2.6 and 2.7.  Data was 

analyzed using two-way ANOVA and Holm-Sidak test. 

 

3.9 Tissue Structure Characterization 

Organization of the actin cytoskeleton [21], focal adhesions [21], and 

nuclei [76], can be influenced by substrate mechanics.  We first asked whether 

tissue architecture and cellular structure in VSMC-dense lamellar mimics are 

affected by substrate modulus.  Actin and nuclear structure were quantified from 

immunofluorescent staining (Fig. 6A) to obtain tissue thickness and actin and 

nuclear orientation order parameter (OOP), as previously described [30]. Tissue 
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thickness was unchanged by substrate modulus (4.6±0.06µm, 4.7±0.2µm, 

4.8±0.3µm, and 4.7±0.2µm for 10kPa, 50kPa, 100kPa, and 1000kPa modulus 

substrates, respectively).  F-actin and nuclear alignment were independent of 

substrate modulus, with both showing high alignment for all substrate moduli 

(Fig. 6B).  Nuclear eccentricity, which has previously been shown to correlate 

with cell contractility [30], was also independent of substrate modulus (Fig. 6C).  

Focal adhesion plaque density and size were found to be consistent across all 

substrates (Fig. 6D-F).  Taken holistically, tissue architecture was not affected by 

substrate mechanics.   
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3.10 Vascular Smooth Muscle Cell Functional Contractility Increases with 

Increasing Substrate Modulus 

To test the effect of substrate modulus on the functional contractility of 

VSMCs, we used a variable-modulus vMTF (see Methods for details).  

Contraction stress generated by the VSMCs bends the PDMS beam (Fig. 7A), 

Figure 6. Engineered arterial lamella tissue mimic structural characterization. A. 
Representative images of engineered arterial lamella tissue mimics on each 
substrate modulus.  Scale bar: 50µm. Green: F-actin Blue: Nuclei  B. F-actin and 
nuclear alignment for each substrate modulus.  Mean±SD (n = 3) C. Nuclear 
eccentricity on each substrate modulus. (n = 3)   D. Representative images of focal 
adhesions on each substrate modulus. Scale bar: 10µm. Orange: Paxillin  E. Focal 
adhesion density on each substrate modulus. Mean±SD (n = 3).  F. Focal adhesion 
size on each substrate modulus. Mean±SD (n = 3).   
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and the curvature, obtained from the projection length (Fig. 7A), is used to 

calculate the stress in the cell layer.  In vivo, arteries maintain a homeostatic 

basal tone allowing them to contract or relax, quickly altering vessel resistance to 

sustain blood flow and endothelial shear stress [65].  Changes in both the 

passive and active pressure-diameter curves have been observed in 

hypertensive vessels [33, 36, 77], suggesting functional changes in contractility 

are indicative of disease initiation and progression.  To capture both the basal 

tone and induced contraction, we serially stimulated the variable-modulus vMTFs 

with increasing doses of endothelin-1 (ET-1) followed by rho-kinase inhibitor HA-

1077 (Fig. 7A).  Basal tone was determined from the change in stress between 

the equilibrated and post-HA-1077-treated VSMCs (Fig. 7B).  Induced 

contraction was determined from the change between the equilibrated VSMCs 

and the stress at the end of each ET-1 treatment (Fig. 7B). 

Using the variable-modulus vMTFs, we found that basal tone generally 

increases with increasing substrate modulus.  Contraction by VSMCs on 

1000kPa modulus substrates was significantly greater than for those on 10kPa 

and 50kPa substrates (Fig. 7C).  ET-1 induced contraction displayed an 

expected dose-response behavior and, as with basal tone, increased with 

increasing substrate modulus (Fig. 7D).  Tissues constructed on substrates with 

1000kPa moduli generated significantly greater stress in response to 500nM ET-

1 than those on 10kPa and 50kPa substrates (Fig. 7D).  We also measured the 

maximum cell strain and observed no trend (-0.76±0.08%, -0.52±0.09%, -
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0.98±0.09%, and -0.76±0.13%, for 10kPa, 50kPa, 100kPa, and 1000kPa, 

respectively).  Overall, we found a distinct relationship between substrate 

modulus and functional VSMC contractility, such that VSMC tissues cultured on 

substrates with a higher modulus exhibit increased contractility.   

 

Figure 7. VSMC functional 
contractility increases with 
increasing substrate modulus. A. 
Bright field images show 
corresponding time points of 
variable modulus vMTF film.  Red 
bar indicates film projection 
length. B. Representative 
temporal stress curve for 50kPa 
film.  C. Basal tone for varying 
substrate moduli. Mean±SEM (n 
= 18, 12, 21, 20, respectively) 
p<0.05 compared to 1000kPa.  D. 
Induced contractility for varying 
substrate moduli. Mean±SEM (n 
= 18, 13, 17, 14 [n = 20, 13, 21, 
20], respectively [n for 50nM]). 
Significant with respect to 
substrate modulus with matching 
asterix color (p<0.05).  
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3.11 Vascular Smooth Muscle Cell Phenotype 

VSMC phenotype modulation can be indicative of vascular dysfunction; for 

example, VSMCs may switch from a contractile to synthetic phenotype in 

atherosclerosis [24, 25] and hypertension [78].  VSMC phenotype modulation 

also occurs in response to mechanical perturbations [20], suggesting that 

changes in mechanics in these diseases may play a role in the observed 

phenotype switch.  We hypothesized that changes in phenotype expression were 

responsible for the altered contractility measured using variable-modulus vMTFs.  

VSMC phenotype is typically assessed by measuring the relative expression of 

several contractile phenotype protein markers [16].  We performed 

immunofluorescent staining of smooth muscle alpha-actin (Fig. 8A) and Western 

blots of smoothelin, caldesmon, and calponin [16] in arterial lamella tissue 

mimics (Fig. 8B).   No statistically significant substrate-dependent phenotype 

expression was observed (Fig. 8C). 
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3.12 Effect of N-cadherin on Contractility 

To elucidate the role of cell-cell binding in substrate-dependent VSMC 

stress-generation, we studied the effect of N-cadherin inhibition on contractility.  

First, we stained tissues built on each substrate for N-cadherin (Fig. 9A).  Next, 

we used a neutralizing antibody to inhibit N-cadherin binding during tissue 

formation on 10kPa and 1000kPa substrate vMTFs and tested the VSMC 

contractility.  We found no difference in either the induced contraction or basal 

tone between the IgG control and the anti-N-cadherin construct for either 

Figure 8. VSMC phenotype is 
not dependent on substrate 
modulus. A. Representative 
images of smooth muscle alpha-
actin in engineered arterial 
lamella tissue mimics on each 
substrate.  Scale bar: 50µm 
Green: Smooth muscle alpha-
actin Blue: Nuclei  B. 
Representative Western blots of 
contractile phenotype markers; 
smoothelin, calponin, and 
caldesmon for VSMC tissues 
exposed to either a substrate 
modulus of 10kPa, 50kPa, 
100kPa, or 1000kPa. C. Protein 
expression quantification of 
contractile phenotype markers 
for VSMC tissues exposed to 
either a substrate modulus of 
10kPa, 50kPa, 100kPa, 
1000kPa.  Fold change is with 
respect to VSMC tissues 
exposed to a substrate modulus 
of 10kPa (n = 5, 10, and 3, 
respectively).  Mean±SEM.   
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substrate (Fig. 9B, C) and N-cadherin inhibition did not affect the previously 

observed increase in contractility for tissues on 1000kPa compared to tissues on 

10kPa (Fig. 9B, C).  This suggests that N-cadherin-mediated cell-cell binding 

interactions are not responsible for substrate modulus dependent VSMC 

contractility. 

 

3.13 Discussion and Conclusion 

Healthy arterial function requires acute dynamic control of the vessel 

lumen through active contraction and dilation to maintain blood pressure and 

Figure 9.  Substrate modulus 
sensitivity of VSMC contractility is 
not affected by N-cadherin.  A. 
Representative images of N-
cadherin for engineered arterial 
lamella tissue mimics on each 
substrate.  Scale bar: 10µm.  
Red: N-cadherin B. 50nM ET-1 
induced contraction for 
engineered arterial lamella tissue 
mimics with either neutralizing 
anti-N-cadherin or IgG on 10kPa 
and 1000kPa modulus constructs 
(n = 11, 12, 13, and 10 for 10kPa 
IgG, 10kPa anti-N-cadherin, 
1000kPa IgG, and 1000kPa anti-
N-cadherin, respectively). 
Mean±SEM. C. Basal tone for 
engineered arterial lamella tissue 
mimics with either neutralizing 
anti-N-cadherin or IgG on 10kPa 
and 1000kPa modulus constructs 
(n = 11, 12, 13, and 10 for 10kPa 
IgG, 10kPa anti-N-cadherin, 
1000kPa IgG, and 1000kPa anti-
N-cadherin, respectively). 
Mean±SEM. * = p<0.05. 
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flow.  However, vascular pathologies can perturb vessel mechanics and function.  

Hypertension leads to arterial wall thickening [65], increased stiffness [36, 79], 

and decreased compliance [8].  Rat models of hypertension exhibit drastic shifts 

in vessel pressure-diameter curves, indicating a direct connection between 

mechanical perturbation of the vessel and its functional behavior [36].  Notably, 

when the active and passive vessel behaviors are examined separately, the 

active stresses rapidly adapt within the first four days, while the passive behavior 

remains consistent, suggesting that modulation of functional contractility is a key 

player in vascular mechano-adaptation [33].  Macroscopically, atherosclerosis is 

the stiffening of the arteries [80, 81].  However, microscopically, atherosclerotic 

plaques are heterogeneous and include lipid-dense regions that are much softer 

than healthy vascular tissue [4].  A common treatment for atherosclerosis is 

stenting  with metal meshes, which are much stiffer than native tissue, to provide 

structural support along the vessel wall [6].  One common link between these 

diseases is a change in the mechanical environment to which VSMCs in the 

vessel are exposed.  Here, we find that in the absence of any other extrinsic 

factors, the mechanical properties of VSMCs’ extracellular environment directly 

affect their primary function – contraction.   

Substrate modulus affects cell migration [21, 28, 82], differentiation [27], 

cytoskeleton organization [27, 29], and focal adhesion organization [21].  In 

VSMCs, migration [21, 52, 53], proliferation [55], and platelet-derived growth 

factor sensitivity [57] are affected by substrate modulus.  However, Sazonova et 
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al. (2011) found that substrate stiffness modulates expression of focal adhesion 

proteins talin, vinculin, and ß1-integrin in low density VSMC cultures, but not at 

high density [60], demonstrating that there is a fundamental difference between 

sub-confluent and confluent cultures of VSMCs.  Additionally, cell and tissue 

architecture within dense cultures can also affect VSMC behavior.  VSMCs that 

are patterned into aligned tissues with elongated cell architecture exhibit a more 

contractile phenotype compared to non-patterned VSMCs [67], and cell 

architecture within a confluent tissue layer affects phenotype expression [69].  

Here, we find that VSMC phenotype in an organized confluent layer does not 

depend on substrate modulus. 

The variable-modulus vMTF system shown here provides a novel platform 

to examine how substrate modulus affects functional contractility in confluent, 

aligned, in vivo-like VSMCs.  And our finding of increased contraction with 

increasing substrate modulus at the tissue scale reinforces substrate-dependent 

single cell traction previously reported [62, 83, 84].  Our technique is versatile, as 

the variable substrate modulus can be tuned to mimic both pathological and 

physiological mechanical environments present in vascular disease and could be 

expanded to other polymers as well [85].  Notably, we found increased 

contraction in tissues constructed on stiffer substrates in the absence of 

phenotype switching or structural reorganization.  This result is consistent with a 

number of whole artery findings.  Cox found that in the normal physiological 

range, muscular arteries (renal, internal thoracic, iliac, and mesenteric artery) 
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have higher incremental moduli than does the elastic carotid artery [86].  He 

further showed that the muscular arteries generate a maximum contractile stress 

twice that of the carotid artery [87].  Fridez et al. (2002) found that in the first four 

days following induced hypertension, VSMC contractility significantly increases.  

This is notable because, due to the exponential-like stress-strain behavior of the 

passive vessel, hypertension increases the incremental modulus of the VSMCs’ 

surroundings in the early state of remodeling.  Our results suggest that these 

phenomena are linked to VSMC functional adaptation in response to extracellular 

mechanical properties.  

Tissue growth and remodeling play important roles in maintenance of 

vascular integrity.  A finer understanding of how vascular tissues adapt in 

response to stimuli could facilitate patient-specific models of vascular disease 

[88-91].  Current models consider how extracellular matrix remodeling affects 

global vessel properties, but not how it affects VSMC function [92-95].  Our 

results suggest that VSMC function is dynamic and may change both temporally 

and spatially in response to changes in extracellular matrix mechanics, 

suggesting that artery growth and remodeling models need to account for 

extracellular mechanics-induced VSMC functional changes to accurately model 

diseased tissue.  Finally, a goal of tissue engineering is development of small 

artery vascular replacements [96].  Mechanical environment, as influenced by 

scaffold material selection, is an important factor to produce functional 

engineered blood vessels [97-99].  Our results suggest that scaffold properties 
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are important not only for vessel integrity, but for healthy VSMC functional 

behavior.   

 

 

Chapter 4. Vascular Smooth Muscle Cell Mechano-Adaptation 

Law 

4.1 Summary 

CVD can alter the mechanical environment of the vascular system, 

leading to mechano-adaptive growth and remodeling.  Predictive models of 

arterial mechano-adaptation could improve patient treatments and outcomes in 

cardiovascular disease.  Vessel-scale mechano-adaptation includes remodeling 

of both the cells and extracellular matrix.  Here, we aimed to experimentally 

measure and characterize a phenomenological mechano-adaptation law for 

VSMCs within an artery.  To do this, we developed a highly controlled and 

reproducible system for applying a chronic step-change in strain to individual 

VSMCs with in vivo like architecture, and tracked the temporal cellular stress 

evolution.  We found that a simple linear growth law was able to capture the 

dynamic stress evolution of VSMCs in response to this mechanical perturbation.  

These results provide an initial framework for development of clinically relevant 

models of vascular remodeling that include VSMC adaptation. 
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4.2 Introduction 

Cardiovascular disease accounts for 17.3 million deaths globally and one 

of every four deaths in the United States each year [100, 101]. Regardless of the 

specific pathology, a common result of cardiovascular disease is a change in the 

mechanical loads borne by arteries. In this dynamic mechanical environment, 

arteries must constantly adapt to maintain their functional integrity through 

mechano-adaptive growth and remodeling.  This mechano-adaptation can be 

functional, as in hypertension, where stress-induced arterial growth and 

remodeling leads to stiffer and thicker vessels, lowering the wall stress, or 

dysfunctional, as in aneurysm growth [102, 103], vasospasm [104], or cerebral 

amyloid angiopathy [105], where growth and remodeling can lead to long-term 

deleterious results. A better understanding of the underlying processes driving 

mechano-adaptation is important for improved treatment of these diseases.  

Theoretical models can be important tools for understanding complex 

behaviors like mechano-adaptation and could be used to develop mathematical 

model-aided individualized medicine [88, 89, 91, 106]. For example, it has been 

proposed that biomechanical models could be employed, in conjunction with 

intravital imaging, to determine the stress in the wall of an aneurysm, and 

subsequently predict its growth and rupture, and guide treatment [107, 108]. But, 

determining the arterial wall stress is not trivial. Arteries contain residual stresses 

[109], which evolve spatially and temporally with changes in load [110], 

suggesting that the tissue adapts at different rates in different locations in the 
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wall. Growth theory suggests that this is because the artery adapts its own 

properties to optimize local tissue stress, and that this adaptation can be roughly 

characterized with a simple phenomenological growth law [32, 37, 38, 111, 112]. 

Recently, to develop a more granular understanding of mechano-adaptation, 

rule-of-mixtures based models have been developed to incorporate constituent-

specific phenomena, such as collagen remodeling or cell hypertrophy, on tissue-

scale mechanics [113-119]. However, the increased power of these models 

comes with extra burdens, as each constituent’s adaptive behavior must be 

individually characterized. Most mixture models assume that collagen remodeling 

is the primary mode of artery mechano-adaptation. However, experimental 

studies of induced hypertension find that early changes in carotid artery 

mechanics are primarily reflected in their contractile properties, while the ECM-

dependent passive properties are relatively unchanged for over a week [33, 120]. 

So, while long-term mechano-adaptation is likely dominated by collagen 

remodeling, shorter-term adaptation is dependent on vascular smooth muscle 

cell (VSMC) dynamics. To date, VSMC mechano-adaption has not been directly 

measured in isolation. 

Many cells alter their function in response to changes in their mechanical 

environment. For example, extracellular material properties influence a range of 

cellular processes, like stem cell differentiation [27], cell migration rates [21], 

angiogenesis [121], and tumor metastasis  [122]. In VSMCs, migration [21, 123, 

124], contractile function [125], and phenotype expression [126, 127] can be 
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influenced by substrate mechanics. Mechanical functions of cells are also 

influenced by applied loads. Cyclic stretching has been shown to influence cell 

traction force differentially, depending on substrate mechanics and cell type [128-

131]. VSMCs produce extracellular matrix [132], reorganize [133-135], and alter 

their phenotype when exposed to cyclic loading [136, 137].  High strain rate 

trauma-like loads alter VSMC contractility and phenotype [138]. Several models 

for cellular responses to altered mechanics have been developed [139-143]. 

However, current cell mechano-adaptation models are not designed to fit within 

the framework of growth and remodeling theory. 

Here, we present an empirically determined model for VSMC mechano-

adaptation in response to applied strain. We have developed an experimental 

system to simultaneously apply chronic alteration of strain to a single 

micropatterned cell and measure its stress. Using the data from this assay, we fit 

a simple growth law to characterize the temporal stress evolution of VSMCs. 

These data provide an initial framework of knowledge necessary to develop the 

next generation of medically-relevant mechano-adaption computational models. 

 

4.3 Chronic Strain Traction Force Microscopy Method 

4.3.1 Construct Fabrication 

Fibronectin (FN) micropatterned polyacrylamide gels were chemically 

bound to elastomer membranes for controlled cell morphology and strain 

application using methods adapted from Polio et al., Simmons et al., and Quinlan 
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et al. [144-148] (Fig. 10A).  First, polydimethylsiloxane (PDMS, Sylgard 184) 

(Dow Corning) at a 10:1 base:crosslinker ratio was mixed, degassed, and cured 

on the silinized microfeature wafer, comprised of rectangular islands with an area 

of 3978 𝜇m2, and an aspect ratio of four (34µmx117µm), to produce the inverted 

features on PDMS stamps.  The micropatterned morphology was determined 

based on the average area of an unpatterned VSMC [149] and the aspect ratio 

was chosen to mimic the elongated shape seen in vivo.  PDMS stamps were 

cleaned in 70% ethanol for 30min and then incubated with 100µg/ml FN for 1h.  

After incubation, excess FN was removed, the stamps were air dried, and placed 

face-down in conformal contact with clean, plasma-treated, 15mm glass cover 

slips for 30min. During the 30min transfer of FN from the PDMS stamp to the 

glass coverslip, a pre-polymer solution composed of 10% acrylamide (Sigma-

Aldrich), 0.13% bis-acrylamide (Sigma-Aldrich), and 1% 0.2µm red fluorescent 

beads (ThermoScientific) (only added for measured bead displacement 

experiments) was degassed and clean elastomer membranes (Specialty 

Manufacturing Inc, Stockwell Elastomerics) secured in custom steel clamps were 

treated with 10% benzophenone in 35:65 w/w water:acetone for 1min and rinsed 

three times with methanol.  Note: All steps involving benzophenone were 

performed in low light to prevent accidental activation.  The benzophenone 

treated elastomer membranes were degassed for 30min and then the chamber 

was flooded with nitrogen gas.  To initiate polymerization, the pre-polymer 

solution, 0.2% tetramethylethylenediamine (TEMED, Sigma-Aldrich), 1M HCl to a 
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pH of 7.0-7.4, 10µg/ml N-hydroxysuccinimide-acrylic acid ester (Sigma-Aldrich), 

and lastly 0.05% ammonium persulfate (Sigma-Aldrich) was added to the pre-

polymer solution.  10µl of activated pre-polymer solution was added to the 

surface of the benzophenone treated elastomer membrane and the FN stamped 

glass coverslip was placed face-down on top of the droplet.  Then, the 

polyacrylamide gel was cured under UV light for 30min (1in distance from the 

lamp, Jelight 342 model) and rehydrated in water for 10-15min allowing for 

removal of the glass coverslip.  The polyacrylamide gels were passivated with 

4% bovine serum albumin at 37oC for 45min.  Prior to any cell seeding, the 

polyacrylamide gels were incubated in 1X phosphate buffered saline with 1% 

penicillin/streptomycin for 48-72h to remove any residual benzophenone.   

Human umbilical artery VSMCs were purchased at passage 3 from Lonza 

(Lot: 7F3794, Walkersville, MD) and cultured at 37oC in supplemented Medium 

199 (Mediatech, Manassas, VA) containing 10% FBS (GIBCO, Grand Island, 

NY), 50 U/ml penicillin/streptomycin (GIBCO), 1% Nonessential amino acids 

(GIBCO), 1% HEPES (GIBCO), 3.5g/L glucose (Sigma-Aldrich, St. Louis, MO)), 

2mM L-glutamine (Sigma-Aldrich), and 2mg/L vitamin B-12 (Sigma-Aldrich).  

Passages 5-7 were utilized in experiments.  To induce an in-vivo-like contractile 

phenotype VSMCs were serum starved for 24h prior to all experiments [70]. 
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4.3.2 Applied Chronic Strain 

Strain was applied to single VSMCs micropatterned on polyacrylamide-

elastomer substrates using a linear motor (Linmot, PS01-23x80F).  The custom 

steel clamps that secured the polyacrylamide-elastomer substrate along a 

unidirectional axis were attached to the motor and the length of the long axis, 

respective to the micropatterned geometry, was increased at 2% strain per 

second until the desired grip strain was achieved (0%, 10%, 20%, 30%) (Fig. 

10B), as defined by 𝜖 =
𝑙

𝐿
− 1, where 𝐿 is the original length of the membrane and 

𝑙 is the deformed length (Fig. 10B).  The custom steel clamps were then locked in 

place at the specified grip strain for the remainder of the experiment.  All reported 

strains and stretch ratios are grip strains, but measured substrate strain 

corresponds closely to grip strain (Fig 10C). 

 

4.3.3 Chronic Strain Traction Force Microscopy Experiment 

At each reported time point after strain application (0, 4, 8, and 24 hours), 

bright field images of the cell of interest and fluorescent images of the bead layer 

directly below the cell of interest were taken on an Olympus IX81ZDC confocal 

microscope.  An environmental chamber maintained cell culture conditions 

throughout imaging and constructs were returned to an incubator between 

experimental time points.  The same single VSMCs were tracked for all time 

points.  After the final time point, Hoechst dye was used to visualize the cells of 

interest nuclei to confirm only a single cell was present on each FN island.  
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Finally, the cells were lysed with 100mM SDS and the reference configuration of 

the fluorescent bead layer was imaged for each cell.     

 

4.3.4 Cell Structure Quantification 

Standard immunofluorescent staining techniques were used to stain single 

VSMCs for their nucleus and actin cytoskeleton.  Briefly, VSMCs seeded onto the 

micropatterned polyacrylamide-elastomer constructs were fixed in 4% 

paraformaldehyde, permeabilized in 0.05% Triton, and blocked in 10% bovine 

serum albumin (Thermo Fisher Scientific, Waltham, MA).  DAPI (Life 

Technologies, Grand Island, NY) and 488nm fluorophore-conjugated phalloidin 

(Thermo Fisher Scientific) were used to stain VSMC nuclei and F-actin, 

respectively.  Z-stack images of F-actin (minimum of eight cells per condition) 

were taken on an Olympus FluoView FV1000 BX2 upright confocal microscope.  

Cell thickness and actin alignment were determined from the F-actin z-stacks 

using custom MATLAB code as previously published [1, 30].  Cell cross-sectional 

area and cell volume was calculated from the measured cell geometry.  Actin 

alignment was characterized with the orientation order parameter (OOP), such 

that a value of one represents perfect actin alignment and a value of zero 

represents a completely unaligned actin structure [30].  Statistical analysis for 

cross-sectional area, cell volume, and actin alignment was performed using a 

two-way ANOVA with the Holm-Sidak test for pairwise comparisons.  Note: 

Separate cells were used for each time point’s structural analysis, and the cells 



 

 48 

used for structure quantification were not the same cells used for subsequent 

mechanical experiments. 

 

4.3.5 Single Cell Cauchy Stress Determination 

Pre and post lysis bead images were compared using a particle image 

velocimetry to determine the cell-induced substrate deformation [150] (Fig. 10D). 

Young’s modulus and Poisson’s ratio of the polyacrylamide gel were measured 

as 13.5kPa and taken as 0.5, respectively. Traction stress vector fields were 

determined from bead displacements (Fig. 10D) using an unconstrained Fourier 

transform traction cytometry algorithm [150] with a regularization factor of 1E-9, 

yielding a grid of n substrate traction stress vectors given by 𝐓𝐧 = Tx
n𝐞𝐱 + Ty

n𝐞𝐲 

where 𝐞𝐢 is the unit vector in the i direction. The total traction force components fx 

and fy were given as fi = ∑ (−Ti
nAn ri

n

|ri
n|

)n , where i = x, y, An is the area of discrete 

surface n, and 𝐫𝐧 = rx
n𝐞𝐱 + ry

n𝐞𝐲 is the vector that described the location of 

surface n with respect to the center of the cell. The Cauchy stresses  σi were 

taken as σi =
fi

2Ai
 (Fig. 10E).  Statistical analysis for total axial and transverse 

traction force and axial and transverse VSMC Cauchy stress was performed 

using a two-way ANOVA with the Holm-Sidak test for pairwise comparisons. 
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4.4 Vascular Smooth Muscle Cell Mechano-Adaptation Law Model 

4.4.1 Model Assumptions 

We assume that the cells undergo mechano-adaptation by volumetric 

growth as described by Rodriguez et al. [74]. The formulation is based on the 

concept of an evolving zero-stress configuration, allowing cells to grow and 

Figure 10.  Mechanical perturbation 
of micropatterned VSMCs. A.  
Schematic view of chronic strain 
traction force microscopy system. 
The micropatterned VSMC is seeded 
onto a fibronectin island printed onto 
a fluorescent bead-doped 
polyacrylamide gel bonded to an 
elastic membrane.  B. Custom steel 
clamps secure the elastomer 
membrane and apply the chronic 
strain to the VSMC micropatterned 
on the bead-doped polyacrylamide 
gel.  C.  Measured elastomer 

membrane strain in the axial, 𝜀𝑥, and 
transverse, 𝜀𝑦 , direction for each 

corresponding grip strain.  Ideal 
measured strain to grip strain 
behavior for axial and transverse 
strain is represented by a solid line.  
Mean±STD.  D. (top) Bright field 
images of representative cells pre-
strain and post-strain (20% applied 
chronic strain). Black arrow indicates 
direction of applied strain.  Scale bar: 
25µm. (middle) The corresponding 
substrate displacement (bottom) The 
corresponding cell traction stress 
heat maps.    E.  Schematic of a 
single cell force balance 
demonstrating that the midplane cell 
Cauchy stress (σx) multiplied by the 
cell cross-sectional area (Ax) is 
balanced by the axial cell traction 
forces (fx). 
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change shape to alter their stress state (Fig 11).   Cells were modeled as 

pseudo-elastic, incompressible bodies undergoing axisymmetric uniaxial 

deformation and volumetric growth. 

 

4.4.2 Deformation and Growth 

Cells exert forces on the substrate to which they are attached, so that 

before any strain is applied, they have some basal internal stress. To incorporate 

this pre-stress, we first assume that there is a stress-free configuration that the 

cell could assume while filling the ECM micropattern, which is given by 𝐵. To 

generate stress, the cell could reorganize its cytoskeleton, contract, or change its 

size or shape. We consider any of these modes of shape change “growth”. To 

model growth, we first suppose the cell is separated from its substrate to give 

configuration 𝐵𝑑, which is identical to 𝐵 but with no external constraints.  Growth 

then occurs in this detached state. Since the cell is unconstrained, it remains 

stress free. This initial stress-free deformation is given as the growth tensor 𝐆(𝟎), 

indicating the growth prior to time=0. The grown stress-free configuration is given 

by 𝐵𝑔(0).  The elastic deformation from the grown zero-stress configuration to the 

true configuration (𝑏(0)), is given by 𝐅∗(0). Since the cell is constrained to the 

ECM micropattern, the deformation 𝐅(𝟎) between 𝐵 and 𝑏(0) is small, and 

assumed to be 𝐅(𝟎) = 𝐈. Thus, the elastic deformation at time=0 is given by  

𝐅∗(𝟎) = 𝐆−𝟏. 
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During membrane stretching, external loads deform the cell from 𝑏(0) to a 

new loaded state 𝑏(𝑡). This observed deformation is given by 𝐅(𝐭). Growth in 

response to this deformation is treated as stress-free, similar to pre-stretch 

growth. The additional growth between time=0 and time=t is given by 𝐆(𝐭), and 

the total growth is given by 𝐆 = 𝐆(𝐭) ∙ 𝐆(𝟎). The observed deformation is given by 

𝐅(𝐭) = 𝐅∗(𝐭) ∙ 𝐆, where 𝐅∗(𝐭) is the elastic deformation at time=t. 

We assume that stretched cells undergo shear-free axisymmetric uniaxial 

deformation so the deformation can be given by 𝐅(𝑡) = 𝑑𝑖𝑎𝑔[𝜆𝑥, 𝜆𝑦, 𝜆𝑧], where 𝜆𝑖 

is the stretch ratio in the 𝑖 direction. The 𝑥-axis is considered parallel to the long 

axis of the cell, the 𝑦-axis parallel to the short axis of the cell, and the 𝑧-axis is 

normal to the surface of the membrane. The growth tensor is given by 𝐆(𝐭) =

𝑑𝑖𝑎𝑔[𝜆𝑔𝑥, 𝜆𝑔𝑦 , 𝜆𝑔𝑧] and the elastic deformation is 𝐅∗(𝐭) = 𝑑𝑖𝑎𝑔[𝜆𝑥
∗ , 𝜆𝑦

∗ , 𝜆𝑧
∗ ], where 

𝜆𝑖 = 𝜆𝑖
∗𝜆𝑔𝑖. The material is considered incompressible, so 𝜆𝑥

∗ 𝜆𝑦
∗ 𝜆𝑧

∗ = 1. 

Figure 11.  Growth and remodeling theory schematic.  A single cell is shown in both 
the stressed and stress-free state as denoted by lower case bs and capitol Bs, 
respectively.  Time zero refers to pre-stretch and time t refers to post-stretch.  The 
deformation gradient tensors, elastic deformation tensors, and growth tensors are 

represented by 𝐅, 𝐅∗, and 𝐆, respectively.  See text for details. 
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4.4.3 Material Constitutive Laws 

Let 𝜆𝑖
∗ be the stretch ratio in the direction 𝑖 relative to the zero-stress state. 

For an incompressible, pseudoelastic material, the constitutive equations for the 

partial Cauchy stresses are given by 

𝜎𝑖 = 𝜆𝑖
∗ 𝜕𝑊

𝜕𝜆𝑖
∗ − 𝑝,  (15) 

where 𝑊 is the strain-energy density function of the material, and 𝑝 is a 

Lagrange multiplier. We assume the cell to be a Neo-Hookean solid whose strain 

energy density function is given by  

𝑊 =
𝜇

2
(𝐼1

∗ − 3), (16) 

where 𝜇 is the shear modulus, taken to be 10kPa [1], and 𝐼1
∗ is the first strain 

invariant with respect to the zero-stress configuration, given by  𝐼1
∗ = 𝜆𝑥

∗2 + 𝜆𝑦
∗2 +

𝜆𝑧
∗2.  

 

4.4.4 Equilibrium 

We assume axisymmetric uniaxial shear-free stretching with prescribed 

observed deformations 𝜆𝑥 and 𝜆𝑦. Since the top surface of the cell is free, 𝜎𝑧 = 0, 

and the in-plane stress is given by  

𝜎𝑖 = 𝜇(𝜆𝑖
∗2 − 𝜆𝑧

∗2), (17) 

where 𝑖 = 𝑥, 𝑦. 
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4.4.5 Mechano-Adaptation Laws 

In tissue-scale models of artery growth and remodeling, it is normally 

assumed growth acts to maintain the circumferential wall stress (or hoop stress) 

at some homeostatic preferred stress value [105, 118]. VSMCs typically wrap 

around arteries, so that their long axes are circumferentially arranged. Thus, we 

assume that the maintained stress is 𝜎𝑥. There are two basic growth modes by 

which the cell can modulate its stress. The cell can undergo: 

1. Axial growth (lengthening), altering the elastic stretch ratio; 

2. Transverse growth (thickening), altering the cross-sectional area 

We consider both. Let the preferred stress value or “target stress” be given by 𝜎𝑜. 

We let 

�̇�𝑔𝑥

𝜆𝑔𝑥
=

1

𝑇𝑥
(𝜎𝑥 − 𝜎𝑜),                     

�̇�𝑔𝑦

𝜆𝑔𝑦
=

�̇�𝑔𝑧

𝜆𝑔𝑧
=

1

𝑇𝑡
(𝜎𝑥 − 𝜎𝑜),  (18) 

where �̇�𝑔𝑖 is the rate of change of the growth stretch ratio 𝜆𝑔𝑖, and 𝑇𝑥, 𝑇𝑡 are time 

constants associated with axial and transverse growth rate, respectively. 

 

4.4.6 Solution Method 

The target stress (𝜎𝑜) was assumed to be the mean control stress for the 

24 hour experimental period. At 𝑡 = 0, we assumed that 𝜆𝑔𝑦 = 𝜆𝑔𝑧 = 1 ,and the 

equilibrium equation [Eq. 17] was solved to determine the homeostatic value of 

𝜆𝑔𝑥 that gives 𝜎𝑥 = 𝜎𝑜. A step change in 𝜆𝑥 (1.1, 1.2, or 1.3) was applied, 

consistent with the experimental deformation and the mechano-adaptation laws 

[Eq. 18] were solved using finite differences and the cell stress was solved, from 
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equilibrium [Eq. 17]. Time constant optimization was performed by comparing 

predicted stress σx and change in cross-sectional area (𝜆𝑦𝜆𝑧) to those 

experimentally measured for each of the three applied stretches at the four 

experimentally measured time points. The parameters that best fit the 

experimental data, as determined by least squares fitting, was determined to be 

optimal. 

 

4.5 Results 

4.5.1 Strain-Induced Alteration of Vascular Smooth Muscle Cell Traction 

To measure VSMC mechano-adaptation in response to an applied strain, 

we developed a highly controlled and reproducible system for single VSMCs on 

rectangular islands printed upon a polyacrylamide-elastomer substrate (see Fig. 

10A, B).  A step change in strain of 0%, 10%, 20%, or 30% strain was applied 

and maintained for 24 hours (Fig. 12A). The cell-induced substrate displacement 

was measured by tracking flourospheres embedded in the gel.  Traction stresses 

were calculated from the cell-induced substrate displacement and mechanical 

properties of the gel (Fig. 12B).  Increased strain resulted in an initial increase in 

cell-induced axial traction forces, which decreased over the 24 hours observed 

(Fig. 12C).  The 0 hour average axial traction force was 2.07±1.56µN, 

2.17±1.23µN, 1.59±0.76µN, and 1.53±0.85µN for 30%, 20%, 10%, and 0% 

applied strain, respectively (Fig. 12C).  Axial forces (𝑓𝑥) (long axis of the cell and 

direction of stretch) (Fig. 12C), were markedly larger than the transverse forces 
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(𝑓𝑦) for all conditions (Fig. 12D).  Following this initial increase, axial traction force 

in the stretched cells temporally approached control values (0% applied strain),as 

evident by the 24 hour mark for all strain conditions (Fig. 12C). 

 

4.5.2 Cellular Microarchitecture in Strained Vascular Smooth Muscle Cells 

To elucidate the effects of applied chronic strain on the cellular 

cytoskeleton, we stained single, micropatterned VSMCs for F-actin at each 

applied strain and time point (Fig. 13A).  VSMC thickness was determined from 

3-D confocal stacks of F-actin (Fig. 13B).   VSMC cross-sectional area, both axial 

(Ax) and transverse (Ay), was determined from measured cell width, length, and 

thickness (Fig. 13C, D).  The axial VSMC cross-sectional area (Ax) decreased 

Figure 12.  Temporal single cell traction force response to applied chronic strain.  A. 
Bright field images of a representative micropatterned VSMC at 0%, 10%, 20%, and 
30% applied chronic strain.  Dashed lines identify the cell edge.  Scale Bar: 25µm.  B. 
Average single cell axial traction stress heat maps for cells with 0%, 10%, 20%, and 
30% applied strain at 0h, 4h, 8h, and 24h time points (n = 19-92).  C. Total axial 
traction force (fx) for VSMCs exposed to 0%, 10%, 20%, and 30% strain.  (mean ± 
standard deviation)   D. Total transverse traction force (fy) for cells exposed to 0%, 
10%, 20%, and 30% strain.  (mean ± standard deviation).  For C and D, two-way 
ANOVA (factors: time, strain) was used to analyze data. (*) indicates statistical 
significance between marked strain and the strain indicated by the (*) color (p<0.01). 
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with increasing substrate strain: 77.8±27.8µm2, 71.1±15.0µm2, 70.3±12.2µm2, 

and 53.4±10.5µm2, respectively for 0%, 10%, 20%, and 30% applied strain 

immediately following the applied strain (Fig. 13C). No significant changes were 

found for the transverse VSMC cross-sectional area (Ay) (Fig. 13D).  The VSMC 

volume percent difference relative to the 0% 0 hour volume was calculated to be 

-13.5%, 2.1%, and -6.4% respectively for 10%, 20%, and 30% applied strain 

immediately following the applied strain (Fig. 13E). There was no discernable 

temporal trend in cell volume following applied strain, suggesting that cell 

deformation was relatively incompressible (Fig. 13E).  To determine if 

cytoskeletal remodeling occurred post-strain, we characterized the F-actin 

alignment for all conditions using an orientation order parameter (OOP) [30]. The 

average alignment increased slightly with increasing stretch (Fig. 13D). However, 

we found no significant temporal changes in the OOP for any applied strain 

condition, suggesting that cytoskeleton realignment did not occur (Fig. 13D).   
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4.5.3 Vascular Smooth Muscle Cell Stress Evolution and Mechano-

Adapatation Law 

We assumed that mechano-adaptation acts to maintain stress in the cell’s 

long axis, which correlates with the hoop stress in an intact artery.  Therefore, we 

calculated the midplane axial and transverse cell Cauchy stress from the 

measured axial and transverse cell traction forces and axial and transverse cell 

cross-sectional areas (Fig. 14A, B).  We found that with increasing applied strain 

Figure 13.  Cellular architecture.  A. Immunofluorescent F-actin images of a 
representative micropatterned VSMC at 0%, 10%, 20%, and 30% applied chronic 
strain.  Scale Bar: 25µm.    B. Mean cell thickness heat maps for cells with 0%, 10%, 
20%, and 30% applied strain at 0h, 4h, 8h, and 24h time points (n = 8-11). C.  Post-
strain axial cell cross-sectional area (Ax) (mean ± standard deviation) (n = 8-11).  D.  
Post-strain transverse cell cross-sectional area (Ay) (mean ± standard deviation) (n = 
8-11).  E.  Post-strain cell volume (mean ± standard deviation) (n = 8-11).  F. Post-
strain actin alignment described with an orientation order parameter (OOP). Note: An 
OOP value of one represents perfect alignment while an OOP value of zero 
represents no alignment.  (mean ± standard deviation) (n = 8-28).  For C, D, E and F, 
two-way ANOVA (factors: time, strain) was used to analyze data. (*) indicates 
statistical significance between marked strain and the strain indicated by the (*) color 
(p<0.02). 
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the axial cell Cauchy stress increases, such that at the 0 hour time point the 

average cell Cauchy stress is 9.8±5.5kPa, 12.3±5.9kPa, 18.6±10.5kPa, and 

25.2±18.9kPa for 0%, 10%, 20%, and 30% applied strain, respectively.  Over the 

measured 24 hours, the axial stress in the cells exposed to chronic strain 

decreased, approaching the axial stress of the unstrained control (Fig. 14A).  

This result demonstrates that the VSMCs’ stress temporally re-equilibrates 

following a step change in strain.  The mean transverse Cauchy stress was 

approximately an order of magnitude smaller than the axial Cauchy stress and 

there was no significant difference between any of the strains at any one time 

point (Fig. 14B).  Individual cell axial Cauchy stress behavior displayed the 

inherent variability of single cells, but was qualitatively consistent (Fig. 14C-F). 
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To model VSMC mechano-adaptation, we fit our stress data with a set of 

simple linear growth laws (Eq. 18) that represent axial elongation (𝜆𝑔𝑥) and cell 

Figure 14.  Temporal cellular stress evolution. A. VSMC midplane axial Cauchy 
stress following a chronic step change applied strain.  Cauchy stress was calculated 
from experimental traction forces and cellular architecture (n = 19-92).  (mean ± 
standard deviation) (*) indicates statistical significance between marked data and 
data corresponding to the (*) color within the same time point (p<0.05).  B. VSMC 
midplane transverse Cauchy stress following a chronic step change applied strain.  
Cauchy stress was calculated from experimental traction forces and cellular 
architecture (n = 19-92).  (mean ± standard deviation).  No statistical significance was 
found between strains at the same time point.  C. Temporal axial cell Cauchy stress 
for individual cells after 0% applied strain.  Bold line is the data average.  D. 
Temporal axial cell Cauchy stress for individual cells after 10% applied strain.  Bold 
line is the data average.  E. Temporal axial cell Cauchy stress for individual cells after 
20% applied strain.  Bold line is the data average.  F. Temporal axial cell Cauchy 
stress for individual cells after 30% applied strain.  Bold line is the data average. 
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thickening (𝜆𝑔𝑦, 𝜆𝑔𝑧) in the zero-stress configuration (Fig. 15).  The model 

assumes that the cell grows in its stress-free configuration to maintain its stress 

in the loaded configuration at a specified target stress. We assumed that the 

stress being maintained was the axial stress (𝜎𝑥) and that the target stress (𝜎𝑜) 

was the average value of 𝜎𝑥 in the control cells, 9.7 kPa. The growth law time 

constants that best fit the data were 𝑇𝑥 = 1𝑀𝑃𝑎 ∙ ℎ and 𝑇𝑡 = 10𝐺𝑃𝑎 ∙ ℎ, 

respectively.  Consistent with the experimental data, the model exhibited an 

increase in cell stress immediately after applied strain, followed by a temporal 

decrease in cell stress approaching the target stress at 24h (Fig. 15A). The 

model predicted that VSMC growth is primarily axial (Fig. 15B), with very little 

transverse growth (Fig. 15C), consistent with the measured cross-sectional areas 

(see Fig 13D).  The axial and transverse deformations, characterized by the 

observed (𝜆𝑥, 𝜆𝑦 or 𝜆𝑧) and elastic stretch ratios (𝜆𝑥
∗ , 𝜆𝑦

∗  or 𝜆𝑧
∗  ) were in 

agreement with this finding and behaved according to 𝜆𝑖 = 𝜆𝑖
∗𝜆𝑔𝑖 as the axial 

elastic stretch ratio immediately increased with increasing applied strain and 

converged with time, while the transverse elastic stretch ratios deviated minimally 

from the transverse stretch ratio (Fig. 15D, E). 
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4.6 Discussion and Conclusion 

A cell’s mechanical state is determined by both the extrinsic forces applied 

to it by its surroundings and its own intrinsic stress generation. Thus, a cell can 

modify its stress by modulating the load borne by its surrounding extracellular 

matrix or by altering its intrinsic mechanics. Here, we aimed to directly study 

intrinsic adaptation by measuring temporal evolution of cellular stress following a 

Figure 15.  VSMC mechano-
adaptation law. A. Mechano-
adaptation law generated by the 
growth model to describe post-
strain temporal stress evolution 
(experimental data: translucent data 
points).  Target stress (𝜎𝑜) is 
represented by the black line at 
9.7kPa.  B. Axial growth stretch 
ratio (𝜆𝑔𝑥) for 10% (red), 20% 

(green), and 30% (blue) applied 
strain.  C. Transverse growth 
stretch ratio (𝜆𝑔𝑦,𝜆𝑔𝑧) for 10% (red), 

20% (green), and 30% (blue) 
applied strain.  D. Axial stretch ratio 

(𝜆𝑥) (solid line) and axial elastic 
stretch ratio (𝜆𝑥

∗ ) (dashed line) for 
10% (red), 20% (green), and 30% 
(blue) applied strain.  E. Transverse 
stretch ratio (𝜆𝑦,𝜆𝑧) (solid line) and 

transverse elastic stretch ratio 
(𝜆𝑦

∗ , 𝜆𝑧
∗) (dashed line) for 10% (red), 

20% (green), and 30% (blue) 
applied strain. Note: solid and 
dashed lines are nearly coincident. 
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mechanical perturbation, with the aim of providing insight necessary to develop 

better models of arterial growth and remodeling. 

Our results suggest that VSMCs have an ideal homeostatic target stress 

and that the cells act to re-establish this stress following mechanical perturbation.  

This finding is consistent with long-standing tissue-scale growth theory used to 

determine the source of residual stress in arteries [32, 38, 111].  Using a 

framework originally developed for these tissue models, we simulated a single 

VSMC as a body undergoing targeted volumetric growth to return the cell to 

mechanical homeostasis.  We assumed that growth could be measured as cell 

lengthening (axial growth), or thickening (transverse growth).  However, we found 

little change in cell volume over the course of our experiment.  This is 

inconsistent with vessel growth in vivo, where hypertensive vessels show 

significant cellular hypertrophy [148].  This may simply be because our 24 hour 

assay is too brief to capture slower developing cell hypertrophy. Or, it may be 

because our assay does not capture the deformations VSMCs undergo in 

hypertension.  The 0% applied strain cell volume does decrease some at the 24 

hour time point, however, there is no statistical difference between the 0% 0 hour 

volume and the 0% 24 hour volume.  We did measure significant mechano-

adaptation due to axial growth and found that it can be captured with a simple 

phenomenological linear growth law. Here, we aggregate all stress-altering 

cellular processes, such as cytoskeletal reorganization or changes in cytoskeletal 
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composition into a single “growth” tensor. Elucidation of the contributions of each 

of these mechanisms to the mechano-adaptation law requires further study. 

Similar studies have found that other cell types and unpatterned VSMCs 

respond to applied strain much more quickly than the VSMCs we measured here 

[151, 152].  This is unsurprising since VSMCs’ primary function is maintaining 

contractile tone over prolonged periods, which requires slower dynamics.  

Notably, our cells are maintained in complete serum starvation for 24 hours prior 

to and throughout the experiment, which has been shown to induce an in vivo-

like contractile phenotype and could also account for a slower temporal 

adaptation than previously observed [70, 152].  In serum, VSMCs switch to a 

synthetic phenotype, and it is likely that, had the experiments been performed in 

serum, we would have observed faster adaptation. Mechanical perturbation can 

also alter VSMC phenotype [136-138], suggesting an important role in mechano-

adaptation.  Modified laws that capture dynamic phenotype switching could 

provide more accuracy and greater mechanistic insight than the currently 

described phenomenological laws. Similar studies have also found that under 

some conditions, the traction forces can over-adapt, overshooting their original 

traction. This response could be modeled using hyper-restoration theory, which is 

similar to the model used here [40-42]. However, we did not observe overshoot in 

our cells.  

The assay presented here aims to recreate the changes in VSMC stress 

in a mechanically perturbed state like hypertension.  Our simplified mechanical 
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perturbation is a first-step at characterizing the complex in vivo VSMC mechano-

adaptation. However, it does not precisely recreate the mechanical environment 

of a VSMC in a hypertensive vessel.  For example, a step-change in pressure in 

the artery may not result in a simple step-change in VSMC strain and vascular 

pressure changes are more dynamic than the monotonic strain applied here.    

Previous studies have found that cell spread area, traction force, and orientation 

are altered by cyclic stretching [130, 131].  In addition, altering cyclic strain 

frequency has been found to alter ATP production in VSMCs [135].  Additionally, 

the change in endothelial shear stress caused by a step-change in vessel strain 

would initiate endothelial cell signaling aimed at returning the shear to 

homeostasis, in part, by endothelin-1 mediated VSMC contraction [153]. Thus, 

our assay underestimates the complexity that exists in vivo.  We micropatterned 

the VSMCs with an aspect ratio of four to mimic the elongated and highly 

organized structure of VSMCs in vivo.  However, VSMCs do not have uniform 

architecture.  Notably, in cerebral small artery bifurcations, where aneurysms 

often form, VSMCs have a range of architectures [154].  Previous studies have 

shown that VSMC’s architecture can affect their functional contractility [30, 69, 

155]. It is possible that architecture similarly affects mechano-adaptation rates in 

VSMCs, but we did not test for that here. 

 The model captures the experimental data well, however, there are 

several assumptions made in the model that could affect its accuracy. First, we 

assume a neo-Hookean strain energy density for a VSMC, which, given the 
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highly anisotropic organization of the actin cytoskeleton, is unlikely to accurately 

represent a micropatterned VSMC.  A neo-Hookean strain energy density was 

selected over a strain-stiffening strain energy density function, as our data 

suggests a linear relationship between stress and strain at the initial time point 

(see Fig. 14A).  An anisotropic and nonlinear constitutive description would likely 

change the parameters of the mechano-adaptation law, but the qualitative results 

would likely be consistent.  For the purposes of this model we chose to represent 

a single VSMC as an axisymmetric, pseudo-elastic, incompressible body 

undergoing uniaxial deformation and volumetric growth.  While we recognize that 

there are spatial differences in stress generation within a single cell that could be 

elucidated with finite element modeling, we present this model as a simple 

description of the holistic VSMC mechano-adaptation.  Currently, it is unclear 

whether force, stress, or strain is the mechanotransducer.  Here we used stress 

to be consistent with previous targeted growth models [32, 43, 111, 119].  While 

the experimental transverse stresses are not zero, they are small relative to the 

axial stresses, so the model assumes that they are zero.  For the purposes of our 

initial mechano-adaptation law, we wanted to model the cell as simply as 

possible, but recognize this could affect our model parameters.  Additionally, the 

model provides insight into the time-response and main direction of adaptation, 

axial (see Fig. 15C), but the parameters Tx and Tt, do not aid in interpreting the 

biological or physical mechanisms behind the observed temporal stress 

evolution, as they are aggregated parameters of all growth and remodeling 
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mechanisms.  However, future studies could tease apart these mechanisms and 

their effect on Tx and Tt by singling out and silencing cellular contractile 

mechanisms or including the known behavior of VSMC phenotype switching. 

A primary goal of computational modeling of vascular mechano-adaptation 

is to develop patient-specific models to aide physicians making treatment 

decisions.  Though current models are improving [156-158], the VSMCs’ 

temporal dynamics are not yet well enough understood to capture their 

contribution to maladaptive growth and remodeling in disease.  The methods and 

results presented here represent a first step toward development of more in-

depth theory for use in models of artery mechanics. 

 

 

Chapter 5. Substrate Dependent Vascular Smooth Muscle Cell 

Mechano-Adaptation Law 

5.1 Summary 

The vascular mechanical environment is highly dynamic on both short and 

long term time scales as it adapts to everything from the cardiac cycle to 

cardiovascular disease.  It is well established that cardiovascular disease, such 

as hypertension and atherosclerosis, perturb the healthy blood vessel 

environment and that VSMCs remodel themselves and the blood vessel as a 

result.  Current vascular models of arterial mechanics seek to improve patient 

treatments and outcomes by providing patient specific predictions to physicians.  
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However, most vascular models ignore the dynamic cellular behavior caused by 

disease initiated changes in the vascular mechanical environment.  Here, we 

sought to improve our understanding of these dynamic cellular behaviors by 

experimentally measuring and then modeling the VSMC temporal stress 

generation on substrates with different mechanical properties and after an 

applied chronic strain.  To capture this relationship, we applied a chronic step-

change in strain to individual VSMCs cultured on substrates with different moduli 

and measured their temporal stress evolution using our previously published 

technique [159].  We found that the VSMC target stress changes with substrate 

modulus and the substrate dependent mechano-adaptation law best captures the 

experimental stress evolution when the cell modulus is allowed to adapt to 

accommodate the changing target stress.  These findings provide a small piece 

of knowledge necessary to create patient specific vascular disease models for 

improved patient outcomes. 

 

5.2 Introduction 

 In the United States, CVD is responsible for more than 2,000 deaths each 

day [5]. A commonality among CVDs is their disruption of healthy vessel tissue 

mechanics, resulting in changes to VSMCs’ mechanical environment. For 

example, hypertension, which affects 33% of American adults [5], increases 

stress on VSMCs via elevated pressure and stiffer vessel environment [51]. 

Similarly, atherosclerosis, which affects 1.6% of American adults between the 
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ages of 33 and 45 [5] causes local vessel stiffening and softening [4, 50].  

 There are two primary ways VSMC mechanics are altered: changes 

internally, such as contractility and cytoskeleton remodeling and changes 

externally, such as externally applied loads and ECM mechanics.  Here, we 

examine how external factors affect internal stress generation. It is well-known 

that cells sense and then respond to substrate stiffness [26]. Extracellular 

stiffness influences cell motility [21, 28], stem cell differentiation [27], cytoskeletal 

organization [27, 29], and focal adhesion size [21]. In addition, VSMCs’ functional 

contractility increases with increasing substrate stiffness [160].  In hypertension, 

VSMCs hypertrophy and increase their collagen production, which increases 

vessel stiffness compared to healthy vessels (modulus: 30kPa) [9].  In 

atherosclerosis, VSMCs migrate from the media to the intima layer of the blood 

vessel and atherosclerotic plaques are composed of both soft, lipid pools 

(modulus: 50Pa – 300Pa) [4] and stiff, fibrous caps (modulus: ~900kPa) [4, 50].  

 Vascular mechano-adaptation is a long-term solution for adaptation to 

environmental changes, such as disease, injury, and hypoxia [9]. Growth and 

remodeling behavior in response to stress has been well characterized at the 

tissue-scale. For example, Fung and Liu showed that hypoxic rats with increased 

pulmonary artery blood pressure, resulted in arterial media and adventitia 

thickening [34]. Additionally, the zero-stress state of the artery changed and 

varied across artery locations [35]. Matsumoto and Hayashi showed similar 

results when they induced hypertension in rat aortas [36]. One model for tissue 
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mechano-adaptation assumes that the tissue acts to maintain a “preferred set of 

homeostatic stresses [32],” also referred to as target stresses. This was shown in 

hypertension rat aorta models, wherein acute changes in stress occurred, but 

after 56d the stress approached control values [33].  

 Recent in vitro experiments demonstrate that VSMC mechano-adaptation, 

following a chronic step change in strain, can be captured using linear growth 

laws, similar to those used for tissue growth and remodeling [159]. However, 

these laws were developed using cells seeded on substrates with a single 

modulus.  In vascular disease, such as hypertension or atherosclerosis, the 

vessel modulus is known to deviate from that of a healthy vessel (modulus: 

30kPa) [9].  Moreover, VSMCs functional contractility changes with changing 

ECM properties, suggesting that the target stress is dependent on substrate 

modulus [160].  To better capture pathophysiological VSMC mechano-

adaptation, it is necessary to examine the interacting effects of a changing 

extracellular stiffness, due to increased collagen content in the vessel wall or 

atherosclerotic lesions, and an initial mechanical perturbation of applied chronic 

strain. 

 Ultimately, mathematical mechano-adaptation models could provide 

powerful predictive tools for treating vascular disease. However, current models 

lack physiologically relevant parameters limiting their ability to predict patient 

relevant outcomes.  In vivo it is difficult to isolate the effects of external load and 

changing material properties on mechano-adaptation laws, however, in vitro 
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engineered systems can accomplish this.  Here, we generated a VSMC 

mechano-adaptation law from experimental determination of VSMC temporal 

stress evolution in response to an applied chronic step change in strain for 

VSMCs cultured on three different substrate moduli.  

 

5.3 Variable Substrate Modulus Chronic Strain Traction Force Microscopy 

Method 

5.3.1 Polyacrylamide Gel Modulus Determination 

Seven polyacrylamide gel recipes, each with a unique ratio of acrylamide 

to bis-acrylamide, were developed based on previously reported recipes [161].  

The polyacrylimde gel, acrylamide to bis-acrylamide ratio for 4.4kPa, 14.1kPa, 

21.6kPa, 23.3kPa, 46.7kPa, 68.5kPa, and 108.9kPa is 5:0.1, 7.5:0.175, 12:0.28, 

10:0.13, 12:0.28, 12:0.4, and 12:0.6, respectively.  A minimum of 4 

polyacrylamide gels formed in a bone shape were made for each polyacrylamide 

gel recipe.  Briefly, pre-polymer gel solution was made for each of the seven 

polyacrylamide gel recipes and 0.2% tetramethyethylenediamine (TEMED), 1M 

HCL to a pH of 7.0-7.4, and 0.05% ammonium persulfate (APS) was added to 

each of the pre-polymer solutions.  The activated polyacrylamide gel solution was 

immediately pipetted into custom made Teflon bone molds and polymerized at 

room temperature for 2 h.  The polymerized gels were rehydrated for 15 m with 

1X PBS, removed from the molds, and stored in 1X PBS.  Uniaxial tensile testing 

was performed on an Instron-Sacks planar biaxial system. Briefly, for each gel 



 

 71 

the beam dimensions were recorded, 5 fiducial marks were made along the 

beam surface, it was loaded into custom clamps, and submerged in 1X PBS for 

the duration of the tensile test.  Each gel was displaced 1 mm per 1 s for a total 

displacement of 100 mm or until the gel broke.  Images taken of the fiducial 

marks throughout the testing, force transducer data from the Instron, and gel 

dimensions were used to determine the Young’s modulus for each gel.  The 

Young’s modulus for each polyacrylamide gel recipe was determined from the 

average of the corresponding polyacrylamide gels.   

 

5.3.2 Construct Fabrication 

Constructs with three different substrate mechanics and either 0% or 20% 

applied strain were built. A polyacrylamide gel with one of three possible Young’s 

moduli, 14.1kPa, 23.3kPa, or 108.9kPa, was bound to an elastic membrane and 

fibronectin was micropatterned on its surface to allow for strain application of 

geometrically controlled cells as adapted from methods by Polio et al. [145, 146].  

Briefly, a prepolymer polyacrylamide gel solution was made according to the 

recipe for 14.1kPa, 23.3kPa, or 108.9kPa Young’s modulus with the addition of 

1% 0.2µm red fluorescent microspheres (ThermoScientific).  The surfaces of 

clean polydimethylsiloxane microfeature stamps (rectangular islands: 

34µmx117µm) were incubated for 1 h in 100µg/ml fibronectin resuspended in 

water.  Then stamps were air dried and placed into conformal contact with 

plasma treated glass coverslips for 30 min.  A solution of 10% benzophenone 
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was incubated on clean elastomer membranes secured by custom steel clamps 

for 1 min and then rinsed with methanol and degassed.  All steps involving 

benzophenone were performed with minimal light exposure. The degassed pre-

polymer polyacrylamide solution was activated with 0.2% TEMED, 10µg/ml N-

hydroxysuccinimide-acrylic acid ester (Sigma-Aldrich), 1 M HCL to a pH of 7.0-

7.4, and 0.05% APS.  Immediately following activation, 10 µl of polyacrylamide 

solution was placed on the elastic membrane and the glass coverslip was placed, 

fibronectin side down, on top of the droplet.  The polyacrylamide gel cured for 30 

min in UV light (Jelight 342) and then was rehydrated for 15min with 1X PBS.  

Then the glass coverslip was removed and the gels were passivated in 4% 

bovine serum albumin for 45 min at 37oC.  Polyacrylamide gels were incubated in 

1X PBS with 1% penicillin/streptomycin at 37oC for at least 48 h prior to seeding 

with VSMCs.  

 

5.3.3 Cell Culture 

Human umbilical artery vascular smooth muscle cells were acquired from 

Cell Applications at passage 3.  Cells were cultured in supplemented Medium 

199 at 37oC and 5% CO2.  Passages 5-8 were used for all experiments. 

 

5.3.4 Applied Chronic Strain 

Strain was applied along the long axis of VSMCs using a linear motor 

(Linmot, PS01-23x80F) to a final strain of 20%.  The custom steel clamps that 
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secure the variable modulus chronic strain construct were attached to the motor 

and the length of the construct along the axis corresponding to the long axis of 

the micropatterned cell was increased at 2% strain per second until 20% strain 

was achieved.  Strain was defined by, 𝜀 =  
𝑙

𝐿
− 1, where 𝑙 is the deformed length 

and 𝐿 is the undeformed length.  Control constructs (0%) were not strained.  The 

steel clamps were locked in place for the remainder of the experiment.  All 

reported strains are grip strains and have been previously shown to correlate 

strongly to construct strain [159].  

 

5.3.5 Variable Modulus Chronic Strain Traction Force Microscopy 

Experiment 

For each construct combination of substrate modulus (14.1kPa, 23.3kPa, 

and 108.9kPa) and strain (0%, 20%) and at each time point after strain 

application (0 h, 4h, 8h, 24 h) bright field images of each cell and fluorescent 

images of the substrate directly below the cell were taken on an Olympus 

IX81ZDC confocal microscope.  Cell culture conditions were maintained by an 

environmental chamber throughout imaging.  Constructs were returned to an 

incubator between time points.  The same VSMC was tracked across all time 

points.  After the last time point images were acquired cell nuclei were stained 

with Hoescht dye to confirm singularity.  Then cells were lysed with 100mM SDS, 

and fluorescent images of the substrate reference configuration were obtained 

for each cell. 
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5.4 Three-Dimensional Cell Morphology Quantification 

VSMCs cultured on variable modulus chronic strain constructs with 

substrates of either 14.1kPa, 23.3kPa, or 108.9kPa moduli and strained to either 

0% (control) or 20% were fixed and stained for cytoskeletal F-actin using 

standard immunohistochemistry techniques.  Briefly, VSMCs were fixed in 4% 

paraformaldehyde, permeabilized in 0.05% Triton, and blocked in 10% bovine 

serum albumin.  F-actin was stained with 488nm fluorophore-conjugated 

phalloidin (Thermo Fisher Scientific).  A Zeiss Mariannas upright confocal 

microscope was used to take Z-stack images of F-actin (minimum of 8 cells per 

condition).  Using custom Matlab code cell thickness and actin alignment were 

determined from the Z-stack images of F-actin as previously published [1, 20, 30, 

159].  Cell cross-sectional area and cell volume were calculated from imaged cell 

geometry.  Actin alignment was quantified with the orientation order parameter 

(OOP), such that a value of one represents perfect alignment and a value of zero 

represents no alignment as previously published [30, 159, 160]. 

 

5.5 Calculate Single Cell Cauchy Stress 

Particle image velocimetry was used to determine cell generated substrate 

displacement from pre and post lysis fluorescent substrate images [162].  

Polyacrylamide gel Young’s modulus was measured for each substrate (14.1kPa, 

23.3kPa, or 108.9kPa) and its Poisson’s ratio taken to be 0.5.  Fourier transform 

traction cytometry was used to determine substrate traction stress from the 
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substrate displacements [162].  The traction stress field was comprised of a grid 

of 𝑛 substrate traction vectors defined by 𝑻𝒏 = 𝑇𝑥
𝑛𝒆𝒙 +  𝑇𝑦

𝑛𝒆𝒚, where 𝑒𝒊 is the unit 

vector in the 𝑖 direction.  The total traction force for each component was 

calculated by as fi = ∑ (−Ti
nAn ri

n

|ri
n|

)n , where An is the area of discrete surface n, 

and 𝐫𝐧 = rx
n𝐞𝐱 + ry

n𝐞𝐲 is the vector that describes the location of surface n with 

respect to the cell center, and i = x, y.  Cell Cauchy stress was calculated, such 

that σi =
fi

2Ai
.  Statistics for cell Cauchy stress of all seven substrate moduli was 

determined using a one-way ANOVA with the Holm-Sidak test for pairwise 

comparisons. 

 

5.6 Substrate-Dependent Mechano-Adaptation Law Model 

5.6.1 Model Assumptions 

 Cells are assumed to undergo mechano-adaptation through volumetric 

growth [74].  This theory allows cells to grow and remodel to alter their stress 

state based on an evolving zero-stress configuration (see Fig. 11).  We modeled 

cells as pseudo-elastic incompressible bodies exposed to axisymmetric uniaxial 

deformation and volumetric growth. 

 

5.6.2 Deformation and Growth 

 Cells exhibit a basal level of internal stress, thus a pre-stress was 

assumed relative to the cell stress-free configuration while still adhered to the 
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substrate, 𝐵 (see Fig. 11).  Stress is assumed to be generated due to changes in 

cell morphology, size, contraction, or structural remodeling.  Each of these 

modes is defined as “growth” in the context of this model.  Growth is modeled by 

first assigning a configuration, 𝐵𝑑, that exists separate from the substrate and is 

only different from configuration 𝐵, except there are no external constraints (see 

Fig. 11).  Growth is allowed to occur in the unconstrained state (𝐵𝑑), thus this 

configuration remains stress-free. This stress-free deformation generated by 

growth prior to time=0 is defined by the growth tensor 𝐆(𝟎) and the post-growth 

stress-free configuration is 𝐵𝑔(0) (see Fig. 11).  The observed deformation 

between 𝐵 and 𝑏(0), 𝐅(𝟎), is small, because the cell is bound to the substrate 

surface and thus assumed to be equal to the identity tensor, 𝐈 (see Fig. 11).  

𝐅∗(0), is defined as the elastic deformation between the grown zero-stress 

deformation to the observed deformation, 𝑏(0)).  Therefore, 𝐅∗(𝟎) = 𝐆−𝟏 at 

time=0 (see Fig. 11). 

 The observed cell deformation from 𝑏(0) to a new loaded state 𝑏(𝑡)  that 

occurs due to experimentally applied membrane stretching, is described 

by 𝐅(𝐭)(see Fig. 11).  The growth that occurs in response to the deformation 

occurs in the stress-free configuration and growth occurring between time=0 and 

time=t is described by 𝐆(𝐭) (see Fig. 11).  Therefore, the total growth is  

determined by 𝐆 = 𝐆(𝐭) ∙ 𝐆(𝟎).  The observed deformation at time=t is a function 

of the total growth and the elastic deformation at time=t, such that 𝐅(𝐭) = 𝐅∗(𝐭) ∙

𝐆. 
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 The observed deformation is described by 𝐅(𝑡) = 𝑑𝑖𝑎𝑔[𝜆𝑥, 𝜆𝑦, 𝜆𝑧], where 𝜆𝑖 

is the stretch ratio in the 𝑖 direction, since the stretched cells are assumed to 

undergo shear-free axisymmetric uniaxial deformation.  The Cartesian coordinate 

system is defined, such that the 𝑥-axis is parallel to the cell’s long axis, 𝑦-axis is 

parallel to the cell’s short axis, and the 𝑧-axis is normal to the membrane surface.  

Similarly, the growth tensor and elastic deformation tensor can be described by 

𝐆(𝐭) = 𝑑𝑖𝑎𝑔[𝜆𝑔𝑥, 𝜆𝑔𝑦, 𝜆𝑔𝑧] and 𝐅∗(𝐭) = 𝑑𝑖𝑎𝑔[𝜆𝑥
∗ , 𝜆𝑦

∗ , 𝜆𝑧
∗ ], respectively, where 

𝜆𝑖 = 𝜆𝑖
∗𝜆𝑔𝑖.  The VSMC and substrate is treated as incompressible, therefore 

𝜆𝑥
∗ 𝜆𝑦

∗ 𝜆𝑧
∗ = 1. 

 

5.6.3 Material Constitutive Laws 

 The constitutive equations for partial Cauchy stress of an incompressible, 

pseudoelastic material are defined by equation 15 (reprinted here for 

convenience) 

 

𝜎𝑖 = 𝜆𝑖
∗ 𝜕𝑊

𝜕𝜆𝑖
∗ − 𝑝,  (15) 

where 𝑊 is the strain-energy density function of the material, and 𝑝 is a 

Lagrange multiplier, and 𝜆𝑖
∗ is the stretch ratio in the direction 𝑖 relative to the 

zero-stress state. A Neo-Hookean solid strain energy density is assumed and 

defined by equation 16 (reprinted here for convenience),  

𝑊 =
𝜇

2
(𝐼1

∗ − 3), (16) 
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where 𝜇 is the shear modulus, taken to be 10kPa for case one [1] and dependent 

on substrate modulus in case 2, such that the cell modulus is 113.7kPa, 

118.8kPa, and 59.4kPa for 14.1kPa, 23.3kPa, and 108.9kPa substrate moduli, 

respectively, and 𝐼1
∗ is the first strain invariant with respect to the zero-stress 

configuration, given by  𝐼1
∗ = 𝜆𝑥

∗2 + 𝜆𝑦
∗2 + 𝜆𝑧

∗2.  

 

5.6.4 Equilibrium 

 The deformation was assumed to be axisymmetric uniaxial shear-free 

stretching defined by experimentally defined deformations 𝜆𝑥 and 𝜆𝑦.  The cell 

top surface is free, 𝜎𝑧 = 0, thus the in-plane stresses are defined by equation 17 

(reprinted here for convenience) 

𝜎𝑖 = 𝜇(𝜆𝑖
∗2 − 𝜆𝑧

∗2), (17) 

where 𝑖 = 𝑥, 𝑦. 

 

5.6.5 Parameter Study 

5.6.5.1 Case One: Cell Pre-Strain Alteration 

 The case one parameter study examined the effect of target stress, due to 

the different substrate moduli, on the axial growth stretch ratio at t=0 for a range 

of cell moduli (0.01kPa-10,000kPa). We assumed that 𝜆𝑔𝑦 = 𝜆𝑔𝑧 = 1 at t=0 and 

assigned constant axial and transverse time constants across all substrate 

moduli conditions (4.4kPa, 21.6kPa, 23.3kPa, 46.7kPa, 68.5kPa, and 108.9kPa), 

1MPa·h, and 10GPa·h, respectively, based on a previously published 
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experimentally determined VSMC mechano-adaptation law [159].  The value of 

𝜆𝑔𝑥0, was solved using equation 3, such that 𝜎𝑥 = 𝜎𝑜.  This was done for the 

entire reported parameter space of all seven substrate moduli and seven cell 

moduli 

 

5.6.5.2 Case Two: Cell Modulus Alteration 

The case two parameter study examined the effect of target stress, due to 

different substrate moduli, on the cell modulus for a range of axial growth stretch 

ratio at t=0 (0.1-0.8).  As in case one, we assumed that 𝜆𝑔𝑦 = 𝜆𝑔𝑧 = 1 at t=0 and 

assigned constant axial and transverse time constants across all substrate 

moduli conditions (4.4kPa, 21.6kPa, 23.3kPa, 46.7kPa, 68.5kPa, and 108.9kPa), 

1MPa·h, and 10GPa·h, respectively, based on a previously published 

experimentally determined VSMC mechano-adaptation law [159].  We solved for 

the cell modulus using equations 15 and 18 at t=0 and when 𝜎𝑥 = 𝜎𝑜.  In this 

case, the cell modulus was evaluated for the entire reported parameter space of 

all seven substrate moduli and eight axial growth ratios at t=0. 

 

5.6.6 Substrate Dependent Mechano-Adaptation Laws 

 We assume that growth occurs to maintain circumferential wall stress at a 

target stress, as previously published [105, 118].  Due to the in vivo VSMC 

configuration, where VSMCs long axis is wrapped circumferentially around the 

vessel, we assume 𝜎𝑥, is the direction of the maintained target stress.  We allow 
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for growth to occur in the axial (𝑥) and transverse (𝑦, 𝑧) direction and described 

by the growth laws in equation 18 (reprinted here for convenience), 

 

�̇�𝑔𝑥

𝜆𝑔𝑥
=

1

𝑇𝑥
(𝜎𝑥 − 𝜎𝑜),                     

�̇�𝑔𝑦

𝜆𝑔𝑦
=

�̇�𝑔𝑧

𝜆𝑔𝑧
=

1

𝑇𝑡
(𝜎𝑥 − 𝜎𝑜),  (18) 

 

where 𝜎𝑜 is the target stress, �̇�𝑔𝑖 is the rate of change of the growth stretch ratio 

𝜆𝑔𝑖, and 𝑇𝑥, 𝑇𝑡 are time constants associated with axial and transverse growth 

rate, respectively.  Both time constants 𝑇𝑥, 𝑇𝑡 values were specified as 1MPa·h 

and 10GPa·h, respectively, based on previously published experiments [159]. 

 

5.6.7 Solution Method 

The target stress (𝜎𝑜) was assumed to be dependent on the substrate 

modulus and calculated as the mean control stress for the 24 hour experimental 

period for each respective substrate moduli.  For case one, the cell modulus was 

specified as 10kPa as determined in a prior publication [159]. The axial growth 

stretch ratio at time = 0, 𝜆𝑔𝑥0, is dependent on the target stress [Eq. 18], which 

was experimentally determined to be dependent on the substrate modulus (see 

Fig.16B).  Therefore, 𝜆𝑔𝑥0 for each substrate modulus condition, 14.1kPa, 

23.3kPa, and 108.9kPa, was solved as described in the case one parameter 

study for a cell modulus of 10kPa and determined to be 0.424, 0.416, and 0.556, 

respectively. Whereas, for case two, 𝜆𝑔𝑥0 = 0.87 as determined in a prior 

publication [159].  The cell modulus is dependent on the target stress [Eq. 17], 
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which was experimentally determined to be dependent on the substrate modulus 

(see Fig. 16B). Therefore, cell modulus for each substrate modulus condition was 

determined to be 113.7kPa, 118.8kPa, and 59.4kPa for 14.1kPa, 23.3kPa, and 

108.9kPa, respectively.  We assumed that 𝜆𝑔𝑦 = 𝜆𝑔𝑧 = 1 at t=0 for both cases.  

To mimic the experimental method, a step change along the long axis was 

applied, such that 𝜆𝑥 = 1.2.  Then the mechano-adaptation laws [Eq. 18] and cell 

stress were solved for using finite differences and equation 17. 

  

5.7 Results 

5.7.1 Vascular Smooth Muscle Cell Contractility Depends on Substrate 

Modulus 

To understand the relationship between substrate modulus and single 

VSMC force generation, we micropatterned single VSMCs on polyacrylamide 

gels of different substrate modulus and used standard traction force microscopy 

methods to determine their stress generation.  Representative cells 

micropatterned on each of the substrate moduli, 4.4kPa, 14.1kPa, 21.6kPa, 

23.3kPa, 46.7kPa, 68.5kPa, and 108.9kPa, are shown in figure 16A.  The 

substrate displacements are higher on the softer gels, 4.4kPa and 14.1kPa, 

compared to the stiffer gels, 68.5kPa and 108.9kPa (Fig. 16B).  We found that 

there is an optimal substrate modulus that results in the highest stress 

generation, such that the largest axial cell stress values, 61.8±25.3kPa and 

62.5±23.1kPa, occur when VSMCs are cultured on substrates with moduli of 
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21.6kPa and 23.3kPa, respectively (Fig. 16B).  Whereas, we found that the 

smallest axial cell stress values, 36.4±15.3kPa, 29.8±23.1kPa, and 

53.7±22.5kPa, occur on the softest and the stiffest substrate moduli 4.4kPa and 

68.5kPa, and 108.9kPa, respectively. 

 
 

 

Figure 16. Single cell target stress is 
dependent on substrate modulus.  A. 
Bright field images of representative cells 
cultured on polyacrylamide gels with 
different substrate moduli (left column) 
and average substrate displacement 
heat maps (right column) of cells 
cultured on polyacrylamide gels with 
different substrate moduli. Scale Bar: 
25µm.  B. Axial cell Cauchy stress of 
VSMCs cultured on polyacrylamide gels 
with different substrate moduli. 
Mean±SD. * p< 0.05 compared to cell 
Cauchy stress for 68.5kPa substrate 
modulus. 



 

 83 

5.7.2 Cell Architecture in Strained Vascular Smooth Muscle Cells Cultured 

on Different Substrate Moduli   

To evaluate the internal cell stress generation and understand the effects 

of substrate modulus and applied chronic strain on the cellular cytoskeleton, we 

stained single, micropatterned VSMCs for F-actin at 0% and 20% applied chronic 

strain and cultured on substrates with 14.1kPa, 23.3kPa, and 108.9kPa moduli.  

Representative bright field and fluorescent images of VSMCs exposed to each 

condition permutation at time 0 h are shown in figure 17A and figure 17B.  VSMC 

axial cross-sectional area (Ax), transverse cross-sectional area (Ay), and volume 

was determined from experimentally measured cell thickness, width, and height 

accordingly (Fig. 17C-E).  The VSMC axial cross-sectional area (Ax), transverse 

cross-sectional area (Ay), and volume did not display a trend when comparing 

results either temporally or across different substrate moduli (Fig. 17C-E).  The 

lack of a temporal trend in cell volume for all substrate moduli conditions 

indicates that the cell deformation was relatively incompressible (Fig. 17E).  To 

evaluate any post-strain cytoskeletal remodeling, the F-actin alignment was 

characterized for all conditions using an orientation order parameter (OOP) [30].  

We found no temporal trends in the OOP across any condition, indicating that 

realignment of the actin cytoskeleton did not occur (Fig. 17F).    



 

 84 

 

Figure 17. Cell structure characterization.  A. Bright field images of representative 
micropatterned VSMCs on either 14.1kPa, 23.3kPa, and 108.9kPa, substrate moduli 
and either 0% or 20% applied chronic strain.  Scale bar: 25µm.  B. 
Immunofluorescent F-actin images of representative micropatterned VSMCs on either 
14.1kPa, 23.3kPa, or 108.9kPa, substrate moduli and either 0% or 20% applied 
chronic strain.  C. VSMC axial cross-sectional area (Ax) for VSMCs micropatterned on 
either 14.1kPa, 23.3kPa, or 108.9kPa, substrate moduli and either 0% or 20% 
applied chronic strain.  (mean ± standard deviation) (n=5-20). D. VSMC transverse 
cross-sectional area (Ay) for VSMCs micropatterned on either 14.1kPa, 23.3kPa, or 
108.9kPa, substrate moduli and either 0% or 20% applied chronic strain.  (mean ± 
standard deviation) (n=5-20). E. VSMC volume for VSMCs micropatterned on either 
14.1kPa, 23.3kPa, or 108.9kPa, substrate moduli and either 0% or 20% applied 
chronic strain.  (mean ± standard deviation) (n=5-20). F. VSMC actin alignment for 
VSMCs micropatterned on either 14.1kPa, 23.3kPa, or 108.9kPa, substrate moduli 
and either 0% or 20% applied chronic strain.  (mean ± standard deviation) (n=8-14). 
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5.7.3 Vascular Smooth Muscle Cell Traction Force and Cell Stress 

Evolution on Different Substrate Moduli 

We wanted to understand the functional contractility response of VSMCs 

on different substrate moduli, so we measured the temporal cell generated axial 

and transverse traction forces for cells on three different substrate moduli 

(14.1kPa, 23.3kPa, and 108.9kPa) and after applying either 0% or 20% chronic 

strain (Fig. 18A, B). We found that the axial cell traction force for cells was the 

highest on the 23.3kPa substrate across all time points of the 20% applied 

chronic strain compared to the highest and lowest substrate moduli (14.1kPa and 

108.9kPa) 20% applied chronic strain.  For example, the 0 hour 20% applied 

strain average axial traction force was 6.8µN, 7.6µN, and 5.0µN for 14.1kPa, 

23.3kPa, and 108.9kPa substrate moduli, respectively (Fig. 18A).  Furthermore, 

for all substrate moduli the 20% applied chronic strain cells displayed increased 

axial traction force immediately following the application of strain compared to 

their respective controls (Fig. 18A).  The transverse cell traction force was 

approximately an order of magnitude smaller than the axial cell traction force 

(Fig. 18B).  

To elucidate the mechano-adaptation response of VSMCs on different 

substrate moduli, we calculated the internal midplane axial and transverse cell 

Cauchy stress from the experimentally determined axial and transverse cell 

traction forces and axial and transverse cross-sectional areas, respectively (Fig. 

18C, D).  Overall, the VSMCs cultured on substrates with either 14.1kPa and 
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23.3kPa substrate modulus exhibited higher axial cell Cauchy stresses when 

compared to the corresponding time point and applied strain condition of the 

axial cell Cauchy stress of the VSMCs cultured on the stiffest substrate moduli 

(108.9kPa) (Fig. 18C).  We found that the axial cell Cauchy stress for  20% 

applied strain was higher than the cell Cauchy stress for 0% applied strain for all 

three substrate moduli conditions at the 0 hour and 4 hour time points (Fig. 18C). 

Initially, there is an increase in axial cell stress immediately following the 

application of 20% strain for all substrate moduli conditions, such that the 0 hour 

20% applied strain axial cell Cauchy stress is 137.6±44.3kPa, 95.6±60.4, and 

86.2±94.4kPa compared to the 0 hour 0% applied strain axial cell Cauchy stress 

which is 66.7±38.9kPa, 71.9±36.4kPa, and 32.8±39.2 for 14.1kPa, 23.3kPa, and 

108.9kPa, respectively (Fig. 18C).  Over the 24 hour experimental time course, 

the elevated 20% applied strain cell Cauchy stress values approach the cell 

Cauchy stress values of their respective controls (0% applied strain) (Fig. 18C).  

We found that the transverse cell Cauchy stresses were much smaller than the 

axial cell Cauchy stresses (Fig. 18D).  
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Figure 18. Temporal substrate dependent cell traction force and stress evolution.  A.  
VSMC total axial traction force for VSMCs micropatterned on 14.1kPa, 23.3kPa, or 
108.9kPa, substrate moduli and after 0% or 20% chronic strain is applied.  (mean ± 
standard deviation) (n=5-45).  B. VSMC total transverse traction force for VSMCs 
micropatterned on either 14.1kPa, 23.3kPa, or 108.9kPa, substrate moduli and after 
either 0% or 20% chronic strain is applied.  (mean ± standard deviation) (n=5-45).  C. 
VSMC midplane axial Cauchy stress for VSMCs micropatterned on either 14.1kPa, 
23.3kPa, or 108.9kPa, substrate moduli and after either 0% or 20% chronic strain is 
applied.  (mean ± standard deviation) (n=5-45).   D. VSMC midplane transverse 
Cauchy stress for VSMCs micropatterned on either 14.1kPa, 23.3kPa, or 108.9kPa, 
substrate moduli and after either 0% or 20% chronic strain is applied.  (mean ± 
standard deviation) (n=5-45).    
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5.7.4 Substrate Dependent Vascular Smooth Muscle Cell Mechano-

Adaptation Law 

For the development of a substrate dependent VSMC mechano-

adaptation law, we began by performing a small parameter study on two 

parameters that affect target stress in our model, the growth stretch ratio at the 0 

hour time point and the cell modulus.  For case one, we calculated the axial 

growth stretch ratio at the 0 hour time point with a defined cell modulus for the 

experimental target stress (average stress for all 0% time points) of each 

substrate modulus (Fig. 19A).  We found, that as the cell modulus increases, the 

growth stretch ratio at the 0 hour time point increases until it approaches one, 

suggesting a stiffer cell requires less growth activity than a softer cell to yield the 

same target stress (Fig. 19A).  The substrate moduli that correspond to the 

largest target stress (21.6kPa and 23.3kPa, Fig. 16B) have the lowest growth 

stretch ratio at time 0, thus indicating more growth activity, within the same cell 

modulus value (Fig. 19A).  For case two, the cell modulus was calculated with a 

defined growth stretch ratio at the 0 hour time point for the experimental target 

stress (average stress for all 0% time points) of each substrate modulus (Fig. 

19B).   

The case one substrate dependent VSMC mechano-adaptation law was 

modeled using the growth stretch ratio at time point 0 (cell modulus = 10kPa) that 

corresponded to the case one parameter study value for each substrate moduli 

(14.1kPa, 23.3kPa, 108.9kPa) (Fig. 19C).  Whereas the case two substrate-



 

 89 

dependent VSMC mechano-adaptation law was modeled using the cell modulus 

(growth stretch ratio at time 0 hour = 0.87) that corresponded to the case two 

parameter study value for each substrate moduli (14.1kPa, 23.3kPa, 108.9kPa) 

(Fig. 19D).  The cell modulus value of 10kPa for case one and the growth stretch 

ratio at time 0 hour of 0.87kPa for case two were taken from a previously 

published experimentally determined VSMC mechano-adaptation law [159]. 

While both substrate dependent VSMC mechano-adaptation laws, derived from 

either case one or case two, captured the general experimental trend of the 

VSMC temporal stress evolution, case two fits the experimental data best (Fig. 

19C, D).  We found that the experimental substrate dependent VSMC mechano-

adaptation temporal stress evolution in response to applied chronic strain is best 

modeled by linear growth law that modifies its target stress, which is dependent 

on the substrate modulus, via the cell modulus (Fig. 19C, D).  
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Figure 19. Substrate dependent VSMC mechano-adaptation law.  A.  Growth stretch 
ratio at time 0 hour parameter study for all substrate moduli and varying cell modulus 
values (see legend).  B. Cell modulus parameter study for all substrate moduli and 
varying growth ratios at time 0 hour.  C. Case one substrate-dependent VSMC 
mechano-adaptation law (lines) and axial Cauchy stress for VSMCs micropatterned 
on 14.1kPa, 23.3kPa, or 108.9kPa, substrate moduli and after 20% chronic strain is 
applied (points).  (mean ± standard deviation) (n=5-45).   D. Case two substrate-
dependent VSMC mechano-adaptation law (lines) and axial Cauchy stress for 
VSMCs micropatterned on 14.1kPa, 23.3kPa, or 108.9kPa, substrate moduli and 
after 20% chronic strain is applied (points).  (mean ± standard deviation) (n=5-45).    
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5.8 Discussion and Conclusion 

For the past several decades people have been modeling cell and tissue 

vascular remodeling in response to mechanical perturbations [9, 32, 93, 95, 119].  

Over time, these models have become more biologically relevant as they shifted 

from a bulk analysis of the artery to a rule-of-mixtures methodology [113-119].  

Models that employ rule-of-mixtures, model each component, such as cells, 

collagen, and elastin, separately and then combine the individual micro-scale 

remodeling behavior to determine the behavior at the macro-scale.  Therefore, 

models using this technique are only as good as the equations that define each 

component.  Specifically, for arterial modeling the mechanics of the extracellular 

matrix components, collagen and elastin, have been extensively studied and are 

well understood [163-166].  However, the cellular component of these models, 

VSMCs, is often simply modeled as a constant.  While this is a good starting 

point, it fails to capture the highly dynamic interaction between VSMCs and their 

external environment.  For example, we showed that VSMCs’ contractility 

changes depending on the modulus of the substrate they are cultured on.  

Furthermore, in vivo VSMCs produce collagen in response to vascular 

mechanical trauma or growth factors that may result in a locally stiffer ECM, 

which will further alter their contractility [51, 167].  Here, we made a first attempt 

at capturing and mathematically describing the dynamic relationship between 

VSMC mechano-adaptation and substrate mechanics.  
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Our data demonstrate that VSMC growth and remodeling behavior is 

highly dynamic and dependent on both the substrate mechanics and externally 

applied loads. Numerous studies have looked at the effects of substrate modulus 

on a wide range of cellular responses.  For example, VSMC migration in vivo and 

in silico studies, which similarly depend on cell force generation, report a biphasic 

relationship between substrate modulus and migration speed [21, 82].  Engler et 

al. found that substrate modulus affects stem cell lineage, such that 

mesenchymal stem cells were driven towards neuron-like cells on soft substrates 

and osteoblast-like cells on stiff substrates [27].   VSMC proliferation is higher on 

stiffer collagen fibrils then softer collagen fibrils, indicating a linear relationship 

between proliferation and substrate modulus [55].  Peyton et al. showed a direct 

linear relationship between substrate modulus and both cell spread area and 

focal adhesion associated vinculin [21].  We show that substrate modulus affects 

the VSMC homeostatic stress, or target stress, and the relationship is biphasic.   

Here, we modified our previously published model for VSMC mechano-

adaptation to incorporate substrate dependent effects on VSMC mechano-

adaptation [159].  Specifically, substrate modulus effects on VSMC target stress.  

We found that substrate dependent VSMC mechano-adaptation is best captured 

by adapting the cell modulus to account for the changing target stress caused by 

the varying substrate mechanics.  This is supported by Janmey et al; who have 

shown, using atomic force microscopy, that fibroblasts cultured on stiffer 

substrates exhibit a higher cell modulus than fibroblasts cultured on softer 
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substrates [168].  Overall, these data were used to experimentally characterize 

the substrate dependent effects on VSMC growth and remodeling using a simple 

linear growth law and tuning the cell modulus based on the substrate modulus. 

While this VSMC mechano-adaptation law is a step towards a more 

accurate mathematical description of VSMC growth and remodeling behavior, it 

still falls short of perfectly replicating the in vivo state.  Our experimental method 

is currently unable to incorporate the co-culture of any other cell types that, in 

vivo, play a role in VSMC contraction signaling pathways, such as endothelial 

cells that release the vasoconstrictor endothelin-1 [153].  Furthermore, the 

applied mechanical perturbation of a 20% chronic strain attempts to mimic the 

mechanical perturbations in the vessel wall of a hypertensive artery. However, an 

increase in luminal pressure would likely result in a more complicated strain map 

than a simple step-change along the VSMC long axis. To control VSMC 

morphology, we microprinted fibronectin islands onto the substrate, but in vivo 

there are many different ECM proteins that cells bind to, such as collagen and 

laminin, that could affect VSMC function [30].  In future studies, other ECM 

proteins could be incorporated within the micropattern.  Our current system 

applies a chronic strain.  However, the blood vessel wall and thus VSMCs are 

exposed to cyclic stretching in the human body.  Cyclic strain has been shown to 

affect cell area, alignment, and traction force [130, 131].  Our assay fails to 

capture the in vivo complexity, but instead is a first step in mimicking the in vivo 

vascular environment.  The model used to capture the observed experimental 
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behavior assumes a neo-Hookean strain energy density for VSMCs.  However, 

this is likely too simplistic, because a micropatterned VSMC’s actin cytoskeletal 

organization is anisotropic [169].  Additionally, the model does not take into 

account the transverse cell Cauchy stresses as they are much smaller relative to 

the axial cell Cauchy stresses.  Future studies could incorporate many of these 

discrepancies between our method and the in vivo environment, but the work 

presented here is providing the initial steps towards improving our understanding 

of VSMC mechano-adaptation. 

The ultimate goal of vascular mechanical modeling is to provide 

physicians with patient-specific models that accurately predict disease 

progression and aid in treatment decisions.  To realize this goal, the current 

models must include more biologically relevant parameters, specifically a more 

representative cellular response.  Based on these findings, it is important for 

future arterial mechanical models to consider cell dynamics.  Specifically, it is 

important to incorporate the ever-changing relationship between VSMC 

mechano-adaptation and substrate modulus.  Here, we have made a first step 

towards improving our understanding of these cell responses within the context 

of vascular disease with the hopes improving patient-specific models for better 

patient care. 
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