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INTRODUCTION
The primary etiology of pulpal and periradicular disease has been well established
as that of microorganisms (Kakehashi et al., 1965, Möller et al., 1981, Lin et al., 2006).
Therefore, the purpose of endodontic treatment is to achieve thorough debridement and
disinfection of the root canal system. This is performed through the combined use of
mechanical instrumentation of the canal system and delivery of intracanal medicaments
or irrigants (Schilder, 1974). Microorganisms surviving instrumentation and irrigation
may rapidly increase in number (Bystrom et al., 1985), which supports the need to
develop consistently effective protocols at reducing the microbial bioburden to levels
compatible with periradicular healing (Siqueira et al., 2011).
Primary root canal infections are polymicrobial, typically dominated by obligate
anaerobic bacteria (Sundqvist et al., 1994). Frequently isolated microorganisms before
treatment include Gram-negative anaerobic rods, Gram-positive anaerobic cocci, Grampositive anaerobic and facultative rods, Lactobacillus species and Gram-positive
facultative Streptococcus species (Sundqvist et al., 1994). Many facultative bacteria such
as Lactobacillus, Enterococci, and Streptococci are difficult to eradicate once established
(Chavez de Paz et al., 2010). As the techniques utilized to identify endodontic pathogens
develop, the microbial profile will continue to become more diverse (Rocas et al., 2010;
Chugal et al., 2011; Siqueira et al., 2011).
The root canal represents a special environment in which selective pressures
influence the colonization of a select group of oral microbes (Sundqvist, 1992). As a
complex biofilm, the community has many advantages over a planktonic, single species
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community. A physical barrier to chemical disinfection, as well as the exchange of
resistance factors significantly contributes to pathogenesis (Siqueira et al., 2009). The
prevalence of biofilms in treated and untreated teeth with apical periodontitis was found
to be 77%, and meets the criteria to be included as a biofilm induced disease (Ricucci and
Siqueira, 2010).
Removal of contaminated canal contents and biofilms by mechanical preparation
alone are limited. Irregular cross sections, lateral canals, and apical deltas are mostly
inaccessible to mechanical preparation (Siqueira et al., 1997). Therefore, the use of
chemical dissolution and disinfection of these regions is necessary. Many studies have
demonstrated the efficacy of sodium hypochlorite in providing these functions (Hand et
al., 1978; Rosenfeld et al., 1978). However, adverse cytotoxic outcomes have been
reported with its use (Joffe et al., 1991), as well as reports of allergic hypersensitivity
(Kaufman et al., 1989).
The ideal irrigant with broad spectrum antimicrobial activity, ability to dissolve
pulp tissue remnants, inactivate endotoxin, remove smear layer, and be systemically
nontoxic to periodontal tissues does not yet exist (Zehnder, 2006). MTAD, a final
irrigation solution containing 3% doxycycline, 4.25% citric acid, and 0.5% Tween-80 has
been shown to remove smear layer on extracted human teeth and provides broad
spectrum antimicrobial activity (Torbinejad et al., 2003). QMiX, a final irrigation
solution containing; bisbiguanide, calcium chelating agent, cetrimide surfactant, and
saline has demonstrated efficacy at removing smear layer and disinfecting dentin tubules
(Wang et al., 2013). SmearClear, a smear layer removing irrigant containing EDTA,
2

cetrimide and water, has been shown to remove smear layer efficiently in an ex-vivo,
split-tooth model (Andrabi et al., 2013).
The purposes of this study are to; demonstrate the use of a novel polymicrobial
biofilm model to test endodontic irrigants, measure the susceptibility of a biofilm to
individual irrigant treatment groups, and to characterize the responses visually through
scanning electron microscopy (SEM) and laser confocal microscopy.
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LITERATURE REVIEW

It is well established that colonization of bacteria in the root canal system is the
primary etiology of periradicular inflammation. W.D. Miller raised the hypothesis that
bacteria are the causative factors of diseases of endodontic origin (Miller, 1894). He
noted the occurrence of bacteria in root canals with associated pathologic conditions.
However, the causal relationship between microorganisms and periradicular diseases was
to be demonstrated later. In a classic study by Kakehashi et al. (1965), it was
demonstrated that periradicular inflammation developed in conventional laboratory rats
but not in germ-free rats with surgically exposed pulps. In the conventional laboratory
rats, oral microbes were introduced into the pulp tissue and caused pulpal inflammation,
necrosis, and subsequently periradicular inflammation 1 to 42 days following surgical
exposure. In the germ-free rats, neither necrosis or periradicular inflammation
developed. Further support of this connection between microbial contamination and
diseased pulps and periradicular tissues was presented by Möller et al (1981). In their
monkey study, uninfected devitalized pulps would not cause periradicular inflammation
six to seven months after pulp devitalization, while severe periradicular inflammation
developed in devitalized pulps contaminated with oral microorganisms. Lin et al (2006)
demonstrated similar findings in a dog study. These studies demonstrate that necrotic
pulp tissue will not cause periradicular inflammation unless bacteria are introduced into
the canal system. Therefore, ample evidence exists that microorganisms play a primary
role in the etiology of periradicular diseases. With this causal relationship established,
4

the focus then turns to characterizing the microorganisms involved and how best to
eliminate them from the canal system.

Speciation and Characterization
The detection, numeration and characterization of endodontic microorganisms have
evolved tremendously since Miller’s use of light microscopy and aerobic culture
conditions (Miller, 1894). Sterile, anaerobic sampling techniques to isolate and identify
bacteria in necrotic pulps resulting from trauma, was presented by Wittgow et al (1975).
Their use of anaerobic sampling and culturing demonstrated 50% of the samples
contained three or more distinct species. Further application of anaerobic techniques has
shown that a majority of endodontic microorganisms are anaerobes (Sunqvist, 1976).
The significance of these techniques is emphasized, in that, the relative number of
obligate anaerobes increases with time (Fabricius et al., 1982).
Early culturing studies utilizing light microscopy characterized primary endodontic
infections as polymicrobial, and those of persistent infections to have fewer species
present, and more of them to be anaerobic (Sundqvist et al., 1992; Sundqvist and Figdor,
2003).
Newer molecular techniques have greatly increased the number of species
identified within contaminated canal systems (Siqueira et al., 2001). These molecular
techniques rely on the amplification of small amounts of DNA or 16sRNA, and
immunohybridization or pyrosequencing (Siqueira, 2002). The advantage of using this
newer technology is the detection of previously uncultivable microbes, and improved
5

microbial characterization. A recent study demonstrated that primary endodontic
infections were significantly more diverse than previously thought, and that different
roots of the same teeth with secondary infections displayed low similarity in bacterial
composition (Chugal et al., 2011). A recent 16sRNA pyrosequencing study found 187
distinct species associated with endodontic infections (Siqueira et al., 2011). While the
amplification of DNA can identify uncultivable microbes, it cannot distinguish between
viable and nonviable organisms (Nair, 2007). This may present an overestimation of
species implicated in pulpal and periradicular disease.

Endodontic pathogens
More than 500 different kinds of microorganisms comprise the oral flora (Moore et
al., 1994). The unique environment of the root canal influences the course of infection
and selects a restricted group of species to predominate the infected canals (Sundqvist,
1976, 1994; Wittgow et al., 1975). Differences in availability of nutrients and oxygen
tension in the apical region compared with the main root canal are important reasons for
the dominance of slow growing, obligatory anaerobic bacteria in the apical region.
Facultative anaerobic bacteria rely primarily on carbohydrates as an energy source
(Fabricius et al., 1982). The unavailability of carbohydrates, along with the reduced
oxygen tension, influences the succession towards the establishment of obligate
anaerobes. As these selective pressures influence the resulting microbial flora, detection
and characterization of the microbial profile are continually changing. As reported in a
recent study, 84 distinct species of microorganisms could be detected from clinical
6

samples using pyrosequencing techniques (Siquiera et al., 2011).
Early studies on the characterization of endodontic microbial species identified the
black pigmented bacteria of the Bacteroides, Porphorymonas, and Prevotella genera as
the most common bacteria isolated (Sundqvist, 1989; Baumgartner et al., 1999). Since
that time the list of bacteria likely to be isolated from the infected canal system has
grown. Species including; Pseudoramibacter alactolyticus, Bacteroidetes sp.,
Streptococcus sp., Olsenella uli, Porphyromonas endodontalis, Parvimonas micra,
Treponema denticola, and Synergistes sp. (Siqueira et al., 2009). In a study by Rocas et
al. (2006), common bacterial isolates included; Eikenella corrodens and Veillonella
parva. As the technology to detect these microbes has increased, so too has the
complexity of this microbial profile. So, rather than developing strategies to address a
single species, it is becoming important to consider these as issues of complex
communities.

Biofilms in endodontics
Bacteria commonly form organized communities of aggregated cells embedded in a
hydrated matrix of extracellular polymeric substances called biofilms (Costerton et al.,
1999). Biofilm infections are important clinically because bacteria in biofilms exhibit
resistance to antimicrobial compounds and may persist regardless of host defenses. The
presence of microbial biofilms has been determined in studies utilizing techniques of
transmission electron microscopy (Nair, 1987), where the author noted dense aggregates
sticking to the canal walls and forming thin to thick layers of bacterial condensations in
7

carious, extracted human teeth. Similarly, scanning electron microscopy has revealed
micro-colonies of rods, cocci, and spirochetes in the apical 2 mm of infected root canals
of extracted human teeth (Molven et al, 1991). Sen et al. (1995) examined untreated
extracted teeth with apical periodontitis by SEM. Cocci and rods predominated and
formed colonies on the root canal walls and also penetrated the dentinal tubules in all
areas of the canals. Tronstad et al. (1990) examined the surfaces of the root tips removed
during root end resection surgery by SEM and noted that the apex of the roots adjacent to
the apical foramen was coated with a continuous layer containing a variety of bacterial
forms. Siqueira and Lopes (2001) observed 26 extracted teeth with asymptomatic
periradicular lesions by SEM. Dense bacterial aggregates were detected close to the
apical foramen in only one case, while most bacteria appeared suspended in the fluid of
the root canal. Walton and Ardjmand (1992) experimentally induced periapical lesions in
monkeys by exposing pulps to the oral environment and then observed the location of
established bacterial colonies by Gram stain and histology. After seven months of
exposure to the infection, only two canals of 18 apices showed bacterial masses at the
foramen. These studies suggest that the frequency and the conditions under which
biofilms occur are not well understood. Another histological study of apical segments of
both root canal treated and untreated teeth with apical periodontitis demonstrated bacteria
in nearly all specimens, but found that biofilms were present in 77% of the specimens
covering the walls of ramifications of isthmuses. In this study, it was also noted that six
percent of specimens had biofilm present on the extraradicular surface of the root
segments. These findings compelled the authors to designate apical periodontitis as a
8

biofilm induced disease (Ricucci & Siqueira, 2010).
Biofilm formation
Biofilm bacteria demonstrate coordinated behavior with the formation of complex
three-dimensional structures and functionally heterogeneous bacterial communities
(Stoodley et al., 2002; Hall-Stoodley et al., 2004). Populations within biofilms may
express different surface molecules, antibiotic resistance, nutrient utilization and
virulence factors (Bagge et al., 2004). Bacteria in biofilms also demonstrate coordinated
behavior by cell-cell communication using secreted chemical signals, which facilitate the
sensing and phenotypic response to their environment. An example of this is quorum
sensing of cell density (Bassler et al., 1999). Biofilm formation in root canals, as
hypothesized by Svensater and Bergenholtz (2004), is thought to be initiated at some time
after the first invasion of the pulp chamber by planktonic oral microbes. The
inflammatory lesion front then moves toward the apex, providing a fluid vehicle for the
planktonic organisms to multiply and continue attaching to the root canal walls. When
biofilms are formed on surfaces located beyond the reach of the mechanical removal and
the effects of antimicrobials, host derived proteins from the remaining necrotic tissues
and bacterially produced adhesive substances provide the components needed to continue
biofilm development. Protection of the developing biofilm from adverse environmental
changes has been established (Gilbert et al., 1997). In addition to physical protection
provided by the extracellular matrix (Branda et al., 2005), further protection is provided
by physiological changes initiated by the bacteria after surface attachment (Costerton et
al., 1997).
9

At various stages of biofilm development the cells are in different physiological
states. Bacterial cells at the basement strata of a biofilm may be dead or lysing, as
compare to those near the surface which may be actively growing. The majority of time
the constituent cells are in a state equivalent to stationary phase of growth (Nystrom,
2001; Nystrom, 2003). It may be possible that even in a minimal state of metabolic
activity, such as with stationary growth phase, the biofilm may be able to contribute to
the persistence of inflammation.

Biofilm models
Establishing a consistent and representative biofilm model to test the effectiveness
of disinfection techniques is critical to evidence-based clinical practices. Naturally
occurring biofilms are inherently heterogeneous in spatial distribution (Lawrence et al.,
1991), which leads to formation of localized zones that vary widely in both physiologic
conditions and cellular physiology (Huang et al., 1998). Fluid transfer controlling
nutrients, as well as shear forces, become important dynamic factors influencing the
characteristics of each biofilm (deBeer et al., 1994; Stoodley et al., 1999).
Single species biofilms have been employed with in vitro models using species of
bacteria like E. faecalis. These models have used surface substrates such as glass plates
(Elliot, 2005), plastic pegs (Ceri, 1999), or dentin discs (George, 2005). Most often,
endodontic biofilms occur as complex, polymicrobial communities. Studies such as with
Shen, Stojicic, and Haapasalo (2010) grew a polymicrobial biofilm on collagen coated
hydroxyapatite discs for three to twelve weeks under anaerobic conditions. Under these
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conditions they achieved biofilm thicknesses of up to 201µm at twelve weeks (Shen,
2011). Another approach was taken by Clegg and Vertucci (2006) using endodontic
bacterial isolates grown anaerobically on saliva coated root dentin over seven days in
culture plate wells.
The lack of standard methods for growing, quantifying and testing biofilms results
in significant variability between model systems. BioSurface Technologies (Bozeman,
Montana) provides an ASTM (American Society for Testing and Materials) standard
method for growing biofilms using a rotating disc reactor. The University of Minnesota
has utilized such a system to grow thick (300-500µm), polymicrobial biofilms over 48 to
72 hours (Chen et al., 2012).

Endodontic irrigants
Mechanical instrumentation of the root canal system can eliminate more than 90%
of the endodontic bacterial contamination (Siqueira et al., 1999). While this may reduce
the overall bacterial burden in the canal system, it may still leave viable microorganisms
to contribute towards a persistent infection. Therefore, applying endodontic irrigants for
the purpose of disinfection are essential to maximizing the microbial bioburden reduction
for a successful outcome.
According to Zehnder (2006), the ideal irrigant should have a broad antimicrobial
spectrum and be highly effective against anaerobic and facultative microorganisms
organized as biofilms. This ideal irrigant should also; dissolve necrotic pulp tissue
remnants; inactivate endotoxin; prevent the formation of a smear layer during
11

instrumentation or dissolve the smear layer once formed; should be systemically nontoxic and non-caustic to periodontal tissues, and have minimal potential to cause allergic
reactions. At this time, there is no single irrigant to fulfill these requirements.
As an endodontic irrigant, sodium hypochlorite has been widely used due to its
ability to dissolve necrotic tissue (Hand et al., 1978) and vital tissue (Rosenfeld et al.,
1978). In a more recent study, six percent sodium hypochlorite was the only
concentration shown to completely remove biofilm, as compared to other irrigating
solutions (Clegg et al., 2006). Additionally, sodium hypochlorite has a broad spectrum
antimicrobial activity through its alkalinity, and ability to oxidize and hydrolyze proteins.
These cytotoxic properties are non-selective, making the use of sodium hypochlorite
potentially dangerous if introduced beyond the apical foramen. Hulsmann et al., (2000)
presented an outline of risks of using sodium hypochlorite. While the incidence of such
adverse events is low (Hulsmann et al., 2000), case reports have presented risks of
paresthesia from extrusion of sodium hypochlorite beyond the apical foramen (Reeh et
al., 1989), as well as allergic reactions to sodium hypochlorite (Kaufman et al., 1988).
Safer alternatives to disinfect the canal system would be advantageous to both patient and
clinician.
In the process of mechanically preparing the canal system a smear layer is often
created. McComb et al. (1976) described the presence of this layer. Akpata et al. (1982)
presented evidence for bacterial penetration of smear layer. Sen et al. (1999) suggested
that the smear layer may provide protection from disinfecting irrigants during treatment.
To remove this potentially protective barrier to contaminating microorganisms,
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adjunctive irrigants such as ethylenediamine tetraacetic acid (EDTA) have been used in
addition to sodium hypochlorite. Thus, using multiple irrigants during endodontic
treatment has become standard practice in fulfilling the requirements presented by
Zehnder (2006). The development of contemporary endodontic irrigants has resulted in
various chemical combinations to maximize debris removal and disinfection of the canal
system.

QMiX
QMiX (DENTSPLY International, Inc.) is a single irrigating solution intended as a
final rinse after sodium hypochlorite for one-step smear layer removal and disinfection.
The formulation is comprised of a bisbiguanide antimicrobial, cetrimide (N-cetyl-N,N,Ntrimethylammonium bromide) cationic surfactant, and chelating agent. In a study by
Wang et al. (2013), a three week biofilm of E. faecalis infected dentin was subjected to 3
and 10 minutes of exposure to disinfecting solutions including sterile water, 2% and 6%
sodium hypochlorite (NaOCl), 2% chlorhexidine (CHX), 17% EDTA, and QMiX.
Combinations of these irrigants were also made, including: 2% NaOCl + 2% CHX, 2%
NaOCl + QMiX, 6% NaOCl + QMiX, and 6% NaOCl + 17% EDTA + 2% CHX.
Analysis by confocal laser microscopy and viability staining suggested that smear layer
reduces the effectiveness of disinfecting agents against E. faecalis in infected dentin, and
solutions containing 6% NaOCl and/or QMiX showed the highest antibacterial activity.
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BioPure MTAD®
BioPure MTAD antibacterial root canal cleanser (DENTSPLY International, Inc.)
is a two-part liquid and powder formulation comprised of doxycycline (3%), Tween 80
(0.5%) non-ionic surfactant, and citric acid (4.25%) chelating agent, indicated as a final
irrigating solution for disinfection of the root canal system. The antimicrobial
effectiveness of MTAD has been presented in an E. faecalis dentin substrate study
(Shabahang et al., 2003) and E. faecalis agar diffusion comparisons with sodium
hypochlorite (NaOCl) and EDTA (Torbinejad et al., 2003). Contrary to these findings, a
polymicrobial dentin substrate study by Clegg et al (2006) found that 1% NaOCl and
MTAD was not able to completely remove biofilm or render the specimens bacteria free.
The authors of this study suggested that only 6% NaOCl was capable of completely
removing the biofilm layer and rendering the bacteria non-viable.

Smear Clear™
Smear Clear (SybronEndo, Orange, CA) is a smear layer removal endodontic
irrigation solution comprised of EDTA (17%) and cetrimide, a non-ionic surfactant. In a
comparative study by Dunavant et al. (2006), 24 hour E. faecalis biofilms on ceramic
discs were challenged with irrigation solutions, including: 6% NaOCl, 1% NaOCl, Smear
Clear, 2% chlorhexidine, REDTA, and BioPure MTAD. Both concentrations of sodium
hypochlorite rendered a higher percentage of biofilm bacteria non-viable than the other
irrigation solutions. Smear Clear rendered more than 78% of the bacteria non-viable,
which was better than 2% chlorhexidine, and REDTA. MTAD had the lowest
14

percentage of bacteria killed (16.08%). There have been many irrigant studies comparing
biofilm and smear layer removal, as well as antimicrobial efficacy. The contradictory
and variable findings of these studies emphasize the need for a reproducible model with
relevant means of assessment.

Measurements of Efficacy
A range of techniques have been employed to measure the effectiveness of biofilm
removal and antimicrobial agents used in endodontics. Recovery of microorganisms has
traditionally been done with culturing techniques. These may include either broth
cultures or plated agar media. Culturing may assess the presence or absence of turbidity
in a broth culture, or quantitatively by plating serial dilutions in an agar media (Orstavik
et al., 1990; Dunavant et al., 2006). These techniques work well to assess easily
recoverable microorganisms, but may underestimate the true bioburden including slow
growing and uncultivable viable microorganisms.
Another approach is to utilize staining techniques rather than relying on the
cultivability of unknown microorganisms. Methods employing LIVE/DEAD staining
detect the fluorescence at different wavelengths to distinguish the presence of living or
dead cells. Typically the live stain is a nucleic acid stain that is taken up by live cells
and when excited at around 480 nm will fluoresce in the green spectrum at 500 nm. The
dead stain is typically propidium iodide, which can only penetrate damaged cell
membranes. When propidium iodide is excited at 490 nm, it will fluoresce in the red
spectrum at 635 nm. The fluorescence can be quantified as a percentage of live or dead
15

cells (Shen et al., 2011), and requires a confocal laser scanning microscope to acquire
multi-plane volumetric images (Wang et al., 2012). While single plane imaging can be
done, the inherent heterogeneity of the remaining biofilm presents significant variability
in interpretation of results.
Cell viability assays such as MTT ((3-(4,5-dimethylthiazol-2-yl)-2,5diphenyltetrazolium bromide), were first described about thirty years ago (Mosmann,
1983), and are commonly used screening methods to measure cell viability. It is believed
that the reduction of tetrazolium salt (MTT) by mitochondrial succinic dehydrogenases in
viable cells yields formazan crystals which are insoluble in water. This process is
cytotoxic to the cells and results in measurements limited to a single time point. Recently
a new reagent, PrestoBlue™, has been developed for detecting cell-mediated cytotoxicity
in vitro. It is a reasazurin-based compound which is converted to the reduced form by
mitochondrial enzymes of viable cells. The reduced reagent exhibits a color change, as
well as a shift in its fluorescence, and therefore can be quantified using either
fluorometric or spectrophotometric measurements. According to the manufacturer
(Invitrogen Corp., Frederick, MD), cell viability may be measured with an incubation of
as short as 10 minutes and detect as few as 12 cells per well. Multiple time-point
measurements can be made due to the non-cytotoxic properties of the reagent.
Crystal violet staining can be used as a simple means of identifying the presence of
bacterial bioburden. Crystal violet readily dissociates in aqueous solutions into positive
and negative ions. The dissociated ions penetrate through the cell wall and cell
membrane of both gram-positive and gram-negative cells. The positively charged crystal
16

violet ion interacts with negatively charged components of the bacterial peptidoglycan
layer and stains the cells purple. Colorometric assays may be performed to quantitate the
presence of a bacterial bioburden by reading absorbance at between 590 nm and 600 nm.
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Specific Aims
1. To develop a model system for testing the efficacy of root canal irrigation
solutions against a complex microbial biofilm on hydroxyapatite discs utilizing
endodontic clinical isolates.
2. To compare the effectiveness of MTAD, QMiX, or Smearclear on biofilm
removal and disinfection at 1 minute and 20 minute exposure, using cell
viability and crystal violet staining techniques.
3. To characterize the responses to treatment visually through scanning electron
microscopy (SEM) and confocal laser microscopy.

Hypothesis
As the exposure time of each irrigant increases, the removal and disinfection of the
biofilm will increase, as measured quantitatively by absorbance of cell viability and
crystal violet staining, and qualitative examination by scanning electron microscopy and
confocal laser microscopy.

Null Hypothesis
There will be no difference between the efficacies of the irrigants to remove or disinfect
the biofilm at different time points as measured by absorbance of cell viability and crystal
violet stains.
18

MATERIALS AND METHODS
Bacterial Sampling
Clinical endodontic microbial samples were collected from adult patients that
presented to the Graduate Endodontics clinic with a diagnosis of pulpal necrosis. Sample
collection was performed under approval of the University of Minnesota’s Institutional
Review Board. Microbial sampling was performed as part of routine endodontic
treatment, such that, each tooth to be sampled was isolated by rubber dam and accessed
with a high speed handpiece and water spray. #10 K-files were used as the initial file to
locate canals and transfer necrotic debris to 1.0 mL of liquid transport medium (AS-916
Anaerobe Systems). Samples were then stored on ice for up to 60 minutes until culturing
by flask in a basal mucin medium (BMM). For each of the 3 experimental runs a pool of
one to three patients were combined to ensure a collection of heterogeneous microbial
species.

Biofilm Flask Reactor
A series of baffled 500 mL Erlenmeyer culture flasks were used as a “bioreactor”
system to facilitate biofilm formation on hydroxyapatite discs. Each culture flask
contained three 70 µm nylon mesh strainer baskets (BD Falcon, Ref. #352350) to reduce
abrasion and damage to the hydroxyapatite discs during incubation. All biofilm culturing
19

was performed on a shaker platform (Labnet, International) contained within an
anaerobic incubation chamber as shown in Figure 1 below.

Figure 1: Anaerobic incubator courtesy Dr. Joel Rudney, University of Minnesota
Hydroxyapatite discs (BioSurface Technologies, Corp., cat. No. RD 128-HA)
served as the surface substrate for biofilm growth. The discs measuring 12 mm in
diameter and 3 mm width were placed in the nylon mesh cell strainer baskets and
submerged with the inoculated BMM culture media, as shown in Figure 2 below.

20

Figure 2: Biofilm reactor flask configuration

Sample Preparation
Once the liquid transport medium vial was presented for culturing and placed on
ice, a 50 mL aliquot of basal mucin medium (BMM) (Appendix 1) was warmed to 37° C.
The vial was then lightly vortexed for three to five seconds to disperse the microbes. The
contents of vial were then transferred to the warmed BMM, and aseptically dispensed
into a baffled culture flask for overnight anaerobic culture at 37°C and 20 RPM on the
orbital shaker.

Biofilm Formation
The hydroxyapatite discs were sterilized by autoclave prior to use in the biofilm
flask reactor. A total of six discs were contained per flask (2 discs per cell strainer
21

basket). 50 mL of basal mucin medium (BMM) (Appendix 1) was warmed to 37°C and
aseptically dispensed into each biofilm flask reactor. 12.5 mL of the overnight microbial
culture was then transferred to each biofilm flask reactor. The flasks were covered with a
sterile, vented flask cap and placed within the anaerobic chamber for incubation at 37°C
and 20 RPM. This allowed for biofilm formation on the hydroxyapatite discs under shear
force conditions.
The flasks were allowed to incubate according to the conditions described above for
approximately 48 total hours. Previous pilot studies indicated that incubation times of 72
hours and greater resulted in cell death and sloughing of the biofilm from the HA disc
surface. Following incubation, discs were randomly selected for placement into a sterile,
flat-bottomed, 12-well polystyrene culture plate (Sigma-Aldrich) for treatment according
to the irrigant protocol.

Irrigant Protocols
Four irrigation solutions were independently used for testing on the 48 hour
biofilms. Sterile phosphate buffered saline (PBS) was used as a negative control
treatment group. MTAD (DENTSPLY, Int.), QMiX (DENTSPLY, Int.), and Smearclear
(SybronEndo, Orange, CA) were used as challenge treatment groups. The seven total
treatment groups are as follows:
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1X PBS at 1 minute exposure
MTAD at 1 minute exposure
MTAD at 20 minutes exposure
QMiX at 1 minute exposure
QMiX at 20 minutes exposure
SmearClear at 1 minute exposure
SmearClear at 20 minutes exposure

Biofilm Challenge
Biofilm coated discs were randomly assigned to a treatment or control group. Two
milliliters of an irrigant was added to a tissue culture plate well containing a biofilm
coated disc. The volume of 2 mL was adequate to completely cover the disc during
testing. Following the exposure time, as defined above, the discs were removed from
their respective well with a sterile cotton pliers and washed with 2 mL of (1X) PBS to
completely remove any residual irrigant.

Harvesting of Biofilm from HA Discs
The treated biofilm was removed from the HA discs by means of ultrasonic
vibration. Each treated HA disc was immediately transferred to a sterile 15 mL
polystyrene tube (BD Falcon) containing 2 mL sterile (1X) PBS. The tubes were
maintained on ice during harvesting. Each disc was ultrasonically activated for 20
seconds to mechanically release the retained biofilm from the surface. The ultrasonic
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probe was washed with 95% Ethanol, sterile water, and dried in between samples.
The samples were transferred to microcentrifuge tubes and centrifuged for 10
minutes at 4°C and 21,000 x g. The resulting cell pellets were then handled according to
their respective staining technique.

Cell Viability Staining
Cell viability testing was performed with the PrestoBlue™ reagent protocol
(Invitrogen Corp., Frederick, MD). Cell pellets were resuspended in 300 µL sterile (1X)
PBS. 90 µL of the cell suspension was then added to a 96-well polystyrene plate in
triplicate. To determine background absorbance, 90 µL of (1X) PBS was added to
triplicate wells. A volume of 10 µL PrestoBlue™ reagent was then added to each test
well for a total volume of 100 µL per well.
Plates were covered with parafilm wrap and incubated for approximately 45
minutes at 37°C and 20 RPM. Incubation times were extended from an initial time of 10
minutes based on previous pilot studies. Following incubation, optical density was
determined by absorbance reading at 590 nm on a Synergy HT microplate reader (Biotek
Instruments Inc., Winooski, VT).

Crystal Violet Biomass Staining
Crystal violet (Sigma-Aldrich®, St. Louis, MO) was used to quantify the retained
biomass present following treatment with the irrigant groups. The supernatant was
removed from the pelleted cells, then resuspended in 0.5 mL of 0.1% crystal violet
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solution and incubated at room temperature on an orbital shaking platform at 125 rpm for
15 minutes. Samples were again centrifuged at 21,000 x g for 5 minutes and rinsed twice
with (1X) PBS. 1.0 mL of 30% acetic acid was then added in each tube and incubated for
15 minutes at room temperature to allow the dye to solubilize. Based on previous pilot
studies, a 1:10 dilution was made with (1X) PBS. 300 µL was added to a clear 96-well
microtiter plate in triplicate. Optical density was determined by absorbance reading at
600 nm on a Synergy HT microplate reader (Biotek Instruments Inc., Winooski, VT).

Scanning Electron Microscopy
Imaging by scanning electron microscopy was performed to visualize the resulting
biofilm before and after treatment with the irrigants. For this, one experiment was
dedicated to growing a biofilm and treating the groups as described above with either
MTAD or QMiX. After treatment by the irrigant protocol and three washes with (1X)
PBS, the discs were fixed with a primary fixative (Appendix 1) at room temperature for
60 minutes. Discs were washed with 0.1 M sodium cacodylate buffer for 5 minutes. A
secondary fixation was done with 1% OsO4 in 0.1 M sodium cacodylate buffer for 60
minutes. Discs were washed with 0.1 M sodium cacodylate buffer for 5 minutes.
Dehydration of the discs was accomplished by placing them in increasing concentrations
of ethanol (50%, 70%, 80%, 95%, and 100%). Critical point drying with carbon dioxide
was performed with a Samdri-780 Critical Point Dryer (Tousimis, Rockville, MD). Once
dry, the samples were then coated with platinum for 30 seconds using a DV502A Au/Pd
sputter coating unit (Denton Vacuum, LLC, Moorestown, NJ). Serial imaging was
25

performed using an S-4700 SEM device (Hitachi High Technologies America, Inc.,
Irving TX).

Confocal Laser Imaging
Imaging with a confocal laser technique was performed to visually assess the
live/dead ratio of the resulting biofilm before and after treatment with QMiX, MTAD, or
(1X) PBS control. For this, one experiment was dedicated to growing a biofilm and
treating the discs with QMiX, MTAD or PBS control groups as previously described. A
SmearClear group was not included due to the results of cell viability and biomass
assays. A FilmTracer™ live/dead biofilm viability kit (Life Technologies Corp.,
Carlsbad, CA) was utilized for this imaging experiment. The live/dead kit provides a
two-color fluorescence assay of bacterial viability based on membrane integrity. A
mixture of SYTO 9 green fluorescent nucleic acid stain and the red-fluorescent nucleic
acid stain, propidium iodide, are used due to their spectral characteristics and ability to
penetrate healthy or injured bacterial cells, respectively. When used alone, SYTO 9
labels all bacteria in present in a population. In contrast, propidium iodide penetrates
only bacteria with damaged membranes, reducing the fluorescence of SYTO 9. The
excitation/emission maxima for these dyes are approximately 480/500 nm for SYTO 9
stain and 490/635 nm for propidium iodide.
In accordance with the manufacturer’s instructions, 200 µL of staining solution
was added to the biofilm surface and allowed to incubate for 20 to 30 minutes at room
temperature. Following incubation, the stained HA discs were rinsed with 2 mL sterile26

filtered water to remove excess stain. An Olympus FluoView FV1000 confocal laser
microscope was used to capture images of PBS control, and 1 minute and 20 minute
treatments with QMiX and MTAD irrigants. Images were captured at 10X magnification
for both green and red fluorescence, as well as a combined image (merged). A 60X
magnified image of the QMiX treatment was taken to more closely observe the remaining
microbial phenotypes.

Microbial Speciation
Each of the microbial sample pools was submitted to the Forsyth Institute
(Cambridge, MA) for identification by HOMIM (human microbe identification
microarray), which uses 16sRNA capture probes to detect matching 16sRNA from PCR
amplified DNA extracts of the submitted specimens. Results indicate the presence and
degree of identification as a numerical band intensity scale of 0 to 5. According to the
Forsyth Institute webpage (www.forsyth.org) the current HOMIM database recognizes
more than 300 unique microbial species relevant to the human oral flora. DNA for
analysis was extracted according to the protocol described in (Appendix 2) using a
Master Pure DNA purification kit (Epicenter, Cat. MGP04100). Following DNA
extraction, the samples were dispensed into a sterile cryovial and placed on dry ice for
overnight shipping.
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Statistical Analysis
Mixed effect linear models were used to compare cell viability and biomass
outcomes between products and between time points. These models were used to take
into account potential within patient and replicate correlation. Models including a
product by time interaction were also run. Results (means, standard errors (SE) and Type
3 tests) from these models are presented for each outcome. P-values less than 0.05 were
considered statistically significant. SAS V9.3 (SAS Institute Inc., Cary, NC) was used
for the statistical analysis.
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RESULTS

Cell Viability Staining
The optical density values for cell viability (PrestoBlue™) were analyzed in two
ways. In the first method, a model without interaction term was applied to evaluate the
relationship between the irrigants as a group to time interaction in reducing cell viability.
There were statistically significant differences between the irrigants as a group
(p=0.0038) and between overall time (p=0.0004) for cell viability. In pairwise
comparisons, the mean cell viability for QMiX was smaller than MTAD and Smearclear
(Tukey adjusted p=0.0061 and 0.0171, respectively). This comparison can be observed
in Figure 3. The mean optical density values and standard error (SE) for this test are
presented in (Appendix 2).

Cell Viability
(Irrigants and Time Comparison)
0.7
0.6
0.5
0.4
0.3
0.2
0.1
0
MTAD

Qmix

Smearclear
Irrigant

1 min

20 min

Time

Figure 3: Cell viability as determined by PrestoBlue staining and optical density
at 590nm comparing irrigants as a group (p=0.0038) and time (p=0.0004).
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In a second method of analysis, a model with interaction term was applied to
evaluate individual irrigant interactions by time to reduce cell viability. No statistically
significant interactions were noted in this analysis, regardless of evaluating differences
between time on irrigant, or vice versa (p=0.2083). The mean optical density values and
standard error (SE) for this test are presented in (Appendix 2). A representation of this
analysis is presented in Figure 4.

Cell Viability
(Irrigant and Time)
0.8
0.7
0.6
0.5
0.4

1 minute

0.3

20 minutes

0.2
0.1
0
MTAD

Qmix

Smearclear

Figure 4: Cell viability as determined by PrestoBlue staining and optical
density at 590nm in individual irrigant group and time comparison. (p=0.2083)

Crystal Violet Biomass Staining
The optical density values for biomass (crystal violet) were analyzed in two ways.
In the first method, a model without interaction term was applied to evaluate the
relationship between the irrigants as a group to time in the reduction of biomass. There
were no statistically significant differences between the irrigants as a group in reducing
biofilm biomass (p=0.6631). However, in this analysis, time was significant in reducing
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biofilm biomass (p=0.0003) regardless of the irrigant applied. This comparison can be
observed in Figure 5. The mean optical density values and standard error (SE) for this
test are presented in (Appendix 2).

Biomass
(Group and Time Comparison)
0.8
0.6
0.4
0.2
0
MTAD

Qmix

Smearclear
Irrigant

1 min

20 min

Time

Figure 5: Biomass as determined by crystal violet staining and OD 600 nm.
Comparison between irrigants (p=0.6631) and time (p=0.0003)

In a second method of analysis, a model with interaction term was applied to
evaluate individual irrigant interactions by time regarding reduction of biomass. No
statistically significant interactions were noted in this analysis, regardless of evaluating
differences between time on irrigant, or vice versa (p=0.9449). The mean optical density
values and standard error (SE) for this test are presented in (Appendix 2). A
representation of this analysis is presented in Figure 6.
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Biomass
Irrigant*Time Comparisons
1
0.8
0.6
0.4
0.2
0
MTAD

Qmix
1 minute

Smearclear

20 minute

Figure 6: Biomass as determined by crystal violet staining and OD 600 nm,
comparing individual irrigants and time. (p=0.9449)

Scanning Electron Microscopy
Figures 7 through 11 present scanning electron microscopy images (SEM) for each
treatment group and PBS control. Figure 7 is the PBS control presenting the typical 48
hour biofilm obtained in the study. Rods, cocci, and filamentous forms are readily
apparent in varied densities upon the hydroxyapatite surface at the 5,000X magnification.
Figures 8 and 9 present magnified views of the biofilm treated with MTAD for 1
minute and 20 minutes respectively. Note the reduced presence of bacteria as compared
to the PBS control images. In addition, the remaining microbes appear to be mostly longfilamentous phenotypes.
Magnified views of the biofilm treated with QMiX for 1 minute and 20 minutes
respectively are presented in Figures 10 and 11. Minimal biofilm remains after 20
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minutes exposure to QMiX. The retained microbes appear to be rod-like phenotypes.
The SEM images are consistent with the findings of the crystal violet staining assays.
The significant factor in removing biofilm seems to be more of a factor of time than
irrigants used in this study. Also of significance is the observation that none of the
irrigants completely removed the biofilm.

Figure 7: SEM images of biofilm PBS control. Top Left: 500X. Top Right: 1,000X.
Lower Left: 2,500X. Lower Right 5,000X.
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Figure 8: SEM images of biofilm treated for 1 minute with MTAD. Top Left:
500X. Top Right: 1,000X. Lower Left: 2,500X. Lower Right 5,000X.
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Figure 9: SEM images of biofilm treated for 20 minutes with MTAD. Top Left:
500X. Top Right: 1,000X. Lower Left: 2,500X. Lower Right 5,000X.
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Figure 10: SEM images of biofilm treated for 1 minute with QMix. Top Left:
500X. Top Right: 1,000X. Lower Left: 2,500X. Lower Right 5,000X.
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Figure 11: SEM images of biofilm treated for 20 minutes with QMix. Top Left:
500X. Top Right: 1,000X. Lower Left: 2,500X. Lower Right 5,000X.

Confocal Laser Microscopy

Figures 12 through 14 present images of a 48 hour biofilm treated as previously
described. Groups included; PBS control, QMiX at one minute and 20 minutes
treatment, and MTAD at one minute and 20 minutes treatment. QMiX (Figure 12)
images at one minute and 20 minute show a reduced cellular presence, as evidenced by
less overall staining when compared to the control. There does not appear to be any
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significant change in the visual ratio of live staining to dead staining cells between time
points. This may be due to the accumulation of dead cells within the biomass during
biofilm maturation, or the presence of residual stain.
Images for the 20 minute treatment with MTAD (Figure 13) show a more intense
red spectrum fluorescence as compared to one minute MTAD or PBS control. This
would be as expected with an accumulation of dead cells upon treatment. However, there
also appears to be more intensity with the live staining cells as well. This may be an
artifact of the stain ratio, where SYTO 9 may be too abundant, or there is a considerable
variability in biofilm maturation between discs. A slight increase in non-staining regions
is evident at 20 minutes treatment, suggesting that some of the biofilm was removed
during treatment.
Figure 14 presents a series of images taken at 60X magnification, following
treatment for one minute with QMiX. At close examination, the presence of constituent
organisms can be seen with rod, filamentous, and cocci phenotypes.
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Figure 12: (Row 1) QMix 1 minute treatment, (1A, 1B, 1C) 10X confocal images
(respectively); merged (live/dead), live emission, dead emission. (Row 2) QMix 20
minute treatment, (2A, 2B, 2C) 10X confocal images (respectively); merged
(live/dead), live emission, dead emission. (Row 3) PBS control, (3A, 3B, 3C) 10X
confocal images (respectively); merged (live/dead), live emission, dead emission.

39

1A

1B

1C

2A

2B

2C

3A

3B

3C

Figure 13: (Row 1) MTAD 1 minute treatment, (1A, 1B, 1C) 10X confocal images
(respectively); merged (live/dead), live emission, dead emission. (Row 2) MTAD 20
minute treatment, (2A, 2B, 2C) 10X confocal images (respectively); merged
(live/dead), live emission, dead emission. (Row 3) PBS control, (3A, 3B, 3C) 10X
confocal images (respectively); merged (live/dead), live emission, dead emission.
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Figure 14: (Row 1) QMix 1 minute treatment, (1A, 1B, 1C) 60X confocal images
(respectively); merged (live/dead), live emission, dead emission. (Row 2) PBS
control, (2A, 2B, 2C) 10X confocal images (respectively); merged (live/dead), live
emission, dead emission.
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Microbial Speciation

The results of the HOMIM analysis, as presented in Table 1, include speciation of
patient pools #2 and #3. Both pools contained microbes from two patients collected as
previously described. Patient pool #1 thawed prior to delivery and was not suitable for
analysis. The band intensity is an indication of agreement with the specific 16sRNA
capture sequence used to identify the respective Genus species. Interestingly, there was
considerable overlap between both reported patient pools. These included; Streptococcus
sp. and Lactobacillus sp., which are considered normal flora of the human oral and
intestinal environments.
Also of interest are the microbial isolates unique to each patient pool. Veillonella
sp. (Gram-negative, obligate anaerobe) and Actinomyces georgiae (Gram-positive,
facultative anaerobe) were identified from patient pool #2, each with a low band of
intensity. Patient pool #3 presented four unique microbial isolates. Haemophilus
parainfluenza and Neisseria (Gram-negative, facultative anaerobe), Aggregatibacter
aphrophilus (formerly Haemophilus), and Streptococcus oralis (Gram-positive
anaerobe). In all, 6 of the 12 microbial isolates were found to be in common between the
patient pools included in the study.
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Table 1. HOMIM Speciation Analysis
Patient Pool #2
Veillonellaceae sp.
Actinomyces georgiae
Lactococcus lactis
Streptococcus constellatus/
intermedius
Streptococcus mitis bv2
Streptococcus mitis bv2
/Streptococcus sp.
Lactobacillus casei/L.
paracasei/L. rhamnosus
Lactobacillus gasseri/L.
johnsonii

Band
Intensity
2
1
5
5
3
3
4
3

Patient Pool #3

Lactococcus lactis
Streptococcus constellatus/
intermedius
Streptococcus mitis bv2
Streptococcus mitis bv2
/Streptococcus sp.
Lactobacillus casei/L.
paracasei/L. rhamnosus
Lactobacillus gasseri/L.
johnsonii
Haemophilus
parainfluenzae
Neisseria Cluster_O45
Aggregatibacter
aphrophilus
Streptococcus
oralis/Streptococcus sp.
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Band
Intensity

2
2
3
3
2
3
2
2
4
2

DISCUSSION
The primary aim of this study was to demonstrate the ability of a simple flask
culture device to facilitate the growth of biofilm suitable for testing endodontic irrigants.
The challenge exists to develop an endodontically relevant biofilm model, such that a
more meaningful evaluation can be made in vitro of clinical endodontic procedures.
Within the scope of this study, a flask culture device was successful at growing a biofilm
anaerobically on the surfaces of hydroxyapatite discs. As evident by SEM imaging, the
resulting 48 hour biofilm was minimal in complexity and density. This may have been
partially attributable to the slow growing nature of the organisms, and the short duration
of growth allowed (48 hours). In pilot testing, thicker biofilms were visually observed
when incubation was extended beyond 3 days. However, combined sloughing from the
substrate surface occurred along with cell death. It was then determined to limit
incubation time to 48 hours. A method to continually flow media through the flask to
remove metabolites and maintain a consistent nutrient state for the developing biofilm
may provide a means for extending the incubation time.
The use of hydroxyapatite discs has been demonstrated to be a favorable substrate
for growth of biofilm (Chen et al., 2012). However, endodontic pathogens such as
Enterococcus faecalis have developed elaborate virulence mechanisms to adhere to host
collagenous tissues (Love et al., 2001; Kowalski et al., 2006). Therefore, a more accurate
endodontic model would utilize a dentin disc or Type I collagen coated surface to
facilitate these adherence interactions. In pilot studies, Type I collagen coated MBEC
plates (Innovatech, Inc.) demonstrated superior microbial growth as compared to
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uncoated plates. However, the small surface size of those plates presented a quantitative
limitation with both PrestoBlue cell viability and crystal violet biomass assays.
Additionally, the ingress of microbes into dentin tubules presents a physical access
barrier to endodontic irrigants. For this reason, dentin discs would provide a more
realistic assessment of irrigation penetration and efficacy.
Another important consideration in model design may be the maturity of the
biofilm being challenged. In this study, the observed SEM images demonstrate an
interrupted polymicrobial lawn along the substrate surface. In an in vitro biofilm model
lacking shear forces, incubation times of 3 weeks were required to establish biofilms 155
µm thick (Shen et al., 2011). As presented by the same research group, maturity of the
biofilm required 3 weeks of growth (Shen et al., 2011). The thickness of the biofilm and
the extracellular polysaccharide matrix presents a key variable in the penetration and
efficacy to disinfect and disrupt the biofilm. This may question the ability of a 48 hour
biofilm to possess a complex and dense extracellular polysaccharide matrix, as may be
found in a more mature biofilm.
The dynamics within an endodontic canal system may be presumably static in
regards to both shear forces and nutrients. Nutrient deficient biofilms have been shown
to have more antimicrobial resistance (Shen et al., 2010). This nutrient deficient state
may influence metabolic and physiologic behavior of the colonizing microbes and result
in a more relevant endodontic model environment. Future studies could assess the effect
of periodic nutrient deficiency on biofilm growth and resilience.
One aspect of irrigant testing not accounted for in this study was the means by
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which the irrigants were applied to the biofilms. As shown by van Der Sluis et al. (2007),
a variety of methods to mechanically activate irrigation solutions may influence the
efficacy of disinfecting and removing the biofilms. The complexity of endodontic canal
systems provides intricate and challenging microenvironments for colonization by
endodontic pathogens (Ricucci et al., 2010). It is, therefore, of paramount importance to
consider the delivery and application of the irrigant in the context of efficacy.
PrestoBlue was chosen for this study due to its ability to quantify the remaining
viable cells in response to irrigant treatment. Methods such as culturing for colony
forming unit counts rely on the accuracy of obtaining cultivable organisms, as well as
unknown growth requirements for many of the microbes present. Therefore, PrestoBlue
was a reasonable alternative by allowing for efficient data collection and eliminating the
need for additional culturing. As presented in Figure 3, when considered as a group, the
irrigants had a significant effect on cell viability over time. QMiX had the lowest cell
viability as compared to MTAD or Smearclear irrigants.
The physical dissolution and removal of the biofilm can be accomplished
efficiently with 6% sodium hypochlorite. Clegg showed that a 15 minute exposure to 6%
hypochlorite completely removed the biofilm from their dentin disc model (Clegg et al.,
2006). None of the irrigants used in this study have substantial dissolution characteristics
similar to 6% hypochlorite. The crystal violet stain results, presented in Figures 5 and 6,
indicate that both QMiX and MTAD are inefficient at removing biofilm alone, and
suggest that they may best serve as adjunctive irrigants. SmearClear is marketed as a
smear layer removal irrigant, and was not expected to reduce cell viability. However, the
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inorganic components of a mature biofilm may be susceptible to EDTA. Interruption of
this layer may cause the biofilm to become more accessible to antimicrobial agents.
Crystal violet staining did not indicate that Smearclear had any significant effect on
removing biofilm. Confocal laser microscopy imaging, as presented in Figures 12
through 14, support the findings of the crystal violet stain assay. Neither treatment with
QMiX or MTAD removed all of the biofilm, or reduced the cell viability below detection.
Identifying the microbial profile related to clinical isolates may facilitate an
understanding of treatment outcome. Pinheiro et al. (2003) presented findings
differentiating endodontic microbes present in primary infections and recurrent
infections. Sundqvist et al. (1980) presented a case report of an Actinomyces species
isolated from a periapical lesion of a persistent endodontic infection. Such a resilient and
extraradicular microbe has significance in treatment decision making, as well as
emphasizes the importance of understanding the spectrum of potential infectious
organisms. The microbial profiles of clinical isolates presented in this study are
consistent with typical primary endodontic infections (Baumgartner et al., 2004; Gomes
et al., 2004). Six of twelve bacterial species were common to both patient pools.
Constituent bacteria were primarily Gram-positive anaerobes; Streptococcus sp.,
Lactococcus sp., and Lactobacillus sp. Other oral microbes present were: Veillonella sp.,
Actinomyces georgiae, Haemophilus parainfluenza, Neisseria sp., and Aggregatibacter
oralis.
This study presents a simple model for growing endodontic biofilms under
anaerobic conditions. Findings support the inefficient removal of biofilm by the irrigants
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included in the study. It was determined that QMiX achieved the lowest cell viability
over the 20 minute treatment exposure. As a group, the irrigants were statistically
significant in reducing cell viability and reducing biomass. However, it could be
concluded that they should not be utilized as a single irrigant to disinfect or remove
biofilm.
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CONCLUSIONS

1. The flask bioreactor, as previously described, can be utilized for growing a
polymicrobial biofilm suitable for testing the efficacy of antimicrobial and
biofilm removing endodontic irrigants.
2. When compared as a group, the endodontic irrigants in this study achieved a
statistically significant reduction in cell viability as time of exposure increased.
3. In a pairwise comparison between irrigants, the mean cell viability was lowest
for QMiX.
4. No statistically significant difference in the reduction of biomass between
endodontic irrigants was observed.
5. Comparing endodontic irrigants individually by time did not result in a
statistically significant difference in reducing cell viability or biomass.
6. None of the endodontic irrigants completely removed the biofilm, as observed
by SEM and confocal laser microscopy.
7. 6 of 12 microbial species recovered were found to be in common between the
patient pools when analyzed by HOMIM 16sRNA identification.
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APPENDIX 1: Media preparation

BMM medium:
Chemicals:
Partially purified pig gastric mucin

2.5 g/l

50.0 g/20L

Triplicate peptone

5.0 g/l

100.0 g/20L

Protease peptone

10.0 g/l

200.0 g/20L

Yeast extract

5.0 g/l

100.0 g/20L

KCl

33.5 mmol

Hemin

2.5 mg/l

0.05 g/20L

Menadione

5.8 mmol

19.98 mg/20L

Urea

1.0 mmol

1.20

Arginine

1.0 mmol

3.48 g/20L

49.95 g/20L

Autoclave

Primary Fixative:
2% gluteraldehyde
0.1M Sodium cacodylate buffer
0.15% alcian blue
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g/20L

DNA Extraction:
1. Suspend sample in 150 µl of TE Buffer.
2. Add 1 µl of Ready-Lyse Lysozyme to each sample.
3. Incubate at 37°C overnight.
4. Add 150 µl of 2X T & C Lysis Solution to each sample and pipette up and
down when adding.
5. Add 1 µl Proteinase K to each sample.
6. Incubate at 65°C for 30 minutes, vortexing briefly every 5 minutes.
7. Cool the samples to 37°C.
8. Place the samples on ice for 3-5 minutes and then proceed.
9. Add 175 µl of MPC Protein Precipitation Reagent to 300 µl of lysed sample
and vortex mix vigorously for 10 seconds.
10. Pellet the debris by centrifugation at 4°C for 10 minutes at =10,000 x g in a
microcentrifuge. Place on ice immediately after centrifugation.
11. Transfer the supernatant to a clean microcentrifuge tube and discard the
pellet.
12. Add 500 µl of isopropanol to the recovered supernatant. Invert the tube 30-40 times.
13. Place on ice for 10 minutes
14. Pellet the DNA by centrifugation at 4°C for 10 minutes at =10,000 x g in a
microcentrifuge.
15. Pour off isopropanol, being careful not to lose pellet. Use a pipet tip to remove
any remaining isopropanol without dislodging the DNA pellet.
16. Rinse the pellet with 500 µl 75% ethanol. Centrifuge briefly if the pellet is
dislodged. Repeat rinse with additional 500 µl 75% ethanol.
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17. Remove residual ethanol.
18. Resuspend the DNA in 30 µl of TE Buffer. Store at 4°C overnight, and then -80°C
freezer.
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APPENDIX 2: Statistical Analysis

Models without interaction term:
Cell Viability†

Biomass‡

0.6148 (0.0269)
0.4995 (0.0269)
0.6012 (0.0269)

0.3873 (0.1146)
0.4745 (0.1146)
0.3912 (0.1146)

Product, mean (SE)
MTAD
QMiX
Smearclear
Time, mean (SE)
1 minute
0.6273 (0.0227)
0.5984 (0.1058)
20 minutes
0.5164 (0.0227)
0.2369 (0.1058)
†Product (p=0.0038) and time (p=0.0004) were statistically significantly different. In
pairwise comparisons, the mean for QMiX was smaller than MTAD and Smearclear
(Tukey adjusted p=0.0061 and 0.0171, respectively).
‡Product (p=0.6631) and time (p=0.0003).

Models with interaction term:
Product*Time
MTAD, mean (SE)

Cell Viability†

Biomass‡

1 minute
0.6581 (0.0355)
0.5863 (0.1441)
20 minutes
0.5716 (0.0355)
0.1883 (0.1441)
QMiX, mean (SE)
1 minute
0.5897 (0.0355)
0.6342 (0.1441)
20 minutes
0.4093 (0.0355)
0.3148 (0.1441)
Smearclear, mean (SE)
1 minute
0.6340 (0.0355)
0.5747 (0.1441)
20 minutes
0.5683 (0.0355)
0.2077 (0.1441)
†The product*time interaction (p=0.2083) was not statistically significant.
‡ The product*time interaction (p=0.9449) was not statistically significant.
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