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Abstract 

Achieving a better understanding of cellular interactions with other critical components 

in physiological microenvironments is an urgent challenge due to the fact that critical 

cellular behaviors are delicately regulated by the complexity of the biological system. 

Factors influencing cellular behaviors include interactions with the surrounding cell types 

and biological molecules, as well as a range of biophysical factors, such as pressure, flow, 

and chemical gradients. With a better understanding of environmental impacts on cellular 

behaviors, mechanistic insights on the pathogenesis of diseases and advances in medical 

treatment will be provided.  

Because the technical difficulties of traditional cell assays have limited the systematic 

study of cellular interactions, novel platforms with the ability to represent cellular 

interactions in a quick, spatiotemporal-resolved, and biomimetic manner would be 

welcomed by the research community. Microfluidics, one of the novel techniques used 

frequently for cell biology studies, is able to introduce the cellular interactions into an in 

vivo-like microenvironment with high spatiotemporal resolution, also allowing the 

quantification of cellular behaviors at the single cell level. The aim of this thesis is to 

develop biomimetic microfluidic platforms to mechanistically study cellular interactions 

in the context of different biological processes. First, Chapter 1 of this thesis reviews the 

application of microfluidics in the field of cellular interactions with focus on advances of 

microfluidics in single cell analysis and in vivo-like microenvironment generation. The 

following chapters separately discuss the topics including cell-drug interactions (Chapter 

2), cell migration within complex gradient patterns (Chapter 3), the interactions between 
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cell migration and angiogenesis growth (Chapter 4), heterotypic cellular interactions in a 

biomimetic environment (Chapter 5), and the effects of shear rates on cellular adhesion 

behaviors (Chapter 6). 

In Chapter 2, we developed a microfluidic platform containing stable chemical gradients 

to assess the drug effects on neutrophil migration, which is the key characteristic of 

inflammatory diseases. By tracking the migration of single neutrophils, we achieved 

quantification of various parameters, including average velocity, orientation, and overall 

effectiveness of migration. In addition to examining neutrophil migratory behaviors, the 

cytotoxicity of drug candidates was also evaluated to reveal a comprehensive 

understanding about the drug effects on neutrophil function. In Chapter3 and 4, we 

continued to study neutrophil migration in more complicated in vivo-like 

microenvironments. To be specific, a three-dimensional endothelial cell layer was 

cultured in the microfluidic channel, and neutrophil transendothelial migration was 

monitored under various chemical gradient patterns such that the competitive and 

synergistic effects among different cytokine molecules were determined. Furthermore, 

the interactions between neutrophil migration and endothelial angiogenesis were studied 

by inducing angiogenic growth of the endothelial cell layer in the microfluidic channel. 

We found that larger endothelial cell angiogenic growth area induced significantly more 

neutrophil migration while the process of neutrophil migration was able to stabilize the 

endothelial cell structure even in the presence of an angiogenesis inhibitor that decreases 

the angiogenic growth of endothelial cells. After detailed evaluation of neutrophil 

migration in different conditions, a biomimetic microfluidic model was used in Chapter 5 
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to study heterotypic cellular interactions between endothelial cells and HeLa cancer cells. 

Three critical environmental factors, including chemical gradients, flow rate, and hypoxia, 

were separately introduced into the microfluidic model to determine the effect of each 

factor on cellular interactions. Also, all these three factors were combined together into a 

single microfluidic device to investigate the overall effects on cellular interactions, which 

provides an in vitro approach to predict the cellular behaviors in the context of cancer. In 

the last chapter (Chapter 6), a simple microfluidic system was established to explore the 

relationship between shear rates and cell adhesion behaviors. Two major blood cell types, 

platelets and neutrophils, were injected through the endothelial cell covered-microfluidic 

channels with different dimensions, and the results suggest that the expression of receptor 

molecules participating in the cell adhesion is selective to the dimension of microfluidic 

channel. This conclusion reveals the novel insights on the mechanisms of cell adhesion in 

various shear rate conditions and provides deeper understandings about the pathogenesis 

of blood-based diseases. 

Overall, the research presented in this thesis focuses on using microfluidic platforms to 

characterize cellular interactions with biological complexity, in hopes of advancing our 

understanding about cellular behaviors in the pathogenesis of relevant diseases. All the 

findings reported in this thesis indicate that the application of microfluidic platform 

enables the recapitulation of in vivo physiological microenvironments and predicts the 

cellular behaviors occurring in human body, successfully bridging the gap between 

current in vitro and in vivo approaches.      
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1-1. Introduction 

Investigation of cellular interactions in complicated biological systems is gaining 

popularity since there is an urgent demand for mechanistic understanding of cellular 

behavior and cell-initiated disease pathogenesis, which is essential for developing novel 

treatment approaches. For example, examination of interactions between cancer cells and 

human immune cells will be helpful for medical advances in cancer treatment.1 In 

addition to significant research efforts studying heterotypic cellular interactions, the 

responses of cells to other surrounding factors, including various biophysical (flow rate, 

gradient, and oxygen level) and biochemical (biological and drug molecules) signals, are 

also of significant interest.2,3 These biophysical and biochemical factors contribute to 

critical cellular behaviors in disease pathogenesis, such as the platelet thrombus 

formation under elevated flow rate.4 With this context in mind, the concept of “cellular 

interaction” discussed herein refers to the interaction of cells with external factors that 

may induce changes in cellular function.  

To characterize the how different environmental factors influence cellular behaviors and 

functions, researchers have made great efforts to apply traditional in vivo and in vitro 

analytical techniques. However, traditional in vivo methods using animal models suffer 

from time-consuming experimental procedures and poor reproducibility within 

complicated biological systems while traditional in vitro methods do not fully 

recapitulate the biological systems. In this chapter, a powerful analytical platform, 

microfluidics technology, is introduced in detail to demonstrate how these platforms can 



 

 3 

overcome limitations of conventional assays and reveal novel insights about cellular 

interactions. 

 

1-2. Microfluidics in the study of cellular interactions   

Microfluidics is a field of technology that explores the handling of minute amounts of 

liquids in tiny micrometer scale channels. The development of microfluidics was inspired 

by the micromachining technologies developed in the semiconductor industry, which are 

also known as micro and nanoelectromechanical system (MEMS and NEMS) processes.5 

As a bioanalytical tool, microfluidics has the following advantages: (1) the ability to use 

extremely low amount of reagents; (2) low cost of device fabrication; (3) supports high 

throughput and multiplex analysis in short time; (4) carry out sample preparation and 

detection with high resolution and sensitivity; and (5) fast heat and mass transfer for 

media and environmental exchange. Due to these promising advantages, microfluidics 

has been successfully employed in a variety of bioanalytical fields to replace traditional 

assays, including single cell analysis (cell sorting, cellular interaction studies, and cell-

based assays),6 nucleic acid research (gene microarrays and PCR amplification),7,8 

protein reaction and crystallization,9 biochemical monitoring,10 drug discovery,11 and in 

vitro diagnostics (clinical and veterinary diagnostics).12 In addition to fabricating 

microfluidic devices from standard MEMS and NEMS processes, the introduction of 

soft-lithography techniques, especially using the molding of biocompatible polymers, 

significantly advances the application of microfluidic devices in the study of cellular 

biology.13 Polydimethylsiloxane (PDMS), a common material widely used for polymer 
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device fabrication, is optically transparent, biocompatible, and gas permeable, which 

explains the strong preference to use this material for cellular biology studies. Hydrogels, 

such as collagen and chitosan, are being explored as scaffold materials due to the special 

mechanical and biochemical properties.14 With hydrogel scaffold formation inside 

microfluidic channels, three-dimensional (3D) cellular structures simulate in vivo 

microenvironments; thus, microfluidics can serve as a biomimetic platform to predict 

cellular behaviors in real biological systems.  

Among all microfluidic device applications mentioned above, this chapter focuses on 

high-resolution single cell analysis and bio-mimicking studies since these two areas are 

critical to characterize cellular interactions. Single cell analysis reveals accurate and 

quantitative information about the responses of individual cells to environmental changes 

while bulk analysis yields insight into the average behaviors of cells during interaction 

processes. Using microfluidic devices to create biomimetic microenvironments will 

reduce the costs and numbers of animals sacrificed while bridging the gap between in 

vitro and in vivo assays.  

 

1-3. Single cell analysis in cellular interactions  

With the rapid development of new analytical techniques, the focus of biophysical and 

bioanalytical chemistry has gradually shifted from investigating only ensemble cellular 

behavior and bulk cell contents to performing analysis at the single cell level. The 

motivation for this shift is attributable to two major factors. First, single cell analysis is 

one of the best ways to dig deeply into the features of a particular cell type, often 
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revealing real-time behavior or quantitative information during cellular interaction 

processes. Second, even within a largely homogeneous cell population, subtle 

microenvironmental changes or inherent stochastic factors in a small sub-population may 

result in cell cycle malfunction or disease state transition. Exploration of these 

heterogeneities using single cell analyses will not only reveal mechanistic insights into 

the cellular behavior, but also elucidate the relationship between cell-specific changes 

and biological phenomena pertaining to disease-related dysfunction.  

In recent years, various state-of-the-art single cell analysis techniques have been 

developed to characterize cellular behaviors in the context of interacting with 

environmental complexity. The major technical areas include optical methods, 

electrochemical analysis, and imaging-based mass spectroscopy. One representative 

optical approach for single cell analysis is super-resolution fluorescence microscopy, 

which overcomes the diffraction limit of Abbe’s law and achieves spatial resolution in 

the tens of nanometers. With the help of super-resolution fluorescence microscopy, 

researchers are able to track subcellular dynamics visually, such as protein localization in 

endocytic pathway,15,16 neural circuitry screening,17 nanoscale configuration of 

intracellular components,18,19 and biological membrane dynamics.20,21 Coherent Raman 

scattering spectroscopy is another category of optical approaches that produces molecular 

“fingerprints” for small biomolecules inside single cells. The application of coherent 

Raman scattering spectroscopy covers lipid profile generation,22,23 protein degradation,24 

chromosome dynamics visualization,25 and cell-drug interactions.26 Single cell 

electrochemistry is a powerful method to monitor cellular communication either through 
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exocytosis or ion channel release. Electrodes fabricated at the micro- or nanoscale can be 

used to quantitatively monitor real-time electrical and chemical responses in single cells, 

revealing cell communication during various biological processes, such as exocytosis,27 

oxidative stress,27 ion channel activity,28 and during pharmaceutical treatment.29 Mass 

spectroscopy is a popular label-free technique to measure the molecular contents in 

biological samples, and a large amount of single cell mass spectroscopy is based on 

imaging modes where one can visualize the spatial distribution of chemical compositions 

by their molecular masses. Since a wide range of biological targets can be detected using 

mass spectroscopy imaging without prior knowledge of their presence and in a label-free 

manner, mass spectroscopy imaging is especially favorable in clinical and pharmaceutical 

research.30,31 In addition to these three major technical areas, recently, microfluidics has 

been adopted by the research community to study cell biology at the single cell level due 

to the increased resolution and sensitivity, high throughput, low cost, miniaturization and 

automation.  

  

1-3-1.  Microfluidics for single cell manipulation 

One promising advantage of microfluidics in single cell research is the ability to 

manipulate single cells by employing different types of forces within the microchannels; 

thus, the cells of interest can be selected for advanced single cell analysis. In this section, 

several common microfluidic techniques are introduced for single cell manipulation. 

 

1-3-1-1.  Magnetic manipulation  
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Figure 1-1. Microfluidic devices for single cell manipulation. (a) Magnetic single cell 

manipulation to capture magnetic microbead-labeled cancer cells in blood samples. 

Reproduced from Ref. 32 with permission. (b) Optical tweezers to guide target cells 

move into the desired channel by generating optical scattering and gradient forces. 

Reproduced from Ref. 37 with permission. (c) U-shaped trap array developed in a  

 microfluidic device to isolate cells through mechanical manipulation. Reproduced 

from Ref. 40 with permission. (d) Dielectrophoretic separation of single cells 

combined with the droplet encapsulation. Reproduced from Ref. 45 with permission.    
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In the magnetic manipulation mode, target cells are labeled with antibodies coupled to 

nano/micro-magnetic beads and isolated through the interaction with magnetic fields 

inside microfluidic devices. The relatively small sizes of magnetic beads induce little 

detrimental effect on cellular function and viability. Because of the high specificity and 

efficiency of antibody affinity agents, magnetic manipulation is quite suitable for rare cell 

type separation, especially in obtaining circulating tumor cells (CTCs). Using epithelial 

cell adhesion molecule (EpCAM) antibody-coated magnetic microbeads to label the 

biological samples, researchers demonstrated the highly efficient isolation of CTCs in 

microfluidic channels with different magnetic structures (Fig. 1-1(a)).32-34 Following 

capture, cancer cells can be further analyzed using other detection methods. In some 

instances, the native magnetic properties of cells are employed to act as the driving force 

for separation. Wu et al. designed a new microfluidic magnetophoretic separator to 

isolate the paramagnetic deoxygenated red blood cells from malaria-infected blood 

samples, greatly improving the separation efficiency compared to previous methods.35 

One interesting application of magnetic manipulation is that some cells can be chemically 

treated to change the magnetic properties without immuno-magnetic labeling; for 

example, live cardiomyoctyes change from diamagnetic to paramagnetic via myoglobin 

oxidation with sodium nitrite and can be isolated using a magnetic microfluidic system.36       

      

1-3-1-2.  Optical manipulation 

Optical manipulation, also known as optical tweezers, is gaining more attention due to its 

non-contact and contamination-free manipulation process. To be specific, optical 
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manipulation uses a focused laser beam to generate an electric field gradient that contains 

optical scattering and gradient forces. Scattering forces tend to push cells away from the 

source of light, whereas gradient forces attract cells to the focal point. The balance 

between scattering forces and gradient forces is dependent on the refractive index of the 

cells compared to the surrounding fluid. Since the laminar flow nature of microfluidics 

facilitates the targeted cells being focused by a laser beam to a desired area easily, the 

recovery rate and purity of cell population are significantly improved (Fig. 1-1(b)).37 

Liberale et al. reported that the integration of micro-optical tweezers inside microfluidic 

devices not only allows stable single-cell trapping, but also enables complementary 

mechanical, chemical, and spectroscopic analyses.38 However, the major drawback of 

microfluidic optical manipulation is low throughput compared to conventional optical 

assisted cell sorting. To address this issue, Chen et al. reported an innovative 3D 

microfluidic device capable of sorting cells at a throughput of 23,000 cells per second 

with 90% purity.39 This performance is realized by exciting laser-induced cavitation 

bubbles within a microchannel to generate high-speed liquid jets that deflect cells focused 

by 3D sheath flows.     

     

1-3-1-3.  Mechanical manipulation 

The introduction of specific microstructures into microfluidic systems will cause changes 

in fluid dynamics that promote collection of single cells. These microstructures can be 

fabricated directly inside the microfluidic channels to separate cells, and include features 

such as microfilters, microwells, dam structures, and microgrippers. An early study 
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utilized a device consisting of arrays of physical U-shaped hydrodynamic trapping 

structures to trap only single cells (Fig. 1-1(c)).40 Additionally, rates of cell death and 

division were studied after cell trapping. Lin et al. presented a microfluidic sieve-like trap 

array to exert precise control over the positioning of single cells on protein 

micropatterns.41 Various paired micropattern configurations allowed the positioning of 

different cell populations side by side on multiple pattern clusters. In other work, a 

microfluidic device was designed with arrays of bypass structures for trapping individual 

cells without the need for surface modification.42 With a high single cell trapping 

efficiency (~90%) achieved, cell apoptotic analysis and anticancer drug effects were 

examined.          

        

1-3-1-4.  Dielectrophoretic (DEP) manipulation 

Similar to optical manipulation, cells can be moved by the forces generated in a non-

uniform electric field via dielectrophoretic (DEP) cell positioning. Dependent on the 

properties of the surrounding medium and polarity of the target cells, the electric field 

force is able to draw cells to the field maximum or minimum. When the cells move in the 

direction of a strong electric field, it is called positive DEP; on the contrary, negative 

DEP means that the cells move toward the weak electric field. Wang et al. employed a set 

of electrodes in the sidewall of microchannels to generate negative DEP forces that repel 

cells from the sidewalls, and these lateral negative DEP forces could be adjusted to 

position cells at different equilibrium points for flowing into different outlet channels.43 

Moon et al. developed a continuous separation method combining hydrodynamic 
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fractionation and DEP separation to obtain CTCs from a spiked blood cell sample.44 DEP 

separation plays a role in precise post-processing to enhance the efficiency of cell 

isolation after initial hydrodynamic fractionation, and the blood cells were removed with 

an efficiency of more than 94%. In addition to isolating cells in buffer solutions, 

emulsified droplets can be created inside the microchannels to encapsulate single cells for 

DEP separation, which provides a safe and rapid way to analyze individual cells, 

including gene mutation identification and enzyme reaction (Fig. 1-1(d)).45 

 

1-3-1-5. Other manipulation  

There are some other techniques to manipulate single cells within microfluidic devices, 

such as acoustophoresis, droplet microfluidics, and passive cell sorting. Acoustophoresis 

refers to the movement of cells in response to an acoustic pressure wave, which is a label-

free cell handling technique with little detrimental effect and high spatial resolution. The 

application of acoustic waves in microfluidic cell sorting was performed by Ding et al., 

wherein tunable acoustic waves precisely directed cells into different outlet channels in 

continuous flow.46 Droplets in one phase surrounded by another immiscible phase were 

generated in the microfluidic channels through co-flowing these two laminar fluids 

simultaneously. The main function of droplet microfluidics is for molecular analysis of 

single cell lysates since using droplets provides independent biochemical reactors with 

ultra-small volumes that reduce dilution effects. Zinchenko et al. established a protocol 

for the creation of monodisperse droplets in microfluidic devices, and single E. coli cells 

were continuously compartmentalized for a directed evolution experiment.47 Passive cell 
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sorting is a category of cell manipulation methods that does not require labeling and only 

relies on the inherent differences in cellular physical properties (e.g., size, shape, and 

density). One typical manifestation of passive fluid phenomena is Dean flow, which is 

caused by the inertial forces that emanate from boundary effects of fluid flow adjacent to 

the channel walls. Warkiana et al. exploited the Dean vortex flows to isolate label-free 

CTCs from blood with high throughput and purity.48 Other passive isolation methods, 

mainly focusing on deterministic lateral displacement and pinched flow, can be found in 

these specific reviews.49,50               

 

1-3-2.  Microfluidics for single cell detection      

As discussed above, microfluidics technology has the excellent ability to achieve single 

cell resolution by using different manipulation methods. However, microfluidics is not a 

detection technique during single cell analysis, and the characterization of cellular 

behaviors is still dependent on the use of traditional detection tools (e.g., microscopy) 

paired with microfluidics. Much recent work focuses on combining microfluidic systems 

with traditional detection approaches for single cell characterization, which may provide 

analysis in a rapid, sensitive, and high throughput fashion. A few exemplary microfluidic 

single cell detection examples are described below.  

 

1-3-2-1.  Single cell activation and secretion  

Within biological systems, cells are activated by various environmental signals and 

respond by performing specific functions, such as releasing a series of signaling   
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Figure 1-2. Microfluidic devices for single cell detection. (a) Single cell activation 

and secretion assays within the microfluidic microarray (1-4 show different scale 

bars). Reproduced from Ref. 51 with permission. (b) Cell migration studies in 3D 

matrix based on the electric impedance signal change. Reproduced from Ref. 57 

with permission. (c) Microfluidic device connected with mass spectrometry for 

examining the pharmaceutical effects on cellular functions. Reproduced from Ref. 

59 with permission.   
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molecules. The environmental factors initiating the cell activation range from cytokines, 

pathogens, and bacteria, to other cells and biophysical events. Investigating cellular 

responses to these external factors is crucial to understand cellular behaviors in the 

context of biological interactions as well as the mechanism behind relevant disease 

pathogenesis. The study of pooled cell populations using conventional assays may hide 

the heterogeneity of cellular response. Microfluidics is a suitable platform for exploring 

cell activation and secretion since the high spatiotemporal resolution at the single cell 

level will provide more quantitative information about natural cellular heterogeneity. 

Herein, two examples are introduced to reveal the significance of microfluidics 

technology in cell activation and secretion studies. Zaretsky et al. developed a deep 

microwell platform that allows capture and growth of primary T lymphocytes with 

minimal perturbation. Quantitative data about gene expression, cell activation, and 

proliferation can be obtained at the single cell level through 72 h live cell imaging (Fig. 

1-2(a)).51 In another example, Deng et al. reported an integrated microfluidic system 

designed for isolation, purification and single-cell secretomic profiling of CTCs from 

whole blood. An enhanced poly-L-lysine barcode pattern was created on the chip for 

efficient capture of CTC cells for subsequent secreted protein profiling, and the cells 

exhibited highly heterogeneous secretion profiles of interleukin-8 (IL-8) and vascular 

endothelial growth factor (VEGF).52 

       

1-3-2-2.  Quantitative analysis of cell migration 
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Cell migration has been recognized as another hallmark of immune response and disease 

pathogenesis.53 By following endogenous chemical gradients of signaling molecules, 

cells are able to migrate toward target sites and play their important defensive role against 

pathogen invasion or accelerating disease progression. For instance, neutrophils, the 

major type of white blood cells in the human immune system, migrate to the infection 

sites once receiving an inflammatory signal; on the other hand, cancer cells circulate in 

the blood to search for new tumor sites. Compared to traditional assays, microfluidic 

platforms facilitate the creation of stable chemical gradients with high spatiotemporal 

resolution, allowing quantitative tracking of single cell migration instead of 

characterizing the movement of cell populations. Neutrophil directional migration, 

critical in the immune response to inflammation, has been studied extensively using 

microfluidic platforms. In fact, our group has established chemical gradients within 

microfluidic devices by mixing flow streams in a series of serpentine channels, allowing 

the laminar flow property of flow streams carrying different cytokine concentrations to 

set up the gradient for neutrophil migration studies. We tracked the migration of 

individual neutrophils in the presence of competing gradients,54 endothelial cell 

interaction,55 and drug inhibitors,56 which provide a detailed mechanistic understanding 

of neutrophil migratory behaviors. Nguyen et al. efficiently captured single metastatic 

cancer cells using an on-chip microstructure array while the migration of cancer cells into 

3D matrixes were recorded with a change in impedance of the patterned electrodes (Fig. 

1-2(b)).57  

       



 

 16 

1-3-2-3.  Pharmaceutical research       

Probing the effects of drugs on cellular behavior is of great importance in drug discovery, 

which is a time-consuming, complicated, and costly endeavor. Hence, people have made 

great efforts to develop robust, rapid, and high-throughput approaches to address current 

limitations in the field of pharmaceutical research. As a powerful bioanalytical platform, 

microfluidics offers numerous advantages in drug discovery-related work over other 

biological assays, such as sustaining highly parallel and multiplex detection, fast drug 

screening with small volume consumption, and automated dynamic data processing. 

Moreover, cell culture systems, even organ-like microenvironments have been created 

inside microfluidic devices to replace traditional animal models for drug discovery; a 

detailed description can be found in the organ-on-a-chip section below. One typical 

application of microfluidic systems in drug-cell interaction studies is the evaluation of 

drug cytotoxicity. Sarkar et al. presented a droplet microfluidics-based approach to 

examine the dynamics of drug uptake and cytotoxicity in drug-sensitive and drug-

resistant breast cancer cells. An integrated droplet generation and microarray were used 

to encapsulate single cells for real-time imaging while heterogeneous drug effects were 

found for drug-sensitive cells, and uniformly low uptake was showed in drug-resistant 

cells.58 Chen et al. performed drug-induced cell metabolism measurements using 

microfluidic chip electrospray ionization mass spectrometry (ESI-MS, Fig. 1-2(c)).59 

Drug molecules were injected through the micro-chamber to incubate with microfluidic-

cultured cells, and the released metabolites were easily identified by ESI-MS without 

contamination even in the complex biological matrices.   
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1-4.   Reconstitution of in vivo microenvironments   

The human body is a complex and precisely operating system involving numerous 

molecules, cells, tissues and organs. There is a rich variety of cellular interactions in the 

human body to regulate biological functions; investigation of the mechanisms behind 

these cellular interactions is critical for medical innovation in disease treatment. 

Traditional in vivo assays using animal models are not always able to correlate with 

human results; also, expensive and time-consuming procedures are disadvantages of in 

vivo assays. The study of cellular interactions within an in vivo-like microenvironment is 

a good alternative approach for the biological research community to replace or 

compliment animal studies. Due to recent advances in microfabrication techniques and 

biomaterial research, microfluidics is one of the ideal platforms to provide a 

microengineered cell culture model with biomimetic environments, from a system that 

allows the researcher to vary independent biophysical or biochemical factors to 

complicated tissue- or organ-like configurations. In a physiologically relevant context, 

cellular behaviors observed within microfluidic in vitro models may be able to 

recapitulate or predict realistic situations inside human body. 

 

1-4-1.   Recapitulation of biophysical and biochemical complexity 

To recapitulate in vivo-like microenvironments using microfluidics, the research 

community starts by introducing independent biophysical or biochemical factors into the 

microfluidic device design. The text below focuses on three different 

biophysical/biochemical factors: fluid shear stress, physiological hypoxia, and  
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Figure 1-3. Recapitulation of biophysical and biochemical microenvironments using 

microfluidic devices. (a) A complicated hemodynamic model to study the 

mechanisms of platelet clot formation in a biomimetic blood vessel. Dynamic studies 

of platelet (red) and thrombin (green) development on collagen (A-C) or 

collagen/TF scaffolds (D-F). Reproduced from Ref. 62 with permission. (b) 

Microfluidic device setup for the creation of oxygen gradients across a gel region 

containing cell culture. Reproduced from Ref. 66 with permission. (c) HeLa cell-

bacteria co-culture system in a microfluidic device. The figures show the (A) HeLa 

cell monolayer, (B) GFP-expressing E. coli localized in the bacterial islands, (C) cell 

co-culture, and (D) magnified view of cell co-culture. Reproduced from Ref. 69 with 

permission.  
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biomimetic cell-cell interactions, which are three fundamental in vivo characteristics that 

regulate cellular behaviors. 

 

1-4-1-1.   The interactions between cells and flow  

One significant difference between true in vivo conditions and traditional in vitro cell 

culture is the existence of flow in blood vessels. Shear stress caused by fluid flow is 

recognized as an essential parameter that influences cellular behaviors, not only 

mechanically changing the cellular cytoskeleton and morphology, but also regulating 

biological function, such as adhesion and secretion.60 Using microfluidic channels, the 

fluid is kept in a laminar flow regime, which is the same as that in blood vessels; in 

addition, accurate mimic of fluid behaviors can be achieved with high spatiotemporal 

resolution and easy adjustment. One simple example where this strength is demonstrated 

is a study where renal tubular epithelial cells were exposed to fluid shear stress in a 

microfluidic chip, and the data indicate that the reorganization of intracellular F-actin and 

translocation of channel proteins are regulated by the shear stress microenvironment.61 In 

another example, Muthard et al. created a complicated hemodynamic model to study 

platelet clot formation in the presence of controlled transthrombus permeation and wall 

shear stress, which are able to significantly change clot structure, height, and composition 

(Fig. 1-3(a)).62 There are two interesting examples that extend the cell-flow interactions 

to material and biosensor research. Varma et al. presented the first genetically coded cell 

sensors that fluoresce in a quantitative fashion upon fluid shear stress pathway 

activation.63 Specifically, the up-regulation of mechanosensitive proteins induced by a 
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range of shear stress intensities and durations was detected, systematically assessing the 

physiological implications of shear stress in microfluidic devices. Tang et al. observed 

the detachment of cells on temperature-responsive surfaces in a shear stress-dependent 

mode, which may be useful for cell culture surface design in tissue engineering.64 

            

1-4-1-2.   Hypoxic effects on cellular responses  

Hypoxia, known as the deprivation of adequate oxygen supply within the human body, 

plays a critical role in regulating cellular behaviors including migration, proliferation, and 

differentiation. Especially in the context of cancer, hypoxia is a characteristic feature 

inside solid tumors and promotes tumor progression as well as resistance to therapy.65 

Hypoxia also regulates the cellular fate of stem cells in most instances. Instead of using 

large oxygen variable incubators, microfluidic platforms are able to sustain desired 

oxygen gradients in a precisely controlled fashion with short equilibration time. To 

develop hypoxic conditions, a pre-programmed gas mixture containing low oxygen 

concentration or a chemical reaction that consumes oxygen is flowed into microfluidic 

channels to decrease the oxygen level in cell culture microenvironments. Funamoto et al. 

reported a microfluidic device with a 3D cell culture gel region and a pair of peripheral 

gas channels for suitable gas mixture injection (Fig. 1-3(b)).66 Under uniform hypoxic 

conditions or oxygen concentration gradients, the migratory studies of human breast 

cancer cells were performed, indicating enhanced migration compared to normoxia. A 

sophisticated microfluidic device combining a hydrodynamic trapping array and hypoxic 

gas control system demonstrated that hypoxia impairs the function of microencapsulated 
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islets at the single islet level, showing a heterogeneous pattern reflected in intracellular 

calcium, mitochondrial energetics, and redox activity.67 Chang et al. employed an oxygen 

scavenging chemical reaction method to create oxygen gradients that play the important 

role in guiding cell migration and mediating cell-drug interactions.68 This method is 

advantageous because it is free of gas cylinders and flow control systems.    

   

1-4-1-3.   Biomimetic cell-cell interaction models  

The introduction of microfluidic devices into cell-cell interaction studies brings the great 

opportunity to investigate cellular behaviors in a temporally, spatially, and chemically 

resolved manner. In a realistic setting, cellular interactions are mediated by a variety of 

biophysical and biochemical factors, which are generally not well-represented within 

conventional cell-based assays, but can be achieved in microfluidic devices. Kim et al. 

studied the interaction between E. coli and HeLa cells in a device controlled by pressure-

driven microfluidics (Fig. 1-3(c)).69 Through culturing E. coli cells as a biofilm in an 

island region surrounded by HeLa cell monolayer, the co-culture results reveal that E. 

coli cells display a spatial bias when colonizing within HeLa cells, and insight on how E. 

coli outcompetes commensal bacteria was provided. Zervantonakis et al. developed a 3D 

tumor-vascular interface to characterize tumor cell intravasation with the signaling from 

tumor-endothelial interactions and biochemical factors secreted from co-existing 

macrophages.70 Another 3D microfluidic cell co-culture platform was created by 

separating different cell types with a porous membrane and multiple physiological 

elements, including fluid flow shear and subendothelial matrix, were introduced into the 
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device simultaneously.71 This model offers the advantages of greater control of the 

cellular microenvironments and the potential for high throughput experimentation.  

   

1-4-2.   Organ-on-a-chip 

Organ-on-a-chip is a novel concept referring to the simulation of physiological functions 

and structures of entire organs or organ systems based on cell culture microfluidic 

platforms. The limitations of current drug development strategies inspired the organ-on-

a-chip concept. Traditional cell-based assays focus only on studying molecular 

mechanisms in cell-drug interactions rather than revealing cellular behaviors in 

complicated in vivo microenvironments. Meanwhile, animal models are too often poor 

predictors of human biological response. These shortcomings of traditional approaches in 

combination with recent advances in the fields of cell biology, biomaterials, 

microfabrication technologies and tissue engineering have facilitated the emergence of 

organ-on-a-chip platforms.72-74 For the purpose of recapitulating organ-like environments, 

a wide range of aforementioned technologies, such as 3D cell culture, microelectrode 

integration, and chemical gradient generation, must be incorporated into the microfluidic 

device, which is a great challenge for the research community. Despite the technical 

challenge, several successful organ-on-a-chip examples have been established to study 

cellular biology questions.     

 

1-4-2-1    Lung-on-a-chip 
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Figure 1-4. Organ-on-a-chip systems. (a) Lung-on-a-chip: reconstitution and 

visualization of complex organ-level responses involved in pulmonary inflammation 

and infection. Reproduced from Ref. 75 with permission. (b) Liver-on-a-chip: 3D 

liver cell culture to assess the oxygen consumption and transport in perfused 

multiwells. Reproduced from Ref. 76 with permission. (c) Heart-on-a-chip: 

developed Muscular Thin Film (MTF) assay to explore the structure function 

relationship and drug dose effects of anisotropic cardiac myocytes. Reproduced 

from Ref. 77 with permission. (d) Body-on-a-chip: operating multiple compartments 

with different organ functions or various cell types in a single integrated device to 

predict drug effects. Reproduced from Ref. 78 with permission. 
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A bio-inspired microdevice based on human alveolar-capillary interfaces was created to 

simulate the fundamental unit of the human lung through bonding two symmetric 

microchannels separated by one thin flexible porous PDMS membrane (Fig. 1-4(a)).75 

This sandwich design enables air flow into the upper compartment with epithelial cells 

coating the membrane and medium circulation in the lower compartment where 

endothelial cells are incubated on the other side of the membrane. Vacuum exerted in two 

side chambers provides the pressure to stretch opposite cell layers at the air-liquid 

interface, simulating pulmonary breathing movements. Direct visualized results 

demonstrate that the medium containing cytokine molecules up-regulated the expression 

of adhesion molecules produced by endothelial cells and induced transmigration of 

leukocytes through confluent cell layers, whereas cyclic mechanical strain had no impact 

on inflammatory response. In nanotoxicological studies, physiological strain was shown 

to enhance toxic and immunological effects of silica nanoparticles as well as increase 

epithelial or endothelial uptake of various nanomaterials.75 

 

1-4-2-2   Liver-on-a-chip 

Hepatotoxicity is recognized as one of the major issues that cause side effects during drug 

treatment. A reliable and efficient in vitro liver-on-a-chip platform equipped with 

electronic controlled pneumatic micropumps was reported to sustain 3D liver cell culture 

and high throughput observation (Fig. 1-4(b)).76 The assembled multiwell plate contained 

12 bioreactors in which hundreds of tissues were maintained under constant fluidic 

perfusion and kept functionally viable after one-week culture. Furthermore, the model of 
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oxygen distribution in each chamber was generated using a computational tool to predict 

gas transfer and consumption, which was consistent with the luminescence-based 

concentration measurements and proved to be dependent on a first-order reaction 

mechanism. This study provides an in vitro model that captures the complexity of an in 

vivo organ in a scalable and easy-to-use format for future drug discovery. 

  

1-4-2-3   Heart-on-a-chip                  

Replicating relevant in vitro cardiac tissue is an urgent need for drug testing due to the 

high risk of heart failure resulting from unforeseen drug toxicities, even for some 

currently marketed drugs. The novel Muscular Thin Film (MTF) assay has been proposed 

to explore the structure-function relationship and drug dose effects on anisotropic cardiac 

myocytes to overcome the shortcomings of traditional single cell studies and isotropic 

cardiac assays (Fig. 1-4(c)).77 The MTF device is composed of a metallic temperature 

controller, embedded microelectrodes, an elastomeric thin film array for cardiac cell 

culture, and a transparent top suited for optical screening. Deflection of each cantilever in 

the array after electrophysiological stimulation is recorded to calculate diastolic and 

systolic stresses, which did not show significant differences by culturing cells on four 

patterns with different gap distances between neighboring cantilevers. The effects of drug 

doses on cardiac contractility were evaluated to reveal that architectural changes in tissue 

were dependent on the drug concentrations in a wide range.  

 

1-4-2-4   Body-on-a-chip 
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The rapid progress in the field of organ-on-a-chip has aroused researchers’ interests in 

building pharmacokinetics-pharmacodynamics (PK-PD) models of drugs in multi-organ-

involved microenvironments to replace the studies concentrating on single specific 

organs. The creation of micro cell culture analog (µCCA) techniques aim to operate 

multiple compartments with different organ functions or various cell types in one 

integrated device. One precursor study employed a compact three-chamber µCCA to 

assemble liver, tumor, and marrow cell lines by connecting them with fluidic channels 

that delivered common medium for disparate tissues (Fig. 1-4(d)).78 The gravity-

generated flow excluded the application of an external pump and prevented bubble 

formation, and this unique flow recirculation manner permitted cells to retain viability for 

three days. A brief comparison of drug cytotoxicity in theoretical PK-PD models and 

dynamic µCCA conditions proved that experimental results could satisfactorily fit the 

computational estimates, and the combination of the two approaches offered a novel 

reinforced method to predict drug effects in complex biological systems.  

 

1-5   Conclusions                      

As described above, microfluidics is a smart tool for cellular interaction studies due to 

two important features: the abilities to monitor single cells with high spatiotemporal 

resolution and mimic in vivo physiological microenvironments. According to the 

properties of target cells and detection methods, individual cells are isolated using 

different strategies, such as magnetic, optical, mechanical, and electrical manipulation; 

meanwhile, the responses of cells with external stimuli, chemical gradients, and drug 
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molecules can be studied in a quantitative and sensitive fashion. Creating a biomimetic 

microenvironment within microfluidic devices has been achieved to identify the effects 

of biophysical and biochemical complexity on cellular behaviors. Moreover, the network 

system with organ-like configurations and functions has been developed based on 

microfluidic platforms to examine cellular biology in the complicated milieu, bridging 

the gap between traditional in vitro cell-based assays and in vivo animal models. In short, 

these efforts allow microfluidics technology to shed light on important challenges in cell 

biology, especially understanding the mechanisms of cellular interactions with 

environmental complexity. 

Despite the significant advances made in the field of microfluidics research, there are 

several issues that need to be addressed in future innovation. First, as mentioned above, 

microfluidic single cell analysis is still limited to conventional detection methods, such as 

optical microscopy methods, electrochemical detection, and mass spectrometry. Future 

research efforts that enable state-of-art detection on microfluidic platforms such as 

surface-enhanced Raman scattering, nuclear magnetic resonance, or acoustic/evanescent 

wave detection would provide much needed detailed chemical information. Second, in 

the context of biomimetic microfluidic techniques, the lack of available human cells is 

one of the major challenges. Most of the cells currently in use are not sufficiently stable 

for long-term in vitro culture, making realistic application of organ-on-a-chip difficult. 

The development of stem cells is still in an ethical conflict but may provide a solution to 

this shortcoming. Lastly, microfluidics technology in cell biology studies requires skilled 
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users to undertake the intricate processes from device fabrication to in-device cell culture; 

hence, there is an urgent need for simplification and automation of microfluidic devices. 

In the following thesis chapters, the presented work focuses on the combination of single 

cell analysis and biomimetic microenvironment to study the interactions of cells with 

essential environmental factors (e.g., chemical gradients, drug molecules, different cell 

types, fluid shear stress, and hypoxia) under physiologically relevant environments at the 

individual cell level. To be specific, the drug effects on neutrophil migration under 

chemical gradients are studied in Chapter 2 while neutrophil transendothelial migration in 

the presence of complicated gradient patterns and angiogenesis structures are reported in 

Chapters 3 and 4, respectively.  In Chapter 5, a microfluidic cell co-culture model is 

presented that combines various physiological factors together, such as chemical 

gradients, flow rate, and hypoxia. The relationship between shear rate and cell adhesion 

behaviors is studied in detail in the last chapter.      
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Chapter 2 

Exploring Inflammatory Disease Drug Effects on Neutrophil Function 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
Adapted from: 

Wu, X.; Kim, D.; Young, A. T.; Haynes, C. L., Analyst, 2014, 139, 4056-4063. 
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2-1.   Introduction 

Neutrophils are the dominant white blood cells in the human body, and they play a 

significant role in the first line immunological response.1 Neutrophil dysfunction is often 

found to be involved in neutrophilic inflammation, including acute severe subtypes of 

asthma2,3 and chronic obstructive pulmonary disease (COPD),4,5 ranking as the fourth 

leading cause of death worldwide.6 Despite the fact that neutrophilic inflammation 

endangers human health, only a few pharmacological treatments are available and 

effective to treat neutrophilic inflammation. The pathophysiology of neutrophilic 

inflammation is characterized by neutrophil accumulation around infection sites due to 

aberrant neutrophil chemotaxis and impaired apoptotic pathways;5,7 as such, there is a 

clear need to understand the underlying neutrophil biology in hopes of developing 

alternative approaches to slow down neutrophil chemotaxis and remove persistent 

neutrophils.8  

Chemotaxis is a dynamic process whereby cells move in response to chemical gradients 

of signaling molecules called chemokines. Interleukin-8 (IL-8), one of the most well-

defined primary chemokines that regulates neutrophil movement, is responsible for 

promoting neutrophil chemotaxis and activating the pathogenesis of neutrophil 

inflammatory diseases.9,10 The neutrophil intracellular pathway triggered by IL-8 offers 

several pharmaceutical targets, such as the receptor chemokine C-X-C motif receptor-2 

(CXCR2), the signal transducer enzyme phosphoinositide 3-kinase (PI3K), and 

intracellular free Ca2+, all of which perform important functions in the neutrophil 

chemotactic cascade (Fig. 2-1). IL-8 initiates neutrophil chemotaxis through binding to 
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seven-transmembrane domain receptors (CXCR1 and CXCR2) located on the surface of 

neutrophils. Although activation of both CXCR1 and CXCR2 is able to initiate a series of 

neutrophil signaling processes, the rate of receptor internalization is more rapid with 

CXCR2 than CXCR1, and a lower dose of IL-8 is required for CXCR2 activation.11,12 

Following the translocation of CXCR receptors to the cytoplasmic granules mediated by 

G proteins, which are a family of proteins transmitting signals from extracellular stimuli 

to the interior of the cell - Gβγ subunits activate PI3K and phospholipase C (PLC) 

pathways to govern downstream signal transduction elements. PI3K and its main lipid 

products are involved in a variety of cellular processes, such as cell survival, cytoskeleton 

rearrangement, and cell transformation; more importantly, PI3K is responsible for the cell 

polarization that controls the direction of neutrophil migration.13 PLC-molecules can be 

divided into three categories (β, γ and δ), and the activation of the PLC-β isoform not 

only mediates the function of protein kinases, but also leads to an increased level of 

intracellular free Ca2+.14 The relationship between Ca2+ and chemotaxis is still in dispute, 

although it has been suggested that Ca2+ is involved in the contraction of the cell rear and 

uropod, which is an underlying step in the movements of cells.15 Clarification of the role 

of Ca2+ in neutrophil chemotaxis is necessary to understand and manipulate the signaling 

pathway.  

In this work, we exploit single cell bioanalytical approaches to evaluate the physiological 

effects of three drugs aimed at the aforementioned targets. Inhibition of CXCR2 function 

with an antagonist downregulates the neutrophil migratory response in the biological 

cascade, potentially decreasing the number of cells infiltrating site of interest. A number  
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Figure 2-1. Simplified schematic diagram of the IL-8 signaling pathway in 

neutrophil chemotaxis. 
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of CXCR2 antagonists have been identified by pharmaceutical companies, and some of 

them are already in preclinical trials.16 SB225002, a common CXCR2 antagonists, was 

employed herein to determine the impacts of receptor antagonism on neutrophil 

chemotaxis and viability. The PI3K inhibitor, LY294002, has been studied extensively 

during the past two decades;17,18 however, the precise role of this inhibitor in neutrophil 

chemotaxis, including temporal regulation and concentration optimization, is still not 

clear. Also, LY294002 is expected to suppress neutrophil viability since PI3K has been 

identified as a survival factor for neutrophils.19 The connection between neutrophil 

chemotaxis and cytosolic Ca2+ levels can be determined by introducing a drug considered 

to influence both chemotactic behaviors and the mobilization of intracellular Ca2+. 

Theophylline is a common respiratory drug that alleviates the symptoms of COPD 

patients. Previous research has revealed that theophylline induces the inhibition of 

neutrophil chemotaxis in both healthy control and patient samples,20,21 likely by 

decreasing cytosolic Ca2+ concentration.22 A deep investigation about the impacts of 

theophylline on neutrophil chemotaxis and intracellular Ca2+ is required to test this 

hypothesized role of Ca2+ in neutrophil chemotaxis and accurately describe drug action 

mechanisms.  

Conventional chamber-based assays, such as use of the Boyden chamber,23 Dunn 

Chamber24 and agarose gel assays,25 introduce chemokine concentration gradients 

between two separate chambers containing buffer and concentrated signaling molecules. 

Although these assays are straightforward and convenient, the variable chemical 

gradients decay with time and only ensemble measurements are obtained, limiting the 
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systems and effects that can be probed with these methods. Microfluidics is a technology 

that enables the precise manipulation of fluid flows at the microscale.26 Simple 

microfluidic platforms can be used to create dynamic and stable chemical gradients with 

high spatiotemporal resolution due to the accurate and precise control over laminar flow 

in microchannels. Additionally, optically transparent microfluidic platforms allow 

tracking of individual cells during chemotaxis in a real-time and quantitative fashion. 

Furthermore, compared to the simplistic environment in traditional methods, microfluidic 

techniques sustain a more complicated in vivo-like milieu with dynamic fluid flow and 

complex biological media so that cellular behaviors can be monitored in a physiologically 

relevant environment.  

 

2-2.   Experimental details 

 

2-2-1.   Device fabrication 

Microfluidic devices were fabricated using standard photolithography protocols. First, a 

film (CAD/Art Service Inc., Bandon, OR) with lightproof background and transparent 

channel patterns was used to transfer the device design onto a chrome photomask plate 

via UV light exposure to an AZ1518 positive photoresist coating (Nanofilm, Westlake 

Village, CA). After exposure, the photomask was placed in 351 developer solution 

(Rohm and Hass Electronic Materials LLC, Marlborough, MA) to remove cross-linked 

photoresist in the channels, and the exposed chrome layer was etched down in the chrome 

etchant solution (Cyantek Corporation, Fremont, CA). The final step was carried out in 
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the piranha solution (1:1 volume ratio of 30% hydrogen peroxide and 99.9% sulfuric acid, 

Avantor Performance Materials, Phillipsburg, NJ) to remove the remaining photoresist. 

Following photomask fabrication, a 4-inch silicon wafer was spin-coated with 100 µm 

thick negative photoresist SU-8 50 (Microchem, Newton, MA) and then underwent the 

first baking step. The channel patterns were then transferred to the SU-8 mold through 

the previously prepared photomask by UV exposure. After the second baking process, the 

silicon wafer was developed in SU-8 developer (Microchem, Newton, MA) to dissolve 

the unexposed photoresist, and the device patterns remained on the substrate. A mixture 

of Sylgard 184 silicone elastomer base and curing agent (Ellsworth Adhesives, 

Germantown, WI) in 10:1 mass ratio was slowly poured on the completed SU-8 mold 

after degassing, and then incubated on the hot plate at 95°C overnight. The 

polydimethylsiloxane (PDMS) layer was cut and punched for inlet and outlet holes. 

Finally, the PDMS layer was attached to the glass substrate permanently using oxygen 

plasma at 100 L/h oxygen flow rate and 100 W for 10 seconds. The fabricated devices 

were sterilized by injecting 70% v/v ethanol solution into channels and exposed to UV 

light overnight before use.  

                        

2-2-2.   Neutrophil isolation  

Freshly drawn whole human blood samples with ethylenediaminetetraacetic acid (EDTA) 

as an anticoagulant were prepared by Memorial Blood Center (St. Paul, MN) according 

to IRB protocol E&I ID no. 07809. All the samples were collected from healthy donors 

as demonstrated by a screening questionnaire that meets the Food and Drug 
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Administration (FDA) guidelines, and neutrophil isolation was performed immediately 

following blood draws. 5 mL of blood sample was layered carefully over the same 

volume of mono-poly resolving medium (Fisher Scientific, Waltham, MA) and 

centrifuged to obtain distinct density gradients. The neutrophil band was collected and 

purified using red blood cell lysis buffer (Miltenyi Biotec Inc., Auburn, CA) according to 

the previously reported protocol.27 The final neutrophil pellet was re-suspended in Hank’s 

buffered salt solution (HBSS, Fisher Scientific, Waltham, MA) containing 2% human 

serum albumin (HSA, Sigma-Aldrich, St. Louis, MO).  

 

2-2-3.   Cell viability assay 

Pure neutrophils were diluted to the density of 6 × 105 cells/mL in HBSS medium and 

seeded in 96-well plate with 100 µL in each well. Neutrophils were incubated with 

different concentrations of drugs (CXCR2 antagonist SB225002, EMD Millipore, 

Billerica, MA; PI3K inhibitor LY294002 or theophylline, Sigma-Aldrich, St. Louis, MO) 

for specific time periods (30 min, 90 min, or 150 min) in the incubator at 37°C under 5% 

CO2. After incubation, the well plate was centrifuged to remove medium, and the cells 

were incubated with 100 µL of 0.5 mg/mL 3-(4,5-dimethylthiazol-2-yl)-2,5- 

diphenyltetrazolium bromide (MTT, Sigma-Aldrich, St. Louis, MO) solution for 2 h. The 

water-insoluble purple formazan crystals only produced by the living cells were dissolved 

in 150 µL of dimethyl sulfoxide (DMSO, Sigma-Aldrich, St. Louis, MO). The plate was 

placed on the orbital shaker for 20 min to facilitate complete crystal dissolution. Finally, 

100 µL of DMSO solution was transferred to another new 96-well plate for UV-Vis 



 

 37 

absorption measurements. Optical density was monitored at 570 nm, with 655 nm as a 

reference, using a microplate reader (Bio Tek, Winnoski, VT), and the cell viability was 

calculated using equation (1). The data in each condition were recorded from five 

different blood samples (donors).  

                                          (1)       

 

2-2-4.   Microfluidic chemotaxis experiments  

Prior to using microfluidic devices, the channels were rinsed with sterilized Milli-Q water 

(Millipore, Billerica, MA), and 20 µL of 250 µg/mL human fibronectin (Sigma-Aldrich, 

St. Louis, MO) solution was injected through the cell inlet to cover the cell culture 

chamber. The devices were kept in the biosafety hood for 40 min before introducing 

neutrophils. Neutrophils at a density of 3-5 × 106 cells/mL were incubated with specific 

concentrations of drugs at 37°C under 5% CO2 for 30 min, 90 min, or 150 min. After that, 

5-10 µL of neutrophils were injected through the cell inlet to achieve suitable population 

(30-60 cells in the viewable 400 µm × 1280 µm area) in the microfluidic cell culture 

chamber, and then the device was kept in the biohood for another one hour to enhance 

neutrophil adhesion to the fibronectin-coated glass. Two medium inlets were connected 

to syringes containing 10 ng/mL IL-8 (Sigma-Aldrich, St. Louis, MO) solution and 

HBSS buffer to achieve a 0-10 ng/mL IL-8 gradient within the observation channel. The 

flow rate was kept at 100 µL/h, which will generate minimum shear-induced impact on 

neutrophil chemotaxis. The migratory patterns of neutrophils within the IL-8 gradient 

viability (%) = ( sample abs570 nm - sample abs655 nm

control abs570 nm - control abs655 nm

) ×  100%
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were recorded using time-lapse imaging mode (every 10 s for 20 min) in Metamorph 

imaging software on an inverted microscope with a 10× objective (Nikon, Melville, NY) 

and a CCD camera (QuantEM, Photometrics, Tucson, AZ). Three biological replicates 

were performed for each condition.  

      

2-2-5.   Analysis of chemotaxis data 

In the cell culture chamber, the trajectories of 15 or more randomly-chosen neutrophils 

were analyzed (Fig. 2-2(a)). Neutrophil chemotaxis was quantified using three parameters, 

motility index (MI), chemotactic index (CI), and effective chemotactic index (ECI), 

which have been employed to describe neutrophil chemotaxis previously.28 The MI value 

describes the total possible movement of neutrophils and is defined as the ratio of final 

straight migratory distance (dfinal) and the maximum displacement (dmax).  

MI = dfinal/dmax   

where dmax is the product of average velocity of the tracked cell and total observed time.  

CI represents the orientation of neutrophils during migration and is defined as the ratio of 

the final distance in the gradient direction (dx) and the entire migration distance of a cell 

(dtotal). 

CI = dx/dtotal 

The third parameter, ECI, is defined as the product of MI and CI, and depicts the overall 

effectiveness of neutrophil chemotaxis. These three parameters from individual 

neutrophils were calculated and plotted as histograms reflecting average values and 
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standard error of the mean (SEM). Unpaired t-tests with α=0.05 were used for statistical 

comparison.    

       

2-2-6.   Calcium imaging 

Neutrophils were prepared in HBSS buffer containing 2% HSA at the density of 4-5 × 

106 cells/mL. For loading cells with the intracellular Ca2+-sensitive fluorophore fura-2 

AM (Sigma-Aldrich, St. Louis, MO), 1 mL of neutrophil suspension was incubated with 

1 µL of 1 mM fura-2 AM at 37°C under 5% CO2 for 30 min. Neutrophils were 

centrifuged twice to remove extra fura-2 AM, and then divided into two tubes of 500 µL 

solution. One population was re-suspended using Ca2+-free HBSS medium (Sigma-

Aldrich, St. Louis, MO) supplemented with 2% HSA and 2 mM ethylene glycol 

tetraacetic acid (EGTA, Sigma-Aldrich, St. Louis, MO), and the other one was kept in 

normal (Ca2+-containing) HBSS medium supplemented with 2% HSA. These two tubes 

were further split into 100 µL aliquots for incubation with different doses of theophylline. 

All the samples were put on ice in the dark until use. Before Ca2+ imaging, each sample 

was incubated at 37°C for 5 min and re-suspended in 100 µL of the same fresh media. A 

100 µL neutrophil suspension in each tube was placed on the center of a petri dish 

without fixing agent and the fluorescence intensity was monitored at 495 nm using 

340/380 nm dual wavelength excitation through a 40× oil immersion objective on an 

inverted microscope (Nikon, Melville, NY). The change in fluorescence intensity induced 

by addition of 2 µL 500 mg/mL IL-8 solution was recorded.  
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Calibration of Ca2+ concentrations was performed by pipetting 2 µL of 25 mM digitonin 

(Sigma-Aldrich, St. Louis, MO), a cell-permeabilizing agent, into the cell suspension for 

the maximum fluorescence ratio (Rmax) and then 5 µL of 0.4 M EGTA for the minimum 

fluorescence ratio (Rmin). Intracellular Ca2+ levels activated by IL-8 were calculated 

according to the equation (2).29  

                                                                                             (2) 

where Kd is the effective dissociation constant for the probe molecule (220 nM), Sf2 is the 

minimum excitation intensity at 380 nm, and Sb2 is the maximum excitation intensity at 

380 nm. Neutrophil autofluorescence without added fura-2 AM was also measured 

following the same procedures and subtracted in the calculation. 

 

2-3.   Results and discussion 

 

2-3-1.   Confirmation of chemical gradients in microfluidic device 

The microfluidic device is composed of three inlets, many serpentine channels, and one 

cell culture chamber (Fig. 2-2(b)). At each node in the microfluidic serpentine channels, 

the fluid splits into two streams and mixes via diffusion, with the neighboring stream 

carrying a different concentration of chemokines. When the fluid arrives in the cell 

culture chamber at the end of the pyramidal network, all the streams combine and form a 

concentration gradient perpendicular to the direction of streams. The concentration 

gradient profile is constant during experiments since the rate of molecular diffusion in 

each stream is much slower than the flow rate used in the experiment, which prevents the  

[Ca2+ ] = Kd ( R - Rmin

Rmax - R
)( Sf2

Sb2

)
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Figure 2-2. (a) Trajectories of neutrophils in the control sample. The highlighted 

migratory routine of single neutrophils shows how data was processed for analysis. 

(b) Schematic of microfluidic gradient device used in the experiment and 

confirmation of chemical gradient with fluorescence imaging. (scale bar: 100 µm). 
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nondirectional diffusion of chemokine molecules across the cell culture chamber. The 

fluorescence imaging shown in Fig. 2-2(b) confirms the formation of chemical gradients 

in the cell culture chamber with gradually increasing fluorescence intensity from left to 

right. 

 

2-3-2.   Neutrophil viability after drug treatment 

The effects of drugs, at varying doses and time periods, on neutrophil viability were 

evaluated using a traditional colorimetric MTT assay. The presence of 10 µM CXCR2 

antagonist SB225002 for 100 µL of 6 × 105 cells/mL neutrophils induced about 40% 

decrease in neutrophil viability versus the control condition after 150 min incubation, 

while 30 and 90 min incubation times caused smaller decreases in viability (Fig. 2-3(a)). 

These compromised viabilities are likely attributable completely to drug cytotoxicity as 

none of the incubation times are long enough to induce spontaneous neutrophil 

apoptosis.30 In addition, the same trends of viability reduction were observed while 

exposed to 1 µM and 100 nM SB225002. These results imply that SB225002 blocks the 

surface receptor sites accompanied with the internalization of antagonist, resulting in 

decreased neutrophil viability. The introduction of the PI3K inhibitor LY294002 only 

reveals moderate cytotoxic effects on neutrophils. Approximately a 20% reduction in 

neutrophil viability was observed after 90 and 150 min treatment at all the concentrations, 

and 30 min incubation had almost no effect on neutrophil viability (Fig. 2-3(b)). Previous 

studies suggested that PI3K played an important part in the anti-apoptotic system 

activated by granulocyte/macrophage colony-stimulating factor (GM-CSF),31,32 and 
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LY294002 was revealed to suppress the survival effects of this cytokine. Since there was 

no GM-CSF in the neutrophil medium to activate the PI3K pathway, the cytotoxic effects 

of LY294002 on neutrophils were limited as precedent work suggests. The evaluation of 

neutrophil viability after theophylline incubation was also in agreement with the previous 

reports that indicated a significant drop in neutrophil viability.33 Unlike the dose-

dependent effects displayed in previous reports, neither the therapeutic plasma 

concentration (10 µM) nor excessive amounts of theophylline (100 µM and 1 mM) 

showed any reduction in neutrophil viability with 30 min incubation. For 90 min 

incubation, theophylline induced a 40% reduction in viability at all the three 

concentrations, and all the drug concentrations induced a 50% decrease in neutrophil 

viability with 150 min incubation (Fig. 2-3(c)). Theophylline is known to down-regulate 

the expression of bcl-2, a protein in eosinophils and B cells that protects cells against 

apoptotic stimuli;34 however, this explanation cannot be employed herein due to the 

absence of bcl-2 expression in neutrophils. Another study demonstrated that theophylline 

augments granulocyte apoptosis by inhibiting the adenosine A2A receptor after 16 h 

culture,35 but this long time incubation made it impossible to discriminate between the 

contribution of spontaneous neutrophil apoptosis and drug-induced cell death. A detailed 

investigation of the immunomodulatory effects of theophylline on neutrophil apoptosis is 

clearly needed. 



 

 44 

 

Figure 2-3. Cytotoxic effects of each drug on neutrophil viability, as determined by 

the MTT assay. (a) Percent of neutrophil viability compared to the control condition 

after incubation with 100 nM, 1 µM, and 10 µM of SB225002 at different time points. 

(b) Percent of neutrophil viability compared to the control condition after 

incubation with 100 nM, 1 µM, and 10 µM of LY294002 at different time points. (c) 

Percent of neutrophil viability compared to the control condition after incubation 

with 10 µM, 100 µM, and 1 mM of theophylline at different time points. Error bar 

represents standard error of the mean. 
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Based on the results herein, the CXCR2 antagonist SB225002 and theophylline both 

greatly shorten neutrophil life span quickly while the PI3K inhibitor LY294002 was less 

effective at inducing neutrophil apoptosis. SB225002 and theophylline are more potent 

drugs than LY294002 in accelerating neutrophil apoptosis, but the risk of SB225002 

acting on other CXCR2-expressing cells and the common cytotoxicity of theophylline on 

immune cells should be considered for the future use.  

                                                                 

2-3-3.   Neutrophil chemotaxis with drug incubation 

Neutrophil chemotaxis under a 0-10 ng/mL IL-8 gradient was monitored in the gradient 

microfluidic device before and after drug treatment. Neutrophil migration patterns were 

quantified using the aforementioned three numerical parameters: MI, CI and ECI. 

Compared to the viability results reported above, neutrophil chemotaxis was not as 

sensitive to the low concentrations of CXCR2 antagonist, and no suppressive effect was 

observed under 100 nM and 1 µM drug conditions (Fig. 2-4(a)). The addition of 10 µM 

SB225002 resulted in a significant decrease in CI value after 90 and 150 min incubation 

while also causing an 80% decline in the ECI value after 150 min incubation. These 

results suggest that CXCR2 antagonism has remarkable impacts on the direction and 

effectiveness of neutrophil chemotaxis in a concentration- and time-dependent fashion 

without altering neutrophil motility. The IC50 of SB225002 for inhibiting neutrophil 

chemotaxis through CXCR2 antagonism is between 1 µM and 10 µM, which is much 

higher than the reported value (IC50 = 22 nM).36 This reported value was obtained using 

conventional chamber-based assays where all cells are assumed to be alive and 
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Figure 2-4. The inhibitory effects of each drug on neutrophil chemotaxis (*, p < 0.05, 

using a two-tailed unpaired t-test). (a) MI, CI, and ECI values after 100 nM, 1 µM, 

and 10 µM SB225002 treatment for control, 30 min, 90 min, and 150 min. (b) MI, CI, 

and ECI values after 100 nM, 1 µM, and 10 µM LY294002 treatment for control, 30 

min, 90 min, and 150 min. (c) MI, CI, and ECI values after 10 µM, 100 µM, and 1 

mM theophylline treatment for control, 30 min, 90 min, and 150 min.  
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responding to the chemokine signal; however, dead cells induced by CXCR2 antagonist 

cannot migrate into the chemokine chamber and are retained in the medium chamber. In 

this fashion, chamber-based assays overestimate the inhibitory effects of SB225002 on 

neutrophil chemotaxis by ignoring the cytotoxicity of the drug. On the contrary, defunct 

neutrophils cultured in the microfluidic device are removed by the fluid flow or barely 

move on the bottom; these cells were eliminated from the data analysis, and only 

effective neutrophil chemotaxis was collected and analyzed.      

Neutrophils exposed to varying concentrations of LY294002 showed distinct chemotactic 

behaviors. Similar to SB225002, 100 nM LY294002 had no major effect on neutrophil 

chemotaxis (Fig. 2-4(b)), and 10 µM induced a significant decrease in the CI value after 

150 min incubation, which confirms the conclusion that PI3K regulates the cellular 

polarization in the IL-8 signaling pathway and LY294002 interrupts the PI3K-involved 

neutrophil migration. Meanwhile, 1 µM of LY294002 resulted in about a 70% reduction 

in CI signal after 150 min incubation as well as a statistically significant drop in ECI 

values after 90 and 150 min treatment. These results suggest that PI3K modulates 

neutrophil chemotaxis via a positive feedback loop wherein two cytokines function both 

upstream and downstream of one another. Although there is no literature precedent for 

the involvement of PI3K in a positive feedback loop, the phospholipid product PtdInsP3 

and downstream Rho GTPases have been reported to activate each other in a positive 

feedback relationship.37 Herein, we speculate that neutrophils exposed to 10 µM 

LY294002 are short of activated PI3K and PtdInsP3, which activates the positive 

feedback loop between PtdInsP3 and Rho GTPases to stimulate the production of 
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PtdInsP3, thus preventing the inhibitory effects of LY294002. Unlike SB225002, the IC50 

of LY294002 for inhibiting neutrophil chemotaxis in this study was around 1 µM, close 

to the known value  (IC50 = 1.4 µM),38 since LY294002 induces smaller cytotoxic 

impacts on neutrophils than SB225002, and the contribution of cytotoxic effects to IC50 is 

limited for LY294002. This also supports our belief that the cytotoxic effects of drugs 

must be considered in the measured IC50 values.   

Theophylline, a current medication for COPD, indicates a completely opposite trend in 

neutrophil chemotaxis inhibition compared to the other drugs. At therapeutic 

concentration, 10 µM theophylline caused a significant decrease in MI value after 90 and 

150 min incubation, with no significant change in CI and ECI values (Fig. 2-4(c)). Two 

larger concentrations, 100 µM and 1 mM, did not indicate any significant difference in 

the three numerical parameters, which suggests that theophylline only lowers the motility 

of neutrophils around the optimal concentration without any influence on the polarization 

and effectiveness of neutrophil chemotaxis. These results contradict the observation 

found in the previous studies that theophylline is a potent inhibitor for neutrophil 

chemotaxis.20-22 As mentioned above, drug cytotoxicity can lead to overestimated 

chemotaxis in the traditional chamber-based assays by impeding neutrophil migration by 

increasing cell apoptosis rather than damaging chemotactic pathway. Theophylline 

induces a great drop in neutrophil viability instead of inhibiting  

In sum, our results demonstrate that SB225002 and LY294002 decrease polarization and 

effectiveness of neutrophil chemotaxis at different optimal concentrations, but 

theophylline only decreases motility of neutrophils at therapeutic concentration.                                                                     
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2-3-4.   Intracellular calcium imaging  

To determine the role of Ca2+ in neutrophil chemotaxis, the effects of theophylline on the 

mobilization of intracellular Ca2+ during theophylline treatment were assessed using 

single cell ratiometric fluorescence imaging. In the medium containing Ca2+, the 

concentrations of intracellular Ca2+ after 10 ng/mL IL-8 activation were determined at 

varying theophylline doses and incubation times. Compared to the control sample, the 

presence of 1 mM theophylline induced a significant decrease in intracellular Ca2+ after 

30 and 150 min incubation (Fig. 2-5(a)), which indicates that theophylline suppresses the 

elevation of Ca2+ level in the IL-8 signaling pathway. The fluorescence images clearly 

show that the number of bright cells increases greatly after IL-8 stimulation without 

theophylline treatment (Fig. 2-5(c)); however, the elevation of intracellular Ca2+ was 

almost totally inhibited with 1 mM theophylline treatment after 150 min (Fig. 2-5(d)). In 

addition to the high dose, 10 µM theophylline also significantly inhibited Ca2+ increase 

after 90 min incubation. Although there is no statistically significant inhibition for 100 

µM of theophylline, the average value of intracellular Ca2+ level at each time point was 

lower than that of the control sample. Combined with theophylline’s apparent minimal 

effect on neutrophil chemotaxis, it appears that neutrophil chemotaxis is independent of 

the alteration in intracellular Ca2+. In the Ca2+-free medium, no significant change in 

intracellular Ca2+ levels was observed for any of the theophylline doses, accounting for 

the control cell behavior (where the influence of Ca2+ in the media was significant). 

These results suggest that the function of theophylline in IL-8 signaling pathway is to 

block the entry of Ca2+ into cells. First, the intracellular Ca2+ levels of the control  
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Figure 2-5. The effects of theophylline on mobilization of intracellular Ca2+ 

activated by 10 ng/mL IL-8 (*, p < 0.05, using a two-tailed unpaired t- test). (a) 

Incubation with 10 mM, 100 mM, or 1 mM theophylline in the medium containing 

Ca2+. (b) Incubation with 10 mM, 100 mM, and 1 mM theophylline in Ca2+-free 

medium. (c) Fluorescence imaging of control sample before and after the addition of 

IL-8. (d) Fluorescence imaging of 150 min incubation sample with 1 mM 

theophylline before and after the addition of IL-8. The real-time calcium imaging 

curve in Ca2+-containing medium: (e) Control condition; (f) Incubation with 1 mM 

theophylline for 150 min. (Scale bar in all the images: 50 µm).  
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conditions in Ca2+-free medium are much lower than those in Ca2+-containing medium, 

which indicates that IL-8 activation triggers the influx of extracellular Ca2+ and the 

absence of extracellular Ca2+ resulted in the small Ca2+ concentrations for the control 

conditions. Second, the conclusion that theophylline inhibits influx of extracellular Ca2+ 

is also confirmed by the real-time calcium imaging curve (Fig. 2-5(e) and (f)). After 

incubation with 1 mM theophylline for 150 min, the addition of digitonin, a cell-

permeabilizing agent that allows entry of extracellular Ca2+, induced a tiny increase in 

Ca2+ level; however, the addition of digitonin resulted in the maximum fluorescence 

measured for the control condition.  

   

2-4.   Conclusions   

Three representative drugs were employed in this work to determine the drug effects on 

neutrophil function. Through the drug cytotoxicity assays, we found that the CXCR2 

antagonist SB225002 and theophylline induced significant decreases in neutrophil 

viability at all tested concentrations while the PI3K inhibitor LY294002 produced mild 

decrease in neutrophil viability. This indicates that SB225002 and theophylline are more 

potent drugs to accelerate neutrophil apoptosis. A microfluidic device with a highly 

stable chemokine gradient was employed to quantify neutrophil chemotaxis with and 

without drug treatment. More importantly, the microfluidic platform was used to monitor 

neutrophil chemotaxis independent of drug cytotoxicity and demonstrated that the 

conventional chamber-based assays likely overestimate the inhibitory effects of drugs due 

to the unaccounted for drug cytotoxicity. SB225002 was shown to mediate neutrophil 



 

 52 

chemotaxis in a time- and concentration-dependent manner while LY294002 triggered a 

positive feedback loop of PtdInsP3 and Rho GTPases in the IL-8 signaling pathway at 

high doses. Theophylline indicated slight capability to slow neutrophil chemotaxis, and 

further investigation revealed that the alteration of intracellular Ca2+ had no effect on 

neutrophil chemotaxis but was inhibited by theophylline treatment. The exploration of 

drug effects on neutrophil function can be used to determine the biological implications 

of various relevant drugs and provide significant insights on drug development for 

neutrophilic inflammation. 
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Chapter 3 

Recapitulation of in vivo-like Neutrophil Transendothelial Migration  

using a Microfluidic Platform 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Adapted from: 
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3-1.   Introduction 

As the most abundant white blood cell type, neutrophils function as the primary immune 

cells in various relevant diseases and recruit to the sites of infection through the 

endothelial cell layer in response to the physiological signals generated from invading 

microorganisms or local macrophages.1,2 Neutrophil transendothelial migration (TEM) is 

a key multi-step process involved in inflammation since the activation of endothelial cells 

enables the capture of bypassing neutrophils and triggers the subsequent neutrophil 

inflammatory responses.3,4 The highly orchestrated interactions between endothelial cells 

and neutrophils include the initial neutrophil rolling on endothelium, firm adhesion 

mediated by receptor molecules on cell surfaces, transcellular or paracellular 

extravasation, and final migration towards the inflammation locus.1,5,6 Investigation of the 

neutrophil TEM process will shed light on the detailed mechanisms of cellular 

interactions between neutrophils and endothelial cells, also accelerating fundamental 

understanding of pathogenesis in neutrophil-related diseases.     

Various traditional methods, such as the Boyden chamber7,8 and transwell assays,9 have 

been employed to recapitulate the in vivo leukocyte TEM processes; however, these 

approaches are not able to accurately represent the characteristics based on two main 

limitations: (1) conventional methods cannot achieve stable long-lasting chemical 

gradients to support the quantitation of neutrophil TEM and (2) these methods build up 

endothelial cell layers on a two-dimensional (2D) substrate that only facilitates neutrophil 

TEM observation through the basement membrane while ignoring the recruitment in 

other directions. The chemical gradients generated by the chamber-based assays rely on 
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the free diffusion of molecules between two separated chambers such that the shapes of 

gradients decay quickly and the results of neutrophil TEM cannot be interpreted in a 

quantitative and controllable fashion. In addition, the upright filter membrane set up for 

endothelial cell layer culture cannot reflect the whole picture of neutrophil TEM in 

different directions and introduces the contribution of gravity into neutrophil TEM, 

inspiring consideration of an improved platform to study the mechanisms of neutrophil 

migratory behaviors.                

Microfluidic technology, devices that allow the manipulation of small volume fluids in 

microchannels,10 is promising for recapitulation of the in vivo neutrophil TEM process, 

especially with the inclusion of three-dimensional (3D) hydrogel matrices.11-14 The 

compact fibrous hydrogel structure, combined with the small dimensions of microfluidic 

devices, facilitate the creation of predictable, reproducible, and long-term stable chemical 

gradients with high spatiotemporal resolution so that the neutrophil TEM process can be 

characterized in a real-time and quantitative manner. More importantly, the inclusion of 

hydrogel materials not only provides mechanical support for the growth of an endothelial 

cell layer in the perpendicular direction, but also successfully models extracellular matrix 

(ECM) with realistic biophysical properties. With these efforts, a highly robust and 

accurate microfluidic model can be developed to study the neutrophil TEM process. 

Several previous examples have studied neutrophil migration through the endothelial cell 

layer using microfluidic platforms,15-18 but these efforts failed to account for the real 

configuration of blood vessels or the various cellular stimuli. One promising advantage of 

our device design compared to the existing microfluidic assays is the introduction of 



 

 56 

multiple chemical gradients in different directions relative to the endothelial cell layer. In 

an in vivo setting, the neutrophil TEM process occurring at one specific site is guided by 

an array of chemoattractants gradients in different directions released from various 

biological sources; however, the existing microfluidic assays cannot recapitulate this 

microenvironment and only characterize neutrophil TEM without the complexity of 

multiple chemical gradients. The goal of this work was to build on previous efforts to 

create a versatile microfluidic platform, more similar to the complex physiological milieu, 

to study the critical process of neutrophil TEM. 

Chemoattractants are the signaling molecules responsible for inducing neutrophil 

migration and activating endothelial cells in the neutrophil TEM process.19,20 Herein, we 

considered neutrophil TEM under the influence of three inflammatory chemoattractants: 

interleukin-8 (IL-8), N-formyl-methionyl-leucyl-phenylalanine (fMLP), and leukotriene 

B4 (LTB4). IL-8, one of the primary chemoattractants initiating in vivo neutrophil TEM, 

is known to enhance cell adherence to matrix proteins, endothelium, and tissues to 

promote cell recruitment.21 Similar to IL-8, LTB4 is another type of host-derived 

chemoattractant that is known to induce cell adhesion, activation, and formation of 

reactive oxygen species.22,23 On the contrary, fMLP is a formylated short peptide of 

bacterial origin and functions as an intense chemoattractant for several cell types.24 As 

mentioned above, the introduction of various chemical gradients within our microfluidic 

device is able to establish the hierarchy of these three chemoattractants through 

developing competing chemical gradients in two opposing symmetric channels, which 
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enables mechanistic investigation of neutrophil migratory signaling cascades during 

decision-making process.  

 

3-2.   Experimental details 

 

3-2-1.   Device fabrication 

Standard photolithography protocols were applied to fabricate microfluidic devices.  The 

design of the device was printed on a film (CAD/Art Service Inc., Bandon, OR) with 

transparent channel patterns and a lightproof background. Through the exposure to UV 

light, channel patterns were transferred onto a chrome photomask plate coated with 

AZ1518 positive photoresist layer (Nanofilm, Westlake Village, CA). Then, the exposed 

chrome layer was etched down in the chrome etchant solution (Cyantek Corporation, 

Fremont, CA). To remove the residual photoresist, the photomask was immersed in 

piranha solution (1:1 volume ratio of 30% hydrogen peroxide and 99.9% sulfuric acid, 

Avantor Performance Materials, Phillipsburg, NJ) and then washed using deionized (DI) 

water. After the preparation of the photomask, the microfluidic device mold was 

fabricated by spin-coating a 4-inch silicon wafer with 120-µm-thick negative SU-8 50 

photoresist (MicroChem, Newton, MA). The channel patterns were imprinted on the SU-

8 mold through the previously made photomask via UV exposure following an initial 

baking step. The silicon wafer was placed in SU-8 developer (MicroChem, Newton, MA) 

to remove the photoresist without exposure, and the channel patterns were left on the 

mold. A 10:1 mass ratio mixture of Sylgard 184 silicone elastomer base and curing agent 
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(Ellsworth Adhesives, Germantown, WI) was poured on the SU-8 mold and kept on a hot 

plate at 95 oC overnight. Medium channel reservoirs and gel chamber inlets were 

punched at appropriate points in the polydimethylsiloxane (PDMS) layer using 3.5 mm 

and 1 mm disposable biopsy punches (Integra Miltex, Plainsboro, NJ), respectively. 

Finally, the PDMS layer was cut and then permanently attached to a glass slide by using 

oxygen plasma for 10 seconds at 100 L/h oxygen flow rate and 100 W.  

 

3-2-2.   Endothelial cell culture  

The human endothelial cell line hy926, a phenotype suitable for neutrophil-endothelial 

cell interaction studies,16,25,26 was purchased from American Type Culture Collection 

(ATCC, Manassas, VA) and stored in liquid nitrogen storage container (MVE XC33/22, 

Select Genetics, Washington, PA). Upon thawing, endothelial cells were dispensed into a 

75 cm2 flask containing 20 mL of Dulbecco’s Modified Eagle Medium (DMEM, formula: 

4mM L-glutamine, 4.5 g/L L-glucose, and 1.5 g/L sodium pyruvate, Gibco, Carlsbad, CA) 

supplemented with 10% fetal bovine serum and 1% penicillin and streptomycin (Sigma-

Aldrich, St. Louis, MO). Cells were fed every other day and, when necessary, cells were 

detached using 1× trypsin solution (Sigma-Aldrich, St. Louis, MO) for device injection. 

Endothelial cells were only used between the third and tenth passages. 

   

3-2-3.   Device preparation 

First, microfluidic devices were filled with 30 µL of 1 mg/mL poly-D-Lysine (PDL) 

solution (Sigma-Aldrich, St. Louis, MO) and incubated for 4 h under 5% CO2 at 37 oC. 
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After the completion of surface coating, devices were rinsed with 30 µL of sterilized 

Milli-Q water (Millipore, Billerica, MA) twice to remove excess PDL solution that may 

cause damage to cells. Prior to introducing gel, devices were placed in the oven at 65 oC 

for 24 to 48 h so that the hydrophobicity of devices was restored. Collagen type I gel 

solution (BD Biosciences, San Jose, CA), one common hydrogel material used for 

simulating extracellular matrix,12,15,27 was diluted to a concentration of 2 mg/mL and 

injected into the gel chamber through the gel inlet. To avoid the evaporation of gel 

solution, all the devices were kept in humid pipette boxes after the gel injection and a 

thermally induced polymerization was carried out under 5% CO2 at 37 oC for 30 min. The 

porous fiber structure of the resulting collagen gel was visualized using a scanning 

electron microscope (SEM). Two drops of polymerized collagen gel solution were added 

on a small piece of silicon wafer for water evaporation and the dried gel was coated with 

5-nm-thick platinum. The sample was observed at 10 kV using a field emission scanning 

electron microscope (Jeol 6700F, JEOL USA, Peabody, MA).     

After the gel polymerization, 20 µL of cell culture medium was forcibly injected into 

each channel of the microfluidic device, and the medium in all six reservoirs was 

aspirated before loading endothelial cells. Endothelial cells were trypsinized and re-

suspended in the cell culture medium for a proper density (1.5 - 2 × 106 cells/mL), and 

then 20 µL of endothelial cells were seeded into a reservoir of the bottom channel to 

enable the cell layer to attach on the side wall of gel because of the pressure difference 

between the bottom channel and side channels. Following an initial incubation under 5% 

CO2 at 37 oC for 30 min, the medium was aspirated from the bottom reservoirs, and 30 
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µL of fresh medium was added in each reservoir. Finally, all the devices were placed in 

the CO2 incubator (New Brunswick Scientific, Edison, NJ) overnight for confluent 

growth of the endothelial cell layer. For the conditions without an endothelial cell layer, 

the same procedure was used except for the addition of endothelial cells in the devices.  

  

3-2-4.   Neutrophil isolation      

Ethylenediaminetetraacetic acid (EDTA)-anticoagulated freshly drawn human blood 

samples were prepared by Memorial Blood Center (St. Paul, MN). Immediately after 

blood samples were collected, neutrophils were separated and purified using a previously 

reported isolation protocol.28 Carefully, 5 mL of blood sample was layered on the same 

volume of mono-poly resolving medium (Fisher Scientific, Waltham, MA) and promptly 

centrifuged to obtain a distinct neutrophil band. Neutrophils were washed using red blood 

cell lysis buffer (Miltenyi Biotec Inc., Auburn, CA) several times (2.5 mL for each time) 

until only white cells were left at the bottom of centrifuge tube. The final neutrophil 

pellet was re-suspended in Hank’s buffered salt solution (HBSS, Fisher Scientific, 

Waltham, MA) containing 2% human serum albumin (HSA, Sigma-Aldrich, St. Louis, 

MO) at a cell density between 4 - 5 × 106 cells/mL.  

 

3-2-5.   Neutrophil transendothelial migration experiments 

Before introducing neutrophils into the device, the medium in each of the reservoirs 

terminating the bottom and left channels was replaced with 30 µL of HBSS buffer while 

medium in each reservoir of the right channel was changed to 30 µL of chemoattractant 
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solution (IL-8 and fMLP, Sigma-Aldrich, St. Louis, MO; LTB4, Cayman Chemical, Ann 

Arbor, MI). Different chemoattractant solutions were placed in the two opposing side 

channels for competing gradient conditions, and HBSS buffer was placed in the both 

channels in the chemoattractant-free condition. It took approximately 2 h to achieve 

completely stable diffusion of chemoattractant molecules in the gel scaffold. Then, 5 µL 

of neutrophils of the desired density were added into the bottom channel of the device. 

Neutrophil TEM was monitored using MetaMorph ver. 7.7.5 imaging software (images 

recorded every other hour for 5 h) on an inverted microscope equipped with a 10× 

objective (Nikon, Melville, NY) and a CCD camera (QuantEM, Photometrics, Tucson, 

AZ). Data from neutrophils collected from three different donors were measured in each 

condition.   

To obtain the endothelial cell conditioned medium, 100 µL of endothelial cells at 3 - 4 × 

106 cells/mL were seeded on a 96 well plate and mixed with 100 µL of chemoattractant 

solution (20 ng/mL, 40 ng/mL or 100 ng/mL) to make sure that the final concentration of 

endothelial cells and chemoattractants were equal to those used in single gradient 

conditions. The plate was placed in the 5% CO2 incubator at 37 oC overnight. Then, the 

conditioned medium containing all the secreted molecules and chemoattractants was 

collected and added into the right side channel of the microfluidic device with 30 µL in 

each reservoir. After achieving a stable chemical gradient, 5 µL of 4 - 5 × 106 cells/mL 

neutrophils were injected into the bottom channel, and neutrophil migration was tracked 

using the bright-field microscope. 
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3-2-6.   Receptor expression 

The prepared device with an endothelial cell layer was incubated with the desired 

chemoattractant solution in the right side channel or both side channels for 7 h (the first 2 

h for chemoattractant diffusion and the following 5 h for endothelial cell activation) 

without the addition of neutrophils. After that, all the channels were washed twice using 

1× phosphate-buffered saline (PBS, Sigma-Aldrich, St. Louis, MO) solution by filling 

one reservoir with 40 µL PBS and letting it flow along the channels to fill the other one. 

Then, 30 µL of allophycocyanin (APC) conjugated p-selectin antibody (5 µg/mL) or 

ICAM-1 antibody solution (2.5 µg/mL) (eBioscience, San Diego, CA) was added into 

each reservoir of the bottom channel while 1× PBS was added into the other reservoirs 

for 2 h adhesion molecules labeling. Finally, fluorescence agents were washed using 1× 

PBS twice and the devices were imaged on the microscope. The fluorescence intensity of 

receptor molecule expression was measured with a 20x objective (Nikon, Melville, NY) 

using MetaMorph software (Molecular Devices, Sunnyvale, CA). 

 

3-2-7.   Numerical simulation and fluorescence imaging 

Chemical gradients of 50 ng/mL fMLP in the gel chamber were verified using the 

molecular diffusion module in simulation software COMSOL 4.3b. Diffusion coefficients 

for fMLP in the collagen gel, free solution and endothelial cell layer were assumed to be 

6.99 × 10-11 m2/s, 4.2 × 10-10 m2/s, and 9.55 × 10-11 m2/s, respectively.15 In addition, 100 

µM of rhodamine 6G in HBSS buffer was employed to replace chemoattractants solution 

in the right side channel for the visualization of chemical gradients. The fluorescence 
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intensities in the gel chamber were recorded using MetaMorph ver. 7.7.5 imaging 

software at different time points. For the endothelial cell layer permeability experiment, 

10 µM of FITC-dextran (Sigma-Aldrich, St. Louis, MO) was placed in the bottom 

channel while HBSS buffer was added into side channels. After 2 h diffusion of 

fluorescence solution, the flux balance at the endothelial cell- gel interface was developed 

to calculate the permeability: 

 

where, J is flux, D is diffusion coefficient of FITC-dextran (6.75 × 10-11 m2/s) in the 

collagen gel and x is the position. 

 

where, P is permeability and C is concentration. 

 

3-2-8.   Confocal imaging 

After the formation of endothelial cell layer on the side wall of collagen gel, DMEM 

medium in all reservoirs was removed, and the channels were rinsed with 1× PBS 

solution using the same method detailed in the receptor expression experimental 

procedure. PBS was aspirated from all the reservoirs, and the wash step was repeated 

twice. Following the PBS wash, 30 µL of 4% (wt/vol) paraformaldehyde (PFA, Sigma-

Aldrich, St. Louis, MO) was added to each reservoir to fix the cells for 15 min. PFA was 

washed with PBS using the same steps above and then 30 µL of 0.1% (vol/vol) Triton X-

100 (Sigma-Aldrich, St. Louis, MO) was placed in each reservoir for permeablization of 

endothelial cell membranes, allowing fluorescence reagent to enter the cells more easily. 

J = −D ∂C
∂x

Flux = −PΔC
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After incubation with Triton X-100 for 5 min, endothelial cells were washed with PBS 

twice and 30 µL of the mixture containing 4,6-diamidino-2-phenylindole dilactate (DAPI 

dilactate) at the working concentration (5 µg/mL) and rhodamine phalloidin (6.6 µM) 

(Life Technologies, Carlsbad, CA) was added in each reservoir for staining the cells. The 

petri dish containing devices was wrapped with aluminum foil and placed in the dark for 

1 h incubation. Before imaging, microfluidic devices were washed with PBS again to 

remove excess fluorescence reagents. The 3D configuration of the endothelial cell layer 

was imaged using a Nikon A1R MP confocal microscope. Finally, all the slices were 

deconvoluted using AutoQuant X 3.0.4 software (Media Cybernetics, Rockville, MD) 

and processed with Imaris software (Bitplane AG, Zurich, Switzerland).   

                   

3-3.   Results and discussion 

 

3-3-1.   Characterization of neutrophil TEM system 

The microfluidic device consists of two side channels, one bottom channel and the central 

gel chamber that separates these three channels (Fig. 3-1(a) and (b)). In our design, 

endothelial cells attached to the side wall of collagen gel are activated by the 

chemoattractants originating from the side channels; meanwhile, neutrophils in the 

bottom channel received the biological signals from endothelial cells and complete the 

TEM process along the direction of the chemical gradients. The prerequisite for 

establishing chemical gradients in the collagen gel is the stable diffusion of 

chemoattractant molecules between two symmetrical side channels. Due to the solid 3D  
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Figure 3-1. Characterization of neutrophil TEM microfluidic device. (a) Schematic 

of microfluidic device design. Endothelial cells (not to scale) are cultured on the side 

wall of the collagen gel, and chemoattractant solution or medium is placed in the 

side channels for developing chemical gradients. The black arrow line indicates the 

migration route of neutrophils across the endothelial cell layer. (b) Photograph of a 

real device from the top view. (c) COMSOL simulation of a chemical gradient after 

5 h diffusion using 50 ng/mL fMLP in the right side channel. The black arrow 

indicates the direction of gradient from high concentration to low concentration. (d) 

The COMSOL simulation results of the chemical gradient induced by 50 ng/mL 

fMLP. (e) The visualization of the fluorescence gradient at the center line of the gel 

chamber at different time points. (f) Deconvoluted confocal imaging of endothelial 

cell layer cultured on the side wall of the gel (blue indicates cell nucleus stained by 

DAPI and orange represents cytoskeletal F-actin labeled by rhodamine phalloidin).  
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cross-linked network of collagen gel, molecular diffusion is confined at a slow and 

uniform rate that promotes the long-term stabilization of the chemical gradient. To verify 

the diffusion characteristics of chemoattractant molecules, theoretical simulation and 

experimental fluorescence imaging have been employed to observe the chemical gradient 

in the collagen gel. The simulation result (Fig. 3-1(d)) using finite element method 

software COMSOL 4.3b reveals that the chemical gradient across the center line in the 

gel chamber produced by 50 ng/mL fMLP solution is linear and stable from 1 h to 10 h 

diffusion (Fig. 3-1(c) shows the diffusion of fMLP molecules at 5 h), which is suitable 

for examining neutrophil TEM with reproducible spatiotemporal resolution. Also, the 

chemical gradient was visualized at different time points by placing rhodamine 6G 

solution in the right side channel and monitoring the fluorescence gradient across the 

center line in the gel chamber; this experiment demonstrated that a stable fluorescent 

gradient can be achieved after 2 h diffusion, and there is no apparent decay until 10 h (Fig. 

3-1(e)). The profiles of chemical gradients are similar between those apparent in the 

COMSOL simulation and the empirical fluorescence imaging results, but it takes longer 

than expected (2 h vs. 1 h as predicted by COMSOL) to reach stable diffusion for 

fluorescence imaging; as a result, 2 h was used as the wait time for gradient formation 

before neutrophil injection. Since the diffusion coefficient is directly relevant to the 

molecular weight, the established rhodamine 6G (~479 Da) gradient will be very similar 

to fMLP (~437 Da) and LTB4 (~340 Da) conditions. Although IL-8 has a much higher 

molecular weight (~ 8.4 kDa) than the other two chemoattractants, this difference is 

likely compromised in the highly compact gel structure such that all of the 
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Figure 3-2. Fluorescence gradients along different directions in the gel chamber. 

The fluorescence gradients (a) at the interface of the gel chamber and the 

endothelial cell layer and (b) in the vertical direction from the gel chamber to the 

endothelial cell channel (the burst change of fluorescence intensities are caused by 

the autofluoresence of endothelial cells and the autofluoresence was subtracted from 

the gradient in the inset picture).  
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Figure 3-3. Confocal images of endothelial cell layers in three different microfluidic 

devices: (a) top view (top) and side view (bottom) of cell layer in device 1; (b) top 

view (top) and side view (bottom) of cell layer in device 2; (c) top view (top) and side 

view (bottom) of cell layer in device 3 (blue indicates cell nucleus stained by DAPI 

and orange represents cytoskeletal F-actin labeled by rhodamine phalloidin). (d) 

Measurement of endothelial cell layer permeability. The permeability of the 

endothelial cell layer was measured using the fluorescence intensity profile of FITC-

dextran solution after 2 h diffusion from bottom channel to the gel scaffold. The 

blue arrow indicates the direction of the fluorescence gradient. (scale bar: 200 µm) 
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chemoattractants have similar diffusive behaviors.15 In addition to examining the center 

line of gel chamber, we found that the fluorescence gradient becomes steady after 2 h at 

other positions, including the gel-endothelial cell interface and the vertical direction 

across cell layer that characterizes the gradient from top to bottom (Fig. 3-2(a) and (b)), 

suggesting that gradients in various parts of the microfluidic devices reach stabilization 

after the first 2 h and can be maintained for a long time. Furthermore, the results of 

confocal and dark-field imaging confirm the confluency of the whole endothelial cell 

layer structure on the side wall of gel scaffold (Fig. 3-1(f)) and the confocal images of 

three different devices clearly indicate good reproducibility of cell layer configuration 

from device to device (Fig. 3-3(a) - (c)). The permeability of the endothelial cell layer 

was measured by analyzing fluorescence images of the device after 2 h diffusion of 

fluorescein isothiocyanate (FITC)-dextran solution across the endothelial cell layer from 

the bottom channel to the gel scaffold (Fig. 3-3(d)); the measured permeability was 5.73 

× 10-7 m/s, a value similar to those reported in the other in vitro systems with a non-

permeable endothelial cell layer,15,29 indicating a good seal between the endothelial cell 

layer and PDMS substrate. Together, these device characterizations suggest that this 

microfluidic platform will be a good model for the in vivo neutrophil TEM system.  

 

3-3-2.   Neutrophil TEM under single chemoattractant gradients  

With a well-characterized device, the neutrophil TEM process was first examined under 

single chemoattractant gradients. For each chemoattractant, three different concentrations 

(10 ng/mL, 20 ng/mL, and 50 ng/mL) were employed to build up chemical gradients 
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from the right channel to the left channel; neutrophil migration in the gel chamber was 

monitored every other hour after neutrophil injection into the device. The images at 5 h 

(Fig. 3-4(a) - (c)) clearly show that a number of neutrophils migrate into the gel region 

across the endothelial cell layer in each condition. To quantify the results of neutrophil 

TEM, we simply counted the number of cells in different regions of the gel chamber (Fig. 

3-4(g) and (h)) with linear and continuous gradients so that the effects of localized 

chemoattractant concentrations on neutrophil polarization could be determined. The 

largest concentrations (50 ng/mL) for all the chemoattractants (fMLP: 114 nM; LTB4: 

147 nM; IL-8: 5.95 nM) lead to significant differences between the neutrophils present in 

the left and right portions of the device; however, there is no significant difference found 

with lower chemoattractant concentrations (10 ng/mL and 20 ng/mL) except for 20 

ng/mL IL-8 (Fig. 3-5(a) - (c)). It is worth mentioning that different gel interface shapes 

caused by various surface tensions do not lead to the considerable deviation in average 

values of three replicates since the flat gradient shape in the vertical direction across the 

cell layer is not sensitive to small changes in the gel interface position (Fig. 3-2(b)). 

Additionally, the arc-shaped interfaces do not influence the number of neutrophils 

interacting with the endothelial cell layer due to the significant larger dimension of 

bottom channel for neutrophil injection. The amount of chemoattractants in each part of 

the gel chamber is proportional to the total chemoattractant concentration presented in the 

side channel, so the concentration differences between the left and right gel region 

become larger as the total chemoattractant concentrations increase. Neutrophils sense a  
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Figure 3-4. Bright-field images of neutrophil TEM after 5 h neutrophil injection 

under single chemoattractant gradients (gradient direction is indicated in (a)): (a) 

50 ng/mL of IL-8; (b) 50 ng/mL of fMLP; (c) 50 ng/mL of LTB4. Bright-field images 

of neutrophil migration without an endothelial cell layer after 5 h neutrophil 

injection under single chemoattractant gradients: (d) 50 ng/mL of IL-8; (e) 50 

ng/mL of fMLP; (f) 50 ng/mL of LTB4. Division of collagen gel chamber into two 

different parts for analysis: (g) left and right parts; (h) top and bottom parts. (scale 

bar: 200 µm)  

 

  



 

 72 

Figure 3-5. Quantitative analysis of neutrophil TEM after 1 h and 5 h neutrophil 

injection under various single chemoattractant gradients (*, p<0.05, using a two-

tailed unpaired t-test). The number of neutrophils in the left and right parts under 

(a) 10 ng/mL, 20 ng/mL, and 50 ng/mL of IL-8 gradient; (b) 10 ng/mL, 20 ng/mL, 

and 50 ng/mL of fMLP gradient; (c) 10 ng/mL, 20 ng/mL, and 50 ng/mL of LTB4 

gradient. The number of neutrophils in the top and bottom parts under (d) 10 

ng/mL, 20 ng/mL, and 50 ng/mL of IL-8 gradient; (e) 10 ng/mL, 20 ng/mL, and 50 

ng/mL of fMLP gradient; and (f) 10 ng/mL, 20 ng/mL, and 50 ng/mL of LTB4 

gradient. Error bars represent the standard error of the mean and the total number 

of cells (including 3 different biological replicates) analyzed in each condition is 

indicated for the corresponding column.  
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Figure 3-6. Comparison of gradient profiles in single chemoattractant gradients and 

no gradient conditions. The COMSOL simulation results of fMLP solution in the 

microfluidic device after 5 h diffusion: (a) 25 ng/mL of fMLP solution in both side 

channels; (b) 50 ng/mL of fMLP solution in the right channel. The gradient profiles 

of two conditions along the (c) center line of gel chamber (indicated in (a)) in the 

horizontal direction and (d) the center line (indicated in (b)) in the vertical direction. 

(e) The total numbers of neutrophils located in the gel scaffold after 5 h 

transmigration for these two conditions. Error bars represent the standard error of 

the mean. 
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Figure 3-7. Neutrophil migration results under no gradient conditions. Bright-field 

images of neutrophil TEM at 5 h after neutrophil injection: (a) 25 ng/mL IL-8 in 

both side channels; (b) 25 ng/mL fMLP in both side channels; (c) 25 ng/mL LTB4 in 

both side channels. Quantitative analysis of neutrophil numbers in different parts of 

the gel chamber at 1 h and 5 h after neutrophil injection: (d) 25 ng/mL IL-8 in both 

side channels; (e) 25 ng/mL fMLP in both side channels; (f) 25 ng/mL LTB4 in both 

side channels. Error bars represent the standard error of the mean and the total 

number of cells (including 3 different biological replicates) analyzed in each 

condition is indicated for the corresponding column. (scale bar: 200 µm)  
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steeper gradient in the condition of 50 ng/mL chemoattractant compared to the lower 

concentrations, and many more neutrophils prefer moving towards the chemoattractant 

sources (i.e. the steeper portion of the chemoattractant gradient) on the right side. On the 

contrary, no statistical difference is observed between the cell numbers located in the top 

and bottom portion of the gel-filled chamber for any of the three chemoattractants, even 

at the highest concentrations (Fig. 3-5(d) - (f)). The flat slope of the fluorescence gradient 

in the vertical direction (Fig. 3-2(b)) suggests that chemoattractant molecules distribute 

evenly between the top and bottom regions, and the small concentration difference is not 

enough to induce significant neutrophil migration. To examine neutrophil TEM without 

chemical gradients in the horizontal direction, 25 ng/mL of each chemoattractant was 

placed in both side channels such that the average concentration is the same as the single 

chemical gradient condition (50 ng/mL). The simulation results using fMLP as a model 

chemoattractant indicate that the gradient profile is symmetric along the horizontal 

direction in the “no gradient” condition while the gradient profiles in the vertical 

direction are the same for single chemoattractant gradient and “no gradient” conditions, 

which means these two conditions both have the steepest gradient in the perpendicular 

direction and the same total amounts of chemoattractant molecules in the gel scaffold 

because of the identical average concentration (Fig. 3-6). The neutrophil migration results 

reveal no significant difference in cell numbers between the left and right device regions 

in the “no gradient” condition, and there are still not statistically more neutrophils 

moving into the top device region (Fig. 3-7). Thus, we can conclude that the symmetric 

gradient profile diminishes the polarization of neutrophil TEM in the horizontal direction, 
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and the migration of cells along the vertical direction is determined by the average 

concentration of chemoattractants in the side channels. Based on the results above, this 

work reveals that high chemoattractant concentrations with steep chemical gradients are 

able to cause distinguishable neutrophil TEM processes, which is consistent with disease 

models where excessive amounts of neutrophils accumulate around infection sites, likely 

induced by the high level of chemoattractants in the context of diseases. 

 

3-3-3.   The role of endothelial cell layer in neutrophil transmigration 

One interesting phenomenon revealed in this study is that neutrophils do not migrate into 

the gel chamber without an endothelial cell layer in any of the presented conditions; 

without the endothelial cell layer, neutrophils only gather at the interface between the gel 

chamber and the bottom channel after 5 h migration (Fig. 3-4(d) - (f)). The collagen gel 

with a small pore size (Fig. 3-8(a)) functions as a physical barrier to prevent the 

infiltration of neutrophils and endothelial cells into the gel, and neutrophils must undergo 

morphological changes before entering the gel due to the comparatively large diameter of 

a single neutrophil (~ 10 µm). A morphological difference is clear between the spherical 

neutrophils without an endothelial cell layer and the stretched neutrophils that are moving 

through the gel chamber in the presence of an endothelial cell layer (Fig. 3-8(b) and (c)). 

To assess the possibility that biological molecules secreted by the endothelial cells 

promote the neutrophil morphological changes, all the molecules in the endothelial cell 

conditioned-medium after overnight (~ 12 h) chemoattractant-activation were collected 

and placed in the aforementioned microfluidic devices without adding the actual  
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Figure 3-8. (a) SEM image of collagen gel porous fiber structure. (scale bar: 1 µm). 

The morphological changes of neutrophils (a) without an endothelial cell layer and 

(b) with an endothelial cell layer. (scale bar: 100 µm) 

 

 

 

 

 

 

 

 

 



 

 78 

 

Figure 3-9. Bright-field images of neutrophil transmigration without endothelial 

cells at 5 h after neutrophil injection: (a) 50 ng/mL of IL-8 conditioned medium; (b) 

50 ng/mL of fMLP conditioned medium; (c) 50 ng/mL of LTB4 conditioned medium. 

(scale bar: 200 µm) 
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Figure 3-10. (a) Neutrophil TEM at 5 h in chemoattractant-free condition. (b) P-

selectin expression in the absence of IL-8 (left) and in the presence of 50 ng/mL of 

IL-8 (right) using APC-conjugated antibody fluorescence imaging. (c) ICAM-1 

expression in the absence of IL-8 (left) and in the presence of 50 ng/mL of IL-8 

(right) using APC-conjugated antibody fluorescence imaging. The overlay of bright-

field image and fluorescence image was accomplished using Adobe Photoshop CS 

software, and the transparency of fluorescence image was set as 70%. (d) Neutrophil 

TEM at 5 h under 50 ng/mL IL-8 gradient with p-selectin and ICAM-1 antibodies. 

(scale bar: 200 µm)  
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endothelial cells. The timescale used herein is suitable to maintain activity of the 

endothelial cell-secreted species.30-32 Neutrophils were introduced as previously 

described, images were captured, and cells were counted. Even in the presence of the 

endothelial cell-secreted soluble molecules, neutrophils stayed in the bottom channel 

instead of penetrating into the collagen gel (Fig. 3-9), signifying that the biological 

secretion alone is not strong enough to induce neutrophil deformation. Some previous 

work33-35 indicates that the mechanical interactions between neutrophils and endothelia 

cells initiate the disruption of cell-cell junctions and enable neutrophils to undergo 

morphological changes to complete the extravasation step. The biological molecules 

regulating this process, such as intercellular adhesion molecule-1 (ICAM-1), guanine 

exchange factor (GEF), and myosin light chain kinase (MLCK),33 are either intracellular 

species or molecules expressed on the surfaces of cells, and thus not secreted as soluble 

factors into the free medium, meaning that secreted molecules cannot promote neutrophil 

migration in the absence of the actual endothelial cell layer; however, more experiments 

will be pursued in the future to further explore mechanical effects in a biologically 

relevant environment. In addition to inducing shape change in neutrophils, another 

important role of endothelial cells in neutrophil TEM is to express surface receptors for 

triggering neutrophil attachment. The result of chemoattractant-free control conditions 

(Fig. 3-10(a)) shows that no neutrophil attachment or migration is detected without 

chemoattractant signals, even in the presence of an endothelial cell layer. To examine the 

effects of chemoattractants on endothelial cell activation, the expression of two major 

adhesion molecules known to regulate neutrophil-endothelial cell interaction, p-selectin 
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and intercellular adhesion molecule-1 (ICAM-1),5,36 were visualized using antibody 

fluorescence imaging (Fig. 3-10(b) and (c)). After activation by 50 ng/mL of IL-8 

gradient (fMLP and LTB4 data not shown), endothelial cells display a much higher level 

of adhesion molecules than the condition in the absence of chemoattractant, suggesting 

that chemoattractant activation is the main driving force for receptor expression, and non-

activated endothelial cells are not able to induce neutrophil TEM process. Further 

evidence was obtained by examining neutrophil TEM under the same IL-8 gradient but 

with the antibodies for adhesion molecules, and no neutrophil TEM was detected after 5 

h cell addition (Fig. 3-10(d)). Based on the observations above, the role of endothelial 

cells in neutrophil TEM must: (1) promote the morphological changes of neutrophils to 

enable cell extravasation into the ECM and (2) present the surface receptor molecules for 

initiating neutrophil attachment and migration.  

   

3-3-4.   Neutrophil TEM under competing chemoattractants gradients  

To examine neutrophil TEM under competing gradients, different types of 

chemoattractants at 50 ng/mL were placed in two opposing side channels. The results of 

single chemoattractant gradient conditions reveal that 50 ng/mL of each chemoattractant 

is capable of inducing similar numbers of neutrophils to transmigrate across the 

endothelial cell layer, so 50 ng/mL was used as the concentration for developing 

competing gradients. Of the three chemoattractants pairs, significant differences in cell 

numbers between the left and right regions of the gel chamber, thus indicating a 

neutrophil preference for one chemoattractant or the other, are observed in the conditions 
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Figure 3-11. Characterization of neutrophil TEM under competing gradients. 

Bright-field images of neutrophil TEM 5 h after neutrophil injection (left channel vs. 

right channel): (a) 50 ng/mL fMLP vs. 50 ng/mL IL-8; (b) 50 ng/mL LTB4 vs. 50 

ng/mL IL-8; (c) 50 ng/mL LTB4 vs. 50 ng/mL fMLP. Quantitative analysis of 

neutrophil numbers in different parts of gel chamber 1 h and 5 h after neutrophil 

injection: (d) 50 ng/mL fMLP vs. 50 ng/mL IL-8; (e) 50 ng/mL LTB4 vs. 50 ng/mL 

IL-8; (f) 50 ng/mL LTB4 vs. 50 ng/mL fMLP (*, p<0.05, **, p<0.005, using a two-

tailed unpaired t-test). Error bars represent the standard error of the mean and the 

total number of cells (including 3 different biological replicates) analyzed in each 

condition is indicated for the corresponding column. (scale bar: 200 µm) 

 

 

 



 

 83 

of fMLP vs. IL-8 and LTB4 vs. IL-8 (the former chemoattractant is in the left channel) 

while there is no significant difference found in the condition of LTB4 vs. fMLP (Fig. 3-

11). Statistically, more neutrophils migrate towards the other type of chemoattractant in 

IL-8-containing competing gradients, which means both fMLP and LTB4 are dominant 

chemoattractants over IL-8 during the neutrophil TEM process. The comparison between 

LTB4 and fMLP indicates that these two chemoattractants have similar abilities to 

mediate the polarization of neutrophil TEM. Considering the results above, the hierarchy 

among these chemoattractants is fMLP = LTB4 > IL-8. Although neutrophil migration 

under competing gradients has been studied in previous research using microfluidic 

platforms,37-39 these studies did not incorporate the endothelial cell layer into the devices, 

and the hierarchy among multiple chemoattractants was only obtained in simplified 

microenvironments. The hierarchy reported herein agrees with the previous conclusion 

that the p38 mitogen-activated protein (MAP) pathway related to fMLP overwhelms the 

phosphatidylinositol 3-kinase (PI3K) signaling pathway activated by IL-8.40,41 As another 

PI3K pathway-controlled chemoattractant, the competence of LTB4 in attracting 

neutrophil migration is enhanced in the presence of the endothelial cell layer; better 

understanding of the molecular mechanisms behind this behavior will be the focus of 

future work. Unlike the single chemoattractant gradients, all the competing gradients 

conditions demonstrate significant differences in the number of cells in the top and 

bottom regions of the gel chamber, confirming the observation that the increase in the 

total amount of chemoattractants (from 50 ng/mL to 100 ng/mL) enables the production 

of steeper gradients and thus, statistically distinct neutrophil TEM.  
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3-3-5.   Synergistic chemoattractant effects on neutrophil TEM 

In the conditions of single chemoattractant gradients, 50 ng/mL of each chemoattractant 

was not able to induce significant differences between the number of neutrophils 

migrating into the top and bottom portions of the gel-filled chamber due to the flat 

gradient shape in the vertical direction. A previous study suggested cooperative interplay 

taking place between two different chemoattractants to promote neutrophil migratory 

responses.37 With this neutrophil transendothelial migration model, we also hypothesized 

that various chemoattractants coexisting in the channel, at the same total chemoattractant 

concentration as the single chemoattractant gradients, would influence neutrophil TEM in 

the vertical direction. The mixture of any two chemoattractants, with 25 ng/mL 

concentration for each one, was employed to replace single chemoattractant solution in 

this experiment. For all three conditions, significant differences are observed between the 

number of cells in the top and bottom portions of the chamber (Fig. 3-12), which means 

that these chemoattractants function through synergistic effects to mediate the neutrophil 

TEM process. This is likely attributable to the fact that multiple chemoattractants trigger 

downstream signaling pathways using different surface receptors cooperatively, thus 

speeding up the responses of neutrophil migration. On the other hand, a single 

chemoattractant only binds to the corresponding receptor in a competitive manner that 

reduces the efficiency of initiating neutrophil TEM. In addition, the combination of any 

two chemoattractants does not alter the chemoattractant concentration gradients from 

right to left, and the significant differences between the number of cells in  
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Figure 3-12. Examination of synergistic effects by mixing two different 

chemoattractants in the right side channel. Bright-field images of neutrophil TEM 5 

h after neutrophil injection: (a) 25 ng/mL fMLP and 25 ng/mL IL-8 in the right 

channel; (b) 25 ng/mL LTB4 and 25 ng/mL IL-8 in the right channel; (c) 25 ng/mL 

LTB4 and 25 ng/mL fMLP in the right channel. Quantitative analysis of neutrophil 

numbers in different parts of the gel chamber 1 h and 5 h after neutrophil injection: 

(d) 25 ng/mL fMLP and 25 ng/mL IL-8 in the right channel; (e) 25 ng/mL LTB4 and 

25 ng/mL IL-8 in the right channel; (f) 25 ng/mL LTB4 and 25 ng/mL fMLP in the 

right channel (*, p<0.05, **, p<0.005, using a two-tailed unpaired t-test). Error bars 

represent the standard error of the mean and the total number of cells (including 3 

different biological replicates) analyzed in each condition is indicated for the 

corresponding column. (scale bar: 200 µm) 

 



 

 86 

 

Figure 3-13. Synergistic effects of any two chemoattractants in separate channels. 

Bright-field images of neutrophil TEM 5 h after neutrophil injection: (a) 25 ng/mL 

fMLP vs. 25 ng/mL IL-8; (b) 25 ng/mL LTB4 vs. 25 ng/mL IL-8; (c) 25 ng/mL LTB4 

vs. 25 ng/mL fMLP. Quantitative analysis of neutrophil count in different parts of 

the gel chamber 1 h and 5 h after neutrophil injection: (d) 25 ng/mL fMLP vs. 25 

ng/mL IL-8; (e) 25 ng/mL LTB4 vs. 25 ng/mL IL-8; (f) 25 ng/mL LTB4 vs. 25 

ng/mL fMLP (*, p<0.05, **, p<0.005, using a two-tailed unpaired t-test). Error bars 

represent the standard error of the mean and the total number of cells (including 3 

different biological replicates) analyzed in each condition is indicated for the 

corresponding column. (scale bar: 200 µm)  
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Figure 3-14. The comparison of 25 ng/mL and 50 ng/mL competing gradient 

conditions. (a) The total numbers of neutrophils located in the gel chamber after 5 h 

transmigration for two conditions. (b) The fluorescence intensity of P-selectin 

expression on the surface of endothelial cells for two competing gradients conditions. 

(c) The fluorescence intensity of ICAM-1 expression on the surface of endothelial 

cells for two competing gradients conditions. Error bars represent the standard 

error of the mean. 
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the left and right portions of the chamber remain unchanged compared to the single 

chemoattractant gradients. We also evaluated the synergistic effects within the competing  

gradients by introducing 25 ng/mL of two different chemoattractants in the side channels 

separately. Compared to integrating two chemoattractants in one side channel, competing 

gradients provide a symmetric distribution of different chemoattractant molecules across 

the gel chamber but maintain the same total amount of chemoattractants in the top and 

bottom regions. All three competing gradients still indicate synergistic effects in the 

vertical direction compared to placing 25 ng/mL of the same chemoattractant in both side 

channels (Fig. 3-7) while the hierarchy among these three chemoattractants is disrupted, 

and the significant difference between the cell numbers in the left and right portions of 

the chamber is only found in the LTB4-IL-8 pair (Fig. 3-13). Another interesting 

discovery is that the total cell numbers completing transmigration across the endothelial 

cell layer after 5 h observation is not statistically different for 25 ng/mL and 50 ng/mL 

competing gradient conditions although the total concentration of chemoattractants for 50 

ng/mL competing gradients is twice that in 25 ng/mL competing gradient conditions. 

Further examination of adhesion molecule expression (p-selectin and ICAM-1) reveals 

that there is no significant difference in the levels of receptor molecule expression for 

these two conditions (Fig. 3-14), and thus, the activation of endothelial cells by 

chemoattractants must be saturated with 25 ng/mL competing gradient. Based on the 

results of competing gradients and consideration of synergistic effects, it is clear that 

neutrophils prioritize and integrate different chemoattractant signals simultaneously 

during the neutrophil TEM process.  
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3-4. Conclusions 

An in vivo-like neutrophil TEM model was fabricated as a microfluidic platform 

incorporating a biomimetic hydrogel matrix and a vertical endothelial cell layer to 

examine neutrophil migratory responses in various complex microenvironments. We 

found that the profiles of single chemical gradients are heavily dependent on the total 

concentrations of each chemoattractant, and only the largest concentration (50 ng/mL) 

was able to induce significantly more neutrophils moving towards chemoattractant 

sources with all considered chemoattractants due to the steepest gradient shapes. In 

addition, the single chemoattractant gradient experiments without the cultured endothelial 

cell layer reveal that endothelial cells play a crucial role in promoting neutrophil 

morphological changes and expression of relevant adhesion molecules. The creation of 

competing chemoattractant gradients across the hydrogel matrix reveals the hierarchy 

among three common neutrophil chemoattractants (fMLP = LTB4 > IL-8), and this order 

confirms the previous conclusion that the p38 MAP pathway is dominant over the PI3K 

pathway for neutrophil migration, but the introduction of an endothelial cell layer 

enhances the ability of LTB4 to promote neutrophil migration. Compared to the 

conditions of single chemoattractant gradients, the coexistence of two different 

chemoattractants in the same total amount indicate a statistically higher number of cells 

migrating into the collagen gel, implying synergistic effects between any two neutrophil 

chemoattractants. This is the first report of competing and synergistic effects among 

various chemoattractants in the neutrophil TEM process. In conclusion, this research 

describes a promising candidate platform for neutrophil immunology studies and 



 

 90 

provides new insights on the mechanisms of cellular interactions that can be used to 

predict in vivo neutrophil behaviors during the migration process. 
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Chapter 4 

A Versatile Microfluidic Platform for the Study of Angiogenesis and Inflammation 
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Wu, X.; Newbold, M. A.; Gao, Z.; Haynes, C. L., 2016, submitted. 

 



 

 92 

4-1.   Introduction 

Angiogenesis, known as the formation of new blood vessels from the pre-existing 

vascular system, is an essential biological process mediated by a delicate balance 

between pro- and anti-angiogenic molecules.1,2 In a variety of physiological conditions, 

such as wound healing, tissue growth, and reproductive organ development,3-5 

angiogenesis is considered to be an indispensable element; in addition, angiogenesis 

plays a vital role in numerous diseases characterized by the overproliferation of blood 

vessels, including cancer, arthritis, atherosclerosis, and cardiovascular diseases.6-9 In 

these pathological events, angiogenesis functions to transport oxygen and metabolites 

from normal blood vessels to diseased locations while waste products or malignant cells 

can be released through the angiogenesis network. There is an increasing body of 

evidence that inflammation contributes significantly to the pathogenesis of angiogenic 

diseases.10-12 Immune cells are arsenals of pro-angiogenic factors that can be synthesized 

and secreted to promote neovascularization; angiogenic endothelial cells in the newly 

formed blood vessels, in turn, may facilitate leukocyte infiltration into the surrounding 

tissues. Among the various classes of immune cells, neutrophils receive a lot of attention 

because they are a major type of white blood cell in the human circulatory system, acting 

as the first line of defense against pathogens or invading microorganisms.13-15 One of the 

most important characteristics in neutrophil-associated inflammation is neutrophil 

migration to infection sites along a chemokine gradient through the endothelial cell wall 

lining the blood vessel. Neutrophil migratory behaviors have been studied extensively in 

previous studies;16-18 however, the mechanistic connection between neutrophil migration 
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and endothelial angiogenesis is not clear, especially how neutrophil migration responds to 

angiogenic endothelial growth and the regulatory effects of neutrophil migration on the 

stability of angiogenic structures. The investigation of this mutually dependent 

relationship will reveal novel insights about the detailed mechanisms of cellular 

interactions between neutrophils and angiogenic endothelial cells while also offering 

guidance for pharmaceutical approaches targeting angiogenesis-associated diseases.  

Microfluidic platforms are promising model systems for in vitro microvasculature 

because of the precise control of the cell geometries and molecular diffusion patterns. 

Traditional in vivo models, such as the chick chorioallantoic membrane (CAM) assay and 

in vivo Matrigel plug assay,19,20 are not good candidates for angiogenesis studies due to 

the expensive preparation work and high cell variability; furthermore, it’s difficult to 

isolate the direct interplay between neutrophil migration and endothelial angiogenesis in 

the complex in vivo milieu. This complexity also makes quantitative analysis 

challenging.21-23 Some conventional in vitro approaches, such as chamber-based 

endothelial cell migration assays and matrix-assisted tubule formation assays,24-26 fail to 

create/support stable molecular gradients of pro-angiogenic factors with high 

spatiotemporal resolution, thus impairing the reproducibility of angiogenesis growth even 

though these methods are operated in a quick and quantifiable manner. Compared to the 

traditional assays mentioned above, a microfluidic platform is a powerful candidate for 

evaluating neutrophil migration and endothelial angiogenesis simultaneously. First, 

microfluidic devices are capable of establishing stable linear chemical gradients with 

moderate physiological time frames and well-defined spatial resolution for both 
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neutrophil migration and endothelial angiogenesis stimuli,27,28 such that more reliable 

quantitative results can be obtained with uniform experimental conditions. Second, the 

introduction of a gel matrix scaffold within the device enables the regeneration of an in 

vivo-like endothelial cell layer structure by culturing cells in the vertical direction, which 

also facilitates the screening of neutrophil migration and endothelial angiogenesis on the 

same horizontal two-dimensional (2D) plane using standard bright-field microscopy. This 

gel scaffold also mimics the extracellular matrix (ECM) where cell migration and 

angiogenesis occurs. Finally, microfluidic devices made with transparent materials 

facilitate straightforward optical measurements in a robust and dynamic 

microenvironment, thereby supporting a full set of functional data output, such as 

projected cell area calculations, cell number counting, and fluorescence imaging. These 

parameters advance our understanding of the detailed cellular biology in neutrophil 

inflammation-associated angiogenesis. The development of microfluidic systems have 

efficiently filled a gap that separated conventional in vivo assays from in vitro assays and 

will yield new insights into angiogenesis research. 

In this study, we employed a simple microfluidic device to evaluate neutrophil migratory 

behaviors under a steady chemical gradient in the presence of endothelial angiogenesis; 

meanwhile, we also assessed the effects of neutrophil migration on the stability of 

endothelial angiogenesis structures. A detailed examination of surface molecule 

expression on endothelial cells under different conditions was conducted to reveal 

chemical details about the cross-talk between neutrophil migration and endothelial 

angiogenesis. This microfluidic platform successfully links inflammation with 
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angiogenesis, demonstrating a significant example that illuminates complicated in vivo 

physiological processes in a versatile in vitro platform.  

 

4-2.   Experimental details 

 

4-2-1.   Device fabrication 

As described in the previous chapters, the devices were fabricated using photolithography 

methods. A film (CAD/Art Service Inc., Bandon, OR) with microfluidic channel patterns 

was used to transfer the device design onto a chrome photomask plate coated with 

positive photoresist (Nanoflim, Westlake Village, CA) via UV light exposure. After 

removing the cross-linked photoresist, the exposed chrome layer in the channel patterns 

was etched down and the residual photoresist was removed by piranha solution (1:1 

volume ratio of 30% hydrogen peroxide and 99.9% sulfuric acid, Avantor Performance 

Materials, Phillipsburg, NJ). To make the microfluidic device mold, the channel patterns 

on the photomask were printed on a 4-inch silicon wafer with a 100-µm-thick SU-8 50 

photoresist layer (Microchem, Newton, MA) through UV exposure. After that, the silicon 

wafer was immersed in SU-8 developer (Microchem, Newton, MA) to remove 

photoresist not in the channel patterns. The SU-8 mold was then covered by a 10:1 mass 

ratio mixture of Sylgard 184 silicone elastomer base and curing agent (Ellsworth 

Adhesives, Gernmantown, WI) and kept at 95 oC overnight on a hotplate. Before 

permanently attaching the polydimethylsiloxane (PDMS) layer to a glass slide, side 

channel reservoirs and small gel inlets were punched using 3.5 mm and 1 mm disposable 
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biopsy punches (Integra Miltex, Plainsboro, NJ), respectively. The permanent attachment 

was completed under oxygen plasma for 10 seconds at 100 L/h oxygen flow rate and 100 

W.  

 

4-2-2.   Endothelial cell culture and neutrophil isolation 

The human endothelial cell line hy926 purchased from American Type Culture 

Collection (ATCC, Manassas, VA) was used in this work as a suitable phenotype for 

angiogenesis studies.29-31 Endothelial cells were cultured in a flask containing Dulbecco’s 

Modified Eagle Medium (DMEM, formula: 4mM L-glutamine, 4.5 g/L L-glucose, and 

1.5 g/L sodium pyruvate, Gibco, Carlsbad, CA) supplemented with 10% fetal bovine 

serum and 1% penicillin and streptomycin (Sigma-Aldrich, St. Louis, MO). Medium 

renewal was conducted every 2 to 3 days and cells were removed using 1× trypsin 

solution (Sigma-Aldrich, St. Louis, MO) if necessary for device injection. Only the cells 

between the third and tenth passage were used in these experiments. 

Neutrophils were isolated from ethylenediaminetetraacetic acid (EDTA)-anticoagulated 

freshly drawn human blood samples prepared by Memorial Blood Center (St. Paul, MN). 

Samples were collected according to IRB protocol E&I ID no. 07809 and used 

immediately after collection. By layering the blood sample on the same volume of mono-

poly resolving medium (Fisher Scientific, Waltham, MA), a distinct neutrophil band was 

obtained after density gradient centrifugation. Neutrophils were washed using 2.5 mL of 

red blood cell lysis buffer (Miltenyi Biotec Inc., Auburn, CA) several times until only 
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white cells were seen at the bottom of centrifuge tube. Finally, neutrophils were re-

suspended in HBSS buffer containing 2% HSA at an appropriate cell density. 

 

4-2-3.   Device preparation 

Prior to injecting gel, microfluidic devices were incubated with 30 µL of 1 mg/mL poly-

D-Lysine (PDL) solution (Sigma-Aldrich, St. Louis, MO) for at least 4 h under 5% CO2 

at 37 oC. The treatment with PDL solution can enhance the attachment of endothelial 

cells to the gel matrix, and sterilized Milli-Q water (Millipore, Billerica, MA) was used to 

wash devices twice to remove any excess PDL that may cause cell death. Devices were 

then placed in the oven at 65 oC for 24 to 48 h for hydrophobicity restoration. Cooled 

devices were injected with 2 mg/mL Collagen type I gel solution (BD Biosciences, San 

Jose, CA) through both gel inlets and kept in a humid pipette box for 40 minutes under 5% 

CO2 at 37 oC. Following the quick polymerization of collagen gel, 20 µl of DMEM 

medium was introduced into each side channel, and the medium in the four reservoirs 

was aspirated before endothelial cell seeding. Trypsinized endothelial cells were re-

suspended at a density between 8 and 10 × 105 cells/mL, and then 10 µL of cells was 

added into one side channel for attachment on the gel. The pressure difference between 

two side channels promoted cell attachment in just 30 min; following this, the excess 

cells in the reservoirs were removed, and 30 µL of fresh medium was added in each 

reservoir of the two side channels. Further cell growth on the side wall of the gel was 

achieved by incubating the devices in a 37 oC incubator with 5% CO2 for overnight. After 

formation of the endothelial cell layer attached to the gel, the medium in all the reservoirs 
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was aspirated, and 30 µL of 20 or 50 ng/mL vascular endothelial growth factor (VEGF, 

Sigma-Aldrich, St. Louis, MO) solution was placed in each reservoir of the side channel 

without cells while 30 µL of new medium was added into each reservoir of the side 

channel containing endothelial cells. The same step was repeated after 24 h to further 

stimulate endothelial angiogenic growth. After 2-day incubation with VEGF solution, 

appropriate angiogenesis (the collagen gel still fills the gel scaffold without obvious 

shrinkage and the layered structure of endothelial cells is kept at the gel-channel interface, 

Fig. 4-5(b) and (c)) was observed in the gel chamber, and the device was ready for the 

neutrophil injection. The devices without VEGF activation were also prepared as the 

experimental controls. The structure of the endothelial cell layer and collagen gel were 

visualized using a confocal microscope and scanning electron microscope (SEM), 

respectively. 

 

4-2-4.   Neutrophil migration experiments 

First, the medium in the reservoirs of one side channel containing endothelial cells was 

replaced with Hank’s buffered salt solution (HBSS, Sigma-Aldrich, St. Louis, MO) 

containing 2% human serum albumin (HSA, Sigma-Aldrich, St. Louis, MO) in the same 

volume, and the VEGF solution in the reservoirs of the other side channel was changed to 

20 or 50 ng /mL of interleukin-8 (IL-8, Sigma-Aldrich, St. Louis, MO) solution. After 2 h 

diffusion of chemokine solution, 5 µL of neutrophil resuspension in HBSS buffer at a 

density of 4 - 5 × 106 cells/mL was added into the side channel with the endothelial cells. 

Neutrophil migration was observed by imaging (Metamorph ver. 7.7.5 imaging software)  
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Figure 4-1. Illustration of determining the locations of neutrophils in the gel scaffold 

at 1 h and 5 h after neutrophil injection: (a) 2-day 20 ng/mL VEGF treatment and 

20 ng/mL IL-8 gradient; (b) 2-day 20 ng/mL VEGF treatment and 50 ng/mL IL-8 

gradient; (c) 2-day 50 ng/mL VEGF treatment and 20 ng/mL IL-8 gradient and (d) 

2-day 50 ng/mL VEGF treatment and 50 ng/mL IL-8 gradient. New round-shaped 

cells with around 10-µm-diameter appearing from 1h to 5 h are neutrophils. (scale 

bar: 200 µm)  
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Figure 4-2. Comparison of 1 h and 5 h images to determine the location of debris or 

other non-cell objects: (a) no VEGF treatment and 20 ng/mL IL-8 condition and (b) 

2-day 50 ng/mL VEGF treatment and 50 ng/mL IL-8 condition. The debris or other 

objects are indicated by black arrows and do not move during neutrophil migration. 

(scale bar: 200 µm)  
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once every other hour for 5 h on an inverted microscope equipped with a 10× objective 

(Nikon, Melville, NY) and a CCD camera (QuantEM, Photometrics, Tucson, AZ). The 

images of neutrophil migration at 1 h and 5 h after neutrophil loading were compared 

with the 2-day angiogenesis image prior to cell injection to locate the neutrophils in the 

gel scaffold (Fig. 4-1), and the number of neutrophils (new round-shaped cells with 

around 10-µm-diameter appearing after neutrophil loading) were counted for data 

analysis. If necessary, a 20x objective was employed to further discriminate neutrophils 

from endothelial cells and identify debris or other objects (Fig. 4-2) based on the size 

differences and objects movements from 1 h to 5 h. For each condition with neutrophil 

injection, cells from five different donors were collected for data analysis to reduce 

sample-to-sample variation; to minimize experiment analysis time, only one randomly 

chosen angiogenesis channel (angiogenesis channel is illustrated as the rectangle area in 

the gel chamber and there are two angiogenesis channels inside each gel chamber, Fig. 4-

4(a)) from each device is included for cell number counting. 

 

4-2-5.   Angiogenesis inhibitor experiments   

To investigate the direct effects of the endothelial angiogenesis inhibitor, endostatin, on 

angiogenesis structure, 30 µL of endostatin solution (5, 10, and 20 µg/mL) in HBSS 

buffer was placed in each reservoir of the endothelial cell channel, and 30 µL of HBSS 

buffer was added in each reservoir of the opposite channel. The change in projected 

angiogenic endothelial cell area located in the angiogenesis channel with endostatin 

treatment was monitored every other hour for 5 h, and the projected cell area at different  
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Figure 4-3. Illustration of selecting angiogenic endothelial cells in the gel scaffold for 

projected angiogenic cell area calculations: (a) 1-day and 2-day 20 ng/mL VEGF 

treatment and (b) 1-day and 2-day 50 ng/mL VEGF treatment. As an example, the 

area of each angiogenic endothelial cell calculated by ImageJ software is shown in 

the condition of 1-day 50 ng/mL VEGF treatment. Illustration of doing background 

subtraction for surface molecule expression imaging. Three small squares (50 × 50 

pixels) are chosen for calculating the background signal (1,2, and 3 are selected for 

background calculation of top angiogenesis channel while 4,5, and 6 are selected for 

background calculation of bottom angiogenesis channel). (scale bar: 200 µm) 

 

 



 

 103 

Table 4-1. The results of neutrophil numbers and projected angiogenic endothelial 

cell area of three different conditions analyzed by two researchers.  
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Table 4-2. The intraclass correlation coefficient results calculated by SPSS Statistics 

software. 

                            

 

 

 

 

 

 

 

 

 

 

 

 

 



 

 105 

time points was measured using ImageJ software (National Institutes of Health, Bethesda, 

MD). Endothelial cells were selected using the curves drawn around the outline of cells, 

and the integral pixel areas occupied by the cells were calculated according to the scale 

relative to the actual length scale in images (Fig. 4-3(a) and (b)). For conditions with 

neutrophil migration, endostatin solution was introduced into the endothelial cell channel 

after 2 h chemokine molecule diffusion, and then 5 µL of neutrophil suspension at the 

desired density was added into the same channel immediately with no change in the 

chemokine channel. To confirm the reliability of our quantitative methods for neutrophil 

number counting and endothelial cell area calculation, several random images from 

different conditions were analyzed by another researcher without knowledge of the initial 

outcome. The results of neutrophil number counting and endothelial cell area 

measurement obtained by the two researchers were compared using SPSS Statistics 

software (IBM, Armonk, NY), and the calculated intraclass correlation coefficients (ICC) 

indicate a perfect match (ICC > 0.75)2 between the results from two different researchers 

(Table 4-1 and 4-2); thus, our quantitative methods are highly reliable.   

  

4-2-6.   Receptor expression 

The angiogenic endothelial cells with 2-day VEGF treatment were prepared as described 

in the previous sections, and 20 or 50 ng/mL of IL-8 solution was placed in the reservoirs 

of the other side channel for 7 h incubation (the medium in all the reservoirs was HBSS 

buffer). The initial 2 h is for the chemokine molecule diffusion, and the following 5 h is 

for the adhesion molecule activation to make sure the length of time is the same as that in 
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neutrophil migration experiments. After 7 h incubation, the medium in the reservoirs was 

removed, and side channels were washed twice using 1× phosphate-buffered saline (PBS, 

Sigma-Aldrich, St. Louis, MO) solution by filling one reservoir with 40 µL PBS and 

letting it flow along the channels to fill the other one. Then, 30 µL of antibody solution in 

PBS was added into each reservoir of the endothelial cell channel while PBS solution was 

injected into the other channel. Following the 2 h antibody incubation, both of the side 

channels were rinsed with PBS solution twice, and the mean gray value of each 

angiogenesis channel selected as a “region of interest” was measured using ImageJ 

software. To perform the proper fluorescence quantitation, background subtraction was 

completed by selecting three small dark squares (50 × 50 pixels) around each 

angiogenesis channel (two squares are located in two side channels while the other one is 

outside the channels), and the mean gray value of each square was calculated using 

ImageJ software (Fig. 4-3(c)). The average fluorescence intensity value of these three 

squares was employed as the background of this angiogenesis channel. The adhesion 

molecules for neutrophil migration were screened using 5 µg/mL of P-selectin antibody 

conjugated with allophycocyanin (APC) or 2.5 µg/mL of intercellular adhesion molecule-

1 (ICAM-1) antibody conjugated with APC (eBioscience, San Diego, CA) separately. 

The receptor molecules for endostatin binding were visualized using a mixture of 5 

µg/mL integrin α5 antibody conjugated with fluorescein isothiocyanate (FITC) (Abcam, 

Cambridge, MA) and 5 µg/mL integrin β1 antibody conjugated with APC (eBioscience, 

San Diego, CA). In the endostatin control condition, 20 µg/mL of endostatin solution was 

placed in the endothelial channel after the initial 2 h chemokine diffusion to examine the 
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influence of the angiogenesis inhibitor on the expression of p-selectin and ICAM-1. The 

fluorescence intensities of three different angiogenesis channels (not necessarily from 

different microfluidic devices since a uniform endothelial cell line was used here) are 

included in each condition.   

 

4-2-7.   Numerical simulation and fluorescence gradient imaging 

The diffusion behaviors of 50 ng/mL VEGF solution in the gel chamber from 0 to 24 h 

were verified using simulation software COMSOL 4.3b. Based on the previous study, 

diffusion coefficients for VEGF in the collagen gel, free solution, and endothelial cell 

layer were assumed to be 6.6 × 10-11 m2/s, 2.5 × 10-9 m2/s, and 1.2 × 10-11 m2/s, 

respectively.27 In the fluorescence gradient imaging experiments, 100 µM of Rhodamine 

6G in HBSS buffer was placed in the side channel without endothelial cells for the 

characterization of chemical gradients. Chemical gradients were visualized in the 

conditions of no VEGF, 2-day 20 ng/mL VEGF treatment, and 2-day 50 ng/mL VEGF 

treatment. The fluorescence intensities in the gel chamber were monitored using 

MetaMorph ver. 7.7.5 imaging software at different time points from 5 min to 24 h. 

 

4-2-8.   Confocal imaging 

The configuration of the endothelial cell layer after overnight incubation was 

characterized using Nikon A1R MP confocal microscope (Nikon, Melville, NY) and a 

standard inverted microscope. Briefly, medium in all the reservoirs was removed and the 

channels were rinsed with 40 µL of 1× PBS solution twice. Following the PBS wash, 30 



 

 108 

µL of 4% (wt/vol) paraformaldehyde (PFA, Sigma-Aldrich, St. Louis, MO) was added in 

each reservoir to fix the cells for 15 min. The same volume of 0.1% (vol/vol) Triton X-

100 was placed in each reservoir for the permeablization of endothelial cell membranes 

after two PBS washes. Then, a mixture of 5 µg/mL 4,6-diamidino-2-phenylindole 

dilactate (DAPI dilactate) and 6.6 µM rhodamine phalloidin (Life Technologies, Carlsbad, 

CA) solution in 30 µL was added in each reservoir for staining the cells. The pipette box 

containing devices was wrapped with aluminum foil and placed in the dark for 1 h 

incubation. Finally, devices were washed using PBS twice to remove unbound 

fluorescent agents. All the confocal images were deconvoluted using AutoQuant X 3.0.4 

software (Media Cybernetics, Rockville, MD) and processed with Imaris software 

(Bitplane AG, Zurich, Switzerland).    

 

4-3.   Results and discussion 

 

4-3-1.   Characterization of the microfluidic device  

The microfluidic device used in this study consists of two symmetrical side channels 

connected by two gel chambers for gel injection through the small inlet, and there are two 

angiogenesis channels included in one gel chamber separated by two small non-channel 

squares (Fig. 4-4(a) and (b)). The gel introduction into the device leads to the separation 

of two side channels, and endothelial cells are seeded into one channel for angiogenic 

growth. After overnight incubation, an endothelial cell layer forms on the side wall of the 

gel, then VEGF is added into the device as a pro-angiogenic signaling factor. The 
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confocal images (Fig. 4-4(d) and (e)) reveal that the overnight incubation allows the 

formation of a confluent endothelial cell monolayer in a 3D configuration. The extent of 

endothelial angiogenic growth is expected to be dependent on the diffusive behaviors of 

VEGF molecules in the gel chamber, and the simulation result shown in Fig. 4-4(c) 

clearly indicates that 50 ng/mL VEGF solution presents a linear gradient along the 

horizontal direction even after 24 h diffusion, but the concentration in the side channel 

decreases substantially after 24 h diffusion. To maintain a similar level of VEGF 

stimulation each day, fresh VEGF solution with the same original concentration was 

added into the channel to replace the old solution after 24 h diffusion. Based on the 

projected angiogenic cell area results (Fig. 4-5), we found that 50 ng/mL VEGF induces 

significantly more endothelial cell angiogenic growth into each angiogenesis channel 

than the 20 ng/mL VEGF on both day 1 and day 2, which suggests a physiological 

difference between the two concentrations of VEGF. To our surprise, several 

disconnected endothelial cells migrated into the gel chamber along the VEGF gradient 

instead of forming a connected tubular structure after 2-day VEGF incubation. Although 

endothelial angiogenesis is actually a process combining cell proliferation and 

migration,32 the results we observed here indicate that migration is the dominant driving 

force over proliferation in endothelial angiogenesis since a major portion of our 

angiogenic endothelial cells in the gel scaffold migrated far away from the endothelial 

cell layer at the gel-channel interface. In a proliferation-participating angiogenesis 

process, most angiogenic endothelial cells should stay connected with the cell layer to 

form a tubular structure when growing. One interesting finding we observed in the  
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Figure 4-4. Characterization of the microfluidic device. (a) Schematic of the 

microfluidic device. Endothelial cells are cultured in a side channel for angiogenesis 

growth, and neutrophil migration occurs under an IL-8 gradient. The box 

identifying the location of the schematic inset shows two angiogenesis channels 

(selected in a dashed box drawn around the outline of angiogenesis channel) in the 

gel chamber and the position of endothelial cell layer and neutrophils. (b) Top view 

photograph of a real device compared to the size of a quarter. (c) COMSOL 

simulation result of 50 ng /mL VEGF diffusion in the gel chamber after 24 h. The 

line plot (left) indicates the profiles of the gradient across the whole device at 

different time points. The color graph (right) shows the distribution of molecules in 

the device after 24 h diffusion. Confocal images of the endothelial cell layer on the 

side wall of the collagen gel: (d) side view; (e) top view (Blue indicates DAPI-stained 

nucleus and orange represents rhodamine phalloidin-stained cytoskeletal F-actin). 
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Figure 4-5. The comparison of endothelial angiogenesis with 20 and 50 ng/mL of 

VEGF stimulation. (a) Comparison of endothelial cell area in each angiogenesis 

channel (not necessarily from different devices) with 20 and 50 ng/mL VEGF 

activation (five different angiogenesis channels, **, p<0.005, ***, p<0.0005, using a 

two-tailed unpaired t-test and the total angiogenic endothelial cell number of five 

selected channels is indicated for the corresponding column). Error bars represent 

standard error of the mean. (b) Bright-field images of angiogenesis growth before 

VEGF addition and after 2-day 20 ng/mL VEGF activation. (c) Bright-field images 

of angiogenesis growth before VEGF addition and after 2-day 50 ng/mL VEGF 

activation. (scale bar: 150 µm) 
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Figure 4-6. Epifluorescence imaging of endothelial angiogenesis after 2 day 

incubation: (a) low endothelial cell density without VEGF activation; (b) low 

endothelial density with 20 ng/mL VEGF activation; (c) low endothelial cell density 

with 50 ng/mL VEGF activation; (d) high endothelial cell density with 20 ng/mL 

VEGF activation and (e) high endothelial cell density with 50 ng/mL VEGF 

activation (Blue indicates DAPI-stained nucleus and yellow represents rhodamine 

phalloidin-stained cytoskeletal F-actin). (scale bar: 200 µm) 
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Figure 4-7. Fluorescence imaging of chemical gradients in the microfluidic device. 

Real-time tracking of fluorescence gradients in the device after 2 h and 24 h 

diffusion: (a) no VEGF treatment; (b) 2-day 20 ng/mL VEGF treatment; (c) 2-day 

50 ng/mL VEGF treatment. The arrow indicates the fluorescent gradient direction 

from low intensity to high intensity. The fluorescence intensities of gradients at 

different time points from 5 min to 24 h with (d) no VEGF treatment, (e) 2-day 20 

ng/mL VEGF treatment, or (f) 2-day 50 ng/mL VEGF treatment. (scale bar: 150 µm)  
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condition optimization experiments may account for the higher rates of cell migration. 

Different endothelial cell densities were incubated in the microfluidic channels overnight 

for the initial cell layer formation to determine the optimal endothelial cell density 

condition. Endothelial cells at a higher density (2.5 – 3 × 106 cells/mL) were seeded into 

the device and incubated with VEGF solution for 2 days. The fluorescence imaging 

results (Fig. 4-6) suggest that the angiogenesis growth is confined to a region close to the 

gel interface rather than showing the migration of disconnected cells into the gel scaffold 

far from the cell layer at the gel-channel interface. Although the higher cell density 

impedes the emergence of migration-biased angiogenesis, the increased cell numbers 

may result in a multilayer cellular structure on the side wall of the gel scaffold that does 

not represent a realistic in vivo environment; hence, lower cell density was employed here 

to form the endothelial cell monolayer. Following the development of this microfluidic 

angiogenesis model, neutrophils were placed in the endothelial cell channel while IL-8 

solution, a common chemokine used to attract neutrophil migration,33,34 was added into 

the other channel to replace the VEGF solution. In addition to investigating neutrophil 

migration under biologically distinct angiogenesis conditions, in this system, one must 

also consider the impacts of endothelial angiogenesis on the IL-8 gradient profile. 

Rhodamine 6G, a fluorescence reagent with a similar diffusion coefficient to IL-8 in the 

collagen gel,35,36 was used in fluorescence imaging experiments for gradient visualization. 

Comparison of the gradient profiles in three different conditions (no VEGF treatment, 2-

day 20 ng/mL VEGF treatment, and 2-day 50 ng/mL VEGF treatment) indicates that the 

gradients along the center line of the angiogenesis channel are linear and stable after 2 h 
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diffusion for all conditions considered; furthermore, the real-time fluorescence intensities 

of gradients after 2 h are quite similar in all three conditions, and the gradients do not 

decay significantly even after experiencing a 24-h molecular diffusion (Fig. 4-7). This 

stability is likely due to the compact structure of the gel with small pore sizes limiting the 

diffusion of fluorescent molecules to a slow rate, and thus, the shape of the gradients can 

be retained for a long time period. All these results reveal that the growth of endothelial 

angiogenesis into the gel chamber does not disrupt the profile of chemical gradients, 

which means that any measured effects on neutrophil migration can be attributed to 

different VEGF concentrations.  

 

4-3-2.   Neutrophil migration with endothelial angiogenesis 

Neutrophil migration under an IL-8 gradient was first studied with this well-characterized 

angiogenesis model simply by counting the number of neutrophils migrating into the 

angiogenesis channel across the endothelial cell layer (Fig. 4-8(a) and (b)). To 

differentiate neutrophils from endothelial cells in the angiogenesis channel, the device 

image with endothelial angiogenesis before neutrophil injection was applied as the 

control for identifying the neutrophils. All four angiogenesis channels in each selected 

device had similar numbers of neutrophils completing migration (data not shown), so 

only one random angiogenesis channel from each device was chosen for data analysis. As 

a typical chemokine molecule for neutrophil migration, a high level of IL-8 is found in 

the context of a number of angiogenesis-related diseases, such as cancer and arthritis,37,38 

a fact that implies the importance of neutrophil migration during angiogenic activity. 
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Two different concentrations of IL-8, 20 and 50 ng/mL, were applied herein to represent 

the chemokine concentration in healthy conditions (20 ng/mL) and pathological 

conditions  (50 ng/mL).39,40 Under 20 ng/mL IL-8 gradient, neutrophil migration results 

indicate that 50 ng/mL VEGF condition with larger projected angiogenic endothelial cell 

area induces significantly more neutrophils migrating into the angiogenesis channel after 

5 h IL-8 activation compared to the smaller VEGF concentration (20 ng/mL) or no VEGF 

treatment condition (p < 0.05, Fig. 4-8(c)). But for the 1 h IL-8-activation condition, there 

was no statistical difference found in number of migrating neutrophils when comparing 

the 20 ng/mL and 50 ng/mL VEGF conditions. In the experiments under the 50 ng/mL 

IL-8 gradient (p < 0.05, Fig. 4-8(d)), although there is no significant difference observed 

for no VEGF and 20 ng/mL VEGF conditions, the 50 ng/mL VEGF condition still 

demonstrates a much higher ability to induce neutrophil migration after 5 h IL-8 

activation. On the other hand, at each specific VEGF condition, no significant difference 

was found when comparing neutrophil migration between two distinct IL-8 gradients; 

however, 50 ng/mL IL-8 gradient induces much more neutrophil migration statistically 

than the 20 ng/mL IL-8 gradient without VEGF activation (p < 0.05, Fig. 4-9). This 

difference suggests that the amount of neutrophils completing migration is predominantly 

influenced by the presence or absence of VEGF while chemokine concentration regulates 

neutrophil migration when endothelial angiogenesis is not involved. To confirm this 

conclusion, we further evaluated the expression of adhesion molecules that play critical 

roles in mediating neutrophil migration on the surface of endothelial cells. In the cascade 

of this complicated cellular interaction, p-selectin expressed by the endothelial cells is  
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Figure 4-8. The results of neutrophil migration in the presence of endothelial 

angiogenesis. Bright-field images of neutrophil migration at 5 h after injection in the 

conditions of (a) 20 ng/mL and (b) 50 ng/mL IL-8 gradient. Three different VEGF 

concentrations, 0, 20, and 50 ng/mL VEGF, were examined in each IL-8 condition. 

Analysis data of neutrophil numbers migrating into the angiogenesis channel under 

(c) 20 ng/mL and (d) 50 ng/mL of IL-8 gradient. The neutrophil numbers in the 

angiogenesis channels at 1 h and 5 h after injection were counted. The data from 

each condition was collected using five different blood samples in different devices 

and one random angiogenesis channel from each device was used for data analysis 

(*, p<0.05, **, p<0.005, ***, p<0.0005, using a two-tailed unpaired t-test and the 

total neutrophil number of five selected channels is listed for the corresponding 

column). Error bars represent standard error of the mean. (scale bar: 150 µm)    
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Figure 4-9. Data analysis of neutrophil migration at different VEGF concentrations: 

(a) no VEGF; (b) 2-day 20 ng/mL VEGF treatment; (c) 2-day 50 ng/mL VEGF 

treatment. The neutrophil numbers in the angiogenesis channels at 1 h and 5 h time 

points were counted. (**, p<0.005, ***, p<0.0005, using a two-tailed unpaired t-test, 

five different neutrophils samples were included in each condition and the total 

neutrophil number from five selected channels is listed for each corresponding 

column). Error bars represent standard error of the mean. 
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Figure 4-10. Fluorescence imaging of (a) p-selectin and (b) ICAM-1 molecule 

expression on endothelial cells under different VEGF treatment conditions. The 

overlay of a bright-field image and a fluorescence image was achieved using 

software Adobe Photoshop CS, and the transparency of the fluorescence images was 

set at 70%. Fluorescence intensities (after background subtraction) indicating 

adhesion molecule expression on endothelial cells in various conditions: (c) p-

selectin expression; (d) comparison of “no VEGF” control condition using different 

IL-8 concentrations in p-selectin expression (same data as shown in 4-10(c) but 

including statistical significance); (e) ICAM-1 expression. The fluorescence 

intensities of three different angiogenesis channels (not necessarily from different 

devices) are included in each condition (*, p<0.05, **, p<0.005, ***, p<0.0005, using 

a two-tailed unpaired t-test and the total angiogenic endothelial cell number of three 

selected channels is listed for each condition containing VEGF). Error bars 

represent standard error of the mean. (scale bar: 150 µm)  
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known to capture surrounding neutrophils to establish initial attachment while ICAM-1 is 

known to be responsible for mediating firm adhesion of neutrophils to endothelial cells.41-

43 The fluorescence intensity data summary of p-selectin expression (Fig. 4-10(a) and (c) 

where the brightness and contrast for each fluorescence image was adjusted if necessary) 

indicates a similar pattern as seen in the aforementioned neutrophil migration results; 

generally, larger VEGF concentration leads to a higher level of p-selectin expression at a 

given IL-8 concentration while there is no significant difference observed between the 

two IL-8 concentrations (20 ng/mL and 50 ng/mL) using the same VEGF condition; the 

comparison of “no VEGF” control condition (Fig. 4-10(d)) still displays an IL-8 

concentration-dependent trend for p-selectin expression. Although lower fluorescence 

intensities were detected in ICAM-1 expression, the data summary (Fig. 4-10(c) and (e)) 

also shows a proportional relationship between VEGF concentration and adhesion 

molecule expression without the influence of various IL-8 levels. It is worth mentioning 

that strong red fluorescence signals were mainly found around the endothelial cell layer 

at the gel-channel interface while the angiogenic endothelial cells in the gel scaffold did 

not express receptor molecules at a high level. Since some previous studies44,42 have 

suggested a phenotypic change for migrating endothelial cells during the angiogenesis 

process, it is reasonable to speculate that migrating cells have altered receptor expression 

patterns compared to other cells that do not migrate deeply into the gel scaffold. It would 

be interesting to examine the differences between migrating endothelial cells and other 

endothelial cells in receptor expression; however, this is beyond the scope of the current 

work. Based on the adhesion molecule expression results above, we can conclude that 
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VEGF treatment is the key factor to induce differences in endothelial cell adhesion 

molecule expression while IL-8 concentration only affects the results without VEGF 

treatment. Also, the promotion in neutrophil migration and adhesion molecule expression 

with higher VEGF level treatment is likely attributable to the increased endothelial cell 

surface area contact sites for both IL-8 activation and surface expression of P-selectin and 

ICAM-1. Another possible explanation for the effects imparted by large VEGF 

concentrations on neutrophil migration is the degradation of the collagen gel caused by 

angiogenic endothelial cell growth. Endothelial cells are known to secrete various matrix 

metalloproteinase molecules (MMP) after VEGF activation to degrade the structure of 

the surrounding extracellular matrix45,46 such that angiogenesis can be initiated to 

promote endothelial cell growth. The micro-scale structure of pure collagen gel without 

endothelial angiogenesis was characterized using scanning electron microscopy (SEM) at 

three different time points which correspond to the time for each VEGF injection and 

neutrophil seeding. Without interference from angiogenic endothelial cell growth, pure 

collagen gel maintains a nearly stable geometry with a pore size from 1 – 2 µm even after 

long incubation times (Fig. 4-11); which is too small for endothelial cell expansion (at 

least 5 µm for elongated endothelial cells), so there must be some destruction that occurs 

in the gel structure to allow angiogenic endothelial cell growth. This destruction would 

leave more physical space for neutrophil migration compared to the condition without 

angiogenesis. However, degradation of the collagen gel does not influence the chemokine 

gradient profile greatly, which means the pore size after degradation is still not large 

enough to influence the gradient profile or that  angiogenic endothelial cells occupying 
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Figure 4-11. SEM images of micro-scale structure in pure gel solution without cells 

at different time points. (a) Image was taken after overnight incubation of gel 

solution in a 37 oC incubator with 5% CO2. (b) Image was taken after 24 h 

incubation from the time point of taking first image. (C) Image was taken after 

another 24 h incubation from the time point of taking second image. (scale bar: 10 

µm)  
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these pores stabilize the shape of the chemical gradient since the cell membrane and 

cytoskeleton structure can block the free diffusion of chemokine molecules and function 

as the part of gel scaffold. To sum up, neutrophil migration is substantially enhanced in 

an angiogenesis model mainly due to a high level  of adhesion molecule expression on 

endothelial cells; more importantly, the physiological implications of these results 

indicate that the inflammatory responses of neutrophils will be promoted in angiogenesis-

associated diseases. 

 

4-3-3.   The effects of an angiogenesis inhibitor on neutrophil migration 

Endostatin, a C-terminal fragment derived from collagen XVIII, is an endogenous 

angiogenesis inhibitor that can induce cell apoptosis in addition to blocking the 

proliferation of endothelial cells.47-49 Due to the low cytotoxicity and broad-spectrum 

anti-angiogenic activity, endostatin has potential therapeutic value for various diseases, 

especially in cancer research.50 To monitor the inhibitory effects of endostatin on 

endothelial cells, the optimal experimental concentration was first studied by adding 

different previously studied concentrations of endostatin47,51 into the microfluidic side 

channel containing endothelial cells to trigger a quick decrease in projected angiogenic 

endothelial cell area. By calculating the projected cell area in the angiogenesis channel, 

the introduction of endostatin was found to induce a considerable reduction in cell area in 

the absence of any pro-angiogenic factors (Fig. 4-12). For the 20 ng/mL VEGF condition, 

the projected cell area before endostatin addition was assumed to be 100%, and all of the 

three endostatin concentrations caused significant decreases in cell area after 5 h 
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incubation compared to the no endostatin control (p < 0.05). There was no significant 

difference between 10 µg/mL and 20 µg/mL endostatin, though both of them were 

significantly more effective than the 5 µg/mL endostatin dose in decreasing projected 

angiogenic cell area (p < 0.05). Even with 2-day 50 ng/mL VEGF treatment, endostatin 

maintains the ability to induce endothelial cell apoptosis by decreasing projected cell area, 

but the effects from different concentrations of endostatin are statistically 

indistinguishable. To differentiate 10 µg/mL and 20 µg/mL endostatin, the data at 1 h and 

5 h for each endostatin concentration were compared; only the 20 µg/mL dose shows a 

time-dependent decrease in cell area for both VEGF conditions (Fig. 4-13), revealing that 

20 µg/mL endostatin is the best concentration for the studies that follow since it shows a 

powerful time-dependent anti-angiogenic effect.  

Next, neutrophil migration was examined as described before, but with 20 µg/mL of 

endostatin added to the microfluidic device. Compared to the neutrophil migration results 

without endostatin, the addition of endostatin did not statistically change the number of 

neutrophils migrating into the angiogenesis channel in any condition (Fig. 4-14). This 

result may be because of the low toxicity of endostatin to other cell types; a detailed 

adhesion molecule expression experiment indicates that endostatin has no impact on the 

expression of p-selectin or ICAM-1 molecules that are known to mediate the neutrophil 

migration process (Fig. 4-15). At first glance, these results seem to be in conflict with the 

previous conclusion that adhesion molecule expression is proportional to the projected 

angiogenic cell area and that a decrease in cell area may downregulate the adhesion 

molecule expression. However, the absolute value of the change in cell area induced by  
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Figure 4-12. The inhibitory effects of endostatin on projected angiogenic endothelial 

cell area in the angiogenesis channel (5 replicates, not necessarily from different 

devices). Bright-field images of angiogenesis without endostatin treatment and with 

20 µg/mL endostatin incubation at different time points (before drug addition, 1 h, 

and 5 h after drug addition) after (a) 2-day 20 ng/mL VEGF treatment or (b) 2-day 

50 ng/mL VEGF treatment. Data analysis of projected angiogenic area change after 

1 h and 5 h endostatin addition using 0, 5 µg/mL, 10 µg/mL, or 20 µg/mL of 

endostatin with (c) 2-day 20 ng/mL VEGF treatment or (d) 2-day 50 ng/mL VEGF 

treatment. The projected angiogenic area before drug addition is assumed to be 

100%. (*, p<0.05, **, p<0.005, ***, p<0.0005, using a two-tailed unpaired t-test, five 

different angiogenesis channels are included in one condition and the total 

angiogenic endothelial cell number of five selected channels is listed for each 

column). Error bars represent standard error of the mean. (scale bar: 150 µm)  
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Figure 4-13. Time-dependent studies of projected angiogenic cell area change in the 

presence of different concentrations of endostatin (0, 5 µg/mL, 10 µg/mL, and 20 

µg/mL of endostatin) with (a) 2-day 20 ng/mL VEGF treatment or (b) 2-day 50 

ng/mL VEGF treatment. (*, p<0.05, using a two-tailed unpaired t-test, five different 

angiogenesis channels not necessarily from different devices are included in one 

condition and the total number of angiogenic endothelial cell from five selected 

channels is listed for each column). Error bars represent standard error of the mean. 
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Figure 4-14. The comparison of neutrophil numbers migrating into the angiogenesis 

channel with and without endostatin. (a) Data summary of neutrophil migration 

with 20 ng/mL and 50 ng/mL VEGF treatment under 20 ng/mL IL-8 gradient. (b) 

Data summary of neutrophil migration with 20 ng/mL and 50 ng/mL VEGF 

treatment under 50 ng/mL IL-8 gradient. There are no significant differences using 

a two-tailed unpaired t-test (five different neutrophil samples are included in one 

condition and total cell number of five selected channels is listed above each 

corresponding column). Error bars represent standard error of the mean. 
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Figure 4-15. Comparison of adhesion molecule expression with and without 20 

µg/mL endostatin for (a) p-selectin expression and (b) ICAM-1 expression. The 

fluorescence intensities of three different angiogenesis channels (not necessarily 

from different devices) are included in each condition. “V” represents VEGF and “I” 

represents IL-8, for example, “20V 20I” stands for the condition with 20 ng/mL 

VEGF and 20 ng/mL IL-8. There are no significant differences using a two-tailed 

unpaired t-test (three different angiogenesis channels (not necessarily from different 

devices) are included in one condition and the total angiogenic endothelial cell 

number of three selected channels is listed for each corresponding channel). Error 

bars represent standard error of the mean. 
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20 µg/mL endostatin is about 700 µm2 for 20 ng/mL VEGF condition and 1300 µm2 for 

50 ng/mL VEGF condition while the area difference between 20 ng/mL and 50 ng/mL 

VEGF conditions after 2-day treatment is about 2700 µm2 (Fig. 4-5 (a)). The projected 

cell area decrease in the angiogenesis channel after endostatin addition is not large 

enough to produce a significant decrease in adhesion molecule expression. 

 

4-3-4.   The effects of neutrophils on the stability of the angiogenesis structure 

Beyond the evaluation of neutrophil migration in the presence of an angiogenesis 

inhibitor, the change in projected angiogenic cell area with the coexistence of endostatin 

and neutrophil migration was studied extensively to assess the effects of neutrophil 

migration on the stability of the angiogenesis structure. The projected endothelial cell 

area change upon incubation with only 20 µg/mL endostatin was used as the negative 

control condition, and we found that the process of neutrophil migration slows down the 

rate of decrease in angiogenic cell area. Meanwhile, the stabilizing effects from 

neutrophil migration was lessened under a 50 ng/mL IL-8 gradient; however, at lower IL-

8 concentration (20 ng/mL), stabilization in both 20 ng/mL and 50 ng/mL VEGF 

conditions was maintained (Fig. 4-16). As the control experiments, the endostatin treated-

angiogenesis model was seeded with non-activated neutrophils and an IL-8 gradient 

separately to determine which factor is most critical in stabilizing the angiogenesis 

structure against drug inhibition. Separately, non-IL-8 activated neutrophils or an IL-8 

gradient without neutrophils was not able to stabilize the angiogenesis structure (Fig. 4-

17) although IL-8 was shown as a cytokine to promote angiogenesis,52 this is probably 
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attributable to the short time incubation and high concentration of endostatin masking the 

angiogenic properties of IL-8. These results demonstrate that the combination of 

neutrophils and chemokine gradients is a key factor that leads to the stabilization of 

angiogenesis structure, which is in agreement with the previous finding that neutrophils 

release angiogenic factors after chemokine activation.53,54 To follow, the relationship 

between IL-8 concentration and stabilization effects on neutrophil migration was studied 

using endostatin-related receptor molecule expression experiments. Endostatin serves as 

an angiogenesis inhibitor through a variety of pathways, such as arresting the cell cycle 

during G1 phase and inhibiting cell migration through the disruption of cell-matrix 

adhesion.55 One of the most important pathways through which endostatin acts is binding 

to the integrin α5β1 receptor on the surface of endothelial cells, thus activating the 

downstream Src family kinases involved in regulating cell proliferation and mobility.56,57 

A mixture of the fluorescent antibodies for integrin α5 and β1 receptors was incubated 

with IL-8-activated endothelial cells to visualize the expression of endostatin-related 

surface receptors. For both of the integrin receptors, the expression indicates an IL-8 

concentration-dependent trend, and 50 ng/mL of IL-8 induces significantly more α5 

receptor expression than 20 ng/mL of IL-8 in both VEGF conditions while more β1 

receptor expression was observed for 50 ng/mL of IL-8 compared to 20 ng/mL IL-8 in 

the 20 ng/mL VEGF condition (p < 0.5, Fig. 4-18). There is another statistical difference 

for α5 receptor expression between 20 and 50 ng/mL VEGF conditions after 50 ng/mL IL-

8 activation (p < 0.5). All of these observations reveal that higher levels of IL-8 

activation or larger projected angiogenic cell area can induce more integrin receptor  
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Figure 4-16. The effects of neutrophil migration on the stability of angiogenesis 

structures in the presence of endostatin. Bright-field images of neutrophil migration 

before and after 5 h endostatin addition in various conditions (a) 20 ng/mL IL-8 

gradient or (b) 50 ng/mL IL-8 gradient, scale bar: 150 µm. Data analysis of 

projected angiogenic endothelial cell area in the angiogenesis channel after 1 h and 5 

h endostatin addition with the coexistence of neutrophil migration for (c) 20 ng/mL 

IL-8 gradient or (d) 50 ng/mL IL-8 gradient. The projected cell area before 

endostatin addition was assumed to be 100% (*, p<0.05, **, p<0.005, using a two-

tailed unpaired t-test, five different neutrophil samples are included in each 

condition and the total number of angiogenic endothelial cell of five selected 

channels is indicated for each corresponding column). Error bars represent 

standard error of the mean. (scale bar: 150 µm)   
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Figure 4-17. Analysis of projected angiogenic endothelial cell area in the 

angiogenesis channel (5 replicates, not necessarily from different devices) after 1 h 

and 5 h endostatin addition: with only an IL-8 gradient after (a) 2-day 20 ng/mL 

VEGF treatment or (b) 2-day 50 ng/mL VEGF treatment and with only non-

activated neutrophils after (c) 2-day 20 ng/mL VEGF treatment or (d) 2-day 50 

ng/mL VEGF treatment. There are no significant differences using a two-tailed 

unpaired t-test and the total angiognenic endothelial cell number of five selected 

channels is listed for each corresponding column. Error bars represent standard 

error of the mean. 
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Figure 4-18. Fluorescence intensities (after background subtraction) indicating 

integrin receptor expression on VEGF treated-endothelial cells under various IL-8 

concentrations: (a) integrin α5 expression; (b) integrin β1 expression. The 

fluorescence intensities of three different angiogenesis channels (not necessarily 

from different microfluidic devices) are included in each condition (*, p<0.05, **, 

p<0.005, ***, p<0.0005, using a two-tailed unpaired t-test and the total angiogenic 

endothelial cell number of three selected channels is listed for each corresponding 

channel). Error bars represent standard error of the mean. 
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expression for endostatin binding: this interplay supports the result that a 50 ng/mL of IL-

8 gradient diminishes the stabilizing effects of neutrophil migration on angiogenesis 

structure. Considering the endostatin-treated angiogenesis model, endostatin does not 

influence the number of migrating neutrophils while activated neutrophils compete with 

endostatin to stabilize the angiogenesis structure in an IL-8 concentration-dependent 

fashion. Together, these observations demonstrate that the participation of neutrophil 

inflammation should be considered when designing therapies for angiogenesis-relevant 

diseases. 

  

4-4.   Conclusion 

A microfluidic model was developed in this work to study the connection between two 

important physiological process, neutrophil migration and endothelial angiogenesis. 

Under the stimulation of a pro-angiogenic factor, endothelial angiogenesis occurs in the 

extracellular matrix, which allows significantly more neutrophils to complete migration 

along the chemokine gradient. More importantly, increasing projected angiogenic 

endothelial cell area suggests a positive effect on neutrophil migration since endothelial 

cells with angiogenic treatment provide more surface contact sites for chemokine 

activation and, therefore, adhesion molecule expression. This endothelial angiogenesis 

may degrade the extracellular matrix to create more space for neutrophil recruitment. 

Furthermore, neutrophil migration stabilizes the endothelial angiogenesis structure in the 

presence of an angiogenesis inhibitor, and this effect is found to be controlled by the 

chemokine concentration; high levels of chemokine induce higher receptor expression for 
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angiogenesis inhibitor binding. This investigation of the interdependent relationships 

between neutrophil migration and endothelial angiogenesis is helpful for understanding 

the detailed mechanisms of these two complicated physiological processes. These studies 

also have implications for pharmaceutical application in angiogenesis-associated diseases 

and suggest a need to prevent or minimize neutrophil migration and secretion during 

treatment. 
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Chapter 5 

Microfluidic Study of Endothelial Cell-HeLa Cell Interactions  

under Biomimetic Conditions 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 

Adapted from: 

Wu, X.; Cliff, E. R.; Newbold, M. A.; Haynes. C. L., 2016, in preparation. 
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5-1.   Introduction 

Examination of cellular interactions occurring through direct mechanical contact or 

paracrine effects is necessary to characterize the function of various cell and tissue types 

in complex biological systems. One representative example of these critical cell-cell 

interactions is cancer metastasis, the spread of cancer from primary sites to distant organs 

in the human body, coordinated by heterotypic cell interactions between endothelial cells 

and cancer cells.1-4 During the process of cancer metastasis, these interactions contribute 

to several linked critical steps, playing an essential role in early stages of cancer 

metastasis.5-7 Specifically, cancer cells proliferate at the primary site and drive 

angiogenesis or endothelial cell migration by secreting soluble factors for the transport of 

nutrients and oxygen; meanwhile, activated endothelial cells initiate degradation of the 

extracellular matrix and enable cancer coalescence into the vascular systems. Disrupted 

blood vessel structures leave space for cancer cell intravasation where detached 

malignant cells invade the circulatory system to colonize new sites. Since this close 

intercellular communication has been identified as one major target for cancer metastasis 

treatment,8-10 investigation of the detailed mechanisms of endothelial-cancer cell 

interactions is of pivotal importance to understand and potentially overcome the 

pathogenesis of cancer.  

To date, a great many efforts have been made to characterize the interplay between 

endothelial cells and cancer cells. Traditional in vivo assays are heavily based on 

transplant methods that require the injection of cancer cells into animal models;11-14 

however, these approaches suffer by making use of animals and having poor precision 
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based on biological discrepancies. Also, it is hard to glean quantitative information about 

specific cellular interactions in the dynamic and complex milieu that includes multiple 

cell types. Several in vitro approaches have been employed to study cellular interaction 

by co-culturing different cell types onto biocompatible substrates, such as physically 

separating cells with a porous filter membrane,15,16 growing confluent cell layers over 

two complementary detachable substrates,17,18 and patterning various cell populations 

through the use of highly controllable surface chemistry.19,20 Although these in vitro 

approaches achieve cell co-culture in a precise and dynamic fashion that improves 

performance for quantification, the main drawback is the lack of physiological relevance, 

since these configurations are not biomimetic. Recent advances in microfluidic 

technologies have indicated great potential to overcome these limitations, allowing 

precise control over the spatial orientation of cells as well as the inclusion of 

physiological cues.21-23 One critical advance in microfluidic platform development, 

compared to other in vitro approaches, is the introduction of a hydrogel scaffold into the 

microchannels to simulate the function of the extracellular matrix that separates 

endothelial cells from cancer cells in vivo and supports the formation of an endothelial 

cell layer that mimics the lining of the inner walls of blood vessels. Another important 

feature of the hydrogel scaffold is that it supports stable chemical gradients with high 

spatiotemporal resolution by confining molecular diffusion within the porous structure, 

facilitating quantitative analysis of cell migration inside the hydrogel scaffold. To date, 

microfluidic platforms exploiting this feature have focused only on the transendothelial 

migration of cancer cells and have not provided cell co-culture models for long-term 
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cellular interaction studies; furthermore, these studies did not introduce multiple 

biomimetic factors into a single microfluidic device to investigate endothelial cell-cancer 

cell interactions21-23 – that is the aim of this work.  

Herein, we developed a versatile microfluidic cell co-culture platform incorporating a gel 

scaffold to explore the interactions between endothelial cells and HeLa cancer cells at the 

extracellular matrix interface. Several key physiological factors in the context of cancer 

metastasis, including chemical gradients, flow rate, and tissue hypoxia, were successively 

introduced into the designed cell co-culture system, and the migratory behaviors of each 

cell type under various conditions were studied. To establish chemical gradients across 

the cell co-culture model, two different types of tumor cytokine molecules with the 

abilities to regulate cell migration, interleukin-8 (IL-8)24,25 and tumor necrosis factor-

alpha (TNF-α),26,27 were presented within the device in a gradient format. Next, the flow 

rate producing a similar shear rate as that found in human blood vessels was applied to 

examine cellular interactions in dynamic conditions. Finally, a mixture of oxygen-

scavenging reagents was introduced into an extra chemical reaction channel to decrease 

the oxygen level across the entire device to simulate hypoxia. Although the effects of 

hypoxic conditions on cancer cell migration and cell co-culture models have been 

previously measured using microfluidic devices,28-30 there are two major areas for 

improvement: (1) those methods require large gas tanks and precise flow control systems, 

and (2) they fail to recapitulate the three-dimensional (3D) configuration of the 

endothelial cell layer and incorporate other physiological factors. In our work, all three 

factors are eventually combined in a single device to create a more realistic biomimetic 
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microenvironment for cellular interaction studies, including chemical gradients across the 

hydrogel scaffold, shear rate over the cell layer, and hypoxic conditions within the cell 

co-culture model. Overall, the goal of this work is to fundamentally deepen the 

mechanistic insights about cellular interactions in a biomimetic environment and offer a 

promising microfluidic platform to study heterotypic cellular interactions at large. 

  

5-2.   Experimental details 

 

5-2-1.   Device fabrication 

Microfluidic devices were fabricated using standard photolithography methods. Briefly, 

the channel design was transferred onto a chrome photomask plate coated with a positive 

photoresist layer (Nanofilm, Westlake Village, CA) through UV exposure. The 

transparent channel patterns were left on the photomask plate after a series of cleaning 

and etching steps. To prepare the microfluidic device mold, a 4-inch silicon wafer was 

spin-coated with 120-µm-thick negative SU-8 50 photoresist (MicroChem, Newton, MA) 

and the channel patterns were imprinted on the SU-8 mold through the previously made 

photomask plate via UV light exposure. Following the baking step, the silicon wafer was 

placed in SU-8 developer (MicroChem, Newton, MA) to remove the photoresist without 

exposure. Then, a 10:1 mass ratio mixture of polydimethylsiloxane (PDMS) prepolymer 

(Ellsworth Adhesives, Germantown, WI) was poured on the prepared SU-8 mold and 

cured on a hot plate at 95 oC overnight. For the devices used in hypoxia experiments, half 

of the total required PDMS was cured on the SU-8 mold first and then polycarbonate 
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sheets (McMaster-Carr, Elmhurst, IL) were placed on the first PDMS layer and 

sandwiched with the second PDMS layer. In this step, a small amount of PDMS 

prepolymer was added on both sides of polycarbonate sheets to prevent bubble 

production when pouring the second layer of PDMS. The reservoirs of the three main 

channels were punched at appropriate locations using 3.5 mm or 1 mm disposable biopsy 

punches (Integra Miltex, Plainsboro, NJ) while gel chamber inlets were punched using 1 

mm biopsy punches. Finally, the PDMS layer was cut and then bonded to a glass slide in 

an oxygen plasma chamber for 10 seconds at 100 L/h oxygen flow rate and 100 W.  

 

5-2-2.   Cell culture  

Human endothelial cells (hy926) and HeLa cells31-3331-33 were purchased from American 

Type Culture Collection (ATCC, Manassas, VA) and stored in a liquid nitrogen storage 

container (MVE XC33/22, Select Genetics, Washington, PA). Upon thawing, both 

endothelial cells and HeLa cells were dispensed into 25 cm2 flasks containing 6 mL of 

Dulbecco’s Modified Eagle Medium (DMEM, formula: 4mM L-glutamine, 4.5 g/L L-

glucose, and 1.5 g/L sodium pyruvate, Gibco, Carlsbad, CA) supplemented with 10% 

fetal bovine serum and 1% penicillin and streptomycin (Sigma-Aldrich, St. Louis, MO). 

Cells were fed every two or three days; when necessary, cells were detached using 1× 

trypsin solution (Sigma-Aldrich, St. Louis, MO) for device injection. Cells were only 

used between the third and tenth passages.   

 

5-2-3.   Device preparation 
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First, 30 µL of 1 mg/mL poly-D-lysine (PDL) solution (Sigma-Aldrich, St. Louis, MO) 

was injected into the device through the gel chamber inlet for 4 h incubation under 5% 

CO2 at 37 oC. After washing with 30 µL of sterilized Milli-Q water (Millipore, Billerica, 

MA) twice, devices were placed in the oven at 65 oC for 24 to 48 h. Then, 2 mg/mL 

collagen type I gel solution (BD Biosciences, San Jose, CA) was carefully injected into 

the gel chamber through the gel inlet. Devices were then kept in humid pipette boxes to 

avoid evaporation, and a quick gel polymerization was carried out under 5% CO2 at 37 oC 

for 40 min. For the devices with large medium reservoirs (3.5-mm-diameter) used in the 

chemical gradient and hypoxia experiments, 20 µL of cell culture medium was forcibly 

injected into each channel of the microfluidic device, and the medium in all six reservoirs 

was removed before loading cells. For smaller medium reservoir devices used in the flow 

rate experiments, Finntip pipette tips (Thermo Fisher Scientific, Waltham, MA) were 

inserted into all six small medium inlets (1-mm-diameter) for cell loading. A small 

amount of cell culture medium (about 30 µL) was manually injected into each channel 

through pipette tips using 1 mL syringes (Covidien, Dublin, Ireland), and the medium in 

each tip was aspirated to make the liquid level as low as possible. Endothelial cells were 

re-suspended in the cell culture medium at a density of 1.5 - 2 × 106 cells/mL, and then 20 

µL of endothelial cells were seeded into an open reservoir or a pipette tip of the left 

channel to allow the cells to attach on the side wall of the gel scaffold due to the pressure 

difference between the left channel and other channels. Following the initial endothelial 

cell incubation for 30 min, the medium was removed from the left reservoirs or pipette 

tips, and 20 µL of HeLa cell suspension (2.5 - 3 × 106 cells/mL) was added in an open 
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reservoir or a pipette tip of the right channel to allow HeLa cell layer attachment to the 

gel scaffold. After another 30 min incubation, the medium in the right reservoirs or 

pipette tips was aspirated again, and 30 µL of fresh medium was added in each reservoir 

or pipette tip. Finally, all the devices were placed in the CO2 incubator (New Brunswick 

Scientific, Edison, NJ) overnight to achieve confluent growth of the cell layers. 

 

5-2-4.   Cell co-culture experiments 

Chemical gradients  

Following the formation of cell layers in the devices after overnight incubation, the 

medium in the desired reservoirs was replaced with the same volume of cytokine 

molecule solution to develop various chemical gradient conditions. To be specific, the 

medium was removed from all the reservoirs, and 30 µL of cytokine solution (IL-8 or 

TNF-α, Sigma-Aldrich, St. Louis, MO) at 20 or 50 ng/mL was placed in each reservoir of 

one side channel while 30 µL of fresh cell culture medium was placed in each reservoir 

of other channels to create chemical gradients. For “no gradient” conditions, the 20 

ng/mL IL-8 condition was established by placing 20 ng/mL IL-8 solution in the 

reservoirs of the two side channels and 25 ng/mL IL-8 solution in the reservoirs of the 

bottom channel. In contrast, to achieve the “no gradient” 50 ng/mL IL-8 condition, 50 

ng/mL IL-8 solution was added into both side channels and 63 ng/mL IL-8 solution was 

added into the bottom channel. All the concentrations used in TNF-α “no gradient” 

conditions were the same as those in IL-8 experiments except that the concentration in 

the bottom channel was changed to 62 ng/mL for the 50 ng/mL TNF-α condition. The 
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determination of cytokine solution concentration for all “no gradient” conditions is 

described below. All the devices were incubated under 5% CO2 at 37 oC for 24 h and 

imaged using MetaMorph ver. 7.7.5 imaging software on an inverted microscope 

equipped with a 10x objective and a CCD camera (QuantEM Photometrics, Tucson, AZ). 

Then, the liquid in all the reservoirs was replaced with a fresh aliquot of the same 

solution, and the devices were incubated for another 24 h before imaging a second time. 

Cells may migrate into the gel scaffold in the cell co-culture model instead of maintaining 

a layered structure, and the area of new migrating cells in the gel scaffold is calculated to 

indicate the effects of cellular interactions on each cell type. In detail, the cell migration 

area in the gel scaffold was selected by tracing the outline of cells manually and 

measured using ImageJ software (National Institutes of Health, Bethesda, MD). Three 

different devices are included in each condition for data analysis. 

  

Flow rate 

To introduce the desired flow rate into the side channels, a syringe containing fresh cell 

culture medium or 200 µM L-NG-monomethyl arginine citrate (L-NMMA, Cayman 

Chemical, Ann Arbor, MI) solution was connected with the devices by inserting tubing 

into one Finntip pipette tip of the desired side channel after the first overnight cell co-

culture. The syringe pump (Harvard Apparatus, Holliston, MA) was operated at the flow 

rate of 5 or 15 µL/min for delivering solution, and the devices were imaged twice, after 

24 and 48 h fluid flowing. The images were analyzed using the same methods mentioned 
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above. During experiments, all devices, including the syringe pump set-up, were placed 

in the incubator under 5% CO2 at 37 oC. 

 

Hypoxic environment 

To create a hypoxic environment across the cell co-culture system, a pair of oxygen 

scavenging solutions was injected into the extra chemical reaction channel (Fig. 5-1(b)) 

of the microfluidic device. Prior to injecting chemical solution, all six open reservoirs of 

each device were covered with duct tape (3M, St. Paul, MN) to further decrease the 

permeability of oxygen from atmosphere into the device as well as prevent the 

evaporation of medium from the reservoirs. For oxygen scavenging, 100 mg/mL 

pyrogallol (benzene-1,2,3-triol, Sigma-Aldrich, St. Louis, MO) and 1 M NaOH (Avantor, 

Center Valley, PA) solution were introduced through two separate inlets of the chemical 

reaction channel, and the mixing process occurred in the channel (verified by flowing 

water and 10 µM fluorescein isothiocyanate (FITC)-dextran (Sigma-Aldrich, St. Louis, 

MO) solution into the channel with fluorescence intensity monitored at different 

positions). To achieve oxygen concentration calibration, the oxygen concentration profile 

across the device was calibrated by placing 5 mg/mL of the oxygen-sensitive dye solution 

(tris(2,2’-bipyridyl) dichlororuthenium (II) hexahydrate, Sigma-Aldrich, St. Louis, MO) 

in all three main channels.34 The diffusion of the dye molecules across the gel scaffold 

inside the device should reach equilibrium quickly due to the large diffusion coefficient 

of small molecules so that the change in fluorescence emission intensity can be 

monitored. First, the fluorescence emission intensity from the dye across the overall 
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device was recorded in air. Then, pure nitrogen gas and the oxygen scavenging reaction 

were flowed into the chemical reaction channel for 1 h successively to adjust the oxygen 

level in the device. The flow rate of pure nitrogen gas was set at 4 L/min, and the oxygen 

scavenging reaction was injected at 10 µL/min. Since the dye is quenched by the presence 

of oxygen, the fluorescence intensities in various conditions were monitored and used to 

calculate oxygen concentration across the device according to the Stern-Volmer equation 

below:34,35 

           (1) 

where I0 and I represent the fluorescence intensity with pure nitrogen gas and chemical 

reaction flowing, respectively, and Kq is the quenching constant. Following the 

calibration, the oxygen scavenging reaction was injected into the chemical reaction 

channel for 48 h, and the effects of hypoxia on the cell co-culture model were determined 

by analyzing the cell images at 24 and 48 h time points. The devices with liquid leaking 

or cell contamination during 48 h chemical solution injection were eliminated from final 

data analysis.     

 

Combined effects of chemical gradients, flow, and hypoxic conditions 

Finally, to analyze the combined effects of chemical gradients, flow rate, and hypoxia, 

devices similar to those used for hypoxia experiments were used with two important 

modifications: (1) small inlets were punched at the ends of the left side channel to allow 
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flow and (2) large reservoirs were still punched for the other channels to allow chemical 

gradient formation. Cell culture medium was flowed into the left side channel at 5 

µL/min, and 50 ng/mL IL-8 solution was placed in the reservoirs of the right side channel 

to develop chemical gradients. Oxygen scavenging chemical solution was injected 

through the right chemical reaction channel at 10 µL/min to decrease the oxygen level in 

the device. Again, the cell population in all devices were imaged on an inverted 

microscope every 24 h and analyzed using ImageJ software. 

 

5-2-5.   Numerical simulation  

The static diffusion behavior of 50 ng/mL IL-8 solution across the microfluidic device 

from 0 to 24 h was verified using the simulation software COMSOL 4.3b (COMSOL, 

Inc., Burlington, MA). The diffusion coefficients of IL-8 in the collagen gel, free solution, 

and cell layer were assumed to be 6.75 × 10-11 m2/s, 8.4 × 10-11 m2/s, and 6.32 × 10-12 m2/s, 

respectively.36 In the “no gradient” condition, the concentrations of IL-8 in both side 

channels were set at 50 ng/mL, while the concentration in the bottom channel was 

predicted by keeping the constant concentration profile along the center line of the gel 

scaffold - according to the COMSOL model, 63 ng/mL was the appropriate IL-8 

concentration for the bottom channel. The simulation of 20 ng/mL IL-8 and all TNF-α 

gradients conditions were conducted using the same method. Since there is no value 

reported for the diffusion coefficients of TNF-α, we calculated the diffusion coefficients 

for TNF-α according to a published paper,37 and the diffusion coefficients of TNF-α in 

the collagen gel, free solution, and cell layer were assumed to be 5.38 × 10-11 m2/s, 6.7 × 
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10-11 m2/s, and 5.04 × 10-12 m2/s, respectively. In addition to the chemical gradient 

conditions, the shear rate level in the side channel was also studied using COMSOL 

software in the presence of 5 or 15 µL/min flow rate. 

 

5-2-6.   Fluorescence imaging and permeability measurement  

Fluorescence imaging was applied to characterize the profiles of chemical gradients in 

the complex dynamic conditions. To examine the impacts of flow rate on secretion by 

HeLa cells, 10 µM FITC-dextran (10 kDa) solution was flowed into the right side 

channel at 5 µL/min, and the fluorescence gradient across the gel scaffold was observed 

at 24 and 48 h time points. In the combined effects experiments, the same fluorescent dye, 

10 µM FITC-dextran solution was placed in the right side channel to study the gradient 

profile in the gel scaffold at various time points while the 5 µL/min flow rate was 

maintained in the left side channel.              

For the cell layer permeability measurement, 10 µM FITC-dextran solution was placed in 

one side channel to test the permeability of endothelial or HeLa cell layer. After 5 h 

diffusion of fluorescent molecules, the flux balance at the interface of cell layer and gel 

scaffold was established to calculate the permeability: 

                                                                                                                         (2)
 

where J is flux, D is diffusion coefficient of FITC-dextran (6.75 × 10-11 m2/s) in the 

collagen gel and x is the position. 

                                                                                                                     (3) 

where P is permeability and C is concentration. 

J = −D ∂C
∂x

Flux = −PΔC
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5-2-7.   Confocal imaging 

The configurations of the endothelial cell or HeLa cell layers in different conditions were 

characterized using Nikon A1R MP confocal microscope (Nikon, Melville, NY). Briefly, 

medium in all the reservoirs or pipette tips was removed, and the channels were rinsed 

twice with 40 µL of 1× PBS solution. Following the PBS wash, 30 µL of 4% (wt/vol) 

paraformaldehyde (PFA, Sigma-Aldrich, St. Louis, MO) was added in each reservoir or 

tip for 15 minutes to fix the cells. The same volume of 0.1% (vol/vol) Triton X-100 was 

placed in each reservoir or tip for the permeablization of cell membranes after two PBS 

washes. Then, a mixture of 5 µg/mL 4,6-diamidino-2-phenylindole dilactate (DAPI 

dilactate) and 6.6 µM Alexa 488 phalloidin (Life Technologies, Carlsbad, CA) solution in 

30 µL was added in each reservoir or tip for staining the cells. The pipette box containing 

the devices was wrapped with aluminum foil and placed in the dark for 1 h incubation. 

Finally, devices were washed using PBS twice to remove unbound fluorescent agents. All 

the confocal images were deconvoluted using AutoQuant X 3.0.4 software (Media 

Cybernetics, Rockville, MD) and processed with Imaris software (Bitplane AG, Zurich, 

Switzerland). 

 

5-3.   Results and discussion 

 

5-3-1.   Characterization of the cell co-culture model 

The microfluidic device used for developing a cell co-culture model is composed of three 

main channels and a central chamber for gel loading, while an extra pair of chemical 
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reaction channels is added in the hypoxia device on either side of the central chamber 

(Fig. 5-1(a) and (b)). In the experimental design, collagen gel is introduced into the 

central chamber to simulate the extracellular matrix and then, endothelial cells are 

cultured on the side wall of the gel scaffold in the left side channel while HeLa cells are 

employed as the cancer cell model cultured on the opposite side wall in the right side 

channel. First, the permeability of each cell layer was measured by visualizing the 

diffusion of fluorescent probe molecules across the cell layer from the corresponding side 

channel into the gel scaffold (Fig. 5-2). By establishing the flux balance at the interface 

of the cell layer and the gel scaffold, the calculated permeability of the cultured 

endothelial and HeLa cell layer are 8.8 × 10-7 and 5.8 × 10-7 m/s, respectively; these 

values are close to the results reported in previous studies with intact cell layer 

configurations,38,39 which indicates good integrity of the cell layer structures achieved in 

this system. The confocal imaging results further demonstrate the confluent 3D 

configuration of the endothelial cell and HeLa cell layers on the side walls of the gel 

scaffold after overnight incubation (Fig. 5-3). To evaluate the response of individual cell 

types to the cell co-culture microenvironments, only the cell migration caused by the 

paracrine effects can be taken into account, and control experiments with single cell type 

culture were performed to account for the contribution of spontaneous cell migration 

without cell-cell communication. In single cell type culture conditions (Fig. 5-4), 

endothelial cells were found to protrude into the gel scaffold after 72 h incubation, but 

HeLa cells remained attached to the side wall after long-term culture. Hence, the cell- cell 

interactions are studied within 48 h so that the self-migration of endothelial cells at 72 h 
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Figure 5-1. (a) Schematic of microfluidic device used in chemical gradient 

experiments. The collagen gel is injected into the central chamber for co-culturing 

different cell types on the opposite side walls. (b) Photograph of the microfluidic 

devices with the size comparison to quarter coins (top: chemical gradient device; 

middle: flow rate device; bottom: hypoxia device with the extra chemical reaction 

channels on both sides). (c) Bright-field images of the central chamber within the 

device showing changes in the cell co-culture model from 0 h to 48 h incubation. 

(scale bar: 200 µm) 
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Figure 5-2. The permeability measurements of (a) HeLa cell layer and (b) 

endothelial cell layer using the fluorescence intensity profiles of FITC-dextran 

solution across the cell-gel interface after 5 h diffusion. (scale bar: 200 µm) 
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Figure 5-3. 3D confocal imaging of cell layers on the side wall of the gel scaffold 

within the microfluidic device depicted in Figure 1. The 45o angle view of (a) an 

overnight-cultured endothelial cell layer; (b) an overnight-cultured HeLa cell layer 

and (c) an endothelial cell layer after 2-day cell co-culture. The side view of (d) 

overnight-cultured endothelial cell layer; (e) an overnight-cultured HeLa cell layer 

and (f) an endothelial cell layer after 2-day cell co-culture (scale bar: 50 µm). (Blue 

indicates DAPI-stained nucleus and green represents Alexa 488 phalloidin-stained 

cytoskeletal F-actin. The positions of the gel scaffold and side channel are indicated 

in the figures.) (scale bar: 50 µm) 
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is not included in the data analysis. Initial study of the characterized cell co-culture model 

showed that endothelial cells migrate obviously into the gel scaffold toward the HeLa 

cells after 48 h of co-culture while HeLa cells barely enter the gel region (Fig. 5-1(c) and 

5-3). This observation implies that HeLa cells may function as an attractive source 

stimulating endothelial cell migration by secreting soluble factors in this cell co-culture 

model. Among various molecules known to be secreted by cancer cells, vascular 

endothelial growth factor (VEGF) is considered to be largely responsible for triggering 

endothelial cell migration, thus we hypothesized that soluble VEGF was one important 

actor in this interaction.40,41 Measurement of the effect of presenting the VEGF antibody 

in our cell co-culture model reveals that a high concentration (10 µg/mL) of VEGF 

antibody in the left side channel effectively decreases the invasion of endothelial cells 

into the gel scaffold compared to a low concentration (1 µg/mL) and no antibody 

conditions after 48 h incubation (p < 0.05, Fig. 5-5). These observations support the 

hypothesis that VEGF participates in the endothelial cell-HeLa cell interaction as a 

secreted soluble factor. With preliminary characterization of the cell co-culture model, 

several essential physiological factors could be introduced into this model to probe the 

cellular interactions under biomimetic conditions.  

 

5-3-2.   The effects of chemical gradients 

Two different types of cytokine molecules, IL-8 and TNF-α, were employed herein to 

study the effects of chemical gradients on cellular interactions at the concentrations of 

either 20 or 50 ng/mL. The chemical gradients were developed by placing cytokine   
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Figure 5-4. Single cell type culture in the device for incubation time optimization: (a) 

an endothelial cell layer culture at 0, 48, and 72 h; (b) a HeLa cell layer culture at 0, 

48, and 72 h. The images at 0 h represent the formation of cell layers after initial 

overnight incubation, and the red square indicates the protrusion of endothelial 

cells into the gel scaffold after 72 h. (scale bar: 200 µm)  
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Figure 5-5. The results of VEGF antibody studies: (a) a bright-field image of cell 

migration with 1 µg/mL VEGF antibody in the left side channel after 48 h 

incubation (scale bar: 200 µm); (b) a bright-field image of cell migration with 10 

µg/mL VEGF antibody in the left side channel after 48 h incubation (scale bar: 200 

µm); (c) data analysis of VEGF antibody incubation at 24 and 48 h time points. 

Three replicates are included in each condition, and the total cell number (n) of 

three replicates analyzed in each condition is indicated for the corresponding bar, 

**, p < 0.005, ***, p < 0.0005, using a two-tailed unpaired t-test. Error bars 

represent standard error of the mean. 
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solution in either side channel to enable stable linear diffusion of cytokine molecules 

from the side channel into the gel scaffold. Regarding the directions of chemical 

gradients, the gradient from the right to left channel is defined as a positive gradient for 

endothelial cells and a negative gradient for HeLa cells since cytokine molecules move 

towards endothelial cells and away from HeLa cells in this condition; similarly, the 

gradient from the left to right channel is defined as a positive gradient for HeLa cells and 

a negative gradient for endothelial cells. In addition to the chemical gradient conditions, 

flat concentration profiles of cytokine molecules at 20 or 50 ng/mL were created to 

examine cellular interactions in a microenvironment with the cytokines but without 

gradients by introducing cytokine solution in all three main channels. The concentration 

distribution of cytokine molecules in the microfluidic device can be simulated and 

visualized using COMSOL numerical simulation software. The simulation results for the 

50 ng/mL IL-8 positive gradient for endothelial cells (Fig. 5-6(a) and (b)) confirms the 

formation of a gradient along the middle line of the gel scaffold, but the steepness of the 

gradient decreases gradually from 2 h to 24 h due to diffusion; based on this information, 

fresh solution was added into all reservoirs after 24 h to promote stability of the gradient 

shape. For the conditions without a gradient, 50 ng/mL IL-8 solution was placed in both 

side channels, and the necessary concentration of IL-8 in the bottom channel was 

predicted using the simulation software. When 63 ng/mL IL-8 solution was placed in the 

bottom channel, the cytokine concentration along the middle line of the gel scaffold 

remains constant at 50 ng/mL from 2 h to 24 h (Fig. 5-6(c) and (d)), which is suitable for 

producing the desired “no gradient” condition. With the same approach, gradient profiles 
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can be generated for 20 ng/mL IL-8 gradients conditions and all the TNF-α gradients 

conditions (data not shown). Then, the effects of chemical gradients on cellular 

interactions between endothelial cells and HeLa cells were studied under 50 ng/mL 

chemical gradient of each cytokine. After 48 h incubation, the cell migration area results 

reveal that 50 ng/mL negative gradients for endothelial cells significantly inhibit the 

endothelial cell migration into the gel scaffold for both cytokines (p < 0.05, Fig. 5-7). 

This inhibition indicates that negative cytokine gradients guide the migration of 

endothelial cells competitively with the soluble factors secreted by HeLa cells from the 

opposite direction; however, positive gradients and “no gradient” conditions do not 

induce additive effects in regulating endothelial cell migration compared to the control 

condition without any cytokine solution. On the other hand, HeLa cells are not shown to 

sense the gradients actively as only a small amount of HeLa cells invade the gel region in 

each condition. For 24 h incubation, a 50 ng/mL IL-8 positive gradient induces 

significantly more endothelial cell migration towards HeLa cells (p < 0.05), but there is 

no significant difference found among various conditions of TNF-α, and HeLa cell 

migration is not sensitive to any gradient condition (Fig. 5-8). The results of smaller 

concentration gradients (20 ng/mL) follow similar trends at 48 h incubation where 

negative gradients were able to decrease endothelial cell migration into the gel region 

although the only statistically significant difference was between the control and the 

negative gradient condition for IL-8 (p < 0.05, Fig. 5-9). Unlike the larger concentration, 

20 ng/mL positive gradients of neither cytokine promoted penetration of endothelial cells 

into the gel scaffold significantly at the 24 h time point (Fig. 5-10). Again, HeLa cells 
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Figure 5-6. COMSOL simulation results of 50 ng/mL IL-8 gradient in the right 

channel: (a) the concentration distribution of IL-8 molecules in the overall device 

and (b) the gradient profiles across the center line of gel scaffold at different time 

points. COMSOL simulation results for the 50 ng/mL IL-8 no gradient condition: (c) 

the concentration distribution of IL-8 molecules in the overall device and (d) the 

gradient profiles across the center line of gel scaffold at different time points. The 

black arrows indicate the direction of the chemical gradient.  
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Figure 5-7. The effects of chemical gradients on cell migration after 48 h incubation. 

The bright-field images (scale bar: 200 µm) of cell migration into the center 

microfluidic chamber under various gradient profiles at the 48 h time point: (a) 50 

ng/mL IL-8 in the left channel; (b) 50 ng/mL IL-8 in the right channel; (c) 50 ng/mL 

IL-8 no gradient condition; (d) 50 ng/mL TNF-α in the left channel; (e) 50 ng/mL 

TNF-α in the right channel and (f) 50 ng/mL TNF-α no gradient condition. Data 

analysis of cell migration area under (g) 50 ng/mL IL-8 gradients and (h) 50 ng/mL 

TNF-α gradients conditions after 48 h incubation. Three device replicates are 

included in each condition, and the total cell number (n) of three replicates analyzed 

in each condition is indicated in or above the corresponding bar, *, p < 0.05, **, p < 

0.005, using a two-tailed unpaired t-test. Error bars represent standard error of the 

mean. 
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Figure 5-8. The effects of different chemical gradients on cell migration after 24 h 

incubation. The bright-field images (scale bar: 200 µm) of cell migration under 

various gradient profiles at 24 h time point: (a) 50 ng/mL IL-8 in the left channel; (b) 

50 ng/mL IL-8 in the right channel; (c) 50 ng/mL IL-8 no gradient condition; (d) 50 

ng/mL TNF-α in the left channel; (e) 50 ng/mL TNF-α in the right channel and (f) 

50 ng/mL TNF-α no gradient condition. Data analysis of cell migration area under 

(g) 50 ng/mL IL-8 gradients, and (h) 50 ng/mL TNF-α gradients conditions after 24 

h incubation. Three replicates are included in each condition, and the total cell 

number (n) of three replicates analyzed in each condition is indicated for the 

corresponding bar, *, p < 0.05, **, p < 0.005, using a two-tailed unpaired t-test. 

Error bars represent standard error of the mean. 
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Figure 5-9. The effects of different chemical gradients on cell migration after 48 h 

incubation. The bright-field images (scale bar: 200 µm) of cell migration under 

various gradient profiles at 48 h time point: (a) 20 ng/mL IL-8 in the left channel; (b) 

20 ng/mL IL-8 in the right channel; (c) 20 ng/mL IL-8 no gradient condition; (d) 20 

ng/mL TNF-α in the left channel; (e) 20 ng/mL TNF-α in the right channel, and (f) 

20 ng/mL TNF-α no gradient condition. Data analysis of cell migration area under 

(g) 20 ng/mL IL-8 gradients and (h) 20 ng/mL TNF-α gradients conditions after 48 h 

incubation. Three replicates are included in each condition, and the total cell 

number (n) of three replicates analyzed in each condition is indicated for the 

corresponding bar, *, p < 0.05, **, p < 0.005, ***, p < 0.0005, using a two-tailed 

unpaired t-test. Error bars represent standard error of the mean. 
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Figure 5-10. The effects of different chemical gradients on cell migration after 24 h 

incubation. The bright-field images (scale bar: 200 µm) of cell migration under 

various gradient profiles at 24 h time point: (a) 20 ng/mL IL-8 in the left channel; (b) 

20 ng/mL IL-8 in the right channel; (c) 20 ng/mL IL-8 no gradient condition; (d) 20 

ng/mL TNF-α in the left channel; (e) 20 ng/mL TNF-α in the right channel, and (f) 

20 ng/mL TNF-α no gradient condition. Data analysis of cell migration area under 

(g) 20 ng/mL IL-8 gradients and (h) 20 ng/mL TNF-α gradients conditions after 24 h 

incubation. Three replicates are included in each condition, and the total cell 

number (n) of three replicates analyzed in each condition is indicated for the 

corresponding bar, *, p < 0.05, **, p < 0.005, ***, p < 0.0005, using a two-tailed 

unpaired t-test. Error bars represent standard error of the mean. 
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barely moved into the gel scaffold in any of the 20 ng/mL gradient conditions. Based on 

the results above, we can conclude that (1) the polarization of the chemical gradients 

reveals a time- and concentration-dependent effect on cellular interactions where negative 

gradients dominantly control the endothelial cell migration after long-term co-culture and 

positive gradients only show additive impacts on endothelial cell migration towards HeLa 

cells for the 50 ng/mL IL-8 condition with short time co-culture; (2) the endothelial cell 

migration is not sensitive to the total amount of cytokine molecules in the cell co-culture 

system since all “no gradient” conditions, containing more total cytokine molecules than  

the gradient conditions, led to results that were indistinguishable from control conditions; 

and (3) HeLa cells appear to grow in a much smaller area of the gel scaffold than 

endothelial cells in all conditions. Finally, monitoring HeLa cell migration under various 

cytokine gradients without endothelial cell co-culturing indicates weak responses by 

HeLa cells to cytokine gradients (data not shown here) so that the introduction of 

endothelial cells is not the reason for compromised HeLa cell migration. 

 

5-3-3.   The effects of flow rate 

Because the small inlets are punched at the ends of each channel to replace the large 

medium reservoirs used in the chemical gradient devices (Fig. 5-11(a) and 5-1(b)), the 

cell co-culture model was studied first with the static medium-filled pipette tips inserted 

into the small inlets to determine any effects of the device configuration change on 

cellular interactions. Compared to the control condition from the chemical gradient 

experiments, there was no statistical difference found for total cell migration area due to  
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Figure 5-11. (a) Schematic of microfluidic device used for flow rate study. (b) 

COMSOL simulation result of shear rate produced by 5 µL/min flow rate in the side 

channel. (c) COMSOL simulation result of shear rate produced by 15 µL/min flow 

rate in the side channel. The channel width is 700 µm (the shear rate scale bar in (b) 

goes from 10 (blue) to 100 s-1 (red) and the scale bar in (c) goes from 20 (blue) to 300 

s-1 (red)). 

 

 

 

 

 

 

 

 

 

 

 



 

 166 

 

Figure 5-12. Bright-field images (scale bar: 200 µm) of (a) cell migration with a 

pipette tip inserted into the inlets but no flow rate introduced at 48 h. (b) cell 

migration with 15 µL/min flow rate in the left side channel at 48 h. (c) Data analysis 

of cell migration area under various flow rate conditions. Three replicates are 

included in each condition and the total cell number (n) of three replicates analyzed 

in each condition is indicated for the corresponding bar, **, p < 0.005, ***, p < 

0.0005, using a two-tailed unpaired t-test. Error bars represent standard error of 

the mean. 
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the configuration change in the device to achieve flow (Fig. 5-12(a) and (c)). To make all 

the conditions consistent, the control data in the chemical gradient experiments was also 

applied for the data analysis of flow rate and hypoxic conditions below. A flow rate of 5 

µL/min was introduced into different side channels to simulate physiological shear rates 

(from 50 to 100 s-1) in large veins and descending aorta (Fig. 5-11(b)).42 With the flow 

rate in either side channel or both side channels, endothelial cell migration towards HeLa   

cells was significantly decreased after 48 h under flow conditions (p < 0.05), while no 

difference was measured for HeLa cell migration between control and flow conditions 

(Fig. 5-13). The intracellular signaling pathway of endothelial nitric oxide synthase 

(eNOS) activated by shear rate is implicated in regulating endothelial cell migration due 

to the release of bioactive nitric oxide (NO), which may attenuate the sprouting growth of 

endothelial cells in the presence of flow.43,44 An inhibitor of the eNOS pathway, L-

NMMA,45 was introduced into the left side channel at 200 µM to block the production of 

NO. As expected, endothelial cell migration was recovered to a significantly higher level 

than flowing pure medium through the channel (p < 0.05, Fig. 5-13), but there was still a 

statistically significant difference between the control and L-NMMA conditions; further 

study will be required to determine other contributing factors to the decrease in 

endothelial cell migration. In parallel, confocal imaging studies of the endothelial cell 

layer after 48 h flow (Fig. 5-14) show that the cell layer is not confluent and some cells 

are lost. This damage in the 3D configuration of the endothelial cell layer may also 

contribute to the weak cell migration response after 48 h cell co-culture. We also found 

that the shear rate is able to remove the attached cells in the channels while the HeLa cell  



 

 168 

      

Figure 5-13. The effects of flow rate on cell migration after 48 h medium flowing. 

The bright-field images (scale bar: 200 µm) of cell migration into the center 

microfluidic chamber in different flow rate conditions at the 48 h time point: (a) 5 

µL/min cell culture medium flowing in the left channel; (b) 5 µL/min cell culture 

medium flowing in the right channel; (c) 5 µL/min cell culture medium flowing in 

both side channels; and (d) 5 µL/min cell culture medium containing 200 µM L-

NMMA flowing in the left channel. (e) Data analysis of cell migration area under 

various flow rate conditions after 48 h medium flowing. Three device replicates are 

included in each condition, and the total cell number (n) of thee replicates analyzed 

in each condition is indicated in or above the corresponding bar, *, p < 0.05, ***, p < 

0.0005, using a two-tailed unpaired t-test. Error bars represent standard error of 

the mean. 
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Figure 5-14. Confocal imaging of the endothelial cell layer after 48 h cell co-culture 

in different conditions. Images depict a 45o angle view of the endothelial cell layer 

under the conditions of (a) 5 µL/min flow rate; (b) oxygen scavenging reaction on 

the left side and (c) oxygen scavenging reaction on the right side. The side view of 

endothelial cell layer under the conditions of (a) 5 µL/min flow rate; (b) oxygen 

scavenging reaction on the left side and (c) oxygen scavenging reaction on the right 

side (scale bar: 50 µm). In all images, blue indicates DAPI-stained nucleus and green 

represents Alexa 488 phalloidin-stained cytoskeletal F-actin. The positions of the gel 

scaffold and side channel are indicated in the images. 
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population with the flow rate in the right side channel (Fig. 5-14(b) and (c)) is visually 

smaller than those without flow rate (Fig. 5-14(a) and (d)), which may indicate the 

detrimental effects of shear rate on cell adhesion, especially for HeLa cells. The higher 

flow rate (15 µL/min) recapitulates the shear rate in the ascending aorta and venules (Fig. 

5-11(c))35 and demonstrates a comparable endothelial cell migration to that in the 5 

µL/min condition (Fig. 5-12(b) and (c)). This similarity suggests that 5 µL/min (or less) is 

a saturating flow rate to inhibit endothelial cell migration in this cell co-culture model. 

Since there is no previous evidence showing detrimental effects of shear rate on soluble 

factor production from cancer cells, one possible cause of this endothelial cell migration 

inhibition when medium is flowing in the right side channel is that soluble factors 

secreted by the HeLa cells may be washed away. In this circumstance, endothelial cells 

would receive inadequate activation signals to initiate migration. To investigate this 

hypothesis, we introduced medium containing 10 µM FITC-dextran into the right side 

channel to simulate the soluble factors secreted by HeLa cells and observed the distance 

that the fluorescent molecules traveled across the gel scaffold. The images demonstrate 

that fluorescent molecules do not easily reach the endothelial cells in the presence of flow; 

the negative control fluorescence experiment (without any fluorescent molecules) 

demonstrates that the fluorescence intensity near the endothelial cells remains unchanged 

from the control condition to 24 or 48 h FITC-dextran flow (Fig. 5-15). This result 

implies that the soluble factors released by HeLa cells in the right side channel fail to 

arrive at the left side channel to initiate endothelial cell migration. In short, the 

application of flow in the side channels greatly decreases endothelial cell migration into  
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the gel scaffold even at the low shear rate level by triggering the NO signaling pathway,  

                  

Figure 5-15. The cell culture medium containing 10 µM FITC-dextran is flowed into 

the right side channel: (a) fluorescence image taken at 24 h (scale bar: 200 µm); (b) 

fluorescence image taken at 48 h (scale bar: 200 µm); and (c) the fluorescence 

intensity profiles across the gel scaffold for 24 h, 48 h, and the control condition 

without any fluorescent molecule.  
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the gel scaffold even at the low shear rate level by triggering the NO signaling pathway, 

damaging the endothelial cell layer structure, and removing soluble factors.  

 

5-3-4.   The hypoxic and the combined effects 

Hypoxia is one of the major features of cancer pathogenesis that increases patient 

treatment resistance,46,47 thus, understanding the effects of an hypoxic environment on 

cellular interactions between endothelial cells and HeLa cells may help to characterize 

mechanisms of cancer pathogenesis. To explore hypoxia effects, a pair of new chemical 

reaction channels was added on both sides of the previously described device to import 

an oxygen scavenging solution (Fig. 5-16(a) and 5-1(b)). This oxygen scavenging 

solution is a mixture of 1 M NaOH and 100 mg/mL pyrogallol solution where pyrogallol 

is known to convert into the ionic form, sensitive to oxygen, in basic conditions.35 The 

PDMS-embedded polycarbonate sheet in this device stabilizes the low oxygen 

concentration across the cell co-culture chamber due to the low diffusion coefficient of 

oxygen in polycarbonate sheets (Fig. 5-16(b)).34 This oxygen scavenging chemical 

reaction is known to exhibit good incubator compatibility,35 allowing the oxygen 

calibration results obtained in ambient conditions to be applicable to the cell co-culture 

platform. Prior to performing oxygen calibration, it was necessary to determine the 

appropriate time periods for nitrogen gas and chemical reaction introduction. Preliminary 

results demonstrated that the fluorescence signals from the oxygen-sensitive dye across 

the overall device remained stable from 30 min to 24 h; the 1 h time point was chosen for 

further analysis to maintain high cell viability in addition to good fluorescence signal  
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Figure 5-16. (a) Schematic of microfluidic device used for hypoxia effects study. (b) 

A polycarbonate film is embedded into the PDMS layer of the hypoxia microfluidic 

device to decrease the oxygen permeability. (c) The fluorescence imaging shows the 

mixing of solution from two different inlets occurring in the chemical reaction 

channel. (scale bar: 200 µm)  
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Figure 5-17. Condition optimization for nitrogen gas and chemical reaction flowing 

in oxygen concentration calibration. (a) The fluorescence intensity profiles along the 

center line of gel scaffold across the overall device are recorded. (b) The time 

dependence of nitrogen gas flowing. (c) The time dependence of oxygen scavenging 

chemical reaction flowing.   
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Figure 5-18. The effects of hypoxia on cell migration during microfluidic cell co-

culture. Fluorescence intensity profiles of an oxygen-sensitive dye across the device 

by flowing nitrogen gas and oxygen scavenging solution into (a) the left chemical 

reaction channel and (b) the right chemical reaction channel (the concave parts of 

the fluorescence intensity profiles are due to the gel-solution interfaces). (c) Oxygen 

concentration profiles in the presence of the oxygen scavenging reaction; the gel 

region is labeled in a block. Bright-field images (scale bar: 200 µm) of cell migration 

after 48 h flowing with oxygen scavenging reaction in (d) the left chemical reaction 

channel and (e) the right chemical reaction channel. (f) Data analysis of cell 

migration area at 48 h time point. Three device replicates are included in each 

condition, and the total cell number (n) of three replicates analyzed in each 

condition is indicated in or above the corresponding bar, *, p < 0.05, using a two-

tailed unpaired t-test. Error bars represent standard error of the mean. 
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stability (Fig. 5-17). There were some fluctuations found for each fluorescence intensity 

line scan due to the presence of the gel scaffold, and the fluorescence intensity does not 

change linearly at the interface between the gel chamber and solution channel. The 

calculated oxygen concentration profiles reveal that an oxygen concentration gradient 

develops across the cell co-culture system when oxygen scavenging solution is injected, 

and the gradient direction is determined by the location of the chemical reaction side 

channel that contains the oxygen scavenging reaction (Fig. 5-18(a)-(c)). The steeper 

oxygen gradient can be easily found inside the gel region between two different cell types 

(Fig. 5-18(c)) such that each cell type experiences a distinct oxygen concentration. With 

this approach, the lowest oxygen saturation level achieved within this device was around 

8%; although this value is still higher than the oxygen level inside solid tumors, the 

oxygen concentration obtained in this device is very close to the venous oxygen level 

reported near tumor sites48 and lower than that of normal cell culture conditions, which is 

sufficient for creating biomimetic environments for cellular interaction studies. Cell 

migration studies under hypoxic conditions suggest that lower oxygen concentration on 

the left side of the device induces a significant reduction in endothelial cell migration 

compared to other conditions after 48 h incubation (p < 0.05) while the oxygen 

scavenging reaction flowing on the right side does not induce any statistical difference 

compared to the control (Fig. 5-18(d)-(f)). The lower oxygen level on the left side 

appears to inhibit endothelial cell migration significantly; however, hypoxia is known to 

upregulate the expression of VEGF in HeLa cells that may potentially promote the 

migration of endothelial cells into the gel scaffold,49,50 so the adverse effects of hypoxia 
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on endothelial cell migration is counteracted when the lower oxygen level is on the right 

side. Similar to the flow rate experiments, low oxygen levels on both sides of the device 

induce damage in the 3D endothelial cell layer structure based on confocal imaging 

results (Fig. 5-14); this suggests that both shear rate and hypoxic conditions may have 

cytotoxic effects on endothelial cell layers. Further examination of cytotoxicity in this 3D 

configuration will be a focus of future work.   

Finally, all three physiological factors investigated separately, including chemical 

gradients, flow rate, and hypoxia, were combined together into a single device to 

investigate cell-cell communication in a complex biomimetic environment. In the 

physiological microenvironment, cancer cells act as the primary source of cytokine 

molecules (so, in this case, they are delivered from the right to the left channel)51,52 while 

flow is introduced into the endothelial cell channel to mimic blood vessel effects; finally, 

lower oxygen concentration is localized around the HeLa cancer cells. To be specific, 50 

ng/mL IL-8 solution was placed in the large reservoirs of right side channel, and the 

oxygen scavenging solution was continuously injected through the right chemical 

reaction channel while cell culture medium was flowed through the left side channel. As 

shown in Fig. 5-19(a), the flow rate in the left side channel did not disrupt the 

fluorescence gradient profile across the gel scaffold originating from the right side 

channel after 48 h diffusion, which means that the IL-8 gradient is also available in the 

combined effects condition. With 48 h cell co-culture, a significant difference in 

endothelial cell migration area was discovered between the control and the combined 

effects condition (p < 0.05, Fig. 5-19(b) and (c)). This migration area decrease is  
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Figure 5-19. The combined effects of three different physiological factors on cell 

migration. (a) Fluorescence gradient profiles across the gel scaffold with the flow 

rate in left channel.  (b) Bright-field image (scale bar: 200 µm) of cell migration 

after 48 h co-culturing with combined effects: 50 ng/mL IL-8 in right channel, 5 

µL/min cell culture medium flowing in the left channel, and oxygen scavenging 

reaction injected continuously on the right side. (c) Data analysis of cell migration 

area at the 48 h time point. Three device replicates are included in each condition, 

and the total cell number (n) of three replicates analyzed in each condition is 

indicated in or above the corresponding bar, *, p < 0.05, using a two-tailed unpaired 

t-test. Error bars represent standard error of the mean. 
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Figure 5-20. Comparison of cell migration data in various conditions at the 48 h 

time point. Three replicates are included in each condition, and the total cell 

number (n) of three replicates analyzed in each condition is indicated for the 

corresponding bar, *, p < 0.05, **, p < 0.005, using a two-tailed unpaired t-test. 

Error bars represent standard error of the mean. 
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attributable to the collective impact of three different factors since the flow rate tends to 

suppress endothelial cell migration significantly but a positive chemical gradient for 

endothelial cells and hypoxia around the cancer cells are able to maintain an endothelial 

cell migration area similar to that of the control condition. Finally, this combined 

experiment results in significant promotion of endothelial cell migration compared to the 

simple flow condition, while the cell migration data in the positive gradient and hypoxia 

conditions are still statistically higher than that of the combined effects (p < 0.05, Fig. 5-

20).  

 

5-4.   Conclusion 

A microfluidic cell co-culture system containing biomimetic microenvironments was 

established to explore cellular interactions between endothelial cells and HeLa cells. To 

create a biomimetic cell co-culture model, different types of cells were patterned on 

opposite side walls of a gel scaffold with high spatiotemporal resolution, and following 

that, multiple essential physiological factors were introduced into the developed cell co-

culture model for further mechanistic study. HeLa cells, used as the cancer cell model in 

this work, release VEGF molecules that can induce endothelial cell migration into the gel 

scaffold, but HeLa cells themselves are not induced to detach from their original position. 

The application of cytokine chemical gradients suggests a polarization-influenced 

regulation of endothelial cell migration where negative gradients draw endothelial cells 

away from the HeLa cells and positive gradients had additive effects to promote 

endothelial cell migration. Flow with a shear rate similar to that found in blood vessels 
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significantly inhibited endothelial cell migration towards the cancer cells. When the 

oxygen scavenging reaction was integrated into the cell co-culture system to decrease the 

oxygen levels across the overall device, endothelial cell migration was dependent on the 

delicate balance between the adverse effects caused by low oxygen concentration and the 

enhancing function of high VEGF secretion. Finally, all three physiological factors were 

introduced into the same device to examine the combined effects among the various 

factors. In summary, this work presents a versatile microfluidic platform to investigate 

cell-cell communication important in cancer metastasis, aiming to provide deeper 

mechanistic perspective about this physiological process and also promote extension of 

this microfluidic model for other heterotypic cellular interaction studies. 
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Chapter 6 

Platelet and Neutrophil Adhesion Study Using Microfluidic System 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Adapted from: 

Wu, X.; Haynes, C. L., 2016, in preparation. 
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6-1.   Introduction 

Neutrophils and platelets, known as the predominant cell types in the human circulatory 

system, interact with each other during critical physiological events.1,2 As the major type 

of white blood cells, neutrophils play an important role in host defense and have critical 

functions in the pathogenesis of various diseases. Following the specific profiles of 

chemical gradients, neutrophils transmigrate through the endothelial cell layer lining 

blood vessel walls to arrive at inflammatory sites and then secrete biological molecules 

that can mediate immune response.3-5 Interactions with endothelial cells and other 

surrounding blood cells may have profound impacts on neutrophil migration by 

influencing the kinetics or affinity of neutrophil adhesion on the endothelial cell layer, 

one of the key steps involved in the whole migration process. Platelets are bloodborne 

anuclear fragments of bone marrow megakaryocytes containing multiple chemical 

messenger-containing granules. Secretion from these granules releases adhesion 

molecules, plasma proteins, and small non-protein molecules (ADP, ATP, serotonin, etc.). 

Through these secretion events, platelets play important physiological roles in 

modulating inflammation and hemostasis both directly and through interactions with 

other blood cells.6-8 Adhesion of platelets to endothelial cells is clearly important;9-14 

however, the molecular details of this interaction are not well characterized. More 

importantly, these two cell types, as well as others in the blood stream, are constantly 

exposed to dynamic shear rates induced by blood flow, ranging from <1000 s-1 - 10000 s-1 

in normal to disease conditions.15-17 This work aims to characterize the effects of various 
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shear rates on neutrophil and platelet adhesion to provide mechanistic insight into the 

pathogenesis of disease conditions such as thrombosis.   

To create physiologically relevant shear rates for cell adhesion studies in this work, 

microfluidic channels with different dimensions were fabricated. Microfluidics 

fabrication techniques make it straightforward to adjust the channel dimensions to mimic 

blood vessels such that higher shear rate level in disease conditions can be produced 

within narrower channels. Microfluidics also offers the ability to control flow spatially 

and temporally by using external perfusion pumps, which also allows for high 

measurement replicate numbers and the use of small volumes of blood. The combination 

of polydimethylsiloxane (PDMS) and glass slides as the device fabrication materials 

provides a defined and biocompatible surface for the endothelial cell layer to explore 

platelet and neutrophil adhesion.18 In addition, the optically transparent surface of the 

PDMS facilitates in situ multicolor imaging of different cell types in microfluidic 

channels, which is helpful for quantification of cell adhesion behaviors. 

Herein, endothelial cells were cultured on the bottom glass surface of a microfluidic 

channel to mimic the human blood vessel. Microchannel regions with different widths 

were designed to develop a wide range of shear rates (from 1000 s-1 to 10000 s-1). First, 

platelets with or without pre-activation are injected through the channels to achieve 

platelet adhesion on the cultured endothelial cell layer, and then neutrophils are 

introduced into the system to examine the effects of platelet-neutrophil interactions on 

neutrophil adhesion. A series of antibody studies aiming to reveal molecular-level details 
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about platelet-neutrophil interactions were conducted, offering novel insight on the 

relationship between shear rate levels and cell adhesion behaviors.  

 

6-2.   Experimental details  

 

6-2-1.   Device fabrication 

Straight microfluidic channels with different narrow regions were fabricated using 

standard photolithography methods. First, the channel design was transferred onto a 

chrome photomask plate coated with positive photoresist layer (Nanofilm, Westlake 

Village, CA) through UV exposure. This photomask plate was then utilized for making a 

microfluidic device mold on a 4-inch silicon wafer with 120-µm-thick negative SU-8 50 

photoresist (MicroChem, Newton, MA) coating. Following the UV exposure and baking 

steps, the channel patterns were imprinted on the silicon wafer and the excessive 

photoresist was removed using SU-8 developer solution (MicroChem, Newton, MA). A 

10:1 mass ratio mixture of polydimethylsiloxane (PDMS) prepolymer (Ellsworth 

Adhesives, Germantown, WI) was poured onto the prepared SU-8 mold and cured on a 

hot plate at 95 oC overnight. The inlets and outlets were punched at appropriate locations 

using 1 mm disposable biopsy punches (Integra Miltex, Plainsboro, NJ). Finally, the 

PDMS layer was cut and then bonded to a glass slide in an oxygen plasma chamber for 

10 seconds at 100 L/h oxygen flow rate and 100 W. 

 

6-2-2.   Cell culture and isolation 
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Human endothelial cells (hy926) were purchased from American Type Culture Collection 

(ATCC, Manassas, VA) and stored in a liquid nitrogen storage container (MVE XC33/22, 

Select Genetics, Washington, PA). Upon thawing, endothelial cells were added into 75 

cm2 flasks containing 20 mL of Dulbecco’s Modified Eagle Medium (DMEM, formula: 

4mM L-glutamine, 4.5 g/L L-glucose, and 1.5 g/L sodium pyruvate, Gibco, Carlsbad, CA) 

supplemented with 10% fetal bovine serum and 1% penicillin and streptomycin (Sigma-

Aldrich, St. Louis, MO). Cells were fed every two or three days; when necessary, cells 

were detached using 1× trypsin solution (Sigma-Aldrich, St. Louis, MO) for device 

injection. Cells were only used between the third and tenth passages.  

For each microfluidic channel, platelets and neutrophils were isolated from the blood 

sample of the same donor. Neutrophils were isolated from freshly drawn human blood 

samples prepared by Memorial Blood Center (St. Paul, MN). Briefly, through layering 

the blood sample on the same volume of mono-poly resolving medium (Fisher Scientific, 

Waltham, MA), a distinct neutrophil band was obtained after density gradient 

centrifugation. Neutrophils were washed using 2.5 mL of red blood cell lysis buffer 

(Miltenyi Biotec Inc., Auburn, CA) several times until only white cells were seen at the 

bottom of centrifuge tube. Finally, neutrophils were re-suspended in HBSS buffer 

containing 2% HSA at an appropriate cell density. To easily visualize neutrophils in the 

microfluidic channel, isolation neutrophils were labeled with 5 µg/mL 4’, 6-diamidino-2-

phenylindole (DAPI, Invitrogen, Carlsbad, CA) in the dark for 30 min. 

For the platelet isolation, about 5 mL of blood sample was transferred into a 15 mL 

centrifuge tube, and centrifuged at 270xg for 20 min without brake. Then, the top two-
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thirds of the platelet rich plasma (PRP) layer were transferred into a new centrifuge tube. 

Hirudin (Sigma-Aldrich, St. Louis, MO) was added at a concentration of 10 U/mL, and 

then the PRP was again centrifuged at 800xg for 10 min with low brake. The platelet 

poor plasma (PPP) was removed and the pellet was re-suspended into Tyrode’s buffer. 

The PRP was placed in the incubator for 30 min, and then centrifuged again at 800 xg for 

10 min with low brake after adding ACD buffer. The formed pellet was again re-

suspended in Tyrode’s buffer and the platelets were kept in the incubator again for 30 

min for rest prior to being incubated with 2 µM 5-chloromethylfluorescein (CMFDA, 

Invitrogen, Carlsbad, CA) dye for 30 min so that platelets adhered onto endothelial cells 

could be fluorescently monitored. CMFDA is the dye designed to freely pass through cell 

membranes; however, once inside the cell are transformed into cell-impermeant products. 

 

6-2-3.   Endothelial cell coating of a microfluidic channel 

First, 250 µg/mL of human fibronectin (Sigma-Aldrich, St. Louis, MO) in sterilized 

Milli-Q water was injected through the channel, and the device was incubated under 5% 

CO2 at 37oC for an hour. Meanwhile, endothelial cells were treated with trypsin and 

detached from the T-flask. After centrifugation, fibronectin solution was removed from 

each channel and the obtained cell pellet was re-suspended into cell culture medium with 

the desired cell density (5-8 × 106 cells/mL). The cell suspension was injected through 

the channel, and the device was kept in the incubator. After an initial 2 h incubation, the 

medium was exchanged to remove non-adherent cells, and the endothelial cells in the 

channel were fed once every day. Cells were cultured in the device for a minimum of 4 
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days and maximum of 6 days to ensure that endothelial cells covered the entire channel 

surface.  

 

6-2-4.   Cell injection experiments          

First, platelets with CMFDA labeling (around 1×107 cells/mL) were injected into the 

endothelial cell-coated channels at 5 µL/min for 30 min. In the conditions of platelet 

activation, platelets were activated by 5 µM adenosine diphosphate (ADP, Sigma-Aldrich, 

St. Louis, MO), and the cells were injected into the channel immediately after ADP 

addition. Tyrode’s buffer was introduced into the channel at the same flow rate for 15 

min to remove non-adherent platelets. Following this, neutrophils without pre-activation 

(3-4 ×106 cells/mL) were injected at 5 µL/min for 30 min to achieve neutrophil adhesion 

in the presence of platelets on the endothelial cell layer, and HBSS buffer was then 

flowed for 15 min to wash non-adherent cells. Finally, different regions of each channel 

(called as up normal, inlet, narrow, outlet, and down normal) were imaged using 

MetaMorph ver. 7.7.5 imaging software on an inverted microscope equipped with a 40x 

objective and a CCD camera (QuantEM Photometrics, Tucson, AZ). The platelet number 

per 10 endothelial cells was used for statistical analysis. To examine the functions of 

surface receptor molecules in cell adhesion behaviors, the corresponding antibody 

molecules were incubated with platelets or neutrophils prior to the cell injection.  ADP-

activated platelets were mixed with anti-human p-selectin (eBioscience, San Diego, CA) 

and anti-human CD41/61 (BioLegend, San Diego, CA) for 5 min before injection. 

Neutrophils were activated by 50 ng/mL interleukin-8 (IL-8) first and then mixed with 
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anti-human CD11b APC (eBioscience, San Diego, CA) for 5 min before injection. Each 

cell injection condition was done in 5 biological replicates (from 5 different donors) 

unless otherwise specified.  

 

6-2-5.   Surface adhesion molecule expression of endothelial cells 

The expression of adhesion molecules on the surface of endothelial cells under the 

influence of various shear rate levels was detected using fluorescence imaging. 

Endothelial cells were pre-activated by the flow rate (5 µL/min) for 30 min, and a 

mixture of allophycocyanin (APC)-labeled anti-human ICAM-1 (eBioscience) and 

fluorescein isothiocyanate (FITC)-labeled anti-human von-Willebrand factor (Abcam) 

was injected through the channel for 15 min to incubate with endothelial cells. After 

another 30 min incubation with endothelial cells in the static condition, excess 

fluorescent labeling reagents were removed by flow. The control condition was 

conducted without endothelial cell pre-activation by the flow rate. Again, different 

regions of each channel were imaged using MetaMorph ver. 7.7.5 imaging software on an 

inverted microscope equipped with a 40x objective and a CCD camera. The average gray 

value of each region before shear activation was recorded as the background signal. Five 

different microfluidic channels were measured in each condition.  

 

6-2-6.   The effects of flow rate on platelet and neutrophil aggregation 

Platelets with or without ADP pre-activation were injected through different microfluidic 

channels without an endothelial cell layer cultured on the bottom. Platelet suspension 
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coming out from the outlet was collected using a pipette. For each microfluidic channel, 

20 µL of collected platelet suspension was added on the coverslip for fluorescence 

imaging to count the number of platelet aggregates, and this step was replicated three 

times (60 µL in all for each channel). The same protocol was used for neutrophil 

aggregate counting. 

 

6-3.   Results and discussion  

 

6-3-1.    Characterization of the microfluidic system              

As shown in Fig. 6-1(a), there are three different narrow dimensions created in the 

microfluidic channels: 20%, 50%, and 80% narrow channels. Since the width of normal 

part of each channel is 400 µm, 20%, 50%, and 80% narrow channels have the widths of 

320 µm, 200 µm, and 80 µm, respectively. To make the shear rate level change gradually 

in the microfluidic channels, the inlet and outlet regions were designed to connect the 

narrow region and normal channel part (Fig. 6-1(a)). In our experiments, we focus on 

studying cell adhesion in the regions with shear rate change, so the normal channel part 

connecting to the inlet region is defined as “up normal” while the inlet part connecting to 

the narrow region is defined as “inlet”. The “down normal” and “outlet” parts are defined 

as the same way. The central part of the narrow region is selected for cell adhesion study. 

Cell adhesion in five different parts (up normal, inlet, narrow part, outlet, and down 

normal) was examined by randomly imaging a small part (204.8 µm × 204.8 µm) in each 

region. The COMSOL simulation results (Fig. 6-1(b)) clearly indicated that the shear rate  
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Figure 6-1. (a) The schematic of 20% narrow channel (The width of microfluidic 

channel is 400 µm and the narrow region is 320 µm wide, 1 mm long.). Five different 

parts (up normal, inlet, narrow, outlet, and down normal) for cell adhesion study 

are indicated in the blue boxes. (b) COMSOL simulation results of microfluidic 

channels with different dimensions. (c) Bright-field images of endothelial cell layer 

formation on the bottom of different microfluidic channels after 5-day culture.    
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inside different microfluidic channels induced by 5 µL/min flow rate is correlated to the 

width of the channel, which suggests that the smaller dimension results in the higher 

shear rate. The shear rates created in different microfluidic channels range from those 

relevant in normal physiological conditions to those in a thrombotic disease 

microenvironment (from <1000 s-1 to >10000 s-1). After 5-day cell culturing on the 

bottom of the device, endothelial cells formed a layered structure in different microfluidic 

channels (Fig. 6-1(c)), and the layered structure was visually intact and confluent. With 

this microfluidic system, platelet and neutrophil adhesion behaviors were studied 

separately.                     

 

6-3-2.   Platelet adhesion 

There are three factors impacting platelet adhesion in our system: endothelial cell surface 

molecule expression, ADP pre-activation of platelets, and the effects of shear rate on 

platelet activation. The receptor for von-Willebrand factor (vWF) on the surface of 

endothelial cells is responsible for initiating platelet adhesion.9,19,20 A detailed 

examination of the relationship between shear rate and vWF expression was conducted to 

determine the effects of surface adhesion molecule expression on platelet adhesion. The 

antibody imaging results (Fig. 6-2) showed that although different shear rate levels (20%, 

50%, and 80% narrow channel condition) increase the average fluorescence intensity in 

each condition compared to the control condition without shear rate activation, there was 

no significant difference found among various shear rate levels and channel regions. 

These results suggest that the expression of vWF on endothelial cells was not dependent 
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Figure 6-2. The fluorescence intensities of vWF antibody binding on endothelial cell 

surfaces under control and flow rate activation conditions. (a) The expression of 

vWF in different microfluidic channels under control condition without shear rate 

activation. (b) The expression of vWF in different microfluidic channels under flow 

rate activation condition. Five different replicates (channels) are included in each 

condition. Error bars represent standard error of the mean. 
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on the changes in shear rate levels; even the lower shear rate level existing in the widest 

channel (20% narrow channel) was able to enhance the expression of the vWF receptor 

on endothelial cells. Considering the effects of ADP pre-activation on platelet adhesion, 

the platelet numbers in different regions of microfluidic channels were counted, and the 

platelet number per 10 endothelial cells was used for statistical analysis. In almost all the 

conditions (Fig. 6-3), ADP pre-activation did not induce significantly more platelets 

adhering to the endothelial cell layer compared to the non-activated condition; this may 

be attributable to the fact that the introduction of shear rate promoted the expression of 

vWF to a similar level for all the dimensions and ADP pre-activation is not important in 

further helping platelet adhesion. Another critical factor examined here is the effects of 

shear rate on platelet activation. Aggregation of platelets is one important signal 

indicating activation of platelets.21-23 By counting the number of platelet aggregates after 

flowing cells through different microfluidic channels (Fig. 6-5 and 6-6), we found that 20% 

and 50% narrow channels up-regulated the activation of platelets without ADP pre-

activation (Fig. 6-4) and the numbers of platelet aggregates in these two conditions are 

much higher than those of control condition (no shear rate activation). However, for the 

condition with ADP pre-activation, shear rate was not capable of inducing significantly 

higher activation of platelets, which implies that shear rate activation does not contribute 

to promoting platelet adhesion in the presence of ADP pre-activation. There was no 

significant enhancement found in the number of platelet aggregates for the 80% narrow 

channel without ADP pre-activation, likely because the high flow speed of platelets and 

short dwell time in the microfluidic channel did not induce platelet activation to a  Figure 
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6-3. The effects of ADP pre-activation on platelet adhesion on an endothelial cell 

layer. (a) The results of platelet adhesion in different regions of 20% narrow 

channel. (b) The results of platelet adhesion in different regions of 50% narrow 

channel. (c) The results of platelet adhesion in different regions of 80% narrow 

channel. For all graphs, the columns from left to right represent up normal, inlet, 

narrow, outlet, and down normal, respectively (indicated in (a)). Platelets from five 

different donors were used in each condition for data analysis, *, p < 0.05, using a 

two-tailed unpaired t-test. Error bars represent standard error of the mean. 
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Figure 6-4. The effects of shear rate levels on platelet aggregation. Platelets with or 

without ADP pre-activation were injected through 20%, 50%, and 80% channels, 

respectively. The control condition represents the platelets without channel injection 

and five different channels were included in each condition. *, p < 0.05, using a two-

tailed unpaired t-test. Error bars represent standard error of the mean. 
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Figure 6-5. The aggregation of platelets without ADP pre-activation after flowing 

through different microfluidic channels: (a) control condition without flowing 

through the channel; (b) flowing through 20% narrow channel; (c) flowing through 

50% narrow channel and (d) flowing through 80% narrow channel. Platelets are 

labeled with CMFDA, and the aggregates are indicated in the blue circles. (scale bar: 

50 µm)  

 

 

 



 

 198 

      

Figure 6-6. The aggregation of platelets with ADP pre-activation after flowing 

through different microfluidic channels: (a) control condition without flowing 

through the channel; (b) flowing through 20% narrow channel; (c) flowing through 

50% narrow channel and (d) flowing through 80% narrow channel. Platelets are 

labeled with CMFDA, and the aggregates are indicated in the blue circles. (scale bar: 

50 µm)  
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significantly higher level. Based on the results above, we can conclude that ADP pre-

activation is not important in enhancing platelet adhesion since both vWF receptor 

expression on the endothelial cell surface and shear rate level in the microfluidic channel 

are able to initiate adhesion of platelets on the endothelial cell layer.   

 

6-3-3.   Neutrophil adhesion 

Similar to platelet adhesion, there are several factors impacting neutrophil adhesion in 

our system. Since neutrophils were injected after the platelet adhesion and the neutrophils 

did not have any pre-activation, the factors impacting neutrophil adhesion include surface 

adhesion molecule expression of endothelial cells, shear rate activation, and the 

interactions between platelets and neutrophils. In this section, we will focus on the 

surface molecule expression and shear rate activation while the cellular interactions will 

be discussed in the next section. ICAM-1 plays the important role in initiating neutrophil 

adhesion on an endothelial cell surface,24-26 and the expression of ICAM-1 molecules on 

the surface of endothelial cells was monitored using an antibody-facilitated imaging 

method (Fig. 6-7). Similar to the results of vWF expression, in the presence shear rate, 

the average fluorescence intensity of ICAM-1 antibody for each condition is higher than 

that of the control condition without shear rate; however, the introduction of shear rate 

gave comparable results of ICAM-1 expression for three different microfluidic channels, 

and different regions in each channel cannot be discriminated. The effects of shear rate 

on neutrophil aggregation were also determined using the same method used for the 

platelet aggregation study. Compared to the control condition without shear rate 
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Figure 6-7. The fluorescence intensities resulting from ICAM-1 antibody binding on 

endothelial cell surface under control and flow rate activation conditions. (a) The 

expression of ICAM-1 in different microfluidic channels under control condition 

without shear rate activation. (b) The expression of ICAM-1 in different 

microfluidic channels under flow rate activation condition. Five different replicates 

(channels) are included in each condition. Error bars represent standard error of 

the mean. 
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Figure 6-8. The effects of shear rate levels on neutrophil aggregation. Neutrophils 

were injected through 20%, 50%, and 80% channels. Control condition represents 

the neutrophils without channel injection, and five different channels were included 

in each condition. *, p < 0.05, using a two-tailed unpaired t-test. Error bars 

represent standard error of the mean. 
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Figure 6-9. The aggregation of neutrophils after flowing through different 

microfluidic channels: (a) control condition without flowing through the channel; (b) 

flowing through 20% narrow channel; (c) flowing through 50% narrow channel 

and (d) flowing through 80% narrow channel. The aggregates are indicated in the 

blue circles. (scale bar: 50 µm)  
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activation (Fig. 6-8 and 6-9), a significant difference was only found for 50% narrow 

channel, which suggests the possibility that the aggregation of neutrophils was selective 

for the dimensions of that microfluidic channel. Lower shear rate in the wider channel 

(20% narrow channel) was not large enough to induce the neutrophil aggregation while 

the dwell time of neutrophils in the microfluidic channel with a larger shear rate (80% 

narrow channel) was too short for activation. 

 

6-3-4.   The interactions between neutrophils and platelets       

To investigate the effects of platelet-neutrophil interactions on neutrophil adhesion, 

neutrophils were injected into the microfluidic channels following the platelet adhesion. 

The initial results (Fig. 6-10) showed that the ADP pre-activation of platelets 

significantly enhanced the numbers of neutrophils adhering to the endothelial cell layer in 

50% narrow channel, mainly in the narrow, outlet, and down normal regions. This is 

probably because that neutrophil adhesion requires significant dwell time in the 

microfluidic channel, so there was no statistical difference found in up normal and inlet 

regions. Interestingly, less significant promotion of neutrophil adhesion was obtained in 

the 20% and 80% narrow channels, which may be due to the fact that only the shear rate 

produced in the 50% microfluidic channel greatly improved the activation level of 

neutrophils, and thus, activated neutrophils have more opportunities to interact with the 

platelets or endothelial cells. Also, platelet activation plays an important role in the 

process of neutrophil adhesion, and activation of only neutrophils is not sufficient to 

significantly improve neutrophil adhesion. To clarify the role of platelet activation in  
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Figure 6-10. The results of neutrophil adhesion on the endothelial cell layer. (a) The 

results of neutrophil adhesion in different regions of 20% narrow channel. (b) The 

results of neutrophil adhesion in different regions of 50% narrow channel. (c) The 

results of neutrophil adhesion in different regions of 80% narrow channel. For all 

graphs, the columns from left to right represent up normal, inlet, narrow, outlet, 

and down normal part, respectively (indicated in Fig. 6-3(a)). Neutrophils from five 

different donors were used in each condition for data analysis, *, p < 0.05, using a 

two-tailed unpaired t-test. Error bars represent standard error of the mean. 
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Figure 6-11. The results of neutrophil adhesion on the endothelial cell layer with or 

without activated platelets. (a) The results of neutrophil adhesion in different 

regions of 20% narrow channel. (b) The results of neutrophil adhesion in different 

regions of 50% narrow channel. (c) The results of neutrophil adhesion in different 

regions of 80% narrow channel. For all the graphs, the columns from left to right 

represent up normal, inlet, narrow, outlet, and down normal part, respectively 

(indicated in Fig. 6-3(a)). Neutrophils from five different donors were used in each 

condition for data analysis, *, p < 0.05, **, p < 0.005, using a two-tailed unpaired t-

test. Error bars represent standard error of the mean. 

 

 

 



 

 206 

the neutrophil adhesion process, neutrophil adhesion on the endothelial cell layer without 

platelet injection was studied. The results (Fig. 6-11) clearly showed that the absence of 

activated platelets down-regulated the neutrophil adhesion, especially in the 50% narrow 

channel, which suggests that both platelet and neutrophil activation are important in 

triggering neutrophil adhesion. Although previous results indicate that there was no 

apparent difference between platelets with or without ADP pre-activation for platelet 

adhesion, ADP activation should have positive effects in regulating neutrophil adhesion, 

which need to be further investigated in the future.    

The next question to be explored is what types of surface receptor molecules are involved 

in platelet-neutrophil interactions in our microfluidic system. First, two types of receptor 

molecules on the surface of platelets, p-selectin and CD41/CD61 were chosen as the 

target molecules for mechanistic studies.27-30 By incubating platelets with the 

corresponding antibody molecules prior to the injection, we found that p-selectin may 

participate in the process of platelet adhesion (Fig. 6-12 (a)-(c)) since there are significant 

differences found in 50% and 80% narrow channels by comparing the APD pre-activated 

conditions and p-selectin antibody conditions. For neutrophil adhesion, statistical 

differences were gleaned mainly in the 50% narrow channel (Fig. 6-12 (d)-(f)), which 

suggests that p-selectin is involved in the interactions between platelets and neutrophils. 

The blocking of p-selectin on the surface of platelets significantly decreased the number 

of neutrophils adhering to the endothelial cell layer, and p-selectin likely functions as the 

receptor molecule initiating neutrophil adhesion. On the other hand, CD41/CD61 is not as 

deeply involved in the platelet-neutrophil interactions as p-selectin since the only  
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Figure 6-12. The effects of p-selectin antibody incubation on cell adhesion. The 

results of platelet adhesion in different regions of (a) 20% narrow channel; (b) 50% 

narrow channel and (c) 80% narrow channel with (green) or without (red) p-

selectin antibody incubation. The results of neutrophil adhesion in different regions 

of (d) 20% narrow channel; (e) 50% narrow channel and (f) 80% narrow channel 

with (green) or without (red) p-selectin antibody incubation. For all graphs, the 

columns from left to right represent up normal, inlet, narrow, outlet, and down 

normal part, respectively (indicated in Fig. 6-3(a)). Platelets and neutrophils from 

five different donors were used in each condition for data analysis, *, p < 0.05, **, p 

< 0.005, using a two-tailed unpaired t-test. Error bars represent standard error of 

the mean. 
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significant differences were found in the inlet and down normal regions of the 50% 

narrow channels (Fig. 6-13 (d)-(f)). Similarly, CD41/CD61 also contributes to platelet 

adhesion while the introduction of antibody molecules decreased the platelet adhesion in 

microfluidic channels (Fig. 6-13 (a)-(c)). In addition to the examination of platelet 

surface receptor molecules, an important type of receptor molecule on the neutrophil 

surface, CD11b,31,32 was considered in the antibody study. The results (Fig. 6-14) 

revealed that neutrophil adhesion with antibody incubation was also most sensitive to the 

dimension of the 50% narrow channel, and incubation with the antibody significantly 

decreased the number of neutrophils attaching to the endothelial cell layer in almost all 

regions of the 50% narrow channel, but the impacts of antibody incubation on neutrophil 

adhesion in the 20% and 80% narrow channels is limited due to less significant 

differences found for these two microfluidic channels. In conclusion, both platelet and 

neutrophil activation play the important role in promoting neutrophil adhesion in our 

microfluidic model; more importantly, neutrophil adhesion is highly regulated by the 

shear rate level produced in the microfluidic channel while the blocking effects of 

antibody addition is most prominent in the 50% narrow channel.   

 

6-4.   Conclusion   

A simple microfluidic channel system was developed in this study to investigate the 

adhesion behaviors of platelets and neutrophils on the endothelial cell layer. These 

studies revealed that the expression of adhesion molecules on endothelial cell surfaces 

was enhanced by the shear rates produced in various microfluidic channels, but there is   
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Figure 6-13. The effects of CD41/CD61 antibody incubation on cell adhesion. The 

results of platelet adhesion in different regions of (a) 20% narrow channel; (b) 50% 

narrow channel and (c) 80% narrow channel with (purple) or without (red) 

CD41/CD61 antibody incubation. The results of neutrophil adhesion in different 

regions of (d) 20% narrow channel; (e) 50% narrow channel and (f) 80% narrow 

channel with (purple) or without (red) p-selectin antibody incubation. For all the 

graphs, the columns from left to right represent up normal, inlet, narrow, outlet, 

and down normal part, respectively (indicated in Fig. 6-3(a)). Platelets and 

neutrophils from five different donors were used in each condition for data analysis, 

*, p < 0.05, **, p < 0.005, using a two-tailed unpaired t-test. Error bars represent 

standard error of the mean. 
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Figure 6-14. The effects of CD11b antibody incubation on neutrophil adhesion. (a) 

The results of neutrophil adhesion in different regions of 20% narrow channel. (b) 

The results of neutrophil adhesion in different regions of 50% narrow channel. (c) 

The results of neutrophil adhesion in different regions of 80% narrow channel. For 

all the graphs, the columns from left to right represent up normal, inlet, narrow, 

outlet, and down normal part, respectively (indicated in Fig. 6-3(a)). Neutrophils 

from five different donors were used in each condition for data analysis, *, p < 0.05, 

using a two-tailed unpaired t-test. Error bars represent standard error of the mean. 
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no statistical difference among the channel dimensions considered herein. Shear rate is 

able to promote the aggregation of platelets and neutrophils in 20% or 50% narrow 

channels, and a delicate balance is exists between the shear rate level and the dwell time 

of cells in the microfluidic channel. Larger shear rate produced by narrower channels 

may induce higher cell activation levels, but the dwell time of cells in these channels are 

too short for activation. Finally, the mechanisms of the platelet-neutrophil interactions in 

the microfluidic system were examined in detail. Through blocking the surface receptor 

molecules using the corresponding antibody molecules, we can conclude that several 

important surface receptor molecules (p-selectin, CD41/CD61, and CD11b) are involved 

in the platelet-neutrophil interactions, and the effects of activated platelets on neutrophil 

adhesion are regulated by the dimension of microfluidic channel – neutrophil adhesion 

was influenced most strongly in the 50% narrow channel. This study presents a simple 

model to study platelet and neutrophil adhesion on endothelial cell layers and 

systematically reveals the effects of different factors on cell adhesion behaviors, 

providing mechanistic insights on the process of platelet-neutrophil interactions.  
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Perspective 
 
As described in the chapters above, microfluidics has been successfully utilized as a 

powerful tool for cell biology studies. The stable chemical gradients created in the 

microfluidic channels allow study of the interactions of neutrophils with various 

physiologically relevant factors in the migratory process, such as drug stimulation, 

complicated chemoattractant gradient patterns, and endothelial cell angiogenesis. Also, 

we demonstrated the use of microfluidics to recapitulate heterotypic cellular interactions 

in an integrated biomimetic environment. Lastly, the relationship between cell adhesion 

and shear rate levels was extensively probed in a simple microfluidic system. All these 

efforts offer a novel research platform with the ability to simulate physiological 

microenvironments and characterize cellular behaviors with a high spatiotemporal 

resolution; more importantly, the obtained results are able to reveal the mechanistic 

insights on the pathogenesis of relevant diseases. Based on the current achievements, 

future work should focus on developing more complicated in vivo-like milieu inside 

microfluidic devices to explore cellular response in the context of diseases. For instance, 

the hypoxia condition can be combined with the endothelial angiogenesis to study the 

mechanisms of tumor growth and migration since both hypoxia and angiogenesis are 

important characteristics of cancer. A highly integrated biomimetic environment based on 

microfluidic platform can even effectively simulate the functions of human organs much 

like “organ-on-a-chip” mentioned in the Chapter 1. In this thesis, we have partially 

presented a microfluidic vascular model to examine the behaviors of different types of 

blood cells by creating a three-dimensional endothelial cell wall. The long-term goal of 
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this field will be the generation of vascular network within microfluidic devices such that 

the functions and migration of relevant cell types are monitored in a more realistic 

environment.  

Although great advances in understanding in vivo cellular behaviors have been achieved 

by using microfluidics technique, there are several limitations existing to impede the 

widespread adoption of microfluidics in biology research community. Some limitations 

have been mentioned in the conclusion part of Chapter 1, such as the connection with 

detection methods, human cell use, and intricate device fabrication work. In addition to 

these drawbacks, the lack of standard microfluidic materials for cell culture has made 

cellular behaviors variable in different devices. As a result, the mass production methods 

for commercial microfluidic devices are quite different from the devices used in the lab 

due to different materials for the fabrication. Microscopic cell culture within the 

microfluidic device may also lead to the different results of cellular behaviors. Small 

volume use, large surface area to volume, and gas/nutrient exchange rates, should all be 

taken into account when perfoming microfluidic cell culture. Considering all these 

difficulties in the field of microfluidic cell research, it is a necessity to encourage 

collaboration between physical scientists and engineers, and molecular and cell biologists 

to remove the incompatibilities between the standards of engineers and biologists. 
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XIAOJIE WU 
425 13th Ave SE, Apt 1103, Minneapolis, MN, 55414 

612-670-1740         wuxx0406@umn.edu 
 
EDUCATION 

Ph. D. Candidate, Chemistry                                                                      August 2016 
Development of Biomimetic Microfluidic Platforms for Cellular Interaction Study 
Department of Chemistry, University of Minnesota, Twin Cities        Minneapolis, MN  
          

    Master of Science in Chemistry                                                                   March 2013 
Department of Chemistry, University of Minnesota, Twin Cities        Minneapolis, MN             
 
Bachelor of Science in Chemistry                                                                   June 2011 
Highly Selective Detection of Single-Nucleotide Polymorphisms using Toehold- 
Mediated Strand Displacement Reaction 
College of Chemistry and Molecular Engineering, Peking University      Beijing, China 

 
RESEARCH EXPERIENCE 

Graduate Research Assistant, Haynes Lab  
Department of Chemistry, University of Minnesota, Twin Cities 
• Initiate research creating in vivo-like microenvironments using microfluidic devices 

for cellular biology and pharmaceutical studies  
• Explore the effects of asthma-related drugs on white blood cell migratory and 

apoptosis behaviors using a gradient microfluidic device  
• Perform microfluidic studies of white blood cell transendothelial migration under 

physiologically relevant condition  
• Investigate the mutually dependent relationship between white blood cell migration 

and endothelial angiogenesis in a biomimetic microfluidic microenvironment 
• Develop a microfluidic cell-cell co-culture model for endothelial cell-tumor cell 

interactions studies in a biomimetic tumor-associated hypoxic environment 
• Conduct platelet biology research using a microfluidic platform to examine the role 

of platelet-neutrophil aggregates in thrombosis disease model  
	  
    Undergraduate Research, Liu Lab  

College of Chemistry and Molecular Engineering, Peking University 
• Participated in detecting small protein with aptamer-functionalized gold 

nanoparticles based on quartz crystal microbalance (QCM) biosensor 
• Established QCM platform for highly sensitive determination of mercury(II) ion 

using oligonucleotide-modified nanoparticles  
• Designed and optimized fluorescent system to characterize single-nucleotide 

polymorphisms (SNP) using toehold-mediated strand displacement reaction 
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• Translated the toehold-mediated strand displacement reaction from fluorescent 
system to QCM platform for SNP detection with nanoparticle-aided signal 
enhancement   

 
 TEACHING EXPERIENCE 
    Teaching Assistant, General Chemistry Lab                September 2011-January 2012 

Department of Chemistry, University of Minnesota, Twin Cities 
     
    Teaching Assistant, Analytical Chemistry Lab                      January 2012-May 2013 

Department of Chemistry, University of Minnesota, Twin Cities 
     
    Graduate Mentor of NNIN Research Experience for Undergraduates (REU)                                                             

Department of Chemistry, University of Minnesota, Twin Cities 
                                                                                                    June 2013-August 2013 

 
     Graduate Mentor of Lando REU program 

Department of Chemistry, University of Minnesota, Twin Cities           
                  June 2015-August 2015 
 
                                                                      

HONORS AND AWARDS 
     University of Minnesota 
     Beaker and Bunsen award for Graduate Student Research Symposium          June 2014 
 
     Peking University (Undergraduate) 
     National Undergraduate Student Innovative Training Program Funding      
                                             September 2009-June 2010 
 

Freshman Fellowship of Peking University                                            September 2007 
 
Silver prize in National Chemistry Olympiad Contest                              February 2007  
 

 
PUBLICATIONS 

1. Wu, X.; Gruba, S.; Haynes, C. L. Perspective: The Power of Single Cell Analysis, 
J. Am. Chem. Soc. in preparation.  

2. Wu, X.; Haynes, C. L. Investigating the Role of Platelet-Neutrophil Aggregates in 
Microfluidic Thrombosis Model, in preparation. 

3. Wu, X.; Cliff. E.; Newbold, M. A.; Haynes, C. L. Using Microfluidic Platforms to 
Develop a Model of Cell-Cell Communication in Cancer, in preparation.  

4. Wu, X.; Newbold, M. A.; Gao, Z.; Haynes, C. L. A Versatile Microfluidic Platform 
for the Study of Angiogenesis and Inflammation, submitted to BMB: general 
subjects. 
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5. Wu, X.; Newbold, M. A.; Haynes, C. L. Recapitulation of in vivo-like Neutrophil 
Transendothelial Migration Using a Microfluidic Platform, Analyst, 2015, 140, 
5055-5064. 

6. Wu, X.; Kim, D.; Young, A. T.; Haynes, C. L. Exploring Inflammatory Disease 
Drug Effects on Neutrophil Function, Analyst, 2014, 139, 4056-4063. 

7. Kim, D.; Wu, X.; Young, A. T.; Haynes, C. L. Microfluidic-Based in vivo Mimetic 
Systems for the Study of Cellular Biology, Acc. Chem. Res., 2014, 47, 1165-1173. 

8. Wang, D.; Tang, W.; Wu, X.; Wang, X.; Chen, G.; Chen, Q.; Li, N.; Liu, F. Highly 
Selective Detection of Single-Nucleotide Polymorphisms Using a Quartz Crystal 
Microbalance Biosensor Based on the Toehold-Mediated Strand Displacement 
Reaction, Anal. Chem., 2012, 84, 7008-7014. 

9. Chen, Q.; Wu, X.; Wang, D.; Tang, W.; Li, N.; Liu, F. Oligonucleotide-
Functionalized Gold Nanoparticle-Enhanced QCM-D Sensor for Mercury (II) Ions 
with High Sensitivity and Tunable Dynamic Range, Analyst, 2011, 136, 2572-2577 

10. Chen, Q.; Tang, W.; Wang, D.; Wu, X.; Li, N.; Liu, F. Amplified QCM-D 
Biosensor for Protein Based on Aptamer-Functionalized Gold Nanoparticles, 
Biosens. Bioelectron., 2010, 26, 575-579. 

      
PRESENTATIONS, POSTERS AND EXHIBITS 
 
     1. Wu, X.; Cliff, E.; Newbold, M. A.; Haynes, C. L. Using Microfluidic Platforms to     

Develop a Model of Cell-Cell Communication in Cancer, Institute for Engineering   
in Medicine Annual Conference, Sep. 2015, Minneapolis.  

     2. Wu, X.; Cliff, E.; Newbold, M. A.; Haynes, C. L. Using Microfluidic Platforms to     
         Develop a Model of Cell-Cell Communication in Cancer, Lab-On-a-Chip,     
         Microfluidics & Microarrays World Congress, Sep. 2015, San Diego. 
     3. Wu, X.; Kim, D.; Haynes, C. L. Exploration of Drug Effects on Neutrophil 

Chemotaxis Based on Microfluidic Platform, 64th Pittcon Conference & Expo,     
Mar. 2013, Philadelphia. 

     4. Chen, Q.; Wu, X.; Wang, D.; Tang, W.; Li, N.; Liu, F. A Highly Sensitive QCM 
Sensor for Mercury(II) Based on Target Inhibition and Gold Nanoparticle    
Amplification, 3rd National Conference of Life Analytical Chemistry, Aug. 2010,  
Beijing. 

     5.  Presented “Microfluidic Models of Vascular Functions: Recapitulation of in vivo- 
like Neutrophil Transendothelial Migration Using a Microfludic Platform” at  
Graduate Student Research Symposium, Minneapolis, MN, June 10, 2014. 

6.  Presented “Microfluidic Models of Vascular Functions: Recapitulation of in vivo- 
     like Neutrophil Transendothelial Migration Using a Microfludic Platform” at  
    Graduate Student  Research Symposium, Minneapolis, MN, June 10, 2014. 
7. Cliff. E.; Wu, X.; Haynes, C. L. Using Microfluidic Platforms to Develop a Model  

 of Cell-Cell Communication in Cancer, 2015 Summer Undergraduate Research  
 Symposium, Aug. 2015, Minneapolis.  

     8. Newbold, M. A.; Wu, X.; Haynes, C. L. Investigation of in vivo-like Neutrophil  
Transendothelial Migration Using a Microfluidic Platform, 2014 Summer   
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Undergraduate Research Symposium, Aug. 2014, Minneapolis. 
      9.Young, A. T.; Wu, X.; Haynes, C. L. Exploring the Effects of Theophylline on 

 Neutrophil Function in Inflammatory Diseases, 2013 Summer Undergraduate     
 Research Symposium, Aug. 2013, Minneapolis. 

 
SKILLS 
Microfluidic Device Fabrication: Photolithography, Soft lithography, Oxygen Plasma 
System, Ion Etching System, Wafer Cutting, Surface Profiler, UV-Ozone Cleaner 
 
Laboratory Instruments: Cell Culture Skills, Optical Microscopy (Epifluorescence, 
Confocal, Hyperspectral, Dark-field), Plate Reader, Cyclic Voltammetry, UV-Vis 
Spectroscopy, Fluorescence Spectroscopy, QCM Biosensor, SPR Biosensor 
 
Computer Software: AutoCAD, COMSOL, Mathematics, ImageJ, Graphpad, Microsoft 
Office 
 

 
PUBLIC AND OTHER SERVICE  

West 7th Community Center Outreach, St. Paul (educational chemistry experiments for 
kids)          July 2012, 2013, 2014, 2015  

Moderator of 2015 Chemistry Department Graduate Research Symposium        June 2015  

 
 


