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Abstract 

Myosins are a diverse class of molecular motors responsible for movement in all 

eukaryotic cells. The conversion of chemical energy from ATP hydrolysis into mechanical 

force produces movement along an actin filament. The mechanism of movement is 

involved in muscle contraction as well as various cellular processes including cytokinesis, 

adhesion, and vesicle transport. All myosins contain three functionally important domains: 

the catalytic head domain (CD), the light chain or lever arm domain (LCD), and the tail. 

The catalytic head domain is very similar between all classes of myosins, containing the 

site of ATP binding and hydrolysis and the actin-binding interface. The tail domain of 

myosins are highly divergent, containing either coiled-coil domains, individual 

subdomains, or both, that confer each myosin’s specific function and cellular localization. 

The biochemical steps of ATP hydrolysis in myosins are accompanied by a 

sequence of structural transitions. A large-scale conformational change within the myosin 

molecule occurs where the LCD, functioning as a lever arm, rotates relative to CD.  In 

muscle myosin, this large-scale conformation change is associated with a transition of the 

actomyosin complex from a state of disordered, weak actin binding to a state of ordered, 

strong actin binding.  

This research focuses on two functionally important domains within the myosin 

molecule: the catalytic domain and the tail domain. First, the structural transitions that 

occur within the myosin II catalytic domain during the actomyosin ATPase cycle are 

investigated using a combination of biochemical and spectroscopic approaches, specifically 

studying how various chemical modifications (chemical crosslinking, oxidative 
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modifications including methionine oxidation and glutathionylation) produce functional 

and structural changes. Chemical crosslinking is used to capture a dynamic intermediate in 

the myosin ATPase cycle, resembling a weak binding state, which is defective in 

actomyosin functional interaction and is dynamically disordered when bound to oriented 

actin. In vitro oxidative modification of the myosin catalytic domain, as a model for aging 

and oxidative stress in muscle shows chemical, functional, and structural perturbations are 

predominantly caused by a specific methionine residue in the actomyosin binding interface. 

These combined results illustrate a crucial role in proper actin binding cleft structural 

dynamics in myosin function. Modification of dynamics in this region, either by 

crosslinking or oxidation at critical residues in cleft, affect muscle function by interfering 

with the critical structural transitions necessary for actomyosin functional interaction. The 

focus then shifts to the tail domain of myosin VII, again using biochemical and 

spectroscopic approaches to elucidate the functional and structural properties of a myosin 

tail subdomain, the MyTH/FERM domain. 
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Chapter 1: Introduction to Myosin & Muscle Contraction  

1.1 The Molecular Motor Myosin 

Myosins are a superfamily of actin-based motor proteins. Motor proteins rely on the 

mechanochemical coupling of ATP hydrolysis to force generation or movement. 

Common characteristics of all motor proteins are the ability to bind and hydrolyze ATP, 

to move along a track of either actin or microtubules, and to undergo an ATP-dependent 

conformational change responsible for generation of movement. Myosins are unique in 

that they are the only motor proteins that bind and move along helical actin filaments. 

The myosin superfamily consists of at least 24 classes of myosin [1], all which serve 

fundamental roles in actin-dependent processes. Myosins perform a diverse set of tasks 

within all eukaryotic cells. Many of these functions are universal and include such 

processes as cytokinesis, adhesion, and vesicle transport [1]. Other myosins serve roles 

only in specialized cells, such as in the maintenance of the structural integrity in 

stereocilia in the inner ear or retinal cells [2-6]. Myosin may be most well known for its 

role in muscle contraction. This myosin, myosin II, is termed “conventional” myosin as it 

was the first class of myosins discovered. All other myosins are broadly classified as 

“unconventional”. Fundamentally, the same mechanisms that are responsible for motion 

associated with cell movement or transport are the same as those responsible for muscle 

contraction. 

All myosins, whether conventional or unconventional, contain three functional 

domains: a catalytic domain, a neck region (light chain or ‘lever arm’), and a tail region 

(FIGURE 1). The catalytic domain has high sequence and structure conservation between 
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all classes of myosins. It contains the ATP binding site as well as the actin- binding 

interface. The neck region is composed of a long alpha helix of variable length which 

binds either light chains or calmodulin. Whereas the catalytic heads share a number of 

conserved elements, the C-terminal tail regions of the various myosin classes are highly 

divergent with considerable variation in sequence length, domain composition, and 

organization [7]. The conventional myosin IIs all contain tail regions with predicted 

alpha-helical coiled-coil domains (FIGURE 1), allowing for dimerization of two myosin 

molecules and self assembly to form a filament structure. In comparison, the 

unconventional myosin C-terminal tails contain a variety of subdomains. These 

subdomains confer each myosin’s individual cellular functions and localization [8]. For 

example, myosin VII contains two MyTH/FERM domains which are responsible for 

linking the actin cytoskeleton to microtubules in the plasma membrane [9, 10] (FIGURE 

1). Another unconventional myosin, myosin X, has one MyTH/FERM domain in addition 

to three pleckstrin homology (PH) domains within its tail, suggesting a dual role in 

binding to microtubules in the plasma membrane but also facilitating cargo transportation 

by binding phosphoinositides to its PH domains [11, 12]  (FIGURE 1). 

Myosin II

Light chain

coiled-coiled tail

S FERM2FERM1Myosin VII

Myosin X S FERMPH x3catalytic

catalytic

catalytic

 
FIGURE 1. Schematic representation of full-length myosin domain architecture. 
The catalytic “head” domain is shown in green, light chain (neck) or ‘level arm’ in 
yellow, and tail domain in white with specific myosin subdomains highlighted. 
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1.2 Myosin in Skeletal Muscle Contraction 

Myosin II is the molecular motor that converts chemical energy from ATP 

hydrolysis into mechanical force to produce muscle contraction. The smallest contractile 

unit of muscle is the sarcomere, which repeats along the length of the muscle cell, the 

myofibril. The sarcomere has two main components, thick filaments and thin filaments 

(FIGURE 2). The thick filament is comprised of myosin, aggregated via its coiled-coil 

tail region into a bipolar filament. The main component of the thin filament is a helical 

polymer of globular actin monomers. The thin filament also contains a set of calcium 

responsive regulatory proteins (tropomyosin and troponins) that regulate muscle 

ActinG-actin

Myosin S1 dimer

Sarcomere

ATP

Myosin filament

Actin filament Myosin 
binding
surface

Actin 
binding
surface

Catalytic
domain

 
FIGURE 2. Skeletal muscle structure. The smallest contractile unit of muscle is the 
sarcomere, composed of thick and thin filaments. The thick and thin filaments are mainly 
composed of myosin and actin, respectively. Myosin (green) exists as a dimer. The 
isolated catalytic “head” domain of myosin is shown (PDB: 1FMV) highlighting the 
general location of the actin-binding interface and ATP binding pocket. Monomeric actin 
(PDB: 1ATN) is shown in yellow with the myosin-binding interface highlighted. 
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contraction by blocking the myosin binding site on actin. 

Changes in sarcomere appearance observed by interference microscopy on living 

muscle fibers captured the sliding motion of the thin filaments relative to the thick 

filaments, giving rise to the sliding filament theory describing how muscles contract [13, 

14]. The interaction of myosin with actin, termed a crossbridge, in the presence of ATP 

results in sliding of thin filaments past thick filaments shortening the sarcomere. Lymn 

and Taylor were first to propose the actomyosin ATPase hydrolysis mechanism [15] 

(FIGURE 3A) which correlates each biochemical state of ATP hydrolysis with a 

crossbridge structural state. This crossbridge cycle includes four steps: (1) ATP binds 

causing the myosin crossbridge to rapidly dissociate from the actin filament, (2) ATP 

hydrolysis occurs inducing a change in myosin orientation, (3) the actomyosin 

crossbridge reforms and (4) products of ATP hydrolysis are released in association with a 

conformational change in the crossbridge orientation which presumably generates force 

termed the “powerstroke”. The exact relationship between the Lymn-Taylor kinetic 

scheme and the structural transitions within the actomyosin crossbridge remain unknown. 

Crystallographic and spectroscopic research suggests that the conformational change in 

crossbridge orientation with the powerstroke is mainly isolated to the light chain domain 

of myosin, which functions as a ‘lever arm’ (reviewed in [16]). This gave rise to the 

swinging lever arm hypothesis [17]. All myosins, regardless of function, utilize the lever 

arm mechanism to generate movement. 
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As Lyme and Taylor first proposed, the biochemical steps of ATP hydrolysis are 

accompanied by a sequence of myosin structural transitions. As shown by the David 

Thomas lab and others, force production involves the coordination of two distinctive 

steps; a rotation of the LCD and a disorder-to-order transition [16, 18-20] (FIGURE 3).  

The disorder-to-order transition involves the  actomyosin complex converting from a 

state of disordered, weak actin binding to a state of ordered, strong actin binding 

(FIGURE 3A). This weak-to-strong (W-S) transition is associated with a large-scale 

conformational change within the myosin molecule, with the LCD rotating relative to the 

Catalytic domain Light chain domain

B

Actin Myosin

A

AM AM•ATP          AM•ADP•Pi AM•ADP          AM

Pi ADPATP

M             M•ATP            M•ADP•Pi             M•ADP              M

Pi ADPATP

Strong
(-ATP) 

Detached

Weak
(+ATP)

 
FIGURE 3. Actomyosin ATPase scheme and associated structural transitions. A, 
illustrating proposed coupling of biochemical states to structural states and actin 
movement (A = actin, M = myosin). Horizontal dimension shows changes in nucleotide 
bound, which determines the transition from weak (red) to strong (green) binding states. 
The vertical dimension shows the transition been unbound (detached, blue) and bound 
actomyosin complex. B, Model of myosin bound to actin in the pre- (red) and post-
powerstroke states, highlighting the catalytic ‘head’ and light chain ‘neck’ domains. 
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CD (FIGURE 3B). The rotation of the LCD, acting as a lever arm, displaces the 

associated actin filament.  

The large-scale structural change of the LCD with respect to the CD is 

accompanied by smaller-scale structural changes within functionally important 

subdomains of the myosin CD. These subdomains include the actin-binding cleft, the 

nucleotide-binding pocket, and the force-generating region (converter, relay helix, SH1 

helix) (FIGURE 4A). Both the actin-binding cleft and nucleotide binding pocket are 

proposed to exist in open and closed conformations  [16]. Structural changes within the 

force generating domain include bending of the relay helix, melting of the SH1 helix, and 

a coordinated rotation of the converter domain which is directly propagated into the large 

A B

ATP

Force generating 
domain

Converter

L50

SH1

U50

Relay Helix

Loop 3

Loop 2

Loop 4

CM

U50

L50

HLH

 
FIGURE 4. Structure 1FMV of the CD of Dicty Myo II. A, Subdomains highlighted 
including the ATP binding pocket (orange), actin-binding cleft including the upper and 
lower 50 kDa domains (U50: green, L50: light blue), and force generating region (relay 
helix: red, SH1 helix: magenta, and converter: purple). B, Actin-binding loops within the 
actin-binding cleft of myosin are highlighted in yellow including the cardiomyopathy 
(CM) loop, loop 2, loop 3, loop 4, and the helix-loop-helix (HLH) motif. 
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scale movement of the LCD [16]. These subdomains must be structurally coupled so that 

force generation results from the productive coordination of actin binding and ATP 

hydrolysis. 

The large and smaller scale structural changes that occur within the contractile 

protein of muscle, specifically myosin and the actomyosin complex, has largely been 

resolved by the spectroscopic technique electron paramagnetic resonance (EPR) 

combined with site-directed spin-labeling (SDSL). EPR and SDSL are the ideal tools to 

study actomyosin structural dynamics as they allow for high-resolution structural detail 

and dynamics of large macromolecular complexes. This is not feasible by other structural 

Rotational dynamics
(i.e. mobility)

0.0 0.5 1.0 1.5 2.0

ns dynamics

µs dynamics

D
E

E
R

Orientation Distance (DEER)

Evolution time (s)

magnetic 
field

Conventional

STEPR

μs

ns

θ

r

A B C

 
FIGURE 5. EPR spectra of myosin. A, conventional (V1) EPR spectrum used for 
determination of nanosecond rotational motion (top) and saturation transfer EPR 
(STEPR) spectrum (bottom) used in determination of microsecond rotational motion. B, 
conventional (V1) EPR of myosin on oriented actin in skinned muscle fibers, with the 
fiber axis oriented parallel (red) or perpendicular (blue) to the applied magnetic field. C, 
DEER, used to measure distance r between two attached spin labels, in the range of 2-6 
nm. The oscillation period is proportional to r3. In this case r = 2.6 nm. 
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techniques such as nuclear magnetic resonance (molecular weight size limitation, 

actomyosin complex is too large) and x-ray crystallography (gives static structural 

models, actomyosin is dynamic). EPR can be used to study site-specific rotational motion 

in both the nanosecond (conventional EPR, V1) and microsecond (saturation transfer or 

STEPR, V2’) time range (FIGURE 5A); orientational order or disorder of myosin relative 

to the actin filament (FIGURE 5B); and precise distance and dynamics by dipolar 

electron-electron resonance (DEER) that involves attachment of two spin-probes 

(FIGURE 5C). EPR is sensitive to rotational dynamics on timescales of picoseconds to 

milliseconds. Conventional EPR is sensitive to rotational motion in the picosecond to 

nanosecond range (FIGURE 5A, top spectrum) while STEPR can be used to detect 

slower motions, in the microsecond to millisecond range (FIGURE 5A, bottom 

spectrum). EPR is not only sensitive to spin-label mobility but also to orientation with 

respect to the magnetic field (FIGURE 5B). Muscle fibers can be aligned parallel or 

perpendicular to the magnetic field, and the resulting EPR spectra report the angle θ 

between the spin label’s principle axis and the fiber axis. If a substantial difference is 

observed between the parallel (red) and perpendicular (blue) spectra, this indicates a 

highly ordered orientation (FIGURE 5B). A highly disordered orientation would have 

parallel and perpendicular spectra that are almost identical.  EPR can also be used to 

measure the distance r between two spin labels (FIGURE 5C).  Conventional EPR can be 

used to measure distances from 0.7 to 2.5 nm, while the pulsed EPR DEER (FIGURE 

5C), can be used to measure distances from 1.7 and 6 nm, with 0.1 nm resolution. All of 

these EPR techniques also have the capability to detect multiple conformational states 

present in solution at the same time. 
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1.3 Actin-binding interface of myosin catalytic domain 

One of the biologically crucial properties of myosin is its ability to bind actin, 

forming the actomyosin complex. This interaction is highly specific and essential for all 

myosins to function. The actin-binding interface consists of structurally conserved loops 

surrounding the central water-filled actin-binding cleft (FIGURE 4B). The actin-binding 

cleft of myosin is a solvent-filled cavity that separates the upper 50 kDa (U50) domain 

from the lower 50 kDa (L50) domain, each of which contributes to the actin-binding 

interface. No high resolution structural data of the actomyosin complex exists. However, 

a pseudoatomic cryo-EM model of the actomyosin interface in rigor shows that myosin 

interacts with two adjacent actin monomers via several surface exposed loops [30]. 

Regions on myosin involved in actin-binding are the cardiomyopathy (CM) loop, loop 2, 

loop 3, loop 4, and the helix-loop-helix (HLH) motif (FIGURE 4B). Mutagenesis has 

shown that the loops within this interface are critical for actomyosin function [21-27].  

Crystallographic data has led to the proposal that the actin-binding cleft closes as 

actomyosin transitions from weak binding to strong binding [20]. Crystal structures of 

myosin II, the principal isoform of muscle, are consistently observed with an open cleft, 

but a high-resolution structure of myosin V is proposed to represent the closed cleft state 

[28]. During the W-S transition, the interface isomerizes from a dynamic, W state, to an 

ordered S state, rotating the U50 and pushing water from the cleft. How these changes in 

the actin-binding cleft are coupled to the W-S transition, power stroke and product 

release is not well understood. In some models, the cleft closes prior to Pi release, while 

in others, ADP.Pi in the nucleotide pocket prevents cleft closure and the full W-S 

transition of the interface [29-31]. An intrinsic flexibility of the U50 domain is proposed 
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to be necessary for myosin to properly transition to the strong binding conformation 

allowing the myosin cleft to properly transition between “open” and “closed” structural 

states and produce force [32]. This transition is essential for actin-activation and 

formation of the strong actomyosin binding state.  This U50 flexibility is dependent on 

biochemical state and is proposed to underlie myosin’s ability to rapidly adopt its strong 

binding state [33].  

Mutations associated with various myopathies are distributed throughout the 

actomyosin binding interface. Disease-causing point mutations in the myosin catalytic 

domain have been identified in the cardiomyopathy loop (hence the name) [34-36], loop 

3 [37], loop  4 [38], and the HLH motif [39-41]. Myopathies include hypertrophic 

cardiomyopathy (HCM), dilated cardiomyopathy (DCM), and non-compaction 

cardiomyopathy. Point mutations with especially severe clinical prognosis or defects in 

actomyosin functional interaction are found in the CM-loop, for example mutation 

R403Q [36, 42, 43]. 

 

1.4 Covalent Modifications in the Myosin Catalytic Domain 

Disease-causing point mutations can alter myosin’s function but the allosteric 

properties of myosin can also be modified by covalent modification. Covalent 

modifications can alter a protein’s chemical properties, folding, stability, activity, 

structure, conformational distribution, cellular localization and consequently, function. 

Covalent modifications can either inhibit or activate enzymatic activity and are in many 

cases reversible. Many covalent modifications are involved in complex, regulatory 

pathways but are also common in disease states. 
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Myosin is susceptible to a variety of both in vivo and in vitro covalent 

modifications leading to perturbation of function and structure. Crosslinking, through 

either direct disulfide linkage or by use of chemical crosslinking agents, can be used to 

trap structural states of myosin by linking key subdomains. The effects on function and 

structural transitions in other subdomains associated with ATP hydrolysis and force 

generation can then be investigated. To date, crosslinking studies on the myosin catalytic 

domain focus on sites within the force-generating subdomain [44-48]. Using a cross-

linking approach, it was shown that nucleotide binding to myosin induces a flexibility of 

the SH1 helix, shifting the equilibria among conformational states of the helix [48].  

Crosslinking two reactive thiols within the SH1 helix causes defects in ATPase activity 

and actomyosin functional interaction [44-47]. This crosslinked state is postulated to 

resemble a myosin with ATP bound (i.e. in the weak state). However, more recent 

evidence suggests this trapped state is at the threshold of force generation, intermediate 

between weak binding and rigor [46, 47]. The L50 kDa domain has also been crosslinked 

to the converter to test intra-myosin inter-subdomain changes associated with the actin-

activated ATPase cycle [49]. 

Covalent modifications induced by oxidative processes have also been studied in 

myosin. Studies on in vivo oxidative modifications of myosin focused on a variety of 

selected markers including carbonylation [50, 51], glycation [52, 53], formation of HNE 

adducts [54], oxidation of cysteines [55], and glutathionylation [56]. In most cases, these 

oxidative modifications adversely affect actomyosin function, decreasing ATPase activity 

and ability to produce force. Interestingly, low levels of glutathionylation in the myosin 
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motor domain potentiate function [56]. In most cases, studies that identify site-specific 

oxidative modifications are lacking. 

 

1.5 Methionine Oxidation in Myosin with implications for Aging 

and Disease 

The age-related deterioration of muscle function is characterized by a decrease in 

contractile force, progressive loss of muscle mass, and slowing of muscle movement. 

Impaired force with aging is due not only to muscle atrophy, but also to molecular defects 

involving both contractile and regulatory proteins [57, 58]. Site-specific modifications to 

amino acid side chains within muscle proteins can be attributed to the action of reactive 

oxygen species (ROS), produced in muscle by numerous physiological and 

pathophysiological conditions. ROS in muscle is thought to impair force by two different 

mechanisms: (1) ROS activity can act via redox signaling mechanisms to alter muscle gene 

Aging
Strenuous
Exercise

Chronic
Inflammation

 
FIGURE 6. Reactive oxygen species (ROS) produce chemical modifications in 
muscle proteins, specifically conversion of methionine (Met) to methionine sulfoxide 
(MetO) or methionine sulfone (MetO2), leading to changes in both structure and function. 
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expression, causing contractile protein loss resulting in muscle  atrophy and  (2) ROS can act 

via post-translational mechanisms to modify side chains of contractile proteins, causing 

contractile dysfunction that decreases specific force [59]. The sulfur-containing amino 

acids, cysteine (Cys) and methionine (Met), are the prime cellular targets of ROS [60]. 

Methionine is oxidized to methionine sulfoxide (MetO) which involves the addition of an 

oxygen on the sulfur atom present in the side chain of Met (FIGURE 6). This oxidation 

reaction is reversible by the thioredoxin-dependent antioxidant enzyme methionine 

sulfoxide reductase (Msr). The reduction of MetO back to Met requires the action of two 

reductases (MsrA and MsrB) as they reduce of the S- and R-stereroisomers of MetO 

respectively [60]. Under strong oxidizing conditions, MetO can be further oxidized to 

methionine sulfone (MetO2), a reaction that is irreversible (FIGURE 6). 

The defect in force generation associated with aging can be traced to molecular 

defects within the contractile protein myosin [61-67]. Myosin isolated from aged rats 

shows a decrease in ability to produce force [65]. EPR reveals that this decrease in force 

can be attributed to age-related structural changes within myosin. No changes in the EPR 

spectra were observed when actomyosin was under rigor (all myosin heads strong bound) 

or relaxation (all myosin heads weakly bound) conditions, but differences were observed 

in contraction (combination of strongly and weakly bound myosin heads), suggesting a 

perturbation in the W-S structural transition of actomyosin crucial for force generation as 

well as an age-dependent change in contraction (FIGURE 7B). To test the effects of ROS 

on muscle fibers as a model for aging, skinned muscle fibers from rabbit were treated 

with hydrogen peroxide [66]. The functional and structural changes in myosin associated 

with hydrogen peroxide treatment were similar to changes observed for myosin extracted 
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from aged rats (FIGURE 7C). Interestingly, proteomics analysis revealed that these 

functional and structural changes are due primarily to oxidation of multiple Met residues 

in myosin heavy chain [66]. 

The importance of methionine oxidation and its specific reduction by methionine 

sulfoxide reductase (Msr) in aging is well established (reviewed in [68]) (FIGURE 6). 

There is an age-related increase in the oxidation of Met residues in calmodulin (CaM) 

isolated from rat brain, which leads to a loss in ability of CaM to regulate plasma 

Low-field region

Control 50 mM H2O2

Young adult Aged

Rigor
Relaxation
Contraction

A

B

C

 
FIGURE 7. EPR spectra used to resolve structural states of myosin. A, 
Representative EPR spectra of IASL found to myosin at Cys-707 (SH1), the low field 
region is indicated. B, Low field portion of EPR spectra with labeling site as in (A) for 
muscle fibers extracted from young or aged rats [65]. C, Low field portion of EPR 
spectra with labeling site as in (A) for muscle fibers extracted from rabbits either 
untreated (control) or treated with 50 mM hydrogen peroxide [66]. In both B and C, 
spectra were acquired in rigor (black), relaxation (red), and contraction (blue).   
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membrane calcium ATPase [69, 70]. Mutations leading to a loss of Msr activity in worm 

and mouse models lead to an increase in the number of methionines oxidized to 

methionine sulfoxide (MetO) but also a decrease in life span [71, 72]. The body wall 

muscle cells of a C. elegans Msr knockout show sarcomeric disorganization [71], a 

characteristic previously described as a sign of aging in worms [73]. In addition, this 

worm mutant shows increased presence of protein MetO, locomotion defects, and 

decreased lifespan providing a link between oxidative damage/repair of Met and muscle 

tissue aging.  

Although oxidation in muscle can be detrimental, ROS production in muscle 

fibers can be increased not only due to pathophysiological conditions including aging and 

chronic inflammation but also a variety of normal physiological conditions such as 

strenuous exercise [59]. Redox signaling mediates many adaptations in muscle, 

stimulating responses to metabolic, mechanical and functional demands such as exercise, 

hormonal fluctuations and development. Methionine and cysteine redox sensors have 

been identified for proteins involved in calcium regulation [74-81], but few such sensors 

have been characterized for contractile proteins [63]. 

 

1.6 Motivation for Research 

Actomyosin motility is a dynamic energy-transducing process in which actin-

activated hydrolysis of ATP by myosin generates force and movement in all eukaryotic 

cells. There is no mechanism of more fundamental importance to biology and human 

health. A detailed understanding of this complex system is needed for the rational design 

of therapies for not only muscle disorders -- muscle weakness in aging [58], heart disease 
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[82], and muscular dystrophies [83], – but also diseases associated with unconventional 

myosins such as Usher syndrome [2-4, 6]. The actomyosin interaction in force generation 

and cellular movement is an intensely studied biophysical process with elusive 

mechanistic and structural details. In this work, various biochemical and spectroscopic 

tools are used to study the dynamic processes of the actomyosin interaction and changes 

induced by covalent modifications. 

A highly important component of the actomyosin interaction is the actin-binding 

cleft of myosin, which is proposed to as undergo a conformational change from an 

“open” to “closed” state with the W-S transition of force generation as well as require an 

intrinsic flexibility for this to occur. Chapter 2 investigates how restricting the 

conformational flexibility of the actin-binding cleft affects actomyosin functional 

interaction and structural dynamics at the actomyosin interface. By chemically 

crosslinking two engineered cysteines across the actin-binding cleft, the cleft is trapped. 

Trapping the cleft effects myosin’s ability to bind and hydrolyze ATP and interact with  

actin as well as induces a dynamic, intermediate weak binding state when attached to 

oriented actin filaments, providing direct insight into the early steps of actomyosin force 

generation.   

Understanding the molecular mechanism of age-related decline in muscle strength 

and contractility requires the examination of the chemical modifications and subsequent 

functional and structural perturbations of myosin. Chapters 3 and 4 aim to bridge the 

understanding of protein oxidation and muscle dysfunction with molecular-level insights 

into myosin structural dynamics and actomyosin functional interaction using a three-

pronged approach; Met mutagenesis, in vitro oxidation (and enzymatic reversal), and 
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site-directed spectroscopy. The working hypothesis is that muscle dysfunction related to 

oxidative stress stems from changes in actomyosin structural dynamics that can be traced 

back to oxidation of specific Met in the myosin heavy chain.   Both aging and oxidation 

of muscle myosin by hydrogen peroxide inhibit the W-S structural transition of 

actomyosin [65, 66]. One of the most likely causes of the inhibition of the W-S 

actomyosin transition is a change in actin-binding cleft dynamics, since closure of this 

cleft is crucial for strong actin binding [84].  It is not clear which methionines, one or 

many, are responsible for the observed functional and structural changes in myosin. The 

goal is to delineate site-specific protein structural changes that explain the decline in 

muscle function with Met oxidation. A key Met residue identified in Chapter 3 is a 

known site of glutathionylation in beta-cardiac myosin [56]. The site-specific functional 

effects of glutathionylation in the actin-binding cleft of myosin are investigated in 

Chapter 4. This work illustrates the ability of myosin to function as a muscle redox 

sensor, potentially modulating contractile activity through a redox dependent mechanism 

in response to oxidative stress. Few such sensors have been characterized for contractile 

proteins [63]. 

Most of the work presented focuses on the myosin II catalytic domain. Chapter 5 

shifts focus from myosin II to the unconventional myosin VII as well as from the 

catalytic domain to the tail domain. The functional and structural properties of many 

myosin tail subdomains are unknown. MyTH/FERM domains are present in numerous 

cytoskeletal signaling and motor proteins and much remains to be learned about their 

combined structure and function.  The structure of MyTH/FERM domains is predicted to 

be conserved throughout evolution despite a high degree of sequence divergence of these 
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domains. The N-terminal MyTH/FERM region of Dictyostelium myosin VII (M7) has 

been isolated as a first step toward gaining insight into the function of this domain and its 

interaction with binding partners. 

 

 

 

  



 

 19 

 

Chapter 2: Conformationally Trapping the Actin-Binding 

Cleft of Myosin with a Bifunctional Spin Label 

 

Reprinted with permission from: 

Rebecca J. Moen, David D. Thomas, and Jennifer C. Klein. Conformationally trapping the actin-binding 
cleft of myosin with a bifunctional spin label. J Biol Chem.  2013;288(5):3016-3024. 
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2.1 Chapter Summary 

We have trapped the catalytic domain of Dictyostelium discoideum (Dicty) 

myosin II in a weak actin-binding conformation by chemically crosslinking two 

engineered cysteines across the actin-binding cleft, using a bifunctional spin label (BSL). 

By connecting the lower and upper 50 kDa domains of myosin, the crosslink restricts the 

conformation of the actin-binding cleft. Crosslinking has no effect on the basal ATPase 

activity of isolated myosin, but it impairs rigor actin binding and actin-activation of 

myosin ATPase. EPR spectra of BSL provide insight into actomyosin structural 

dynamics. BSL is highly immobilized within the actin-binding cleft and is thus 

exquisitely sensitive to the global orientation and rotational motions of the myosin head. 

Conventional EPR shows that myosin heads bound to oriented actin filaments are highly 

disordered with respect to the actin filament axis, in contrast to the nearly crystalline 

order of myosin heads in rigor. This disorder is similar to that of weakly bound heads 

induced by ATP, but saturation transfer EPR shows that the disorder of crosslinked 

myosin is at least 100 times slower. Thus this cleft-crosslinked myosin is remarkably 

similar, in both actin affinity and rotational dynamics, to SH1-SH2 crosslinked BSL-

myosin S1. We conclude that, whether myosin is trapped at the actin-myosin interface or 

in the force-generating region between the active site and lever arm, the structural state of 

myosin is intermediate between the weak-binding state preceding phosphate release and 

the strong-binding state that succeeds it. We propose that it represents the threshold of 

force generation. 
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2.2 Introduction 

Myosin is the molecular motor that converts chemical energy from ATP 

hydrolysis into mechanical force to produce muscle contraction. The biochemical steps of 

ATP hydrolysis are accompanied by a sequence of myosin structural transitions. Force 

generation by myosin is associated with the transition from a state of weak actin binding, 

characterized by dynamic disorder, to an ordered, strong actin-binding state [16]. The 

weak-to-strong transition is associated with large-scale rotation of the light-chain domain 

(LCD) relative to the catalytic domain (CD) [16, 85-88]. The rotation of the LCD, acting 

as a lever arm, displaces the associated actin filament, generating movement.  

The large-scale structural change of the LCD with respect to the CD is 

accompanied by smaller-scale structural changes within functionally important 

subdomains of the myosin CD, including the nucleotide-binding pocket, the actin-binding 

cleft, and the force-generating region (converter, relay helix, SH1 helix). These 

subdomains must be structurally coupled so that force generation results from the 

productive coordination of actin binding and ATP hydrolysis. A generalized picture of 

the force-generating powerstroke includes rotation of the LCD coupled to a closing of the 

actin-binding cleft, opening of the nucleotide pocket, and ordering of the bound myosin 

head. However, spectroscopy has revealed that a single biochemical state, as defined by 

the ligands of myosin, can produce multiple structural states, as revealed by high-

resolution spectroscopy in the SH1 and relay helices of the force-generating domain [89-

91] and the actin-binding cleft [84]. 

The actin-binding cleft of myosin is a solvent-filled cavity that separates the upper 

50 kDa (U50) domain from the lower 50 kDa (L50) domain, each of which contributes to 
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the actin-binding interface. Crystallographic data has led to the proposal that the actin-

binding cleft closes as actomyosin transitions from weak binding to strong binding [20]. 

Crystal structures of myosin II, the principal isoform of muscle, are consistently observed 

with an open cleft, but a high-resolution structure of myosin V is proposed to represent 

the closed cleft state [28]. Cryo-EM data has indicated that the actin-binding cleft is 

structurally sensitive to nucleotide and actin binding [32, 92-94]. 

Spectroscopic measurements on myosin in solution have demonstrated that for 

isolated sites within the cleft, changes in cleft conformation do occur in response to 

nucleotide and actin binding. Solvent exposure of the myosin cleft was probed at an 

engineered tryptophan at position F425W in smooth muscle myosin [95] (equivalent to 

S416 in Dicty myosin II). Weak-binding (M.ATP, M.ADP.Pi) states were more solvent-

accessible than strong-binding (M.ADP) states in the absence of actin, and actin 

decreased solvent accessibility, suggesting cleft closure. Actin-induced cleft closure was 

also suggested by EPR-observed changes in the interspin distance between sites 416 and 

537 of Dicty myosin II [96], and by pyrene excimer fluorescence at these same positions 

[97]. We used spin labels attached to several pairs of sites across the cleft to show that the 

actin-binding cleft exists in a conformational equilibrium between open and closed 

structural states in all biochemical states, with actin and nucleotides shifting the 

equilibrium toward the closed and open states, respectively [84]. In support of these 

results, it has been suggested that intrinsic flexibility in the U50 domain of the actin-

binding cleft is necessary for myosin to rapidly adopt the strongly-bound conformation 

preceding force generation [32, 33, 98]. 
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In the present study, we ask how restricting the conformational flexibility of the 

actin-binding cleft affects actomyosin functional interaction and structural dynamics at 

the actomyosin interface. We have chemically crosslinked two engineered cysteines 

across the actin-binding cleft using a bifunctional methanethiosulfonate spin label (BSL) 

attached to residues 416 and 583 of the Dicty catalytic domain. We determined the effects 

of this crosslinking on myosin and actomyosin ATPase activity, and actin-binding 

affinity, and we used both conventional and saturation transfer EPR to determine the 

orientation and rotational dynamics of crosslinked myosin when attached to oriented 

actin filaments. The results provide direct insight into the early steps of actomyosin force 

generation. 

 

2.3 Methods 

Preparation of proteins and muscle fibers - Cysteine mutations for spin labeling 

were introduced into a Dicty myosin II gene truncated at residue 762 (S1dC), containing 

only a single (non-reactive) cysteine at position 655 [84]. These proteins were expressed 

and purified from Dicty orf+ cells [84]. Glycerinated rabbit psoas muscle fiber strips were 

prepared and stored in a 1:1 (vol:vol) mixture of rigor buffer (120 mM KCl, 25 mM 

MOPS, 2 mM MgCl2, 1 mM EGTA, pH 7.0) and glycerol [66]. Actin used in these 

experiments was extracted from rabbit skeletal muscle acetone powder and purified as 

described previously [99]. F-actin in F-buffer (10 mM Tris, 2 mM MgCl2, pH 7.5) was 

stabilized with 1:1 molar equivalent phalloidin. 

Spin-labeling of S1dC - S1dC was spin-labeled at sites 416 and 583 with the 

monofunctional label MSL [N-(1-Oxyl-2,2,6,6-tetramethyl-4-piperidinyl) maleimide] 
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(Toronto Research Chemicals, North York, ON) overnight on ice using 20 M myosin 

and 100 M MSL in labeling buffer (30 mM Tris, 50 mM KCl, 3 mM MgCl2, pH 7.5). 

The unbound spin label was removed by desalting the labeled protein using two 7 kDa 

cutoff Zeba size-exclusion spin columns (Thermo Fisher Scientific Inc., Rockford, IL). 

The same S1dC mutant was labeled with BSL [3,4-bis-(methanethiosulfonyl-methyl)-

2,2,5,5-tetramethyl-2,5-dihydro-1h-pyrrol-1-yloxy] (Toronto Research Chemicals, North 

York, ON). A BSL stock solution was prepared in dimethylformamide (DMF).  Labeling 

was carried out at 20 M myosin and 100 M BSL in labeling buffer.  The reaction was 

complete within 5 min, based on EPR observation of spin label immobilization.  After 1 

hour, unreacted BSL was removed as described above for monofunctional labeling.  

Determining Extent of Crosslinking by SDS-PAGE - SDS-PAGE was used to 

separate BSL-crosslinked from uncrosslinked S1dC, based on gel migration rate.  S1dC 

(1 M) in Laemmli sample buffer (Bio Rad, Hercules, CA), with or without 5% -

mercaptoethanol (Sigma-Aldrich, St. Louis, MO), was applied to a 15% Tris-glycine 

polyacrylamide gel and run at 150V for 4 hours. Crosslinked and non-crosslinked S1dC 

was quantified by densitometry using Image J [100]. 

Myosin ATPase Activity - Basal myosin ATPase activity was measured as the 

release of inorganic phosphate [101] at 25o C. High-salt calcium ATPase activity was 

measured in a solution containing 0.0125 mg/mL myosin, 10 mM CaCl2, 600 mM KCl, 5 

mM ATP, and 50 mM MOPS (pH 7.5). Actin-activated ATPase activity was measured by 

detection of ADP generated by the NADH-coupled ATPase assay [102] using 0.5 M 
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S1dC, 2 mM ATP, and increasing concentrations of phalloidin-stabilized F-actin in 10 

mM Tris, 2 mM MgCl2 (pH 7.5). 

Actomyosin Binding Affinities - The equilibrium binding of actin and myosin was 

measured by both cosedimentation and fluorescence quenching of pyrene-actin. In 

cosedimentation assays, varying concentrations of actin were mixed with 1 M S1dC in 

F-buffer followed by centrifugation at 340,000 x g using a TLA100 rotor (Beckman 

Coulter) at 25o C, to pellet the actomyosin complex. Supernatant and pellet samples were 

each run on 12% Tris-glycine SDS-PAGE gels that were stained with Coomassie G 

(Sigma-Aldrich, St. Louis, MO); and band intensity was analyzed by densitometry using 

Image J [100]. The equilibrium constant for dissociation of S1dC from actin (Kd) was 

determined by fitting with a quadratic binding function with maximal fraction bound 

constrained to 1. To further assess the weak or strong mode by which S1dC binds to 

actin, the quenching of pyrene-actin was measured [103]. Actin was labeled at Cys 374 

with pyrene iodoacetamide (Invitrogen, Carlsbad, CA) [104], and fluorescence was 

measured for 1 M pyrene-actin in F buffer, using a Varian Cary Eclipse fluorometer 

(Varian Inc., Palo Alto, CA) with excitation and emission at 350 nm and 407 nm, 

respectively. Quenching was assumed proportional to the fraction of actin protomers with 

strongly bound myosin [102]. 

EPR spectroscopy - EPR spectra were obtained at X-band (9.5 GHz) with a 

Bruker (Billerica, MA) E500 spectrometer, using a TE102 (Bruker 4102ST) cavity at a 

temperature of 4°C. The sweep width was 120 G (1024 points), sweep time was 40s, and 

the center field value HC was set proportionally to the microwave frequency (HC = 
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/2.803 MHz/G, corresponding to a g value of 2.0027, the value of gz for a typical 

nitroxide) so that all spectra were equivalently aligned.   

For EPR experiments on spin-labeled myosin in solution, samples were dialyzed 

into EPR buffer (10 mM Tris, 2 mM MgCl2, pH 7.5), adjusted to a final concentration of 

100 M, and placed into a flame-sealed glass capillary (50 L Wiretrol, Drummond 

Scientific, Broomall, PA). For experiments on actin-bound myosin, skinned muscle fiber 

strips were dissected into bundles of approximately 0.5 mm diameter. The fibers were 

then soaked in the 100 M spin-labeled S1dC solution. After at least 2 h of soaking the 

fibers were washed several times with EPR buffer to remove any unbound S1dC. 

Oriented EPR samples were prepared as previously described [46, 47]. S1dC-

decorated muscle fiber bundles were blotted to remove excess buffer, cut into 0.5 cm 

lengths, and aligned perpendicular to the long axis of a quartz tissue flat cell; the fiber 

axis was manually oriented parallel or perpendicular to the external magnetic field. 

Spectra of randomly oriented fibers were obtained after mincing the fibers with a razor 

blade. Some spectra were also obtained with a fiber bundle in a capillary tube oriented 

either parallel or perpendicular to the magnetic field, using a peristaltic pump to perfuse 

the fiber such that the buffer was replaced every 30 s [46]. This was useful for removing 

traces of free spin label that was slowly released. Perfusion of a fiber bundle for one hour 

did not decrease the EPR signal by more than 5%, indicating that virtually all of the 

labeled myosin was bound to actin.  

Conventional EPR spectra (V1) spectra were recorded at a microwave field 

amplitude of H1 = 0.14 G, with modulation frequency m = 100 kHz (first harmonic), 



 

 27 

peak-to-peak modulation amplitude Hm = 1 G, and modulation phase m = 0 degrees 

(maximum signal). The V1 spectrum of a randomly oriented sample was analyzed to 

determine the rotational correlation time using Eq. 1  

 

 τR = a[1-(T||/T||)]
b,  Eq. 1  

 

where a = 0.54 ns, b = -1.36, T|| is the splitting between the outer extrema, and T|| 

is the rigid-limit value of T|| [105]. Spectra of spin-labeled S1dC attached to actin in 

oriented muscle fibers were analyzed to determine the orientational distribution of the 

nitroxide spin label relative to the muscle fiber axis, using computational simulation and 

least-squares minimization, as described previously [46, 106, 107]. STEPR (V2') spectra 

were recorded as described previously [108], with H1 = 0.25 G, m = 50 kHz, Hm = 5 G, 

phase-sensitive detection at 100 kHz (second harmonic), m = 90 degrees, and the filter 

time constant equal to twice the conversion time. The rotational correlation time was 

determined from V2 spectra by comparison with reference spectra [109]. 

The extent of spin labeling was quantified by digital analysis of EPR spectra. The 

double integral of the V1 spectrum of 100 M S1dC was obtained at low power (1 mW) 

and compared to that of a sample of known spin label concentration, to obtain the number 

of spin labels per myosin. For labeling di-Cys myosin, we found precisely two (1.95 ± 

0.04) monofunctional MSL labels and one (1.03 ± 0.05) bifunctional BSL label per 

myosin. 
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Molecular Modeling – Spin labels were modeled on crystal structure 1FMV using 

Discovery Studio 2.5.5 (Accelrys Software Inc., San Diego, USA) and visualized using 

the PyMOL Molecular Graphics System, Version 1.5.0.3 (Schrodinger, LLC). 

 

2.4 Results 

A bifunctional spin label (BSL), with two cysteine-reactive functional groups, 

was reacted with a double-Cys myosin mutant to form a crosslink containing two mixed 

(label-protein) disulfide bonds. The mutations S416C and D583C, across the actin-

binding cleft from each other (FIGURE 8A), were introduced into a Cys-lite Dicty 

myosin II (S1dC) background suitable for site-directed spectroscopy, as described 

previously [84]. This approach is feasible because S1dC mutants can be expressed in 

milligram quantities [84], which is not true for muscle myosin. The EPR spectrum of 

BSL-S1dC was stable at 4o C for at least one day, but at 25o C, spin label immobilization 

was partially reversed (less than 5%) on the time scale of hours, presumably because of 

disulfide exchange to produce an intraprotein disulfide bond and free spin label [110]. 

The conventional EPR (V1) spectrum (FIGURE 8B) indicates that the label is strongly 

immobilized on the nanosecond time scale, i.e., that it is rigidly fixed to the protein, as 

expected for the bifunctional attachment of BSL [16, 46, 47, 111]. 
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Dipolar EPR measurements between MSL-labeled S416C and D583C (FIGURE 

9A&B) were used to determine the distance between these two labeling sites in solution. 

Fitting the EPR spectrum to a Gaussian distribution shows that the myosin cleft samples 

two major conformations, in which residues 416 and 583 are separated by approximately 

0.8 and 1.2 nm (FIGURE 9C) [84]. The distance between the two sulfur atoms in BSL is 

approximately 0.9 nm, establishing the feasibility of crosslinking cysteine residues 416 

and 583 with BSL.  

416

583

A

B

τR ≥ 100 nsV1

BSL

 
FIGURE 8. Bifunctional spin labeling. A, Dicty myosin II catalytic domain crosslinked 
by a bifunctional spin label (BSL), shown in red (space-filling), between engineered 
cysteine residues 416 and 583 in the U50 (green) and L50 (blue) domains of the actin-
binding cleft. BSL was modeled on crystal structure 1FMV using Discovery Studio 2.5.5 
and visualized using PyMOL. B, Conventional (V1) EPR spectrum of the labeled protein 
in solution. 
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Extent of BSL-Crosslinking - In addition to monitoring BSL immobilization by 

conventional EPR, the extent of myosin crosslinking by BSL was determined by 

separating the crosslinked and non-crosslinked myosins by SDS-PAGE under non-

reducing conditions (FIGURE 10). The crosslinked myosin migrates more slowly 

0.0 0.5 1.0 1.5 2.0
distance (nm)

A

B

C

416

583

 
FIGURE 9. Monofunctional spin labeling. A, Dicty myosin II actin binding cleft with 
residues 416 and 583 labeled with MSL (highlighted with orange sticks) in the U50 
(green) and L50 (blue) domains. MSL was modeled on crystal structure 1FMV as in 
FIGURE 8. B, Dipolar broadened CW EPR spectra of apo myosin spin-labeled with MSL 
at residues 416 and 583 (black) with a singly labeled MSL control using the mutant 
S416C (in gray). C, Distance distribution from fit of data in B. 
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through a polyacrylamide gel so that the band is shifted to higher apparent molecular 

weight. When BSL is reacted with myosin at a molar ratio of 0.5 BSL per myosin, two 

bands are observed (FIGURE 10). The lower band (~88 kDa) represents non-crosslinked 

myosin, while the upper band (~100 kDa) represents crosslinked myosin. When a 5-fold 

molar excess of BSL is used, crosslinking is essentially complete, as shown by a single 

band at 100 kDa. No gel shift is observed for unlabeled or MSL-labeled myosin 

(FIGURE 10). Since the BSL-crosslink consists of two mixed protein-label disulfide 

bonds, it can be reversed by treatment with a reducing agent such as β-mercaptoethanol 

(ME) or dithiothreitol (DTT). Inclusion of ME in the gel sample results in reduction of 

the BSL-crosslink so that the sample migrates at the same rate as the unlabeled or MSL-

labeled myosin (FIGURE 10). 

Myosin ATPase Activity - In the absence of actin, the basal myosin ATPase 

activity (0.010 ± 0.002 s-1) was not affected by crosslinking (0.012 ± 0.002 s-1). However, 

crosslinking of the myosin cleft with BSL induces a virtually complete loss of actin-

activated ATPase activity, in comparison with unlabeled or MSL-labeled myosin 

(FIGURE 11A&B). Consistent with SDS-PAGE gel-shift data (FIGURE 10), treatment 
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- βME + βME
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FIGURE 10. SDS-PAGE gel shift assay to determine extent of crosslinking of 416.583 
S1dC by BSL under non-reducing (-βME) and reducing (+βME) conditions. UL: 
unlabeled. MSL: MSL spin-labeled, BSL: bifunctional spin-labeled, labeled with molar 
ratios of either 0.5 BSL per myosin (0.5X) or 5 BSL per myosin (5X). 
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of BSL-crosslinked myosin with a reducing agent reverses the functional effect of 

crosslinking, with no labeled myosin (FIGURE 11B). 

Actomyosin Interaction - Cosedimentation of myosin with actin in the absence of 

nucleotide (i.e., in rigor) shows that unlabeled and MSL-labeled 416.583 S1dC bind actin 

strongly, with Kd values less than 1 M, but crosslinking the myosin cleft with BSL 

substantially weakens myosin’s actin affinity, yielding a Kd value of about 20 M 

(FIGURE 12A). While this binding is much weaker than in rigor, it is still strong enough 

to obtain EPR spectra of the actin-bound complex. In EPR studies below, whenever we 

study EPR of BSL-S1dC in the presence of actin, the actin concentration is in large 

excess above the Kd value of 20 M, ensuring that virtually all BSL-S1dC is bound to 
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FIGURE 11. Effects of spin labeling on ATPase activity. A, actin-activated ATPase 
activity of 416.583 S1dC unlabeled (UL, ●), labeled with MSL (○), or crosslinked with 
BSL (■). Data for UL and MSL were fit by V = (Vmax - V0) [actin]/([actin] + KATPase), 
yielding the following Vmax and KATPase values, respectively:; UL 2.1 ± 0.1 s-1, 1.6 ± 0.1 
µM) and MSL-labeled (2.1± 0.1 s-1, 2.7 ± 0.4 µM). These values of KATPase are lower 
than in some previous reports [112], because (a) ionic strength is lower in our study, and 
(b) we are using a Cys-lite construct of S1dC that has low KATPase values [84, 113]. BSL-
labeled data were fit by a linear function, yielding a second-order rate constant 
(Vmax/KATPase) of 1400  ±  400 M-1s-1. The KATPase value must be > 10 M. B: ATPase 
activity at 50 M actin in the absence or presence of 1 mM dithiothreitol (DTT). Data 
represents mean ± S.E., n=3.  
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actin. Strong binding of S1dC to actin was measured by fluorescence quenching of 

pyrene-labeled actin. Strong actin binding is known to quench pyrene fluorescence, 

whereas weak binding (e.g., in the presence of saturating ATP) has no effect [103]. 

Unlabeled and MSL-labeled myosin quenched the fluorescence, whereas BSL-

crosslinked myosin had virtually no effect (FIGURE 12B), indicating that crosslinked 

myosin is unable to form a high-affinity (strongly bound) actomyosin complex. 

Unlabeled 416.583 S1dC quenched pyrene fluorescence to the same extent as rabbit 

skeletal S1.  

Myosin Rotational Dynamics and Orientation – Conventional EPR (V1) is 

sensitive to rotational motion in the range from about 0.01 to 600 ns [16, 114]. The V1 

spectrum of BSL-labeled S1dC in solution has the characteristic lineshape of a strongly 

immobilized spin label (FIGURE 13A, black), confirming its rigid bifunctional binding 

to two Cys. Actin binding, causes a small increase in label restriction (FIGURE 13A, 

UL MSL BSL
0

20

40

60

80

100

%
 f

lu
o

re
sc

en
ce

 q
u

en
ch

ed

A B

0 2 4 6 8 10

0.0

0.2

0.4

0.6

0.8

1.0

F
ra

c
ti

o
n

 S
1d

C
 b

o
u

n
d

[Actin] (M)

MSL

UL

BSL

 

FIGURE 12. BSL weakens interaction of myosin with actin in the absence of ATP. 
A, fraction of myosin S1dC bound to actin from cosedimentation. Data were fit by the 
quadratic binding function y={([M]t + [A]t + Kd) - (([M]t + [A]t + Kd)

2 – 
4[M]t[A]t))

1/2/2[A]t} where M=[myosin] and A=[actin], yielding Kd values of 0.03 ± 0.01 
M (UL), 0.4 ± 0.1 M (MSL), and 20.6 ± 0.2 M (BSL).  B, fluorescence quenching of 
1 M pyrene-actin by 20 M S1dC. Data represents mean ± S.E., n=3.  
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green), increasing the splitting between the outer peaks by 0.90 ± 0.05 G. If, as indicated 

by further studies below (FIGURE 13B), we assume that actin-bound S1dC is at the rigid 

limit for conventional EPR (rotational correlation time τR > 1 s), τR for BSL-S1dC free 

in solution is 200 ± 20 ns (Eq. 1), corresponding to the expected value at 4o C for a rigid 

protein the size of S1dC [47, 115]. This result confirms that BSL is rigidly bound to 

S1dC, but it does not provide much information about the rotational dynamics of BSL-

S1dC on actin.  

This requires saturation transfer EPR (STEPR, V2′), which is sensitive to 

rotational correlation times τR as long as 600 s [16, 114, 116]. Thus STEPR is ideal for 

measuring global rotational motions of large proteins within macromolecular assemblies, 

such as actomyosin [16, 114]. Unlike conventional EPR (FIGURE 13A), STEPR is 

extremely sensitive to the affect of actin binding on the rotational dynamics of BSL-S1dC 

(FIGURE 13B). Rotational motion of BSL-S1dC on actin is at or near the rigid limit of 

600 s for STEPR (FIGURE 13B, green), at least 6000 times slower than S1dC free in 

solution (FIGURE 13B, black), indicating that any remaining rotational motion is in the 

millisecond range or slower. The rotational motion of actin-bound BSL-S1dC is at least 

60 times slower than previously observed for MSL-S1dC weakly attached to actin in the 

presence of saturating ATP [117-120] and is virtually identical to that observed for 

strongly bound MSL-S1dC in rigor [106]. 
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BSL

V1 of myosin in fibers (orientation)C

V1 of BSL-myosin (ns dynamics)A

V2ʹ of BSL-myosin (µs dynamics)B

Free in solution    τR =  200 ± 20 ns
Bound to actin     τR ≥ 1 µs

MSL

Free in solution     τR = 200 ± 40 ns (fast)
Bound to actin       τR ≥ 1 ms (slow)

Ordered

Disordered

 
FIGURE 13. EPR spectra of BSL-S1dC. A, conventional (V1) EPR spectra (at 4oC) for 
myosin BSL-crosslinked at positions 416 and 583, free in solution (black) and bound to 
excess actin in randomly oriented muscle fibers (green). Spectral lineshapes are at or near 
the rigid limit, indicating strong immobilization of the spin labels on myosin. B, STEPR 
(V2) spectra of the same samples as in A, showing that the rotational motion of actin-
bound BSL-S1 is at least 5000 times slower than when free in solution [108].  C, 
conventional (V1) EPR of spin-labeled S1dC on oriented actin in skinned muscle fibers, 
with the fiber axis oriented parallel (blue) or perpendicular (red) to the applied magnetic 
field. MSL-myosin (at T688C) is highly ordered orientationally (red and blue spectra 
quite different) while BSL-labeled myosin is highly disordered (red and blue spectra 
almost identical, implying at least 90o of angular disorder). 
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EPR is not only sensitive to spin-label mobility but also to the orientational 

distribution of a spin-label with respect to the applied magnetic field. In a well-oriented 

muscle fiber, aligned either parallel or perpendicular to the magnetic field, the EPR 

spectrum directly reports the angle between the spin-label’s principal axis and the fiber 

axis [106]. The parallel and perpendicular spectra can be used together to determine the 

degree of orientation of the spin-label relative to the fiber axis. The orientation of BSL- 

or MSL-labeled myosin bound to actin, with respect to the actin filament axis, was 

determined from EPR spectra of skinned muscle fibers in the presence of labeled myosin 

(FIGURE 13C). As shown previously, myosin spin-labeled with MSL at SH1 (T688C) is 

highly ordered with respect to the filament axis as indicated by the large differences 

observed between EPR spectra acquired in the parallel and perpendicular orientations 

(FIGURE 13C, MSL) [121]. In contrast, fibers decorated with BSL-S1dC yield EPR 

spectra showing little difference between the parallel and perpendicular orientations, 

indicating nearly random orientation (FIGURE 13B). 

The relatively static disorder of myosin on actin, due to the cleft crosslink is in 

good agreement with that observed for myosin trapped by crosslinking SH1 and SH2 in 

the force-generating domain of myosin obtained from muscle [46, 47] or Dicty [122]. 

Virtually all of the BSL-myosin in skinned fiber bundles in Fig. 6 must be bound to actin, 

because the STEPR spectrum is at or near the rigid limit of STEPR, indicating a 

rotational correlation time τR ≥ 1 ms, which is at least 5000 times slower than free 

myosin in solution [16]. In addition, it is not plausible that the orientational disorder is 

due to a significant population of unbound myosin, since the Kd of the cleft-crosslinked 
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S1dC is 20.6 M (FIGURE 12), which is at least 18 times less than the concentration of 

unoccupied actin in a vertebrate muscle fiber [123]. 

 

2.5 Discussion 

We have found that the actin-myosin interaction is impacted profoundly, both 

functionally and structurally, by conformationally restricting the myosin actin-binding 

cleft through chemical crosslinking with a bifunctional spin label (BSL). The crosslink 

forms rapidly and completely between a pair of labeling sites, 416 and 583, in the U50 

and L50 domains of the actin-binding cleft. The ATPase activity of isolated myosin is not 

affected by this crosslink, but actin cannot activate it (FIGURE 11), and myosin’s affinity 

for actin in the absence of ATP is decreased by >20-fold (FIGURE 12B). Even when it 

binds to actin, this crosslinked myosin loses its ability to quench pyrene-actin 

fluorescence (FIGURE 12A), consistent with the formation of a weak actomyosin bond. 

Structurally, crosslinking the cleft induces an actin-bound myosin catalytic domain with a 

high degree of orientational disorder but very slow rotational motion on the microsecond 

time scale (FIGURE 13). The disorder is similar to that reported previously for weakly 

bound heads induced by ATP, but the rotational motion is orders of magnitude slower, 

similar to that of strongly bound heads in rigor. These results are virtually identical to 

those obtained with myosin crosslinked between SH1 and SH2 in the force-generating 

domain [46, 47], indicating that a similar intermediate was trapped. FIGURE 14 

illustrates these results in the context of the actomyosin ATPase cycle. 
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Effects of Cleft Crosslinking on Actomyosin Functional Interaction - During the 

actomyosin ATPase cycle, myosin transitions from a dynamically disordered, weak actin-

binding state (W, FIGURE 14, left) to an ordered, strong actin-binding state (S, FIGURE 

14, right). This transition from W to S also involves a shift in the populations of the actin-

binding cleft structural states (“open” versus “closed”), with S stabilizing the closed 

conformation. Extensive experimental analysis has sought to define the biochemical and 

structural properties of W and S states of the actomyosin complex. The W state appears 

to be stabilized by hydrophobic interactions between loop 2 of the L50 domain of myosin 

and actin [32, 94, 124, 125]. Kd for actomyosin weak binding using the Dicty myosin II 

motor domain has been previously reported as ~60 M [126]. In contrast, strong binding 

A.M.T  A.M.D.P  A.M'.D.P  A.M.D
(W)         (W)           (WS) (S)    

μs ms

Fast disorder Slow disorder Order  
FIGURE 14. Model for the coupling of the actomyosin ATPase cycle to force and 
movement. The actin-binding cleft of myosin transitions from an open structural state 
having a dynamically (µs) disordered catalytic domain when weakly bound (W, left) to a 
closed state having an immobile and ordered CD (S, right). Force production is initiated 
when the CD enters a short-lived intermediate state (WS, middle) with intermediate 
affinity (FIGURE 12) and much slower (ms) orientational disorder (FIGURE 13). The 
black linkers shown in the WS state represent two crosslinking sites, across the actin-
binding cleft or between SH1 and SH2 in the force-generating domain [46, 47]. Each of 
these crosslinks traps the elusive intermediate and inhibits the actin-activated ATPase 
activity. 
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is characterized by Kd <1 M, stabilized by predominantly electrostatic interactions with 

the U50 domain [24-26, 32, 125]. Generally, mutations within both the weak- and strong- 

binding interfaces decrease myosin’s affinity for actin and reduce actin-activated ATPase 

activity. Crosslinking the cleft produces an intermediate Kd of 20 M (FIGURE 12A), 

and complete loss of actin-activated myosin ATPase activity. Since 416.583 BSL-labeled 

S1dC interacts with actin but its ATPase activity is not activated by actin, we hypothesize 

that the crosslink stabilizes a conformation of the actin-binding interface that can interact 

with actin at weak-binding contacts while still containing bound Pi. Together these results 

indicate that crosslinked myosin is trapped in a weak actin-binding state and suggest that 

BSL crosslinking the actin-binding cleft severely diminishes the coupling between the 

actomyosin interface and the myosin active site. Structurally, the trapped state is probably 

characterized by a partially open actin-binding cleft that preferentially stabilizes a weak-

binding interface and a closed nucleotide pocket, preventing Pi release (FIGURE 14).We 

have previously shown that the actin-binding cleft exists in a conformational equilibrium 

between “open” and “closed” structural states in all biochemical states tested, with strong 

actin binding preferentially stabilizing the closed cleft conformation [84]. We have now 

demonstrated directly the necessity of conformational flexibility within the actin-binding 

cleft, allowing the myosin cleft to properly transition between “open” and “closed” 

structural states, which is essential for actin-activation and transition to the strong 

actomyosin binding state.  Consistent with our data, recent cryo EM data suggests that 

intrinsic flexibility of the U50 domain is necessary for myosin to properly transition to 

the strong binding conformation [32]. In addition, simulations of the U50 domain from 
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various crystal structures reveals that U50 flexibility is dependent on biochemical state 

and is proposed to underlie myosin’s ability to rapidly adopt its strong binding state [33].  

Effects of Cleft Crosslinking on Actomyosin Structural Dynamics – As illustrated 

in (FIGURE 14), cleft crosslinking creates an actomyosin complex with hybrid structural 

and dynamical properties: The orientational disorder of the actin-bound head is great 

(FIGURE 13C, BSL) - comparable to that induced in the absence of crosslinking by ATP 

[106, 107, 127-129] and in sharp contrast to the high degree of orientational order 

observed in the absence of ATP for uncrosslinked myosin bound to actin (FIGURE 13C, 

MSL) [47, 106, 127, 130]. In contrast, the rotational motion of the crosslinked catalytic 

domain is very slow, undetectable on the submillisecond time scale (FIGURE 13B, BSL) 

– comparable to that observed in the absence of ATP for uncrosslinked myosin bound to 

actin [47, 106, 115, 131], and several orders of magnitude slower than the microsecond 

dynamics induced by ATP [117-120, 131, 132]. 

Comparison with Effects of other Internally Crosslinked Myosins - Although this 

is the first study to crosslink the actin-binding cleft of myosin, there have been numerous 

studies in which a crosslink was introduced between reactive cysteines SH1 and SH2 in 

the force-generating region of the catalytic domain of myosin, from rabbit skeletal 

muscle [44-47] or Dicty myosin II [122]. In all cases, the SH1-SH2 crosslink greatly 

reduced actin activation and actomyosin affinity, indicating that myosin was trapped in a 

weak-binding conformation. In one of these studies, rabbit skeletal myosin II was 

crosslinked with BSL at SH1 and SH2, yielding a Kd for actomyosin interaction of 30 

M [47]; similar to the 20 M value observed here for cleft crosslinking by BSL in Dicty 

myosin II. Crosslinking SH1 and SH2 with BSL produced an actin-bound myosin 
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catalytic domain with a high degree of orientational disorder and very slow rotational 

motion (τR ≥ 1 ms) [46, 47], just as we found in the present study with a crosslink in the 

cleft (FIGURE 13). It is remarkable that conformational trapping of myosin at two distant 

locations, one in the actin-binding cleft and another in the force-generating region, have 

strikingly similar effects on actomyosin structure, dynamics, affinity, and function. This 

result strongly suggests that crosslinking the actin-binding cleft, like crosslinking SH1 

and SH2, can trap myosin in an intermediate state between weak binding and rigor; i.e., 

early in force generation (FIGURE 14). In the absence of crosslinking, this state is 

probably stabilized by ATP hydrolysis products (ADP + Pi) within the nucleotide binding 

pocket and shares the orientational disorder characteristic of ATP-induced weak binding, 

but the slow rotational motion of strong binding (FIGURE 14) [47].  

Allosteric Coupling - The similar effects of crosslinking the actin-binding cleft 

and SH1-SH2 region of the force-generating domain demonstrate that intrinsic 

conformational flexibility within the myosin catalytic domain and structural coupling 

between functionally important subdomains are required for force generation. Continued 

analysis of the intricate structural and biochemical coupling between myosin subdomains, 

in space and time, is needed to understand the mechanism of force transduction in 

actomyosin. Specifically, how tightly coupled is the communication pathway from the 

actin interface to the nucleotide pocket or to the force-generating domain? There is 

evidence for coupling between the actin-binding cleft and nucleotide pocket [133-135], as 

well as between the nucleotide pocket and the force-generating domain [136, 137]. 

Recent work suggests that there is direct coupling between the actin-binding interface, 

particularly the myosin activation loop, and the relay helix in the myosin force-generating 
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domain [138]. We must next ask how conformationally trapping the actin-binding cleft 

affects the nucleotide-binding pocket structural dynamics, and the orientation of the 

myosin lever arm.  

 

2.6 Conclusion 

We produced a chemically modified Dicty myosin II catalytic domain, in which 

the actin-binding cleft is conformationally trapped by crosslinking the U50 and L50 

domains with a bifunctional methanethiosulfonate spin label: Crosslinking produces a 

myosin catalytic domain that cannot be activated by actin and has weakened actin 

affinity. When bound to actin in an oriented muscle fiber, this protein is highly disordered 

with respect to the actin filament axis, and is characterized by very slow rotational 

motion on the microsecond time scale. Cleft-crosslinked myosin has greater binding 

affinity and slower motion on actin than that observed for ATP-induced weak-binding 

states. Thus it resembles the weak-binding state induced by crosslinking reactive 

cysteines SH1 to SH2 in the force-generating domain, which is proposed to be the 

structural state that is at the threshold of force generation. 

 

 

 

  



 

 43 

Chapter 3: Structural and Functional Impact of Site-

Directed Methionine Oxidation in Myosin 

 

Reprinted with permission from: 

Jennifer C. Klein, Rebecca J. Moen, Evan A. Smith, Margaret A. Titus, and David D. Thomas. Structural 
and functional impact of site-directed methionine oxidation in myosin. Biochemistry. 2011;50(47):10318-
10327. 
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3.1 Chapter Summary 

We have examined the structural and functional effects of site-directed 

methionine oxidation in Dictyostelium (Dicty) myosin II using mutagenesis, in vitro 

oxidation, and site-directed spin-labeling for electron paramagnetic resonance (EPR). 

Protein oxidation by reactive oxygen and nitrogen species is critical for normal cellular 

function, but oxidative stress has been implicated in disease progression and biological 

aging. Our goal is to bridge understanding of protein oxidation and muscle dysfunction 

with molecular-level insights into actomyosin interaction. In order to focus on methionine 

oxidation and to facilitate site-directed spectroscopy, we started with a Cys-lite version of 

Dicty myosin II. For Dicty myosin containing native methionines, peroxide-treatment 

decreased actin-activated myosin ATPase activity, consistent with the decline in 

actomyosin function previously observed in biologically aged or peroxide-treated muscle. 

Methionine-to-leucine mutations, used to protect specific sites from oxidation, identified 

a single methionine that is functionally sensitive to oxidation: M394, near the myosin 

cardiomyopathy loop in the actin-binding interface. Previously characterized myosin 

labeling sites for spectroscopy in the force-producing region and actin-binding cleft were 

examined; spin label mobility and distance measurements in the actin-binding cleft were 

sensitive to oxidation, but particularly in the presence of actin.  Overall secondary 

structure and thermal stability were unaffected by oxidation. We conclude that the 

oxidation-induced structural change in myosin includes a redistribution of existing 

structural states of the actin-binding cleft. These results will be applicable to the many 

biological and therapeutic contexts in which a detailed understanding of protein 

oxidation, function and structure relationships are sought. 
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3.2 Introduction 

We cannot survive more than minutes without oxygen—nor have we escaped 

vulnerability to oxidative stress, the natural consequence of aerobic respiration.  Disease 

progression and biological aging are familiar contexts in which the role of “oxidative 

damage” --  to DNA, lipids, and proteins -- has been recognized, even popularized 

through the promotion of antioxidant supplements for longevity and disease resistance.  

Under healthy conditions, too, molecules within cells must sensitively detect and respond 

to cellular redox state to maintain homeostasis.  While irreversible oxidative 

modifications are potentially damaging, they might also serve as signals for protein 

repair, degradation and transcriptional regulation [139, 140].  Reversible protein 

modifications, particularly those involving cysteine and methionine, have been 

implicated as protein sensors of the cellular environment [60, 141-143].  Yet critical 

questions remain unanswered:  What are the molecular structural principles that govern 

how protein molecules sense, respond, and are eventually damaged by oxidation?  Are 

these principles broadly applicable? 

Redox modulation of muscle function - Muscle contraction produces reactive 

oxygen and nitrogen species (RONS) that are countered by an elaborate system of 

antioxidant enzymes and molecules [63].  Muscle is highly adaptive tissue that must 

dynamically respond to metabolic, mechanical and functional demands such as exercise, 

hormonal fluctuations and development; redox signaling meditates many of these 

adaptations [144].  Disruption of the RONS/antioxidant equilibrium in cardiac muscle 

contributes to adverse outcomes after myocardial infarction [145] and in models of heart 

failure [146].  In skeletal muscle, the physiological function of oxidation is complex and 
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biphasic, with lower levels of RONS potentiating function and higher levels inhibiting 

[59, 147, 148].  However, elevated production of RONS can lead to the accumulation of 

oxidatively modified proteins, contributing to a decline of function in biologically aged 

or diseased muscle [58, 59, 149, 150].  Impaired force with aging is due not only to 

muscle atrophy, but also to structural and functional defects involving both contractile 

and regulatory proteins [57, 58, 65, 151].  Knowing the site-specific functional and 

structural impact of oxidative modifications will aid in developing targeted therapies for 

oxidative stress-related muscle pathologies. 

Methionine oxidation - Knowledge of the site and the chemistry of oxidative 

modifications to proteins, in combination with functional measurements, reveals that 

amino acid sequences encode not only protein structure and function, but also sensitivity 

to chemical modification [152].  While cysteine oxidation and reduction is a well-

established component of cell signaling, methionine oxidation and specific reduction by 

methionine sulfoxide reductase is emerging as a novel regulatory mechanism with 

diverse and far-reaching functional implications [68, 139, 141, 142, 152].  For example, 

where methionine is part of a hydrophobic kinase recognition sequence, methionine 

oxidation can prevent phosphorylation by disrupting the kinase binding site, coupling 

oxidative environment and phosphorylation [153].  Methionine oxidation regulates 

immune response by attenuating calcineurin function in signal transduction pathways 

[154, 155].  Methionine and cysteine redox sensors have been identified for proteins 

involved in calcium regulation [74-81], but few such sensors have been characterized for 

contractile proteins [63].  In the current study, we have begun to elucidate the principles 
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that govern how the muscle contractile protein myosin is structurally poised to respond to 

methionine oxidation. 

Muscle myosin oxidation - We have previously shown that treating skinned 

muscle fibers with peroxide (H2O2) resulted in functional and structural changes in 

myosin with a pattern similar to changes for myosin extracted from aged rats [55, 58, 66].  

Myosin purified from oxidized muscle fibers perturbs structural transitions within the 

actomyosin complex that are crucial for force generation.  Proteomics analysis revealed 

that myosin functional and structural changes are associated with oxidation of multiple 

methionine residues in the myosin catalytic domain and essential light chain [66].  It is 

not clear which methionines, one or many, are responsible for the observed functional 

and structural changes in skeletal myosin.  In the present study, we have directly tested 

the hypothesis that site-specific methionine oxidation causes functional decline in 

actomyosin interaction and have identified aspects of myosin internal dynamics and 

structure that are most sensitive to oxidation. 

Approach - In order to characterize the functional and structural impact of site-

specific methionine oxidation in myosin, we have used Met to Leu mutagenesis to control 

which myosin methionines are susceptible to oxidation within a Cys-lite Dictyostelium 

(Dicty) myosin II (S1dC) background suitable for site-directed spectroscopy.  Our 

approach is possible because S1dC mutants can be expressed in milligram quantities; this 

is not feasible for skeletal muscle S1.  A direct comparison of structural transitions at 

equivalent sites in the force-generating region of S1dC and skeletal S1 showed that these 

motors occupy identical structural states, but with altered coupling to biochemical state 

[90].  Thus S1dC serves as a malleable platform for understanding the chemical and 
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structural principles that determine how a myosin motor responds to oxidation at selected 

residues. Our goal was not to mimic physiological conditions of oxidation, but rather to 

achieve significant functional perturbation while obtaining complete oxidation of the 

remaining accessible methionines and thus obtaining a chemically well-defined and 

homogeneous preparation.  We varied the concentration of hydrogen peroxide to achieve 

this goal in a brief (30-min) treatment of purified myosin. We then examined the impact 

of methionine oxidation on (a) functional sensitivity of myosin ATPase and actin-

activated ATPase and (b) structural changes in myosin, measured by site-directed spin 

labeling and electron paramagnetic resonance (EPR), focusing on sites previously shown 

to be highly sensitive to key structural transitions in the actomyosin ATPase cycle [84]. 

 

3.3 Methods 

Protein Preparations, Spin-Labeling and Oxidation - Cysteine mutations for spin 

labeling and methionine substitution mutations were introduced into a Dicty myosin II 

gene truncated at residue 762 (S1dC), containing only a single (non-reactive) cysteine at 

position 655 [84].  Mutations were C49T, C312S, C442S, C470V, C599T, and C678S.  

These proteins were expressed and purified from Dictyostelium orf+ cells.  Spin labeling 

was carried  out overnight on ice using 100 M myosin and 800 M IPSL [3-(2-

Iodoacetamido)-2,2,5,5-tetramethyl-1-pyrolidinyloxy] (Toronto Research Chemicals, 

North York, Ontario), IASL [4-(2-Iodoacetamido)-2,2,6,6-tetramethyl-1-piperidinyloxy] 

(Sigma-Aldrich, USA), or MSL [N-(1-Oxyl-2,2,6,6-tetramethyl-4-piperidinyl)maleimide] 

(Toronto Research Chemicals).  Spin-labeled sample was reacted with 0 to 500 mM 
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hydrogen peroxide (purchased as a stabilized 30% solution from Sigma-Aldrich) for 

thirty minutes on ice.  Unreacted label and peroxide were removed by buffer exchange 

using two sequential Zeba desalting columns (Thermo Fisher Scientific, Rockford, 

Illinois).  Unless otherwise indicated, experiments were carried out at 4°C in EPR buffer 

(50 mM KCl, 3 mM MgCl2, and 10 mM MOPS, pH 7.5). F-actin was prepared from 

rabbit skeletal muscle [104, 156] and dissolved in F-actin (FA) buffer: 3 mM MgCl2, 0.2 

mM ATP and 10 mM Tris (pH 7.5). 

Activity Measurements - ATPase activity was measured as the release of inorganic 

phosphate  [101, 157] at 25o C.  High-salt Ca/K ATPase activity was measured in a 

solution containing 0.0125 mg/mL myosin, 10 mM CaCl2, 600 mM KCl, 5 mM ATP, and 

50 mM MOPS (pH 7.5).  Actin-activated ATPase activity was measured as the increase 

in activity due to the addition of rabbit skeletal actin (usually 10 M) to a solution 

containing 1 M myosin, 3.5 mM MgCl2, 10 mM KCl, and 10 mM MOPS (pH 7.5).   

ESI (electrospray ionization) mass spectrometry (ESI-MS) - Myosin samples for 

mass spectrometry were exchanged into 10 mM NH4HCO3 (pH 7.9) using two sequential 

0.5 mL Zeba desalting columns.  Myosin samples at 2 mg/mL were diluted 1:10 into a 

solution containing 50:50 acetonitrile:water and 0.1% formic acid.  Additional formic 

acid (10%) was added as needed (1-2 L) to reach pH < 3.  Myosin mass was determined 

using a QSTAR quadrupole-TOF mass spectrometer (ABI) with an electrospray 

ionization source.  Prior to infusion of the intact myosin solution, a solution of 50:50 

acetonitrile:water and 0.1% formic acid (load solution) was infused at 50 µL per minute 

using an integrated syringe pump.  After a stable baseline total ion current (TIC) was 

established for the load solution, the protein solution (20 μM myosin, pH 3) was 
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introduced into the solvent stream using a 10 µL injection loop installed in the integrated 

loop injector. After the TIC returned to baseline intensity, four more consecutive loop 

injections of the protein solution were made for a total of five injections per sample. Data 

were acquired continuously during load buffer infusion and protein infusions over the 

range 500 – 2000 m/z. ESI spectra were analyzed with BioAnalyst QS (ABI) software v 

1.1.5.  The Bayesian Protein Reconstruction tool was used to generate peak lists from the 

spectra, using a signal-to-noise threshold of 20 for intact myosin.  Individual 

reconstruction error ranged from 0.1 – 0.5 Da. 

Circular Dichroism - CD spectra were recorded in the far-UV region (200–260 

nm) using a JASCO J-815 spectrophotometer with an automated temperature controller. 

A path length of 10 mm was used, with spectra recorded at 1 nm intervals for 0.25 

mg/mL Dicty myosin in phosphate buffer (50 mM KCl, 1 mM MgCl2, pH 7.0) at 25°C. 

Baseline scans were obtained using the same acquisition parameters with buffer alone, 

which were subtracted from the respective CD data scans of Dicty myosin. The raw CD 

signal θλ (millidegrees of ellipticity) was converted to mean residue molar ellipticity θ 

using Eq. 2:  

 

Eq. 2 

 

where MRE = 110, C = protein concentration, and l = path length.  Far- UV CD spectra 

were analyzed using CDPro Analysis Software [158]. Thermal denaturation of Dicty 

myosin was monitored at 222 nm while temperature was increased from 10 to 70°C in 
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1°C steps, with a 1 min incubation at each step.  At the end of each thermal denaturation 

experiment, the sample was rapidly cooled to 25°C to determine the extent of refolding.  

Thermal denaturation curves were fit using Origin 8.1 (OriginLab Corp, Northampton, 

MA). 

CW EPR (Continuous wave EPR): Mobility - EPR on spin-labeled Dicty myosin 

was carried out as described previously [84]. EPR samples contained 100 M Dicty 

myosin in EPR buffer.  The ADP.V state was formed by addition of 5 mM ADP, 

followed by 5 mM Na3VO4.  The actomyosin state was formed by addition of 200 M F-

actin.  EPR was performed on deoxygenated samples at 4°C using a Bruker E500 

spectrometer (Billerica, MA) at X-band (9.5 GHz), with modulation frequency 100 kHz 

and modulation amplitude 2 G.  Mobility was measured in gas-permeable Teflon tubes 

(0.6 mm I.D., 20 L sample volume) sealed with critoseal, placed into the quartz 

temperature control dewar inside an SHQ cavity (ER4122 ST). Scan width was 120 G 

and the microwave power of 2 mW produced approximately 40% saturation, with no 

significant line broadening.  Plotted spectra (FIGURE 20, FIGURE 22) were normalized 

to the double integral.  Order parameters were measured from EPR spectra by simulation 

and fitting with the software NLSL (Nonlinear Least-Squares Analysis of Slow-Motional 

EPR Spectra) [159-161].  Spectra were simulated for a two-component system, each with 

its own cone angle (θc), correlation time (r) and mole fraction (xi). 

Pulsed EPR: Spin-Spin Distance Measurements - EPR samples for spin-spin 

distance measurements were the same as in other EPR experiments (described above), 

except that the buffer also contained 10% glycerol (v/v), and the 100 L samples were 
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flash-frozen using liquid nitrogen in a 5 mm OD quartz NMR tube (Wilmad glass, Buena 

NJ) and stored at -80o C until use.  Pulsed EPR experiments were performed with a 

Bruker E580 spectrometer (Billerica, MA) at X-band (9.5 GHz) with a Bruker dielectric 

ring resonator (MD-5) using a 4-pulse DEER (double electron-electron resonance) 

protocol [162].  The /2 pulse width was 16 ns, and the ELDOR pulse width was 40-44 

ns.  The static field was set to the low-field resonance of the nitroxide signal. 

Temperature was controlled at 65o K during acquisition, which lasted 4–12 h. 

Spin-spin distances were determined by fitting the experimental EPR data with 

simulations assuming a distance distribution function consisting of a sum of Gaussians 

using Eq. 3 and Eq. 4: 
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Eq. 4 

 

The 3n-1 variable parameters in the fit were xi (mole fraction), ri (center distance), 

and i (standard deviation), where the full width at half maximum is given by 

2ln2 iiw  .  The number of components n in the best fit was defined as the one for 

which n + 1 produced no further improvement, as defined by the residual plot and the 

residual sum of squares.  The distribution function (Eq. 4) was convoluted with the Pake 

pattern [163] to simulate the weighted sum of the dipolar broadening function over the 

distance distribution [164], and this was used to simulate the EPR data, essentially as 
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described previously for CW EPR [165, 166] and for DEER [167].  CW EPR spectra 

were fitted using a Monte Carlo search procedure with laboratory-developed software 

(WACY, Edmund Howard).  DEER background correction, distance determination by 

Tikhonov regularization, and fits based on Gaussian distance distributions were 

performed using methods provided in the software DEERAnalysis2006.1 [167].  

Distances extracted by Tikhonov regularization were consistent with fits based on 

Gaussian distance distributions.  We report the results based on Gaussian distance 

distributions because they are more useful for discussing models based on discrete 

conformational states that are common to different biochemical states.   

 

3.4 Results 

Methionines in Dictyostelium (Dicty) myosin II subfragment 1 (S1) - A version of 

Dicty myosin II truncated to contain only the myosin motor domain and devoid of 

reactive cysteines (“S1dC Cys-lite”[84]) was used as a model system to examine the 

functional and structural consequences of myosin methionine oxidation.  Using Dicty 

myosin as such a model is justified by its high level of structural and functional 

homology with muscle myosin catalytic domain [168, 169]. Dicty myosin contains nine 

methionines, four of which are strictly conserved among class II myosins: Met 91 in the 

25 kDa domain, Met 166 on a loop behind the nucleotide binding pocket, Met 486 at the 

bend in the relay helix, and Met 642 in the lower 50 kDa domain (FIGURE 15A).  Met 

394, located at the C-terminus of an -helix that transitions into the cardiomyopathy loop 

in the actin-binding interface, is Cys in cardiac and skeletal myosin and Leu in smooth 
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muscle myosin.  Met 91, Met 166 and Met 331 are expected to be mostly inaccessible to 

solvent based on the crystal structure shown in FIGURE 15.   

Functional sensitivity of Dicty myosin II to global methionine oxidation - The 

physical properties and biochemical activity of Dicty myosin II containing all native 

methionines and a single spin-labeled (therefore, non-reactive) cysteine were 

characterized as a function of oxidation by hydrogen peroxide (used as an oxidative 

agent). Our goal was to produce a sample in which there is substantial functional 
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FIGURE 15. Location of native methionines in Dictyostelium myosin II (1FMV).  A, 
Lower 50 kDa domain (blue); upper 50 kDa domain (green), relay helix (red); nucleotide 
binding pocket (orange); methionines (yellow spheres). Conserved Met residues are 
shown bold. B, Accessible surface area calculated from the crystal structure 1FMV and 
reported as a ratio of accessible side-chain surface area to the value calculated for a 
random coil [170]. VMD (Visual Molecular Dynamics) was used to create renderings of 
molecular structures [171]. 
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perturbation and the accessible methionines were oxidized completely in a brief (30 min) 

peroxide treatment, producing a homogeneous sample for functional and structural 

analysis. In an initial series of experiments, the concentration of hydrogen peroxide was 

varied to achieve this goal as evaluated by mass spectrometry (FIGURE 16, FIGURE 

17). It is clear from these data that peroxide concentration on the order of 500 mM is 

optimal. The change in myosin molecular weight upon treatment of wild-type myosin 

with 500 mM hydrogen peroxide is 46 Da, equivalent to the addition of 2.9 oxygens 

(FIGURE 16A), suggesting that at least three methionines are susceptible to oxidation. 

The mass spectrum for peroxide-treated Dicty myosin II is substantially broadened 

relative to the untreated myosin, indicating the presence of multiple unresolved oxidized 

states.  Treatment with hydrogen peroxide induces a substantial decrease in both the 

maximum Mg2+ actin-activated ATPase rate in the presence of saturating actin (Vmax) and 

the actin concentration required for half-maximal activation (KATPase) (FIGURE 16B), 

consistent with the decline in actomyosin function observed previously for biologically 

aged or peroxide-treated skeletal myosin [58, 66].  The Mg2+ ATPase activity decreases 

exponentially with increasing peroxide concentration and is more pronounced in the 

presence of 10 M F-actin than under basal conditions (0 M F-actin) (FIGURE 16C), 

indicating that actomyosin interaction is altered with oxidation.  High salt Ca2+/K+ 

myosin ATPase, a non-physiological measure of myosin ATP hydrolysis rate in the 

absence of actin, also decreases exponentially with increasing peroxide concentration 

(FIGURE 16D).   
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Functional sensitivity of Dicty myosin II to site-specific methionine oxidation - In 

order to determine the consequences of methionine oxidation site-specifically, we made 

methionine substitutions in a Dicty myosin II construct devoid of native reactive 

cysteines.  All constructs used for functional measurements contained the T688C 

mutation in order to introduce a cysteine labeling site for spectroscopy experiments; spin-

labeling was carried out prior to peroxide treatment under conditions that assured 
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FIGURE 16. Functional Sensitivity of Dicty myosin II to global methionine 
oxidation. A, ESI-MS of intact Dicty myosin. Deconvoluted mass spectra (normalized to 
maximum intensity) for 0 mM (black) and 500 mM (gray) peroxide. Peak full width at 
half maximum is 30 Da for 0 mM and 67 Da for 500 mM. B, Functional assays for the 
same samples.  For 0 mM peroxide, Vmax= 2.3  0.5 and KATPase = 16 7.  For 500 mM 
peroxide, Vmax= 0.65  0.04 and KATPase = 3.0 0.8. C. Peroxide dependence of actin-
activated ATPase activity in the presence of 10 M actin (●) and no actin (▲). D. High 
salt myosin ATPase activity. 
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complete labeling.  Leucine was used to substitute for methionine at sites we desired to 

protect from oxidation (mutants are described in FIGURE 17C).  Leucine is typically 

considered the most conservative substitute for methionine, and has been shown to 

produce substantially less structural perturbation than methionine oxidation [76, 172].  Of 

the M to L mutants tested, only L6 had slightly compromised actin-activated ATPase 

activity before oxidation (FIGURE 17A).  Attempts to express mutants with M to L 

mutations at 486 and 642 were unsuccessful, possibly because these mutations produce 

myosins that are unstable or interfere with Dictyostelium function.   
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FIGURE 17. Functional sensitivity of Dicty myosin II to site-specific methionine 
oxidation. A, ESI-MS of intact Dicty myosin. Change in mass with increasing peroxide 
concentration is reported with respect to the unoxidized, spin-labeled sample. B, Mg2+ 
actin-activated myosin ATPase for 10 M F-actin for wildtype (WT) myosin (T688C 
spin-labeled) and M-to-L mutants. C. M-to-L mutants are as listed.  
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Substituting leucine for methionine at all positions except M468 and M642 (L7) 

protects myosin from the functional decline induced by peroxide-treatment (FIGURE 17 

L7).  This suggests neither of these two conserved methionines M486, nor M642, are 

responsible for oxidation-induced functional decline in myosin.  In fact, when M394 is 

re-introduced (L6), functional sensitivity to oxidation is restored (FIGURE 17 L6), 

indicating that M394 is a functionally sensitive target of oxidation.  It is quite surprising 

that none of the conserved myosin methionines (M91, M166, M486, M642) were 

functionally sensitive to oxidation.  Of the non-conserved methionines, M394 was a 

strong candidate for the site of oxidatively sensitive function because of its proximity to 

the cardiomyopathy loop in the actin-binding interface.  The M394L point mutation is 

sufficient to rescue the oxidation-induced functional decline in myosin (FIGURE 17 

L_Cleft).   

The decline in myosin actin-activation parallels an increase in myosin molecular 

weight (FIGURE 17).  The mass spectrum of unoxidized myosin appears as a broad peak 

with full width at half maximum equal to 30 Da (FIGURE 16A), consistent with width 

predicted for the isotopic envelope of a 89 K protein [173].  Full resolution of singly 

oxidized states is not possible because of the intrinsic peak broadening due to myosin’s 

isotopic envelope.  For 500 mM peroxide, myosin containing native Met, the peak 

maximum increases 46 Da, indicating that, on average, each myosin has an additional 2.9 

oxygens (peak width), suggesting at least three of myosin’s nine methionines are 

susceptible to oxidation, but possibly more.  The shift in mass is slightly less when 

leucine replaced methionine at 394 (L_Cleft); each myosin has an additional 2.4 oxygens 

after full oxidation, indicating that M394 is at least partially susceptible to oxidation.  The 
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mass of L7 shifts 34 Da, suggesting that the two remaining methionines (M486 and 

M642) are both highly susceptible to oxidation.  The mass of L6 shifts, on average, 30 Da 

indicating that on average only two of the three methionines present (M394, M486 and 

M642) are oxidized.  The increase in average mass should therefore be interpreted with 

the understanding that peroxide-treatment results in a distribution of oxidized states.  We 

cannot rule out the possibility that some methionines are oxidized before they are treated, 

nor can we rule out the unlikely possibility of oxidation of residues other than 

methionines. 

Structural consequences of methionine oxidation in Dicty myosin II - Circular 

dichroism (CD) spectroscopy and site-directed spin labeling in combination with electron 

paramagnetic resonance (EPR) were used to examine myosin’s structural sensitivity to 

401
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688

 

FIGURE 18. Location of Dicty myosin II spin-labeling sites. Myosin domains colored 
as in FIGURE 15. 
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methionine oxidation.  Global effects on myosin secondary structure and structural 

stability were examined using far-UV CD and thermal denaturation.  EPR experiments 

focused on regions that undergo conformational changes related to myosin ATPase 

activity and actomyosin interaction using previously characterized labeling sites in the 

actin-binding interface, actin-binding cleft and force-generating region of myosin 

(FIGURE 18) [84, 90]. 

Secondary structure and thermal stability of native and oxidatively modified Dicty 

myosin II - CD spectroscopy was used to assess changes in myosin secondary structure as 

a result of oxidative modification.  No spectral differences were detected in the far-UV 
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FIGURE 19. CD spectroscopy and thermal denaturation of peroxide-treated Dicty 
myosin containing native Met.  A, Far UV spectra of myosin with no spin-label (black) 
and treatment with 0 (blue), 100 (green), 200 (purple), 350 (magenta), and 500 (red) mM 
H2O2, respectively. B, Ratio of molar ellipticity at 222 nm and 208 nm as a function of 
[H2O2].  C, Thermal denaturation curves of myosin. Samples same as part A. D, 
Transition midpoints derived from thermal denaturation curves as a function of [H2O2]. 
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range (200-260 nm) at any peroxide concentration, suggesting that oxidation does not 

affect the relative amounts of  helix,  sheet, and random coil (FIGURE 19A).  Thermal 

denuration was monitored at 222 nm by CD spectroscopy.  All myosins exhibited similar 

transition midpoints (Tm) of ~41°C (FIGURE 19D), consistent with reported values for 

myosin motor domains [174].  All samples exhibited highly cooperative unfolding, 

demonstrated by the sharpness of the unfolding transition, indicating that each myosin 

forms a well-folded structure (FIGURE 19C). 

Oxidation-induced changes in myosin’s actin-binding cleft - Labeling sites within 

the myosin actin-binding cleft and the actomyosin interface were used to probe the 

structural dynamics of myosin alone and in complex with actin.  F270C is located in the 

corner of the actin binding cleft, near switch I of the nucleotide binding site (FIGURE 

18).  When F270C is labeled with maleimide spin label (MSL), the spin label motion, 

characterized by a rotational correlation time and cone angle of allowed motion, is 

sensitive to actin-binding. In the apo and strongly actin-bound biochemical states, two 

motional components whose relative populations shift in response to actin binding are 

resolved (FIGURE 20).  Global fitting of spectra reveals that the faster component 

(FIGURE 20, innermost arrow) moves isotropically with a rotational correlation time of 

3.7 x 10-9 s-1.  The slower component (FIGURE 20, outermost arrow) has a rotational 

correlation time of 7.9 x 10-9 s-1 and is restricted to a cone angle of 40°.  In the apo state, 

the faster component dominates the spectrum with a mole fraction (xfast) equal to 0.9 and 

when myosin is strongly bound to actin, the slow component dominates (xfast = 0.4).  

Oxidation with 500 mM peroxide shifts the equilibrium toward the slower component for 



 

 62 

both the actomyosin complex (xfast = 0.2) and to a lesser extent, for apo myosin (xfast = 

0.8).   

Distances across the actin-binding cleft from N537C on the lower 50 kDa domain 

to G401C in the upper 50 kDa domain were measured by double electron-electron 

resonance (DEER) after spin labeling both sites with IPSL spin label.  DEER is a pulsed 

EPR technique well-suited for measuring distances in the 2-6 nm range [167].  N537C 

and G401C are located within the actomyosin interface (FIGURE 18) and are sensitive to 

conformational changes in the actin-binding cleft at key points in force generation.  
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FIGURE 20. Effect of oxidation on structural dynamics of actin-binding cleft. CW 
EPR spectra for MSL-F270C in the apo (A) and strongly actin-bound (B) states. 
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Notably, the actin-binding cleft populates two distinct conformations when strongly 

bound to actin, the shorter distance corresponding to an ‘open’ cleft and longer distance 

corresponding to a ‘closed’ cleft [84]. 

While the effects of methionine oxidation are subtle in the apo DEER decay, they 

are pronounced in the decay for the strongly actin-bound complex (FIGURE 21).  By 

visual inspection, the decay for the oxidized actomyosin sample (red) is initially more 

rapid than for the unoxidized sample (black) (FIGURE 21A); this indicates a shift toward  
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FIGURE 21. Effect of oxidation on structural dynamics of actin-binding cleft near 
the actomyosin interface. DEER decay (A) and distance and distribution (B) for spin 
labels at G401C and N537C in the apo and strongly actin-bound states.  
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TABLE 1  Summary of DEER-derived distance distributions for IPSL-537 and 401. 

DEER Sample x1 r1 w1 x2 r2 w2 

537/401 apo, (-) H2O2 0.781 
2.13 1.72 0.219 4.02 2.03 

537/401 apo, (+)H2O2 0.815 
2.20 1.20 0.186 2.96 2.30 

537/401 actin-bound, (-)H2O2 0.396 
1.84 2.01 0.604 3.81 1.21 

537/401 actin-bound, (+)H2O2 0.545 
2.34 1.58 0.455 3.77 1.04 

Simulated spectra were fit to experimental spectra as described in Experimental Procedures.  Fitting 
parameters for i=1, 2, or 3 Gaussian distance distributions are defined as follows: ri is the center 
distance in nm, wi is the full width half-maximum in nm, and xi is the mole fraction.  Uncertainties were 
estimated from SD of repeated experiments (n = 3-5).  For distances 1.6 to 3.0 nm, fractional 
uncertainties in r and w were approximately 12%. 

 

shorter distances.  The resulting distance distributions show how oxidation enhanced the  

stability of the conformation that corresponds to the shorter distance from 40% to 55% 

(TABLE 1).  The DEER decay for the oxidized sample had slightly more distinct 

oscillations, indicating more narrow distance distributions.  Oxidation restricted small 

scale conformational sampling in both the open and closed cleft conformations, and 

significantly stabilized the open cleft conformation. 

No oxidation-induced changes in myosin dynamics in the force-generating region 

- Spin label mobility was measured at the T688C site in the myosin SH1 helix, a well-

characterized labeling site that is sensitive to nucleotide binding and hydrolysis [90].  

Oxidation does not alter spin label mobility for any biochemical states tested, including 

the strongly actin-bound state (FIGURE 22).  
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3.5 Discussion 

Functional consequences of methionine oxidation in myosin - Oxidation of Dicty 

myosin containing all nine native methionines is associated with a decrease in myosin 

ATPase, and a decline in actomyosin interaction (FIGURE 16B, C, D).  At least three of 

myosin’s nine methionines are susceptible to oxidation under the conditions tested 

(FIGURE 16A). Methionine to leucine substitutions, in combination with oxidation, 

made it possible to determine which sites are functionally sensitive to oxidation.  Leucine 

substitutions, even at seven of the nine myosin methionines, caused only slight functional 
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FIGURE 22. Effect of oxidation on structural dynamics of SH1 helix. CW-EPR 
spectra for peroxide treated (500 mM, red) and untreated (black) Dicty myosin II spin-
labeled with IASL at positionsT688C (SH1 helix).  
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change in myosin, a result consistent with what other groups have reported for Leu to 

Met substitutions [76].  We identified at least three myosin methionines that are at least 

partially susceptible to oxidation by peroxide: M486, M642 and M394.  The M394L 

point mutation is sufficient to prevent oxidation-induced functional decline in myosin 

ATPase activity and actomyosin interaction (FIGURE 17). 

Prochniewicz et al. found that peroxide treatment of permeabilized muscle fibers 

is associated with myosin methionine oxidation and a decline in actomyosin interaction 

[66].  We find that M394 in Dicty myosin II, equivalent to C402 in skeletal myosin, is 

most functionally sensitive to oxidation.  Cysteine oxidation was not detected in myosin 

purified from peroxide-treated muscle fibers, but was detected in myosin purified from 

aged rats [55, 58, 66].  At least 9 of 22 methionines in the skeletal myosin catalytic 

domain are susceptible to oxidation (4 of these 9 methionines are oxidized before 

peroxide treatment).  Of the three oxidizable methionines in S1dC (M394, M486 and 

M642), only M486 corresponds to an oxidizable Met in skeletal myosin (M496).  M486 

is located at the bend in the relay helix, a major path of communication between the 

nucleotide-binding site and the force-generating domain.  Although we did not detect 

oxidation-induced structural changes at the nearby SH1 helix, a detailed examination of 

relay helix dynamics structural is warranted.   

Skeletal myosin contains nearly double the number of methionines as Dicty 

myosin S1, so it is likely that some of the peroxide-induced loss of function in skeletal 

myosin [66] is due to methionines that are not present in S1dC.  A next step might 

include introducing novel methionines into Dicty myosin at locations equivalent to 
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skeletal myosin to determine the functional and structural impact of methionines that are 

unique to skeletal myosin.  

Cysteine 400 in cardiac myosin, equivalent to M394 in Dicty myosin, is one of at 

least two cysteines in the myosin heavy chain susceptible to glutathionylation and 

associated with a decline in myosin ATPase [56].  Glutathionylation is a reversible 

oxidative modification that could act to modulate actomyosin function during episodes of 

oxidative stress [175, 176].  During episodes of oxidative stress, when the ratio of 

oxidized glutathione (glutathione disulfide) to glutathione is high, susceptible Cys are 

likely to be glutathionylated, while normal cellular conditions promote reduced Cys.  It is 

reasonable to suggest that M394 in Dicty myosin II and C400 in cardiac myosin have 

evolved as redox sensors that act to modulate actomyosin interaction in response to 

oxidative stress.  It remains unknown whether oxidation at M394 is reversible by 

methionine sulfoxide reductase, as reversibility would strengthen the argument that M394 

is a redox sensor. 

Structural consequences of methionine oxidation in myosin - Overall myosin 

secondary structure and thermal stability were unaffected by oxidation (FIGURE 19).  

Changes in myosin structural dynamics due to oxidation were examined for two major 

locations: the actin-binding cleft and the force-generating region (FIGURE 18).  

Spectroscopic methods and spin-labeling sites sensitive to key conformational changes 

have been previously established for these regions [84, 90].  IASL spin label mobility at 

T688C in the SH1 helix in the force-generating domain was insensitive to oxidation in 

every biochemical state tested, including when actin was present (FIGURE 22).  It is 

surprising that no sensitivity toward oxidation is observed for the nearby SH1 helix since 
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we have shown that M486, situated in the bend of the relay helix, is susceptible to 

oxidation.  It remains to be known whether relay helix dynamics are sensitive to 

oxidation.  For the actin-binding cleft, myosin structural dynamics was sensitive to 

oxidation, but mainly in the presence of actin.  Both spin label mobility inside the cleft 

and distances measured across the cleft in the actin-binding interface resolved two 

distinct components that probably correspond to two different structural states (FIGURE 

20, FIGURE 21).  Oxidation shifted the equilibrium between states, indicating that the 

functional effects of oxidation are due not to the stabilization of a new structural state of 

myosin, but through a change in the distribution of existing structural states.  

M394 is located in the actin-binding interface, so it is reasonable to expect that 

oxidation to methionine sulfoxide at this location is responsible for the changes observed 

in cleft structural dynamics observed in the presence of actin.  M394 is the last residue of 

an -helix bordering the cardiomyopathy loop (FIGURE 23).  Although methionine is 

well-suited for helical structure, methionine sulfoxide can destabilize helices [141].  We 

hypothesize that oxidation of M394 destabilizes the end of the helix, effectively 

lengthening the cardiomyopathy loop, altering the interaction of the upper 50 kDa 

domain with actin, and therefore changing the distribution of cleft structural states in the 

presence of actin.  It is likely that it is this change in actomyosin structural dynamics that 

underlies the functional decline in actomyosin interaction observed with peroxide 

treatment. 
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3.6 Conclusion 

Site-directed mutagenesis was used to control Met and Cys susceptibility to 

oxidation by peroxide in order to determine the functional and structural impact of site-

specific Met oxidation in myosin.  At least three Mets, including two conserved (M486 

and M642) and one nonconserved (M394), are susceptible to oxidation.  Oxidation is 

associated with a steep decline in myosin ATPase and actin-activation; the M394L 

mutation fully blocks this functional sensitivity.  Structural dynamics in the actin-binding 

cleft, both near the nucleotide pocket and in the actomyosin interface, are sensitive to 

oxidation in the presence of actin.  The overall oxidation-induced structural impact 

includes reduced sampling of conformational space and a large redistribution of existing 

structural states of the actin-binding cleft.  While this work on Dicty myosin does not 

Cardiomyopathy 
loop

M394

 

FIGURE 23: Location of M394 (orange) near the cardiomyopathy loop in the myosin 
actin-binding interface. 
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provide direct insight into oxidative modifications in muscle, it contributes broadly to our 

understanding of how myosin senses and responds to oxidative stress.  Knowledge of the 

functional and structural impact of site-specific methionine oxidation will be an 

important factor in the development of targeted therapies for degenerative muscle 

diseases. 
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Chapter 4: Redox Sensitive residues in the Myosin II 

Actin-Binding Interface 

 

4.1 Chapter Summary 

We have examined the reversibility of oxidative modification in Dictyostelium 

discoideum (Dicty) myosin II. Regulation by oxidation-reduction reactions, termed redox 

regulation, has emerged as a crucial modulator of protein function. We have previously 

identified a single methionine residue in Dicty myosin II that is sensitive to oxidation and 

effects function, M394, near the myosin cardiomyopathy loop in the actin-binding 

interface [113]. We now show that oxidation of this Met is reversible by the antioxidant 

enzyme methionine sulfoxide reductase (Msr), restoring actin-activated ATPase activity 

and actomyosin interaction. Sequence alignment reveals that M394 of Dicty myosin II is 

a cysteine residue in all human isoforms of skeletal and cardiac myosin. Using Dicty 

myosin II as a model for site-specific redox sensitivity of this Cys residue, the M394C 

mutant can be oxidatively modified in vitro. Glutathionylation at this site causes a 

decrease in actin-activated ATPase activity and actin-binding affinity, similar to the 

effects observed for methionine oxidation in Dicty myosin suggesting a defect in the 

weak-to-strong transition of the actomyosin complex crucial for force production. This 

work illustrates the ability of myosin to function as a muscle redox sensor, potentially 

modulating contractile activity through a redox dependent mechanism in response to 

oxidative stress. 



 

 72 

4.2 Introduction 

Under healthy conditions molecules within cells must sensitively detect and 

respond to cellular redox state to maintain homeostasis. Reactive oxygen species (ROS) 

are a family of oxygen-derived molecules that are highly reactive causing protein or 

DNA damage or activating signal transduction pathways that are essential in disease 

initiation or progression [78]. Many physiological and pathological conditions are 

associated with the accumulation of ROS. ROS are countered by an elaborate system of 

antioxidant enzymes and molecules [63]. An imbalance in the amount of ROS and 

combating antioxidants is generally termed oxidative stress. The most sensitive and 

selective targets of ROS and antioxidants in the cell are the sulfur containing amino 

acids, methionine (Met) and cysteine (Cys). 

The rapid rate of sulfur oxidation in combination with its reversibility makes Met 

and Cys ideal candidates for functional redox-switches in proteins. Met residues are 

susceptible redox targets of signaling ROS.  An oxidized methionine, methionine 

sulfoxide (MetO), can be reduced to Met by the thioredoxin-dependent enzyme 

methionine sulfoxide reductase (Msr). The other main redox target of ROS are cysteine 

thiols in proteins, the oxidation of which may result in reversible intra- or intermolecular 

disulfide formation or other thiol modifications. One such modification is 

glutathionylation, which can covalently modify a Cys by attachment of a glutathione 

(GSH) tripeptide. During episodes of oxidative stress, when the ratio of oxidized 

glutathione (glutathione disulfide) to glutathione is high, susceptible Cys are 

glutathionylated. 
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Several proteins have been identified that use sulfhydryl-based redox switches to 

control their activity, with either potentiation or inhibition of function. Oxidation of a 

specific Met residue in the regulatory domain of Calmodulin kinase II (CaMKII) directly 

activates its activity, even in the absence of its normal activators [77]. Filamentous actin 

assembly has been shown to be under direct redox regulation [177]. Oxidation of one Met 

residue in the D-loop of actin decreases polymerization and severs the actin filament, 

causing cytoskeleton collapse. Two different protein kinases, PKGIa and PKA, are under 

direct regulation by oxidation [178]. Each is activated by forming an intersubunit 

disulfide bond between adjacent side chains to form a homodimer complex, activating the 

kinase activity in the absence of its normal activator molecules. The activities of protein 

kinase C and cAMP-dependent protein kinase are inhibited by glutathionylation of one 

surface exposed cysteine residue [179, 180].  

Reversible oxidative modifications are emerging as novel regulatory mechanisms 

to combat oxidative stress in muscle [68, 139, 141, 142, 152]. The body wall muscle cells 

of a C. elegans MsrA knockout show sarcomeric disorganization [71], a characteristic 

previously described as a sign of aging in worms [73]. In addition, this worm mutant 

shows increased presence of protein MetO, locomotion defects, and decreased lifespan 

providing a link between oxidative damage/repair of Met and muscle tissue aging [71]. 

Numerous muscle proteins of the contractile apparatus have been identified as targets of 

protein oxidation and glutathionylation including both myosin and actin [55, 56, 66, 67, 

176]. However, the identification of specific redox sites within contractile proteins and 

associated site-specific functional perturbations is limited. 



 

 74 

We have previously identified that site-specific methionine oxidation in the Dicty 

myosin II catalytic domain causes a functional decline in actomyosin interaction. The 

decline is associated with changes in myosin internal dynamics and structure, specifically 

in the actin-binding cleft [113]. Of the nine Met residues located in the Dicty myosin II 

catalytic domain, at least three are susceptible to in vitro hydrogen peroxide induced 

oxidation; M394, M486 and M642.  However, oxidation of M394 alone appears to be 

responsible for the decline in myosin ATPase and actin-activation [113]. The functional 

importance of this residue is not surprising based on its location in the actin-binding 

interface of myosin, directly N-terminal to the cardiomyopathy loop. Site-directed 

mutagenesis was used to control methionine and cysteine residue susceptibility to 

oxidation in order to determine redox sensitive residues in Dicty myosin II. The hydrogen 

peroxide-induced methionine sulfoxide at residue 394 can be reduced to methionine by 

Msr, rescuing the defect in actomyosin functional interaction. Mutation of M394 to a 

cysteine, to model potential effects of oxidative modification at this residue in human 

myosin heavy chain (MHC), reveals that a cysteine at this location is also redox sensitive 

in that it can be glutathionylated. These results indicate that myosin is an oxidatively 

labile protein whose level of activity may be regulated by the redox status of selective 

sulfhydryl groups. 

 

4.3 Methods 

Protein Preparations - Mutagenesis of Dicty myosin II gene truncated at residue 

762 (S1dC), containing only a single (non-reactive) cysteine at position 655, was done 
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using QuikChange II XL Site-directed mutagenesis kit (Invitrogen). All constructs used 

for functional measurements contain a T688C mutation (needed for sufficient protein 

expression in D. discoideum) which is spin-labeled with IASL [4-(2-Iodoacetamido)-

2,2,6,6-tetramethyl-1-piperidinyloxy] (Sigma-Aldrich, USA) to protect from oxidative 

modification, except the M394C mutant. These proteins were expressed and purified 

from Dictyostelium orf+ cells. F-actin was prepared from rabbit skeletal muscle as 

previously described [104, 181]. Human methionine sulfoxide reductase A protein was 

obtained from AbcamBiochemicals (Cambridge, England). 

Oxidation and Glutathionylation of Myosin - In vitro oxidative modification of 

Met residues in myosin was accomplished by treatment with 500 mM hydrogen peroxide 

(purchased as a stabilized 30% solution from Sigma-Aldrich) for 30 minutes on ice. 

Glutathionylation of the M394C mutant myosin was accomplished by treatment with 10 

mM GSH plus 10 mM diamide for 1 hour on ice, unless otherwise noted.  Hydrogen 

peroxide, GSH, and diamide were removed by buffer exchange using two sequential 

Zeba desalting columns (Thermo Fisher Scientific, Rockford, Illinois).   

Electrospray ionization mass spectrometry (ESI-MS) - Myosin samples for mass 

spectrometry were prepared as previously described [113]. Briefly, myosin was 

exchanged into 10 mM NH4HCO3 (pH 7.9) using two sequential 0.5 mL Zeba desalting 

columns, diluted 1:10 into a solution containing 50:50 acetonitrile:water and 0.1% formic 

acid, pH to 3 with additional formic acid (10%).  Myosin mass was determined using a 

QSTAR quadrupole-TOF mass spectrometer (ABI) with an electrospray ionization 

source.  20 μM myosin was introduced into the solvent stream using a 10 µL injection 

loop installed in the integrated loop injector with a total of five injections per sample. 
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Data were acquired continuously over the range 500 – 2000 m/z. ESI spectra were 

analyzed with BioAnalyst QS (ABI) software v 1.1.5. 

Enzymatic Assays - To investigate the repair of MetO in myosin by MsrA, 20 µM 

myosin was incubated for varying times at 25ºC with 4 µM Msr A in 10 mM Tris (pH 

7.5) and 1 mM DTT. Actin-activated ATPase activity was measured by detection of ADP 

generated by the NADH-coupled ATPase assay [102] using 1 M S1dC, 2 mM ATP, and 

increasing concentrations of phalloidin-stabilized F-actin in 10 mM Tris, 2 mM MgCl2 

(pH 7.5). 

Actomyosin Binding Affinities - The equilibrium binding of actin and myosin was 

measured by cosedimentation. In cosedimentation assays, varying concentrations of actin 

were mixed with 1 M S1dC in F-buffer followed by centrifugation at 340,000 x g using 

a TLA100 rotor (Beckman Coulter) at 25o C, to pellet the actomyosin complex. 

Supernatant and pellet samples were each run on 12% Tris-glycine SDS-PAGE gels that 

were stained with Coomassie G (Sigma-Aldrich, St. Louis, MO); and band intensity was 

analyzed by densitometry using Image J [100]. The equilibrium constant for dissociation 

of S1dC from actin (Kd) was determined by fitting with a quadratic binding function with 

maximal fraction bound constrained to 1. 

 

4.4 Results 

A version of Dicty myosin II truncated to contain only the myosin catalytic 

domain and devoid of reactive cysteines is used as a model system to examine the 

functional consequences of reversible oxidative modifications in myosin.  Using Dicty 
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myosin as such a model is justified by its high level of structural and functional 

homology with muscle myosin catalytic domain [168, 169]. The Dicty myosin catalytic 

domain contains nine methionines, three of which are susceptible to in vitro oxidative 

modification [113]. Oxidation of Met 394, which is located at the C-terminus of an alpha-

helix that transitions into the cardiomyopathy loop in the actin-binding interface 

(FIGURE 24A), appears to be responsible for the functional and structural perturbations 

observed with in vitro oxidation. M394 is conserved as a sulfur-containing amino acid 

side chain, as it is a cysteine residue in all isoforms of human cardiac and skeletal myosin 

(FIGURE 24B).  

Reversibility of oxidation at Met 394 by Methionine Sulfoxide Reductase - To 

identify the ability of methionine sulfoxide reductase (Msr) to repair individual 

methionine sulfoxides (MetO) in the myosin catalytic domain, we have used in vitro 

conditions to generate a homogeneous population of oxidatively modified myosin in 

A

CM loop

M394
B

Dd II VNPSVLEKALMEPRILAGR
Hs Peri LNSADLLKALCYPRVKVGN
Hs FSkE LNSSDLLKALCFPRVKVGN
Hs FSk IIa LNSADLLKALCYPRVKVGN
Hs FSk IIb LNSADLLKSLCYPRVKVGN
Hs CaA LNSADLLKGLCHPRVKVGN
Hs CaB LNSADLLKGLCHPRVKVGN

 

FIGURE 24. A, Location of M394 (blue) N-terminal to the cardiomyopathy (CM) loop 
(red) in the myosin actin-binding interface. Upper 50 kDa domain of myosin catalytic 
domain shown in gray, lower 50 kDa domain whon in green. B, Sequence alignment of 
Dictyostelium discoideum (Dd) myosin II M394 residue with Homo sapien (Hs) skeletal 
and cardiac muscle myosin II isoforms (Peri=perinatal, FSkE=fast skeletal embryonic, 
FSk=fast skeletal, and Ca=cardiac) . 
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which three of nine Mets are oxidized to their corresponding MetO. Prior to oxidative 

modification, the Dicty myosin II catalytic domain exhibits one major peak with a 

molecular mass of 88930.0 (FIGURE 25A, corresponding to native S1dC expressed in D. 

discoideum. The conditions used for in vitro oxidative modification of myosin result in an 

increase in mass of 49 Da, corresponding to the addition of three oxygens (FIGURE 25A) 

as we have previously shown [113]. Upon treatment of this oxidized myosin with MsrA, 

the molecular mass of S1dC decreases by 16 Da, suggesting the reversal of one MetO 

back to Met (FIGURE 25A). Treatment of native (unoxidized) S1dC with MsrA shows 

no shift in molecular mass (FIGURE 25A). No additional MetO repair is observed 

following incubation of myosin with MsrA for longer periods of time.  
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FIGURE 25. Mass spec illustrating reversal of methionine oxidation in Dicty myosin 
II by methionine sulfoxide reductase. A, ESI-MS of intact Dicty myosin. Deconvoluted 
mass spectra (normalized to maximum intensity) for 0 mM (black) then treated with 
MsrA (blue) and 500 mM H2O2 (red) treated with MsrA (magenta). B, Number of MetO 
calculated from ESI-MS mass shifts for sample in A (T688C S1dC) and M394L mutant. 
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To determine if M394 was the MetO reversed to Met by Msr, leucine was used to 

substitute for methionine at M394 to protect from oxidation. Leucine is typically 

considered the most conservative substitute for methionine, and has been shown to 

produce substantially less structural perturbation than methionine oxidation [76, 172].  

Oxidation of the M394L mutant with H2O2 caused a shift of 32 Da, corresponding to the 

formation of two MetOs (FIGURE 25B). Treatment of oxidized M394L with MsrA 

produced a myosin with the same mass of H2O2-treated M394L, suggesting the oxidation 

of M486 and M642 are not reversible. These results, combined with the results of 

methionine sulfoxide reversal on globally oxidized Dicty myosin II, suggest M394 is the 

only Met that after oxidation to MetO, can be reduced back to Met by Msr. 

Reduction of methionine sulfoxide in myosin rescues actin-activated ATPase 

activity - We have previously shown that treatment of S1dC with 500 mM hydrogen 
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FIGURE 26. Recovery of myosin II actin-activated ATPase activity at saturating actin 
(50 uM) upon repair of methionine sulfoxides with MsrA. S1dC was oxidized with 500 
mM H2O2 on ice for 30 minutes. Oxidized S1dC was then treated with either 4 uM 
MsrA+ 1 mM DDT or 1 mM DTT alone for 30 minutes at 25˚C (n=3). 
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peroxide induces a 2-fold decrease in maximum actin-activated ATPase rate (Vmax) in the 

presence of saturating actin [113]. This same decrease in activity is observed (FIGURE 

26). Treatment of S1dC with MsrA completely rescues the oxidation-induced decrease in 

actin-activated ATPase activity (FIGURE 26). Treatment with DTT alone did not rescue 

the oxidation induced defect in actin-activated ATPase activity (FIGURE 26).  

Cysteine at M394 can be glutathionylated - To determine the ability of a cysteine 

at position 394 in S1dC to be glutathionylated in vitro, we again have used ESI-MS to 

measure the molecular mass of myosin. Prior to modification, the M394C mutant S1dC 

exhibits one major peak with a molecular mass of 88695.0 (FIGURE 27). Note the 

difference from the molecular mass in FIGURE 25A due to the absence of spin-label.  

Treatment with GSH and diamide produced a shift in molecular mass of ~305 Da, 

corresponding to the addition of 1 glutathione (FIGURE 27).  
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FIGURE 27. Mass spec illustrating modification of Dicty myosin II mutant M394C 
(black) by treatment with 10 mM GSH and diamide (red). 
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Glutathionylation of M394C S1dC effects actomyosin functional interaction - To 

determine the functional effects of oxidative modification of a cysteine residue at position 

394 of S1dC, actin-activated ATPase activity was assessed in the presence of various 

oxidizing and reducing agents, including H2O2, DTT, glutathione, and diamide. 

Treatment of M394C S1dC with 500 mM H2O2 causes a modest decrease in actin-
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FIGURE 28. Actomyosin functional interaction with glutathionylation. A, ATPase 
activity of M394C in the presence of 50 uM actin upon modification by various oxidizing 
and reducing agents (n=3). B, ATPase activity of M394C S1dC in the presence of 50 uM 
actin after treatment with increasing concentrations of GSH. C, ATPase activity of 
untreated M394C (black) and M394C treated with 10 mM GSH plus diamide (red). D, 
Fraction of M394C myosin S1dC bound to actin from cosedimentation. Data were fit by 
the quadratic binding function y={([M]t + [A]t + Kd) - (([M]t + [A]t + Kd)

2 – 
4[M]t[A]t))

1/2/2[A]t} where M=[myosin] and A=[actin], yielding Kd values of 2.9 ± 1.2 
M for untreated M394C (black) and 13.0 ± 4.2 M for M394C S1dC treated with 10 
mM GSH (red).  
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activated ATPase under saturating actin conditions (FIGURE 28A). Glutathionylation of 

myosin with glutathione plus diamide produces a nearly 5-fold decrease in actin-activated 

ATPase activity and an increase in the concentration of actin needed for half maximal 

activation (FIGURE 28A,B,C). Untreated M394C has a Vmax of 7.0 ± 1.1 s-1 and a KATPase 

of 41.0 ± 11.8 µM while glutathionylated M394C has a Vmax of 1.3 ± 0.3 s-1 and a KATPase 

of 52.7 ± 17.5 µM (FIGURE 28C).  Treatment of M394C with DTT or diamide alone 

produces no change in ATPase activity from untreated (FIGURE 28A).  

Cosedimentation of myosin with actin in the absence of nucleotide (i.e., in rigor) 

shows that glutathionylation effects the ability of myosin to strongly bind actin. The Kd 

for untreated M394C S1dC is 2.9 ± 1.2 M, with glutathionylation yielding a Kd value of 

about 13.0 ± 4.2 M (FIGURE 28D). 

 

4.5 Discussion and Future Direction 

We have previously identified at least three Dicty myosin II methionines that are 

at least partially susceptible to oxidation by peroxide: M486, M642 and M394, with 

M394 being responsible for the oxidation-induced functional decline in myosin actin-

activated ATPase activity and actomyosin interaction [113]. We now show that the 

oxidation of M394 is reversible by Msr and that the reduction of this MetO completely 

rescues the decline in ATPase activity. Mutation of this residue to a Cys, mimicking the 

residue present in all human isoforms of skeletal and cardiac myosin, shows that the Cys 

can also be oxidatively modified by glutathione decreasing actomyosin functional 

interaction. 
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Methionine sulfoxide reductase most readily reverses oxidized methionines that 

are solvent-exposed and located in regions of proteins composed of predominantly 

random-coil. It is therefore not surprising that only oxidation of M394, but not M486 and 

M642, is reversible. M394 is predicted to be solvent exposed when myosin is not bound 

to actin, and exists at the extreme end of an alpha-helix, transitioning into a random coil 

of the CM-loop (FIGURE 24A). As oxidation of methionine residues can cause helical 

destabilization, the hypothesis remains that oxidation of M394 destabilizes the adjacent 

helix, changing the structural dynamics of the entire CM-loop and hence interaction with 

actin. Although both M486 and M642 are also predicted to be solvent exposed (FIGURE 

15), they exist in highly structured regions of S1dC, in the force-generating domain. 

Glutathionylation is a reversible oxidative modification that plays a key role in 

redox regulation of proteins and signal transduction. In cardiac myosin, three Cys within 

the myosin heavy chain are susceptible to glutathionylation and associated with a decline 

in myosin ATPase activity at high levels of GSSG [56]. Two of these Cys residues, Cys 

400 and Cys 695, are located within the myosin catalytic domain. Cys400 is equivalent to 

M394 in Dicty myosin, located in the actin-binding cleft adjacent to the CM-loop, while 

Cys695 is the reactive cysteine SH2 in the force-generating domain of myosin. The 

M394C S1dC mutant can be modified by glutathione in vitro. This modification causes a 

decrease in actin-activated ATPase activity and actomyosin interaction (FIGURE 28). 

Although unclear at this point, glutathionylation may have a dual role in protecting 

myosin against irreversible protein thiol oxidation at Cys residues in crucial subdomains 

of myosin such as the actin-binding cleft and modulating myosin’s function. It is 

plausible that the location and presence of the sulfhydryl containing amino acid side 
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chain at position M394 in Dicty is evolutionarily conserved to allow for redox sensitivity 

that can modulate actomyosin interaction in response to varying situations of oxidative 

stress. 

The glutathionylation of myosin causes a 5-fold decrease in actin-activated 

ATPase activity but it remains unknown if this represents a reversible mechanism for the 

protection of cysteine thiols against irreversible oxidation. The reversibility of this 

modification can be assessed by addition of DTT or glutathioredoxin. In addition, the 

ability of M394C to be oxidized in vitro is unknown. If glutathionylation protects this 

specific Cys residue from irreversible oxidative modification, it should be oxidized to a 

sulfenic acid, or possibly the more highly oxidized sulfinic or sulfonic acid species that 

typically are more disruptive to protein structure and function, by treatment with 

hydrogen peroxide or other oxidative agents.  
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Chapter 5: Characterization of a Myosin VII MyTH/FERM 

domain 

 

Reprinted with permission from: 

Rebecca J. Moen, Daniel O. Johnsrud, David D. Thomas, and Margaret A. Titus. Characterization of a 
Myosin VII MyTH/FERM domain. J Mol Biol. 2011;413(1):17-23. 
 
Copyright © 2011 Elsevier Limited 

 

Contributions of Authors: 
 
Rebecca J. Moen: Assisted with experiment design. Established expression and purification protocol for 
MF1 protein. Performed mass spectrometry and data analysis shown in Figure 29C. Performed 
cosedimentation assays shown in Figures 30 and 31 and circular dichroism and thermal denaturation 
experiments shown in 32B and 32C, respectively and analyzed associated data.  Made all figures and wrote 
the manuscript.   
 
Daniel O. Johnsrud: Expression and purification of MF1 protein. Performed cosedimentation assays shown 
in Figures 30 and 31 and gel filtration experiment shown in Figure 32A and analyzed associated data. 
Edited the manuscript.  
 
David. D. Thomas: Assisted with experiment design and edited figures and manuscript.   
 
Margaret A. Titus: Designed all experiments. Edited all figures and wrote the manuscript.    
 
 

  



 

 86 

5.1 Chapter Summary 
A group of closely related myosins are characterized by the presence of at least 

one MyTH/FERM (myosin talin homology 4; band 4.1, ezrin, radixin, moesin) domain in 

their C-terminal tails.  This domain interacts with a variety of binding partners, and 

mutations in either the MyTH4 or FERM domains of myosin VII and XV result in 

deafness, highlighting the functional importance of each domain.  The N-terminal 

MyTH/FERM region of Dictyostelium myosin VII (M7) has been isolated as a first step 

toward gaining insight into the function of this domain and its interaction with binding 

partners. The M7 MyTH4/FERM domain (MF1) binds to both actin and microtubules in 

vitro, with dissociation constants of 13.76 and 1.71 μM, respectively.  Gel filtration and 

UV spectroscopy reveal that MF1 exists as a monomer in solution and forms a well-

folded, compact conformation with a high degree of secondary structure.  These results 

indicate that MF1 forms an integrated structural domain that serves to couple actin 

filaments and microtubules in specific regions of the cytoskeleton. 

 

5.2 Introduction 

Unconventional myosins have diverse cellular roles that are dictated, in large part, 

by class-specific tail domains that target each motor to specific cargo or subcellular 

locations.  A subgroup of these motors, myosin VII (M7), myosin X (M10) and myosin 

XV (M15), is referred to as MyTH/FERM myosins because of the presence of one or two 

MyTH/FERM domains (myosin talin homology 4; band 4.1, ezrin, radixin, moesin) in 

their C-termini.  The MyTH/FERM myosins are closely related both phylogenetically and 

functionally - for example, all MyTH/FERM myosins are localized to the tips of actin-
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rich projections such as filopodia or stereocilia and play a role in the extension of these 

structures [10, 182-184].  MyTH/FERM domains are also found in other motors and 

proteins with roles in cytoskeletal function, including a plant kinesin and MAX-1 [185, 

186].  While solo FERM domains are found in a large number of proteins, including talin 

and focal adhesion kinase, MyTH4 domains are frequently N-terminal to a FERM 

domain, suggesting a functional integration of the two domains.  The importance of the 

myosin MyTH/FERM domain is highlighted by the finding that mutations in either the 

MyTH4 or FERM domains of M7a and M15a result in deafness in human patients [2-4, 

6].  

The MyTH/FERM domains of M7, M10 and M15 interact with a variety of 

proteins, including both microtubules and actin.  A plant kinesin MyTH4 domain 

cosediments with microtubules [186], and the combined MyTH/FERM domains of 

human and Xenopus M10 interact with microtubules [12, 187].  M10 colocalizes with 

microtubules in the meiotic spindle of Xenopus oocytes, is found at mitotic spindle poles 

in embryos [187, 188] and is required for correct mitotic spindle orientation [188, 189].  

The isolated C-terminal FERM domain of Drosophila M7a binds actin with moderate 

affinity (~30 µM) [190] and the FERM domain of a Tetrahymena MyTH/FERM myosin 

is found in actin immunoprecipitates [191].  The tails of these myosins can thus bind to 

either actin or microtubules, enabling them to slide actin against either microtubules or 

another actin filament or even tether actin or microtubules to actin. 

Detailed characterization of the biophysical and structural properties of the 

MyTH/FERM domain, along with the ability to determine the nature of its interaction 

with partner proteins that serve to anchor or regulate myosin activity, is necessary to fully 



 

 88 

understand MyTH/FERM myosin function, as well as the role of other proteins that have 

this domain. The social amoeba Dictyostelium expresses a class 7 myosin (DdM7) that 

contains two MyTH/FERM domains separated by an SH3 domain [192]. This myosin is 

required for filopod extension and cell-substrate adhesion, roles quite similar to those 

described for M10 [10, 183, 192, 193]. The tail domain of DdM7 interacts specifically 

with another FERM domain protein required for adhesion, talinA, [9] which modulates 

the dynamic membrane association of DdM7 [194]. The contribution of the 

MyTH/FERM domains to DdM7 function is not yet known.  In the present study, the 

ability to readily express protein domains fused to the motor domain of myosin II [195] 

was exploited to purify and characterize the N-terminal MyTH/FERM domain of DdM7 

as a first step toward a more detailed understanding of this combined domain and its 

interaction with both actin and microtubules. 

 

5.3 Methods 

Construction of myosin-fusion plasmid - The region of the Dd M7 gene 

encompassing the N-terminal MyTH/FERM (amino acids 1085-1620) domain was 

amplified from genomic DNA using standard PCR techniques. The 5' oligo included an 

Nhe I restriction site and the 3' oligo included an extension that encoded an 8x His tag 

followed by an Xho I site.  The PCR product was TA cloned using the Strataclone system 

(Stratagene) and the sequence verified (BioMedical Genomics Center).  A modified 

pDXA-mako 4b expression plasmid [195] that encoded the TEV cleavage sequence 

ENLYFQG to optimize cleavage of MF1 from the myosin fusion, pDXA-mako4B-TEV*, 
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was generated by PCR and the Nhe I/Xho I MF1 insert was cloned into this plasmid 

between the NheI and XhoI restriction sites. The resulting plasmid, pDTi225, encoded 

the myosin II motor domain (S1) followed by the TEV cleavage site then the MF1 region 

of Dd M7. 

Cell growth and transformation - Dictyostelium discoideum cells were grown in 

suspension (at 150 rpm) or on bacteriological plastic in HL5 [196].  Plasmid DNA 

encoding the MF1 was electrotransformed into log phase Dictyostelium as previously 

described [197]. Single clones were picked and then screened for the S1-MF1 fusion by 

performing a small-scale rigor cytoskeleton prep [195, 198]. 

MF1 Purification - The S1-MF1 fusion was first isolated using a modified version 

of a standard Dictyostelium myosin motor domain prep [198, 199].  Cells were grown to 

a density of 6×106 to 1×107 cells/ml and then harvested by centrifugation at 1500×g for 

15 min then washed once with cold Sorenson’s phosphate buffer pH 6.4 (16.6 mM K/Na 

phosphate) and the wet cell pellet weight determined.  Cells were either then drop frozen 

in liquid nitrogen for storage or used fresh.  Cells were resuspended in lysis buffer (4 

ml/g of wet cell paste) containing 50 mM Tris–HCl pH 8.0, 0.1 mM EGTA, 5 mM -

mercaptoethanol, 5 µg/ml Leupeptin, 1 mM AEBSF, 0.1 mM TLCK, and 1X  EDTA-free 

Complete  protease inhibitor cocktail (Roche).  Cells were lysed at room temperature for 

15 minutes by adding lysis buffer (2 ml/g cells) containing 1% Triton-X100 (Anatrace), 

15 µg/ml RNAase A, and 5 U/ml of alkaline phosphatase. The lysate was then 

centrifuged at 15,000×g for 30 minutes. The resulting pellets containing the rigor 

cytoskeletal fraction (actin, myosin, MF1-myosin motor fusion), were washed with 10 

mM HEPES pH 7.2, 20 mM NaCl, 5 mM -ME (6 ml/g starting material) and the rinsed 
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pellets homogenized with the same buffer with protease inhibitors, then a total of 1 mg 

purified TEV protease added per X volume (1 ml/g starting material) and the sample 

allowed to incubate for 2 -3 hr at room temperature with gentle mixing to cleave the MF1 

domain from the myosin motor affinity tag.  After cleavage, the suspension was 

centrifuged at 15,000g for 30 minutes, yielding the MF1 domain in supernatant. The 

supernatant was applied to DEAE CL-6B Sepharose resin (Pharmacia), incubated with 

gentle agitation for 30 minutes to allow binding, and then centrifuged at 700xg for 5 

minutes. The unbound fraction, containing the MF1 domain that has a relatively high 

calculated pI of 7.9, was then applied directly to Talon metal affinity resin (Clontech), 

incubated with gentle agitation at 4º C overnight to allow binding of MF1 domain.  The 

resin was collected and washed batchwise twice with 10 bed volumes of high salt buffer 

(10 mM HEPES pH 7.5, 300 mM KAc, 5 mM imidazole, 5 mM -mercaptoethanol) and 

then poured into an empty glass column.  The column was washed with 5 bed volumes of 

high salt buffer, then 5 bed volumes low imidazole wash buffer (30 mM KAc,  10 mM 

imidizole pH 7.5 and 5 mM -mercaptoethanol) and eluted with a 5 bed volumes of 

elution buffer (250 mM imidazole pH 7.5, 30 mM KAc, 5 mM -mercaptoethanol).  

Eluates containing purified MF1 were dialyzed against buffer containing 20 mM HEPES 

pH 7.5, 50 mM NaCl and then concentrated. 

The pMHTdelta286 plasmid (provided by Dr. B.G. Fox, U. Wisconsin, to the 

Protein Structure Initiative Material Repository at Harvard Institute of Proteomics; 

available as clone TvCD00084286) was transformed into BL21(pLysS) bacteria, MBP-

TEV expression induced and TEV protease purified as described [200].  
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ESI (electrospray ionization) mass spectrometry - MF1 was desalted using 

Millipore C4 ZipTips according to the manufactor’s protocol prior to mass spectrometry. 

The molecular mass of MF1 was determined using a QSTAR quadrupole-TOF mass 

spectrometer (ABI) with an electrospray ionization source (Center for Mass Spectroscopy 

and Proteomics). Data was acquired continuously during load buffer infusion and protein 

infusions over the range 500 – 2000 m/z. ESI spectra were analyzed with BioAnalyst QS 

(ABI) software v 1.1.5.  

Actin Cosedimentation - Cosedimentation actin binding assays were performed by 

mixing increasing concentrations of actin with 2.5 M MF1 in 10 mM imidazole, 2 mM 

MgCl2, 1 mM ATP, 0.1 mM DTT pH 7.5 buffer followed by centrifugation at 340,000 x 

g using a TLA100.3 rotor (Beckman Coulter) to pellet the actoMF1 complex. Supernatant 

and pellet samples were run on 10% SDS-PAGE gels that were stained with Coomassie 

G and band intensity analyzed by densitometry using Image J.  Actin used in these 

experiments was extracted from rabbit skeletal muscle acetone powder, purified as 

described previously [104].  

Microtubule Cosedimentation - Cosedimentation microtubule binding assays 

[201] were performed by mixing increasing M concentrations of tubulin (Cytoskeleton 

or gift from Dr. Holly Davidson, Notre Dame) with 2.5 M MF1 in 10 mM PIPES, 5 mM 

MgCl2, 1 mM EGTA, pH 7.0 buffer, incubated for 30 min at room temperature, followed 

by centrifugation at 90,000 x g for 10 min at 25°C to pellet the tubulin-MF1 complex. 

The pellet was resuspended in 10 mM PIPES, 5 mM MgCl2, 1 mM EGTA, 5 mM CaCl2 

pH 7.0 allowing MTs to depolymerize.  Supernatant and pellet samples were run on 10% 
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SDS-PAGE gels, then stained with Coomassie G and band intensities analyzed by 

densitometry using Image J.  

Gel Filtration - Gel filtration was performed on a ToyoPearl HW-55F (Tosoh 

Biosciences LLC) packed column with a diameter of 2.2 cm and height of 78 cm using 

25 mM HEPES (pH 7.4), 50 mM NaCl, and 0.1 mM EGTA. A total of 1 mL of 0.5 - 1 

mg/mL MF1 was loaded on the column with a flow rate of 1.5 mL/minute and 4 mL 

fractions were collected. The fractions were analyzed by 10% SDS-PAGE and 

Coomassie G staining. The Stokes radius of MF1 was determined by comparison with the 

following standards: aldolase (4.81 nm), ovalbumin (3.05 nm), and RNase A (1.64 nm).  

Circular Dichroism - CD spectra were recorded in the far- (190–250 nm) UV 

region using a JASCO J-815 spectrophotometer and a temperature-jacketed spectral cell. 

A path length of 0.1 mm was used with spectra recorded at 1 nm intervals for 10 uM 

MF1 in phosphate buffer pH 7.0 at 25°C. Baseline scans were obtained using the same 

acquisition parameters with buffer alone; which were subtracted from the respective CD 

data scans of MF1. The raw CD signal θλ (millidegrees of ellipticity) was converted to 

mean residue molar ellipticity θ using Eq. 2 where MRE = 110, C=protein concentration, 

and l = path length. Far- UV CD spectra were analyzed using CDPro Analysis Software 

[158]. Average secondary structure percentage for FERM domains was calculated using 

the software STRIDE [202] and PDB structures: 1GC7, 1E5W, 1ISN, 2HE7, 1H4R, 

1EF1, 1GG3, and 1NI2. 

Temperature-Induced Denaturation - Thermal denaturation of MF1 was 

monitored by CD at 222 nm using a JASCO J-815 spectrophotometer with an automated 

temperature controller. The temperature was increased from 10 to 70°C with a step size 
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of 1°C with the CD in millidegrees of ellipticity measured at each temperature after 

incubation for 2 min. At the end of each thermal denaturation experiment, the sample was 

rapidly cooled to 25°C to determine the extent of refolding.  

 

5.4 Results 

Isolation of the DdM7 N-terminal MyTH4/FERM domain - The N-terminal 

MyTH4/FERM domain of DdM7 (MF1 - residues 1085-1620) (FIGURE 29A) was fused 
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FIGURE 29.  Isolation of the N-terminal MyTH/FERM domain of DdM7.  A, 
Schematic illustration of the full-length DdM7 highlighting the major domains, including 
the IQ motifs (ovals), single alpha-helix (S), N-terminal MyTH/FERM (M1, FERM1), 
SH3 (black rectangle) and C-terminal MyTH/FERM (M2, FERM2). The S1-MF1 fusion 
is also shown, with the myosin II motor domain (S1) and the locations of the TEV 
cleavage site and His tag indicated.  B,  Purification of MF1 as monitored by SDS-PAGE.  
Samples from key steps of the purification were run on a 10% gel that was stained with 
Coomassie G.  Shown are the total cell lysate (Lyse), rigor cytoskeleton (Tx Pell), 
cytoskeleton following TEV cleavage (TEV cleav), soluble fraction following 
centrifugation of the cleaved cytoskeleton pellet (TEV sup) and purified MF1. C, ESI MS 
of MF1.   
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to the C-terminal end of the myosin II motor domain (S1) 21 and after lysis under rigor 

conditions, the fusion was highly enriched in the cytoskeleton fraction (FIGURE 29B).  

Following release from the cytoskeleton with MgATP, cleavage from S1 with TEV and 

metal affinity chromatography, purified MF1 was obtained (FIGURE 29B) and its 

identity confirmed by mass spectrometry (FIGURE 29C). 

MF1 binding to F-actin - FERM domains are considered to interact primarily with 

the cytoplasmic tails of membrane receptors.  It has only recently been appreciated that 

they can also bind directly to F-actin [190, 203]. The talin FERM domain interacts 

directly with actin and while the affinity is not known, it has been suggested that it is 

sufficient to account for the interaction of talin to actin [203].  The affinity of MF1 for 
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FIGURE 30. Binding of MF1 to actin. A, Fraction bound MF1 with increasing actin 
concentration. Data was fit to a hyperbola yielding Kd = 13.67 ± 2.57 μM. Data shown 
represents three independent experiments. B, SDS-PAGE bands of pellets from 
cosedimentation illustrating  MF1 pellets with actin.   
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actin was measured by cosedimentation [99] and the binding curve reveals a single Kd of 

13.767 ± 2.657 μM (FIGURE 30).  The finding that MF1 has a nearly 2-fold greater Kd 

for actin binding, in comparison to the fly M7a C-terminal FERM domain (~30 µM) 

[190], suggests that the MyTH4 domain could increase the binding affinity, possibly by 

causing the actin-binding sequence to be more exposed and accessible.  These results 

indicate that the FERM-actin interaction is conserved but generally of low affinity.  

However, the existence of two domains within the M7 molecule that interact weakly with 

F-actin would result in stronger overall actin binding.  

MF1 binding to Microtubules - The interaction of myosin MyTH4 domains with 

microtubules is known, but the binding strength has not been measured.  The interaction 

of MF1 with microtubules was assayed by cosedimentation [201] and the resulting 

binding curve yields a single Kd of 1.71 ± 0.53 μM (FIGURE 31), indicating a stronger 

affinity for microtubules than for actin.  The curve unexpectedly showed saturation at 

0.25 fraction bound, initially suggesting that a significant portion of the MF1 preparation 

was unable to interact with microtubules. A similar low binding saturation was observed 

for the actoMF1 interaction (FIGURE 30).  The supernatant from the highest tubulin 

concentration (10 µM) was recovered, additional microtubules added (10 µM tubulin, 

final concentration) and the sample re-centrifuged (FIGURE 31).  Approximately 25% of 

MF1 from the supernatant cosedimented with the microtubules, as observed in the initial 

binding assay (FIGURE 31B), indicating that the low overall saturation binding was not 

due to a large fraction of the preparation being denatured.  These results show clearly that 

the isolated MF1 domain is in equilibrium between two conformational states, one of 

which does not bind to microtubules or actin and one that does. 
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Overall MF1 Structure and Stability - The crystal structures of two myosin 

MyTH/FERM domains in association with known binding partner peptides have recently 

been solved [12, 204, 205]. The MyTH4 domain is a bundle of helices, 6 of which are 

highly conserved.  The FERM domain, consistent with previously published x-ray and 

NMR studies of FERM domains from talin, radixin, moesin, merlin, and protein 4.1R 

[206-208], adopts the canonical three-lobe cloverleaf structure, with the three subdomains 

denoted F1, F2, and F3.  In both the M7a and M10 MyTH/FERM structures, the MyTH4 

and FERM domains interact with one another, forming a functional and structural 

supramodule.  Consistent with these findings, gel filtration analysis of the purified MF1 

reveals that it is a tightly folded monomer with a calculated Stokes radius of 2.74±0.34 

nm (FIGURE 32A).  The far-UV circular dichroism (CD) spectrum of MF1 also confirms  
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FIGURE 31: Binding of MF1 to tubulin. A, Fraction bound MF1 with increasing 
tubulin heterodimer concentrations. Data was fit to a hyperbola, yielding Kd = 1.71 ± 0.53 
μM. Data represents five independent experiments. B, SDS-PAGE bands of pellets from 
cosedimentation illustrating MF1 pellets with microtubules.  10(2) illustrates 
cosedimentation of additional MF1 with microtubules after initial binding.   
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FIGURE 32. Structure and stability of MF1. A, Gel Filtration elution profile of MF1. 
B,  Far-UV CD spectrum indicating a highly helical MF1 structure. Experimental CD 
spectrum (solid line) and best fit spectrum from CDPro Analysis (dotted line).  C, 
Thermal denaturation curve of MF1 measured by changes in mean residue ellipticity. The 
temperature was increased from 10 to 70°C with a step size of 1°C with the CD in 
millidegrees of ellipticity measured at each temperature after incubation for 2 min.  
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that it is a highly helical protein with intense CD bands at both 208 nm and 222 nm 

(FIGURE 32B).  Analysis of the CD spectrum, using CDPro Analysis [158], yielded an 

estimated secondary structure of 55% ± 3% alpha-helix and 21% ± 4% beta-sheet.  The 

thermal unfolding of MF1 secondary structure occurred in one transition, with an onset of 

unfolding at ~35°C and a transition midpoint (Tm) at 42°C (FIGURE 32C).  

The secondary structure of the mammalian M7a and M10 MyTH/FERM domains 

are 46% alpha-helix/15% beta-sheet and 49% alpha-helix/14% beta-sheet, respectively 

(determined using STRIDE [202] and Protein Data Bank files 3PVL and 3PZD).  The 

alpha-helix and beta-sheet content of DdM7 MF1 are predicted to be slightly higher than 

calculated for mammalian M7a and M10, with 55% ± 3% alpha-helix and 21% ± 4% 

beta-sheet based on fitting of the far-UV CD spectrum (FIGURE 32B).  The differences 

in secondary structure may be attributed to the sequence divergence between amoeba and 

vertebrate MyTH/FERM domains and/or that MF1 exists in the apo state. 

 

5.5 Discussion 

The amoeba Dictyostelium discoideum is evolutionary quite distant from 

vertebrates [209].  A comparison of the MyTH-FERM domain sequences from mouse 

M7a (residues 993-1567, GenBank AAB40708.1) and human M10 (residues 1503-2047, 

GenBank AAF68025.2) to DdM7 MF1 reveals a low sequence identity of 20% for both 

and sequence homology of 36% and 39%, respectively.  Sequence alignment reveals the 

DdM7 N-terminal MyTH4 sequence is substantially shorter than both the M7a and M10 

MyTH4 sequences. The missing sequence of DdM7 encompasses helices 3 and 4 of the 

mammalian M7a MyTH domain, suggesting that the DdM7 MF1 MyTH4 structure 
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differs slightly from that of M7a, although the 6-helix core is predicted to remain intact 

[205]. 

A positively charged patch on the MyTH4 domain of human M10 consisting of 

eight positively charged residues is thought to be required for binding to MTs [204]. 

Consistent with this possibility, mutation of two of these (K1647 and K1650) is sufficient 

to abolish all binding to tubulin acidic tails [12]. Three of these eight positively charged 

residues are conserved between the human M10 and DdM7 MF1 MyTH4 domains 

(R1643, K1647, K1654 in M10; R1257, K1261, and K1268 in DdM7), suggesting that 

MF1 may also bind to MTs by a similar electrostatic interaction. 

 

5.6 Conclusion 

MyTH/FERM domains are present in numerous cytoskeletal signaling and motor 

proteins and much remains to be learned about their combined structure and function.  

The structure of MyTH/FERM domains is predicted to be conserved throughout 

evolution despite a high degree of sequence divergence of these domains.  The ability of 

MF1 to bind both actin and microtubules suggests an important role for this domain in 

linking cytoskeletal elements.  M7 and M10 are localized to regions of the cell where 

actin and microtubules are both present [187, 210].  M10 and M15 can link microtubule-

based structures to actin [187-189, 211] but the contribution of microtubule binding to 

M7 activity is not yet clear.  Fly M7a is monomeric in vitro and most likely exists in a 

folded conformation, with the FERM domain interacting with and inhibiting the motor 

domain [190]. The MyTH/FERM regions might be partially or fully blocked from 
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binding to microtubules or actin in this configuration.  Consistent with this possibility is 

the observation that DdM7 is largely cytosolic [9, 10].  Activation of the folded myosin, 

either by as yet unknown regulatory factors that dimerize M7 [212] or the presence of 

high local concentrations of either actin or microtubules, might expose these sites.  Our 

data also suggests an alternative mechanism, in which there exist two conformations of 

the MyTH/FERM domain itself, only one of which is available for actin or microtubule 

binding.  This poised equilibrium is an obvious target for regulatory control, as shown 

recently for the myosin regulatory light chain [213].  Once the binding sites are available, 

the tail could interact with both actin and microtubules, enabling cortical DdM7 to 

actively stabilize the leading edge of the cells by strengthening cell-substrate adhesions.   
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Chapter 6: Future Direction 

The ability of the molecular motor myosin to produce movement is an intensely 

studied biophysical process. However, many of the mechanistic and structural details 

remain elusive. Although the work presented here provides insights into the structural 

transitions associated with the actomyosin ATPase mechanism and the effects of 

oxidative modification on the actomyosin complex, continued work is needed to provide 

a more detailed understanding of this complex system. 

Cleft Crosslinked Myosin – The myosin cleft mutant 416.583 crosslinked with 

BSL has complete inhibition of actin-activated ATPase activity and a weakened actin 

affinity. This suggests that the interaction of actin with crosslinked S1dC produces a 

dead-end complex, trapping myosin in an intermediate cleft conformation where product 

release is prohibited in the presence of actin. Crosslinking traps actomyosin in a unique 

statically disordered, novel W state that may represent a possible missing link in the 

ATPase cycle mechanism, at the threshold of force generation (FIGURE 14).  It will be 

interesting to study the spectroscopic properties of crosslinked myosin in combination 

with other regions of myosin.  For example, it would be possible to study the nucleotide-

binding pocket structural dynamics of the crosslinked myosin using spin-labeled 

nucleotides.  In addition, the crosslinked myosin may also affect actin dynamics, which 

can be tested by time-resolved phosphorescence anisotropy [67]. It would also be 

interesting to test other crosslinking sites across the actin-binding cleft, such as 413.583, 

to see if different crosslinking sites in the cleft produce the same intermediate W state 

with similar functional and structural characteristics.  
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The bifunctional spin-label - In addition to crosslinking specific regions of the 

myosin catalytic domain to capture dynamic intermediates, the bifunctional spin-label 

can crosslink two Cys residues at i and i+4 on a helix producing an EPR probe rigidly 

and stereospecifically coupled to the peptide backbone, enabling extremely accurate 

measurements of correlation time, orientation, and distance by EPR [46, 47, 111]. As the 

exact coupling of cleft structural transitions to biochemical states remains elusive, it 

would be feasible to use the highly oriented bifunctional spin label and attach it to helices 

in the L50 and U50 (FIGURE 4) domains to detect nucleotide-dependent changes in the 

structure and orientation of the cleft both free and when bound to oriented actin. 

Methionine Oxidation - Methionine oxidation affects the structural dynamics of 

the actin-binding cleft of myosin (FIGURE 20 & FIGURE 21), but it remains unknown 

whether other regions of the myosin catalytic domain are susceptible to structural 

changes induced by methionine oxidation. Only one labeling site within the force-

generating domain of myosin has been tested (FIGURE 22) at T688C in the SH1 helix. 

This particular site was insensitive to oxidation in every biochemical state tested, 

BSL MSL

 
FIGURE 33. Bifunctional spin label binds rigidly and stereospecifically thus improving 
resolution compared with monofunctional MSL to measure interprobe distance and helix 
orientation.  
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including when actin was present (FIGURE 22). This is a surprising result as M486 of 

Dicty myosin II is chemically sensitive to oxidation (FIGURE 17) and is situated directly 

in the bend of the relay helix. It would be interesting to test whether relay helix dynamics 

are sensitive to oxidation, as structural transitions (i.e. bending of the relay helix) are 

readily observed in various biochemical states for this helix [89]. Additional spin probe 

labeling sites should be investigated in both in the force-generating domain and near the 

nucleotide binding pocket to further explore the structural changes in the myosin catalytic 

domain with Met oxidation. Also, the effects of Met oxidation are most evident in the 

actin-bound state of myosin (FIGURE 20B & FIGURE 21B). It would be interesting to 

investigate the orientation and rotational motion of oxidized myosin by EPR as in 

Chapter 2 for crosslinked myosin (FIGURE 13). 

To study the effects of methionine oxidation site-specifically, we have utilized a 

mutagenesis scheme that introduces M-to-L mutations to protect from oxidation. Leucine 

mutants are used as the leucine side-chain is of similar size and hydrophobicity as 

methionine. In addition, it was well established in numerous biological systems that M-

to-L mutants do confer protection from oxidation with little perturbation of structure and 

function [75, 76, 172, 177, 214-216]. It has been suggested that methionine to glutamine 

(M-to-Q) mutations can be used to mimic oxidation site-specifically as this mutation 

introduces an oxygen atom at a similar position in the amino acid side chain as MetO [74, 

75, 217]. Several M-to-Q mutations should be made at critical Met residues (such as 

M394, M486, and M642) within Dicty myosin II to see if M-to-Q mutants show similar 

functional and structural perturbations as in vitro oxidation with hydrogen peroxide 

(FIGURE 17). More rigorous testing of M-to-Q mutations needs to be done to confirm 
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that this mutagenesis scheme can be used universally to mimic oxidation. Although the 

results from Chapter 3 strongly suggest the oxidation of at least three residues with the 

Dicty myosin II catalytic domain, additional mass spectrometry should also be used to 

confirm sites of Met oxidation, as previously done for muscle isolated from rabbit psoas 

fibers [66]. 

Redox sensitivity of myosin catalytic domain - Preliminary data in Chapter 4 

illustrates that myosin Met modifications are chemically (FIGURE 25) and functionally 

(FIGURE 26) reversible by the antioxidant enzyme Msr. It remains to be known if the 

structural perturbations induced by Met oxidation in the actin-binding cleft (FIGURE 20 

& FIGURE 21) are also reversible. In addition, the Dicty myosin II catalytic domain 

appears to be susceptible to glutathionylation causing changes in actomyosin functional 

interaction (FIGURE 28). Although the glutathionylation of myosin causes a 5-fold 

decrease in actin-activated ATPase activity, it has not been investigated if this reaction is 

reversible and whether it may protect cysteine thiols against irreversible oxidation. As 

well, possible structural changes associated with glutathionylation have yet to be 

determined. 

MyTH/FERM domain of Myosin VII – Chapter 5 reveals that the Dicty myosin VII 

N-terminal MyTH/FERM domain is a folded, stable supramodule that can interact with 

both actin and microtubules. The ability of MF1 to bind actin and microtubules 

simultaneously needs to be determined. The exact location of actin and microtubule 

binding sites in the MF1 domain is also unknown. Hirano et al. show a positively 

charged-patch on the solvent-exposed surface of the MyTH domain is responsible for 

binding microtubules in myosin X [12], and it appears this patch is conserved to the 
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DdM7 N-terminal MyTH domain. Charge-reversal mutagenesis of this patch would 

reveal its role in binding microtubules. Numerous Usher syndrome disease-causing 

mutations are located in the C-terminal tail of myosin VII (FIGURE 34) [205]. Many of 

these mutations are conserved between human and Dictyostelium suggesting a highly 

important role in domain stability or interaction with binding partners. Some interesting, 

conserved mutations to investigate include R1240Q/W and E1327K, proposed to disrupt 

the MyTH/FERM interface, and R1168P/W and E1170K, predicted to disrupt proper 

folding of the MyTH domain [205]. Introducing these mutations in the DdM7 MF1 

domain and investigating effects on domain structure and stability and ability to bind 

actin and microtubules would provide insight into the Usher disease mechanism.  

  

 
FIGURE 34. Schematic representation of full-length myosin myosin VII 
summarizing requency of mutations of MYO7a in Usher syndrome patients. The height 
of the vertical lines represents the frequency of a given mutation found in human patients 
with missense mutations colored black and deletion or truncation mutations in red. Figure 
modified from [205]. Reprinted with permission from AAAS. 
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