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ABSTRACT 
 

Activation of smooth muscle myosin (SMM) requires phosphorylation of the 

myosin’s regulatory light chain (RLC) to relieve autoinhibitory head-head interactions, 

but the structural basis of this mechanism in unknown.  There are no crystal structures 

of any fragment of SMM, and there are no crystal structures of any RLC that contains 

the N-terminal 24 amino acids required for phosphorylation. Site-directed spin labeling 

of this N-terminal segment, referred to as the phosphorylation domain (PD), showed 

that phosphorylation increases -helicity, mobility and solvent accessibility of the PD 

[1]. A model emerged, where the unphosphorylated RLC is compact with a disordered 

PD, and phosphorylation causes the PD extend away from the RLC while inducing 

helical ordering. The goal of this research is to test the hypothesis that the PD functions 

as a structural switch that changes the structure of RLC upon phosphorylation, and to 

define these structural changes in atomic detail. 

Complementary fluorescence resonance energy transfer (FRET) experiments 

and molecular dynamics (MD) simulations were performed to elucidate structural 

changes in the phosphorylation domain (PD) of smooth muscle regulatory light chain 

(RLC). MD simulations on the isolated PD reveal disorder-to-order transition, where 

residues K11-Q15 are disordered in the unphosphorylated PD but completely -helical 

in the phosphorylated PD. A salt bridge formed between R16 and the phosphorylated 

S19 promotes ordering by stabilizing -helicity and reducing conformational 

fluctuations. Consequently, this disorder-to-order transition is regulated by delicate 

balance between enthalpy and entropy. To elucidate the structural changes of the PD in 

context with the RLC bound to smooth muscle myosin, donor-acceptor pairs of probes 

were attached to three site-directed di-Cys mutants of RLC, each having one Cys at 

position 129 in the C-terminal lobe and the other at position 2, 3, or 7 in the N-terminal 

PD. Labeled RLC was reconstituted onto myosin S1. Time-resolved FRET 

demonstrated two simultaneously resolved structural states of the RLC, closed and 

open, which are present in both unphosphorylated and phosphorylated biochemical 

states. All three FRET pairs show that phosphorylation shifts the equilibrium toward the 

open state, increasing its mole fraction by 23%. Molecular dynamics simulations agree 
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with FRET data in remarkable detail, supporting the coexistence of two structural states, 

with phosphorylation shifting the system toward a more open and mobile structure. This 

agreement between experiment and simulation validates the additional structural details 

provided by the MD simulations: In the closed state, the PD is bent onto the surface of 

the C-terminal lobe, stabilized by two specific interdomain salt bridges. In the open 

state, the PD is more helical and straight, resides farther from the C-terminal lobe, and 

is stabilized by a specific intradomain salt bridge. The closed and open states are also 

present in phosphorylated HMM, while unphosphorylated HMM possess the closed 

state an intermediate distance distribution. Phosphorylation forces the PD to adopt S1-

like states without increasing the mean separation of the two myosin heads. The result is 

a vivid atomic-resolution model of the molecular mechanism by which phosphorylation 

activates smooth muscle. 
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CHAPTER 1: Myosin 
  

The basic principles of smooth muscle contraction are similar to that of skeletal 

muscle, but the mechanism of regulation is distinct. Smooth muscle myosin (SMM) is a 

motor protein with the ability to convert chemical energy of ATP into mechanical work, 

and is responsible for contraction of involuntary hollow organs. Muscle research has 

historically focused on skeletal muscle, whose cells consist of a highly organized array 

of contractile units, called sarcomeres, that are further organized into an interdigitating 

array of actin and myosin filaments. When appropriately stimulated by Ca2+, myosin 

hydrolyzes ATP to force sliding of surrounding actin filaments. Smooth muscle cells 

also make use of ATP dependent cyclic interactions between actin and myosin filaments 

for contraction, but do not share the same level of organization found in skeletal muscle. 

The major distinction between smooth and skeletal muscle contraction is the 

mechanism of Ca2+ dependent regulation. Skeletal muscle myosin activation is linked to 

the actin filament, where Ca2+ removes proteins inhibiting the interaction of myosin 

with actin. In contrast, SMM is autoinhibited and requires Ca2+ dependent 

phosphorylation of the regulatory light chain (RLC) to produce structural changes 

within SMM that relieve inhibition. This latter mechanism is poorly understood since 

there are no high resolution structures of SMM or the RLC. Thus, understanding the 

structural basis of regulation in SMM molecule will provide important information 

about the mechanism of contraction in smooth muscle. 
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MYOSIN STRUCTURE 

The molecular structure of SMM is highly conserved amongst the entire myosin 

II family. Myosin II is a heterohexamer consisting of 2 heavy chains, 2 essential light 

chains (ELC), 2 regulatory light chains (RLC) and a coiled-coil dimerization region 

(Fig. 1). The N-terminal portion of the heavy chain, called the catalytic domain (CD), 

contains the actin binding domain as well as the site for ATP binding and hydrolysis. 

Between the CD and the coiled-coil region is the light chain domain (LCD), to which is 

bound the calmodulin like ELC and RLC, which play a role in governing the 

mechanical properties of myosin.  

All myosin II isoforms can be digested into smaller fragments that retain most of 

the catalytic and mechanical properties of the intact macromolecule. A substantial 

portion, ~2/3, of the coiled-coil region can be removed under conditions of mild 

proteolysis [2], leaving heavy meromyosin (HMM), a fully functional myosin dimer. In 

the case of SMM, HMM is the minimal fragment that can be fully regulated by 

phosphorylation [3]. Further proteolysis, will cleave the two heads after an invariant 

proline (amino acid 849), yielding subfragment 1 (S1), a single enzymatically 

competent head with two light chains, but lacks the remaining 1/3 of the coiled-coil 

region (S2). S1 is the largest fragment of skeletal [4] and molluscan [5] muscle myosin 

that can be crystallized (Fig. 1, bottom right), while the largest crystallized fragment of 

SMM only contains the CD and the ELC [6]. 

Smooth muscle myosin is in equilibrium between a folded, monomeric structure 

(10S) and an unfolded conformation (6S) that allows filament formation [7]. In the 10S 
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conformation, the tail region bends and has been shown to interact with the LCD [8]. 

This form of myosin is capable of trapping nucleotide and weak binding to actin.  

In contrast, the 6S conformation allows for filament assembly, capable of hydrolyzing 

ATP and producing force. The equilibrium between 6S and 10S conformations is 

RLC

ELC

CD

CD

ELC

RLC

HMM

S2

S2

LMM

S2

S1
LCD

Myosin II

Coiled-coiled Region

LMM

 

Fig. 1. Myosin II. Myosin II consist of two catalytic domains (CD), two essential light chains 
(ELC), two regulatory light chains (RLC) and a coiled-coil region. Under mild conditions, myosin 
can be proteolyzed into two fragments. The functional fragment, heavy meromyosin (HMM), 
consists of two CDs, two ELCs, two RLCs, and 1/3 of the coiled-coil region. The remaining 
2/3rds of the coiled-coiled region is termed light meromyosin (LMM). HMM can be further 
digested to separate S2 from the two, separate, myosin heads, called subfragment 1 (S1), 
which is the largest fragment of myosin with an atomic resolution structure (PDB ID: 2MYS).  
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controlled by phosphorylation on the RLC  While this process has been observed in 

vitro, it is not known whether this occurs to a significant extent in the muscle cell. In 

vivo, filaments with dephosphorylated heads are present and little of the 10S structure is 

observed [9]. However, structural characteristics of the 10S conformation may have 

some similarity to the inactive, dephosphorylated filaments that are present in smooth 

muscle cells. Examination of the structural elements needed for smooth muscle 

regulation will provide insight into how the 10S structure might function in vivo. 

 

MUSCLE REGULATION 

Contraction of smooth and skeletal muscles are regulated by Ca2+, but differ in 

the mechanism of activation. As illustrated in Fig. 2, contraction in skeletal muscle (top 

row) is primarily regulated by the troponin/tropomyosin complex on the thin filament. 

In the absence of Ca2+, tropomyosin prevents cross-bridges from forming because it 

blocks the myosin binding sites on actin. As cytoplasmic Ca2+ increases, troponin C 

undergoes a conformation change, which in turn, displaces tropomyosin from these 

myosin binding sites [10, 11]. Furthermore, the magnitude of displacement is 

cooperative with myosin binding [12].  A similar form of thin filament regulation exists 

in SMM, where Ca2+-calmodulin can bind and dissociate caldesmon, a protein bound 

and to tropomyosin. Dissociation of caldesmon moves tropomyosin and allows 

association of myosin with actin, in a manner that is believed to be similar to skeletal 

muscle [7]. However, thin filament regulation in smooth muscle is not sufficient to 

activate the enzymatic properties of SMM, instead a myosin light chain kinase (MLCK) 

dependent process is necessary. This mode of regulation requires Ca2+ - calmodulin to 
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bind and activate MLCK, which, in turn, phosphorylates the RLC. This results in a 200-

1000 fold increase in actin-activated Mg2+ATPase [13, 14] and is necessary to move 

filaments in an in vitro motility assay [13-15]. 

 The specific SMM domain requirements for regulation have been elucidated 

through enzymatic assays on expressed and proteolytic fragments of smooth muscle 

myosin. For example, HMM (Fig. 1), is regulated, whereas, S1 [3] , single-headed 

myosin [15, 16], and expressed HMM constructs with truncations that prevent stable 

helix formation [17, 18], are unregulated. These data suggest full regulation requires 1) 

two complete heads and 2) at least seven heptads of coiled-coil to allow for proper 

dimerization.  

S2

p

p

Actin

Tropomyosin

CD

ELC
RLC

Cam

MLCK

Skeletal

Smooth

Ca2+

Ca2+
Ca2+

Ca2+Ca2+

Ca2+

4 x Ca2+Troponin C

Thin filament 
dependent 
regulation

MLCK (Cam) 
dependent 
regulation

 

Fig. 2. Ca
2+

 Regulation of skeletal and smooth muscle myosin.   
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Cryo electron microscopy studies on unphosphorylated HMM also support the 

requirement that two-heads are necessary for regulation [19]. Analysis of real-space 

reconstructions of unphosphorylated HMM reveal an asymmetrical structure where the 

actin binding domain of one head, termed the ‘blocked head’, interacts with the 

converter domain (Fig. 3). Similar asymmetric structures have also been observed in 

striated tarantula nonmuscle myosin (Fig. 1 right [20, 21]) and mouse cardiac myosin 

[22]. These interactions are absent in phosphorylated SMM [23], however it is unclear 

if these direct ‘head-head’ interactions are necessary for or simply a result of 

inactivation. Recombinant smooth muscle myosin constructs containing one complete 

‘blocked’ 
head

ELC

‘free’ head

RLC

S2

Smooth Muscle HMM Striated Tarantula HMM 
 

Fig. 3. Asymmetric structure of smooth muscle HMM. The two heads of unphosphorylated 
smooth muscle HMM or striated tarantula myosin are proposed to be autoinhibited, where one 
head’s actin binding domain (‘blocked’ head) directly interacts with the converter domain of the 
other (‘free’) head. Model was constructed by flex fitting the atomic resolution coordinates of 
smooth S1 (PDB ID: 2MYS) into the EM density of smooth HMM (PDB ID: 1BR1) [19] or striated 
tarantula HMM (PDB ID 3DTP) [20].  
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head, both light-chain binding domains, and the C-terminal 2/3 possess phosphorylation 

dependent actin-activated ATPase, while single headed HMM (1 head, 1 light chain 

domain and the C-terminal 2/3 of both myosins) remained insensitive to 

phosphorylation [24].  

 

RLC STRUCTURE 

The regulatory light chains are essential in the regulation of molluscan and 

vertebrate smooth but not in vertebrate striated muscles. The RLC belongs to the 

calmodulin superfamily of proteins, consisting of an N-terminal bundle of helices 

(helices A, B, C and D) are connected to the C-terminal bundle of helices (helices E, F, 

G and H) by a flexible linker that joins the D and E helices (Fig. 4: RLC). In general, 

the N- and C-lobes of the light chains are bound to highly conserved regions in the 

myosin heavy chain called an ‘IQ’ domain, which owes its name to the first two 

residues of the motif being isoleucine (I) and glutamine (Q). The unbound structures of 

the light chains are unknown, but thought to form a compact globular structure similar 

to calmodulin in the absence of Ca2+ [25].  The structure of the N-terminal extension 

(Fig. 4 sequence) is unknown, but is thought to be partially disordered when the RLC is 

unphosphorylated[1, 26, 27] and mostly -helical when the RLC is phosphorylated [1, 

26]. 
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A number of specific regions in the RLC play critical roles in the regulation of 

smooth muscle myosin. Smooth muscle myosin filaments containing exchanged 

chimeric RLC, an RLC with the C-terminus from skeletal RLC and an N-terminus from 

smooth RLC, cannot be activated by phosphorylation. These experiments suggest these 

chimeric RLCs are important for regulation [28]. The length of the flexible region 

linking the N and C terminal lobes of RLC is also important for myosin regulation. 

Deletion of two or more amino acids from the region (residues 95-98) have resulted in a 

loss of regulation [29], while substitution had no effect [30].  

RLC

SSKRAKAKTTKKRPQRATSNVFAMF
2519

RLC

ELC

1

HC

F25

A

B

C

D

E
F

G

H

Phosphorylation Domain

Myosin S1

 

Fig. 4. Structure of myosin S1 and RLC. Free head of smooth muscle S1 (upper left), RLC 
(upper right) and the sequence of the phosphorylation domain (1-25). The helices RLC are 
labeled A-H starting from N-terminus.  
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The most studied region of the RLC is the 24 amino acid N-terminus, which 

contains the site of phosphorylation, S19 (Fig. 4). This region is not present in crystal 

structures of either skeletal or molluscan S1, presumably due to disorder in this region 

[4, 31]. Most of the residues and secondary structure of this domain have been resolved 

through indirect studies. In the absence of a conventional structure, the most detailed 

structural model is provided by electron paramagnetic resonance (EPR). Site-directed 

spin labels placed at every residue in the PD demonstrated that this segment acts as a 

coherent domain in response to phosphorylation, so it is frequently referred to as the 

phosphorylation domain (PD) [1]. Removal of the PD abolishes regulation in smooth 

muscle myosin [32]. Charge replacement or deletion of the PD indicates that only 

partial activation is achieved [32 , 33], suggesting that activation requires a 

phosphorylation-specific structural change in the PD. FRET studies on the structurally 

homologous skeletal RLC [34, 35], suggests that this domain extends away from the 

RLC, with the N-terminus being closer to the C-lobe than the N-lobe. Crosslinking, 

along with secondary structure prediction, in heavy meromyosin (HMM, a two-headed 

water-soluble fragment of myosin) suggests that a portion of this domain is disordered 

and can interact with the C-terminal lobe of its partner RLC, while phosphorylation 

prevents such crosslinks from forming [27].  

 

MODELS OF SMOOTH MUSCLE REGULATION 

The structural mechanism by which phosphorylation of the RLC activates SMM 

is unknown for two reasons: (1) there are no atomic resolution crystal structures of the 

two-headed myosin fragment, much less crystal structures that include a RLC with an 
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intact PD, and (2) there are no structural details of the SMM molecule after 

phosphorylation. Consequently, there are no complete theories as to how 

phosphorylation is communicated from a domain that resides 8-10 nm from the catalytic 

site of myosin is activated. Currently, there are three proposed models: Head-head 

(RLC-RLC) interaction model (both heads), RLC-ELC interaction model (one head), 

and the S2 interaction model (head and tail).  

In the RLC-RLC interaction model, the PD is responsible for dictating the 

structure of the head-tail junction [1, 27, 36]. In a photocrosslinking study [27], where a 

cross-linker placed at Cys 108 of one head was shown to interact with the region 

4RAKAKTTKKRPQR16, of the adjacent RLC. The cross-linked species occurred in 

unphosphorylated HMM but not in phosphorylated HMM. Furthermore, It had 

previously been shown that Q15C and A23C are capable of cross-linking, to unknown 

targets in the adjacent RLC in the absence of phosphorylation [37]. When taken with 

the EPR experiments that demonstrated that the unphosphorylated PD had low solvent 

accessibility [1], the PDs of both RLCs are sandwiched between the two RLCs, 

interacting with itself or the neighboring RLC. Phosphorylation prevents these 

crosslinks from forming as well as drives this domain to a more solvent exposed 

environment [1, 38]. Since this domain movement is coincident with the relief of head-

head interactions, phosphorylation allows the two myosin heads to function 

independently. A simple model involves the two unphosphorylated PDs locking the two 

heads together as they appear in the EM structures. Phosphorylation disrupts these 

interactions by changing electrostatics and/or the secondary structure of the PD, which 
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removes the autoinhibition of the two heads, allowing the two heads to function 

independently (Chapter 7).  

An alternative mechanism, supported by molluscan crystal structures, involves 

communication of Ca2+-induced structural changes of the RLC through the ELC [39]. 

Binding of Ca2+ to the N-lobe of scallop ELC increases the number of interacting 

residues at the ELC-RLC interface. In response, the RLC binds tighter to the HC by 

increasing the number of interacting residues between the RLC and the HC. Thus Ca2+ 

binding to the ELC, causes the RLC to be more ordered. Since both scallop and smooth 

muscle myosins share the same auto-inhibited complex, it is conjectured that smooth 

RLC uses a similar mechanism with the exception that the order of the allosteric 

cascade would start with phosphorylation of the RLC and end with the strengthening of 

interactions of the ELC with the HC. However, this is unlikely to be the case as smooth 

muscle myosins lacking the ELC are capable of regulation (despite being mechanically 

compromised) [25, 40]. Furthermore, smooth muscle RLC may introduce more 

disorder, as phosphorylation-induced structural changes in the RLC have been shown to 

directly increase the segmental flexibility of the LC domain, affecting the interaction of 

S2 with the motor domain [41]. 

The S2-interaction model is supported by a common mechanism of auto 

regulation in myosin. Under physiological conditions with ATP present, SMM is in a 

dynamic equilibrium between filaments and a monomeric auto-inhibited hairpin 

conformation (10S). This state is fairly stable, and may play a role in communicating 

structural changes through the myosin molecule. Rotary shadow EM studies and 

crosslinking revealed a sharp series of bends in the tail domain that finishes with the tail 
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crossing the RLCs. However, it has also been proposed by recent cryo EM [20, 21, 42] 

studies that unphosphorylated myosin in the filament lattice may interact directly with 

S2. Two of these studies reported that S2 may interact directly with the RLC [21, 42], 

where as the other study only saw interaction with S2 in the CD [20].  Unfortunately 

none of these studies have the resolution to identify the specifics of the interaction.. 

Although number of other types of myosins [43, 44] and kinesins [45] with a long tail 

domains can adopt the 10S-like conformation, it remains unclear if this state is 

physiologically relevant for filamentous myosins. 

All three models of regulation suggest phosphorylation-dependent 

macromolecular structural changes are communicated from the PD through the RLC. 

Thus determining an atomic resolution structure of the RLC that includes the 24 N-

terminal amino acids is essential to understanding the structural basis of regulation in 

SMM. Since conventional structural techniques are unable to generate a high resolution 

structure of the RLC, two complimentary approaches, time-resolved fluorescence 

resonance energy transfer (TR-FRET) (Chapter 2) and molecular dynamics (MD) 

simulations (Chapter 3), are used to define the molecular details of phosphorylation-

dependent structural changes in the RLC. This thesis will (1) use MD simulations to 

both test the hypothesis that the PD functions as a structural switch, as well as to 

determine the atomic resolution structures of the unphosphorylated and phosphorylated 

PD (Chapters 4 and 5), which are used to (2) build atomic resolution models of the 

unphosphorylated and phosphorylated RLC (Chapter 6). Finally, (3) the functional 

significance of this model is tested in smooth muscle myosin S1 and HMM (Chapter 7).  
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CHAPTER 2: Fluorescence Spectroscopy 

 

FLUORESCENCE THEORY 

Fluorescence is the spontaneous emission of a photon resulting from the 

transition of electron from an excited electronic singlet state to a lower energy state. For 

a molecule to fluorescence, an electron is excited from a low-energy singlet state (S0) 

into a high-energy singlet state (S1) by a photon of an energy equivalent to the energy 

gap between these two states. This is classically illustrated by a Jabloński diagram in 

Fig. 5. Absorption of the energy of a photon occurs at a rate on the order of 10–15 s. It is 
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Fig. 5. Jabloński diagram showing various electronic transitions in a typical fluorescent 
molecule. Straight arrow = radiative transition (absorption or emission of photon). Wavy arrow = 
non-radiative transition (relaxation, quenching).  
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typical that the electron is excited to one of the higher vibrational levels in an excited 

singlet state, which is followed by a non-radiative relaxation (vibrational) to the lowest 

energy level of the first excited state within 10–12 s. From this state there are a number 

of processes by which the electron can depopulate the excited state. In addition to 

vibrational relaxation, other non-radiative processes can contribute to a de-excitation of 

electrons to the ground state. One is called intersystem crossing, where the electron can 

undergo a spin conversion into the first exited triplet state (T1), at rates of 10–6–10–9 s. 

Emission from the T1 state is called phosphorescence and is considered to be a 

forbidden transition, so these lifetimes are observed on the order of 10–2–102 s. Internal 

conversion is a process where an electron in the excited singlet state can transition to a 

lower excited state or to the ground state in a process that gives off thermal energy 

instead of light energy. Internal conversion occurs on a timescale equal to or greater 

than most fluorescence lifetimes (≤ 10–12 s) and is usually complete prior to an emission 

event. Additionally, other non-radiative processes such as collisional quenching or 

solvent relaxation can also contribute to de-excitation. All non-radiative processes 

compete with the radiative process of fluorescence, which cause the emitted photon to 

have less energy than the excitation photon. Consequently, the wavelength of the 

emitted photon will always be slightly longer than the absorption wavelength. This is 

often referred to as the Stokes shift. Fluorescence studies usually involve manipulating 

the competing relaxation pathways and using the resulting emission as an indication of 

environmental changes.  
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FLUORESCENCE RESONANCE ENERGY TRANSFER (FRET) 

Fluorescence Resonance Energy Transfer (FRET) is perhaps the most widely 

known and most useful manipulation of a fluorophores relaxation pathway. FRET is the 

non-radiative transfer of energy through the interaction of the dipole of an excited state 

donor molecule with the dipole of non-excited acceptor molecule. Since this interaction 

can only occur within the near-field radiation zone, FRET is commonly used as a 

molecular “ruler” for measuring distances on the order of 20–100 Å [46]. 

The rate of energy transfer (kT) between a donor molecule and an acceptor 

molecule at a fixed distance, R, is explained by the Förster equation, 

 6
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T
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R

R
k


, Eq. 1 

where τD is the donor excited-state lifetime in the absence of acceptor and R0 is the Förster 

distance, defined as 

 

or the distance R for which the energy transfer efficiency (E) is 50%. The Förster distance 

(Eq. 2), depends on a number of photophysical properties of the coupled fluorophores 

including: the relative orientation of the donor and acceptor dipoles, κ2, the index of 

refraction of the media,  (1.4 for an aqueous solvent), the quantum yield of the donor, QD, 

and the ‘spectral overlap’ of the donor and acceptor molecules, J(λ). There is no way to 

experimentally measure κ2 directly, but it is possible to determine a range of possible 
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values by measuring the polarization of the donor and acceptor molecules (see below). In 

the ideal scenario, where the probes obey the anisotropic rapid tumbling limit, then κ2 = 

2/3rds. The index of refraction, , of media in which the fluorescent probes are contained, 

is assumed to be 1.4 for biomolecules in aqueous solutions. The quantum yield of the 

donor, QD, (defined as the ratio of photons emitted to photons absorbed), and is typically 

determined by comparison with known standards [47]. The spectral overlap, J(λ) identifies 

how closely tuned the energy gap of fluorescing donor is to the energy gap of the acceptor 

absorbance, and is calculated by the integral of the normalized fluorescent donor spectrum, 

FD(λ) with the acceptor absorption spectrum εA(λ) 
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The efficiency of energy transfer (E) from a donor molecule to an acceptor 

molecule is the ratio of the total energy transfer rate (kT) to the total decay rate as defined 

by,  
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where kD is the rate of decay of the donor. Substitution of the Förster equation (Eq. 1) into 

(Eq. 4) gives the relationship between energy transfer efficiency and the separation 

distance between the two probes, where 
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Therefore, as R becomes less than R0 the efficiency of energy transfer nears 1.0, and as R 

becomes greater than R0 the efficiency goes to 0. When R and R0 are equal, the energy 

transfer efficiency is 50% and the sensitivity to distance is optimal, as seen in a plot of E 

vs. R/R0 in Fig. 6. Highlighted in red in this plot is the region where E is most sensitive to 

distance R, which is typically between about 0.68 R0 to 1.44 R0 [46, 48]. 

Energy transfer (E) can be measured as the decrease in the donor fluorescence 

intensity (quantum yield) or the decrease in fluorescence lifetime,  
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Fig. 6. Dependence of energy transfer efficiency (E) on Förster distance (R0). E is most 
sensitive to R when 0.10 < E < 0.90 as highlighted by the red shaded area.  
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where FDA(τDA, DA) and FD(τD, D) are the steady-state fluorescence intensities (lifetimes, 

quantum yields) of the donor in the presence or absence of the acceptor, respectively. Thus 

E is measured from the fractional decrease in steady-state fluorescence of the donor due to 

the presence of acceptor, or by the fractional decrease of the donor excited-state lifetime in 

the presence of the acceptor using Eq. 6. Using R0 and E, the distance R between the donor 

and acceptor can be determined by substituting these values into Eq. 5. 

 

TIME-RESOLVED FLUORESCENCE RESONANCE ENERGY TRANSFER 

(TR-FRET) 

 Steady-state fluorescence methods are useful when the changes in the total 

fluorescence intensity are due to changes in a single, fully labeled population. In some 

cases, the steady state fluorescence can be corrected by biochemically driving the 

equilibrium to a single population. Likewise, the extent of labeling can be accounted for by 

doing the appropriate controls. In contrast, time-resolved measurements provide direct and 

independent information about the mole fractions and interprobe distances resulting from 

distinct populations.  

 For an ideal fluorophore, the time-dependent fluorescence signal of the donor, 

F(t) follows a Boltzmann distribution for the populations in the ground and excited states. 

The time dependence of changing the populations of these states gives rise to the single 

exponential behavior (FD(t) = A exp[-t/]) found in ideal fluorophores. In the presence of 

an acceptor, FD+A(t), energy transfer will provide an additional mode of relaxation, 

thereby causing a decrease in the excited state lifetime, FD+A(t) = A exp(-t/ - kT). 

However, in practice, fluorophores may sample different environments and undergo 
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aromatic conformational changes that give rise to a multiexponential fluorescence decay, 

in which case they maybe more closely related to a discrete set or a continuous 

distribution of lifetimes. 

 FD(t) = 


n

i 1

Ai exp(-t/i) , Eq. 7 

 

In the presence of an acceptor, energy transfer will provide an additional mode of 

relaxation to all the possible donor lifetimes, 

 FD+A(t) = 


n

i 1

Ai exp(-t/i -kT,i) ,where 
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In order to find the individual R0s for each lifetime, two assumptions must be made: (1) 

the spectral overlap does not change for each lifetime, and (2) the radiative lifetime, ΓD, 

is constant. These are valid assumptions if the measured lifetimes are invariant to the 

excitation wavelength [49]. Replacing the quantum yield in Eq. 2 with the donor 

lifetime, QD,i = D,i ΓD, yields 

  JCR iDDi ,
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The R0,i’s can be related to measured quantities through the rate of energy transfer 

expression: 

Or simply,  
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Consequently, by measuring the quantum yield and average lifetime of the donor (probe 

bound to protein in identical solvents), the lifetime specific R0s can be calculated [50, 

51]. 

TR FRET has the ability to resolve multiple collections of lifetimes originating 

from multiple configurations in a solution Fig. 7. The sensitivity to the mean distance and 
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Fig. 7. Application of TR-FRET. TR-FRET can resolve distance distributions as well as the 
number of distributions within the same solution. (A) A molecule labeled with a donor (cyan 
circle) and acceptor (green circle) may either have a narrow (1) or wide (2) distribution of 
distances. (B) Similarly, TR-FRET can be used to distinguish a homogeneous solution of a 
molecules with 1 distribution of distances (3) from a mixture containing 2 populations of 
distances (4). 
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width dependeds on how close the actual distance is to the R0. Since the energy transfer 

efficiency follows an R-6 dependence (Fig. 6), FRET will be most sensitive to efficiencies 

between 0.1-0.9 (0.68 R0 to 1.44 R0)  Thus, by tuning the donor and acceptors, distances 

and distance distributions between 2 -10 nm can be reliably measured. 

 

ANISOTROPY 

Fluorescence anisotropy is measure of the rotational diffusion of molecule from the 

dispersion of emitted photons from excited photons. In a homogenous solution, all the 

fluorophores have their ground state dipoles randomly oriented. When excited by 

polarized light, only those molecules that have their absorption dipole aligned with the 

electric field vector of the incident radiation will be excited. Since the emission dipole 

is typically closely aligned to the absorption dipole, the emitted fluorescence will share 

the same polarization of the exciting light. This is maximal for a static distribution of 
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Fig. 8. Time resolved anisotropy (TPA). Fluorescent molecules excited by perfectly vertically 
(parallel) polarized light (green beam), emit excites a molecules at the origin Fluorescence is 
emitted along the emission dipole of the fluorophore. The anisotropy is calculated by measuring 
the change in polarization of the emitted light as a function of time. 
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fluorophores, and is lowered by any process that depolarizes the light, such as rotational 

diffusion and energy transfer. 

 An anisotropy experiment is illustrated in Fig. 8. In most instruments, the 

excitation (Fig. 8 green line) is such that the electric vector (E||) is oriented parallel to 

the vertical (z-axis). The intensities of the emission (red arrow), measured through a 

polarizer oriented parallel (I||) and perpendicular (I) to the excitation, are used to 

calculate the anisotropy (Eq. 12). Alternatively, for a sample with z-axis symmetry, the 

anisotropy can be calculated from the average value of the cos2θ, where θ is the angle 

between the z-axis emission dipoles (Eq. 12) 

 r=








II

II

2||

|| =
2

1cos3 2 
 Eq. 12 

There are two interesting evaluations for this expression. First, anisotropy is removed (r 

 0) when the average value of cos2θ   1/3 or when. θ  54.7o, the ‘magic angle’. 

Second, for a single fluorophore oriented along the z-axis, θ = 0, and r=1.0. However 

this is not possible for a population of fluorophores, whose probability of absorption is 

proportional to cos2θ. For a random static distribution of molecules symmetrically 

arranged around the z-axis, cos2θ =3/5, and substitution into Eq. 12 gives r=0.4. This 

is frequently referred to as the limiting anisotropy, or r0, and is much smaller in 

magnitude than a single fluorophore along the z-axis. In practice a r0=0.4 is often an 

overestimate of the actual limiting anisotropy, but it is a good estimate of the limiting 

anisotropy of the probes used in the postceding chapters. 

Steady-state fluorescence anisotropy experiments only resolve the net 

differences in parallel and perpendicular intensities. As a result, the interpretation of 
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such experiments rely on a lot of assumptions since they are incapable of distinguishing 

the contributions of each type of depolarizing motion. As was the case with TR-FRET, 

time resolution adds additional information about the system, since the decays depend  

on the size, shape, and flexibility of the labeled molecule. 

 A time resolved anisotropy (TRA) experiment is essentially identical to the 

steady state experiment, except the excitation source is pulsed vertically polarized light. 

The emission is also measured at parallel, I(t)|| and perpendicular I(t) orientation, 

which in themselves reflect the intrinsic fluorescence, I(t)r=0 as well as the anisotropy, r. 

The parallel intensity decays faster (Eq. 13) than the perpendicular since it reflects the 

rotation out of the vertical polarization.  
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Fig. 9.TRA as a function of probe mobility. If the probe is completely immobilized, the excitation
and emission dipoles will be the same and the anisotropy at infinity, r∞ will be the same as the 
initial anisotropy, r0. This indicates the probes are tightly coupled to the protein, and the 
molecule is fixed. In restricted motion there is some mobility of the probes to move, but the 
protein is virtually immobilized. Isotropic motion is usually only achieved if the probes are on 
some flexible domain of the protein or the protein to which they are attached is very mobile. 

 I(t)|| = (1/3) I(t)r=0[1 + 2 r(t)],   I(t) = (1/3) I(t)r=0[1 - 2 r(t)], Eq. 13 



24 
 

These decays are directly substituted for their steady-state analogs in Eq. 12. 

 r=
   
   tItI

tItI









2||

|| = r∞ + 


n

i 1

ri exp(-t/Ri),   Eq. 14 

The resulting anisotropy decay curves are usually analyzed by fitting to standard decay 

models, such as rotational diffusion, r∞ + r0,iexp(-t/Ri), where r∞ is the anisotropy 

extrapolated to infinite time, r0,i =limiting anisotropy of the probe (0.4) for the ith 

component and Ri is the rotational correlation time for the ith species (Fig. 9).  

 

APPLICATION OF TIME RESOLVED ANISOTROPY 

In principal, FRET measurements of interprobe distance can have a large 

uncertainty due to the unknown relative orientations of the two probes, especially if the 

probes are immobilized on the ns time scale [52]. For example, energy transfer is 

maximal if the two probes are completely parallel, or 0 if the two probes are orthogonal 

(Fig. 10). It is rare for probes to be completely immobilized, and instead precess about 

the position in which they are attached to the protein. The mobility of the probe, and 

thereby the boundaries of 2 can be estimated using time-resolved anisotropy. If the 

probes are isotropic, they will depolarize rapidly and give a measured limiting 

anisotropy that is less than that from static random distribution. The magnitude of 

depolarization is calculated as  x
pd  = (r0/rf)

1/2
, where p indicates donor, D, or acceptor, 

A. Values for rf, which is the anisotropy of a rigid ensemble of probes, are frequently 

assumed to be the theoretical limit for static random distribution of 2/5, which is an 

excellent approximation for most common probes, including AEDANS and fluorescein 
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[53]. These depolarizations are then used to calculate κ2
min and κ2

max, as described 

previously [52] 

 κ2min = (2/3) [1−( x
Dd  - x

Ad )] Eq. 15 

 

 κ2max = (2/3) (1+ x
Dd 2 +  x

Ad 2+3  x
Dd  x

Ad ) Eq. 16 

Rmin and Rmax were calculated using Eq. 15 and Eq. 16,  

 Rmin/max = [(3/2)2min,max]
1/6 R(κ2=2/3) Eq. 17 

If the initial anisotropy values are all quite low, indicating nearly isotropic rotational 

motion on the ns time scale, then 2 will approach 2/3 and uncertainties in the 

measurement of R will be small.  
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Fig. 10. Magnitude of 2 as a function of relative position of the donor and accepter dipoles. 2, 
hence energy transfer, is maximal when the two dipoles are in line, and 0 when the two dipoles 
are orthogonal. 
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Chapter 3: Molecular Dynamics Simulations 
 

One of the recent and incredibly powerful tools for the theoretical study of 

biological molecules is the method of molecular dynamics simulations. This 

computational method calculates the time dependent behavior of a molecule to provide 

detailed information on structure, dynamics, kinetics and thermodynamics of a wide 

range of dynamics in biological molecules (Fig. 11). MD simulations are based on 

Newton’s 2nd law of motion, F=ma. The method is deterministic: once the position and 

velocities of an atom are known, the state of the system can be predicted at anytime in 

the future or the past.  
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Fig. 11. Time scales of protein dynamics.  
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THEORY 

In a molecular dynamics (MD) simulation, a physical system is represented by a 

set of N atoms, each described by a mass mi, position vector {Ri | i=1, 2, …N} and a 

velocity vector { iR  | i=1, 2, …N}.  Such a system would have the following equation 

of motion 

The acceleration is defined as the derivative of the potential energy, Φ, with respect to 

the position, R. 

 
iR =  i

im

1  Eq. 19 

Thus, a molecular trajectory can be calculated by knowing the initial positions of all the 

atoms, the initial distribution of velocities, and the gradient of the potential energy 

function. Typically the initial position, R0, are given by a crystal or NMR structure. The 

initial velocities 0R  are usually determined from a random distribution (Maxwell-

Boltzmann or Gaussian) at a defined temperature T, with an ensemble momentum of 0.  

 



N

i
iim

1

R =0 Eq. 20 

Unfortunately there is no analytical solution to these equations of motion and are solved 

numerically. There are a variety of algorithms designed to integrate the equations of 

motion, and the decision to use one versus another depends on three criteria: 1) 

computationally efficiency, 2) permits long time steps, and 3) conserves energy, 

translational momentum, and angular momentum. Most standard MD packages, such as 

CHARMM [54], GROMACS [55], and NAMD [56], use some variation of the Verlet 

 F(Ri) = mi iR  
Eq. 18 
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algorithm [57]. Consequently, integrating the equation of motion with the Verlet 

algorithm yields:  

 

POTENTIALS 

Table 1. Classical MD Potentials 

Self Potentials 
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Forces in an MD simulation are produced by atom-atom interactions and usually 

given in terms of empirical potentials. A classical MD simulation will include a 

potential terms for the self, s(ri), and pair potentials, p(rij).   

Self potentials (Table 1) account the (1) harmonic potential between bonded atom that 

gives the contribution of the energy for the deviation in bond length to a reference bond 

length (2) the harmonic potential in the valence angle, and (3) the torsional potential 

that describes the periodic variation in energy due to bound rotations. The most 

common pair potentials represent the non-bonded interaction such as (4) the Lennard 

Jones potential representing the van der walls interactions and (5) the Coulomb 

electrostatic potential. 

 In larger simulations, such as those involving biological proteins, it is not 

possible, or even necessary, to calculate the pair potentials to large rij. Thus, these 

potentials are shifted and truncated to improve computational efficiency.  

A typical cutoff for both potentials is 0.8-0.9 nm, and is the cutoff select for the 

simulations included in this thesis (see Chapters 4 and 5). 

SOLVENTS 

Many fundamental biomolecular processes remain largely inaccessible to 

molecular dynamics simulation because the relevant timescale is on the order of μs – ms 

for a large number of residues. In addition, an atomistic biomolecular simulations 

require an accurate description of the aqueous environment. Even simulations on 
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peptides requires thousands of discrete water molecules, which is more computationally 

expensive to simulate than the backbone itself. However, explicit water models are 

essential when viscosity and the granularity of the solvent are necessary to reproduce 

certain properties of the solute, such as kinetics and the stability of large conformational 

changes. Explicit solvent models treat the solvent as rigid molecules that only rely on 

non-bonded interactions. The electrostatic interactions of the solvent with the other 

solvent molecules or the solute is modeled using Coulombs’ law (Table 1, equation 5) 

with the dispersion and repulsion forces modeled by Lennard-Jones potential (Table 1, 

equation 4) . 

In most water models the Lennard-Jones terms (last two terms) only apply to the 

interaction between oxygen atoms, separated by distance rOO. Explicit solvent models 

usually vary on the value assigned to the Lennard-Jones parameters, the geometry of the 

solvent, the flexibility, the number of interacting sites, and the location of the charges 

For example, the most popular water models, such as the TIP3P model that is used in 

the simulations in Chapters 4-6, have 3 interacting sites, with a rigid geometry making 

the observed HOH angle of 105.42o. While more complex models, like TIP5P can 

accurately mimic water specific phenomenon, such as neutron dispersion, they come at 

the expense of computational efficiency [58]. The cost of a water model is roughly 

equivalent to the number interatomic distances that need to be calculated. For the 3-site 

water model (TIP3P), 9 distances are need for each pair of water molecules. Naturally 

this number only increases as the number of interacting sites increase. 

The goal of an implicit solvent is to determine the mean influence of the solvent 

by direct estimation of the solvation free energy (defined as reversible work required to 
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move the solute in a specific state from the vacuum to a solution). Implicit solvents 

have allowed longer time scale conformational changes to be sampled during a 

simulation, but in so doing, three important effects are not accounted. First an implicit 

water model lacks the discrete water structure. Implicit models allow estimation of the 

mean electrostatic free energy but cannot account for the entropic effect of solvent 

organization. Experiments and simulations have revealed that water molecules 

contribute to protein structure, dynamics and function [59-61]. Second, implicit water 

models cannot simulate protein-water hydrogen bonds. The average energetic cost of 

such interactions is often included in an implicit water model, but the directionality is 

not. The latter plays a critical role in the ‘water-bridging’ phenomenon generated in the 

second solvation shell, which produces a second free energy minimum in hydrogen-

bonded or salt-bridged two-body systems [62].  Water-bridging is very common in 

biomolecules [63], and may play an important role in communicating structural changes 

over the surface of proteins [62]. Finally, implicit water molecules cannot describe the 

viscosity contributed by water molecules interacting with the molecule through van der 

Waals interactions. Typically, the removal of viscosity is desirable since it allows 

greater conformational sampling. However, there are some cases where the exclusion 

can lead to misleading results, especially when it involves kinetics of transitions.  

 

COMPUTATIONAL METHODS 

 Conventional molecular dynamics (MD) (as described in detail in the preceding 

subsections) has been widely used to study conformational changes biomolecules under 

a variety of conditions. In summary, MD involves integration of Newton’s equation of 
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motion (section 3.1) that use fixed-charge energy function force fields (section 3.2). The 

biomolecule is typically solvated by explicit or implicit solvents (section 3.3).  The 

method is unbiased, which is to say that assumptions do not need to be made about the 

conformational changes or the degrees of freedom. Consequently, conventional MD is 

ideally suited for the study of smaller systems like the PD of the smooth muscle RLC 

(Chapter 4) where the structure and the relevant conformation changes are unknown. 

The drawback to unbiased simulations is that they are sensitive to local-minima and 

therefore computationally expensive. MD simulations can only realistically probe time 

scales on the order of 10s of ns, while larger domain motions will occur on the 0.1 to 

100s of μs (Fig. 11). Fortunately, the method scales well allowing longer and longer 

time scales as software efficiency and computational power increases. 

 A number of flavors of MD have been developed to circumvent the 

susceptibility of local minima therefore improve sampling. Methods such as 

conformational sampling, accelerated MD, and targeted MD have been used in a 

number of studies involving long time scale conformational changes. The simplest and 

fastest of these techniques, conformational sampling methods, systematically changes 

the torsion angles through a predetermined set of torsional angles. This method has been 

used in the earliest computational study of the RLC [64], determining the dynamics of 

GFP relative to the membrane protein SERCA [65], and to predict loop and helical 

changes in response to phosphorylation. [66]. Torsional angle sampling avoid local 

minima by virtue that it quickly crosses energy barriers, but requires implicit solvents 

and biased torsional angles. Accelerated MD gets its name by effectively modifying the 

potentials (Table 1) in conventional MD to reduce the height of barriers separating 
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conformational minima [67]. This method can yield the correct thermodynamically 

relevant ensemble so long as it the conformations are appropriately weighed [68, 69]. 

Thus, the method is biased by assumed weighting function. Finally, targeted MD 

improves sampling efficiency by limiting the exploration in the energy landscape to a 

path between two preselected structures. This method has the advantage that it provides 

excellent statistics about the two states which can reveal much about the mechanism by 

which one state enters another [70, 71]. Obviously, the major limitation of the method is 

the apriori assumption that two selected states are the most biologically relevant. 

 

CONVERGENCE 

Experiments are usually performed on an extremely large collection of 

molecules which comprise of an almost equal number of conformations. The 

observables from such experiments represent ensemble averages. Typically the 

justification for the “quality” of an MD simulation involves demonstrating that the MD 

simulation goes through all the experimentally accessible molecular conformations with 

in a limited sampling time. In other words, an MD simulation is justified if it can be 

shown that the MD simulation converges to some experimentally determined criteria. 

 In the language of statistical mechanics the ensemble average Ae of molecule, 

defined as  

 Ae =     RRmA
R R

  


RRRR ,,  

Eq. 24 
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the integration of the distribution function, ( R ,R), and the observable, A( R ,R), is 

overall possible values of position, R, and velocity (momenta), R  for a given atom of 

mass m. The distribution function, 

 

Where H( R ,R) is the Hamiltonian, T is the temperature, k is Boltzmann’s constant, and 

Z is the partition function. Without knowing all the possible states of a system, the 

ensemble average can be extremely difficult to solve. However, in an MD simulation 

states are not sampled simultaneously, rather they are passed discretely and sequentially 

in time, such that the time average of the observable, At is defined as  

In other words, as the simulation time τ becomes sufficiently long, the time average of 

the instantaneous observable, A( R (t),R(t)) approaches the ensemble average of the 

observable. This is perhaps one of the most important axioms of statistical mechanics 

for MD simulations - the ergodic hypothesis. 

Essentially, the ergodic hypothesis states that if we have enough simulation time 

to sample enough of the representative structures, then experimentally relevant 

information, such as structure, dynamics, and thermodynamic properties may then be 

calculated. Determining if the sampling time is sufficient, i.e. convergence, depends on 

how the convergence criteria is defined. It is therefore necessary to choose an 
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appropriate way to assess the quality of a simulation and to consider a variable that 

needs to be calculated. 

The simplest and historically used metric uses the distance that each specified 

atom within a system at time t, is removed from its original starting configuration at 

t=0. This is usually called the root mean square deviation, RMSD. The calculation 

minimizes how much rigid body translations and rotations of specified atoms, i, usually 

protein backbone atoms C, C , and N, are required for the designated conformation, 

Ri
m, to be identical to a reference conformation, Ri

ref.  

 
RMSD = 














atom

m
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i

m
i

ref
i

atom

RR
N
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R

 Eq. 28 

Typically the magnitude of the RMSD will depend on the size of the of the molecule, 

Natoms, its flexibility and conditions of the simulation. Usually a crystal or NMR 

structure, is used as the reference structure, but in most cases, it is not representative of 

the protein under the simulation conditions which includes solvent and temperature 

conditions not used in the generation of the structure. This is the case in Fig. 12 where 

there is a large deviation in the structure of the homology modeled smooth RLC from 

the scallop RLC for the same number of atoms. Similar phenomenon is frequently 

observed for disordered peptides, indicating that this method cannot be used to 

determine whether the protein is converged.  

RMSDs do allow some rudimentary analysis of a simulation. First, the 

amplitude of the fluctuations in the RMSD is telling of the conformational freedom in 

the simulated structure. Domains with in the globular portion of the protein will 

generally have small RMSDs, while domains at a free terminus will usually exhibit 
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large fluctuations. Since the pattern of fluctuations is relative, this is only diagnostic of 

flexibility if the RMSD fluctuations change within the same trajectories. Second, the 

asymptotic behavior of the RMSD is an indication of convergence to a minimized 

structure. Multiple structural states typically show up as a ‘jump’ in the RMSD. 

However, it is quite possible that these jumps asymptotically approach a steady state 

value, indicating the existence of multiple structural states.  

Without experimental evidence of multiple structures or multiple replicate 

trajectories (with different starting conditions), the jumps in RMSD shown in Fig. 12 

would suggest nothing about convergence of the simulation, only that it has two 
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Fig. 12. RMSD of cgRLC. The smooth muscle RLC stays in an “open” configuration for the first 
50 ns in both replica trajectories, which are very similar to the reference structure (low RMSD). 
After 50 ns the blue trajectory rapidly changes it’s structure, which causes a jump in the RMSD. 
This ‘closed’ structure has less conformational variability, i.e., smaller fluctuations, than the 
‘open’ structural state.   
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structural states, where one is separated by an RMSD of 0.5 nm. A better indication of 

convergence is provided by clustering [72]. The method still depends on the analysis of 

the RMSDs, but in this approach the trajectory is divided into groups or ‘clusters’ 

depending on the similarity to a set of reference structures (RMSD cutoff). When the 

number clusters no longer increases, then the simulation has visited every substrate. 

While better than simple evaluation of RMSDs, this procedure cannot determine the 

relative populations of the cluster, even long after the simulation has plateaued. Indeed, 

as long as all the conformations, within the designated cutoffs have been visited, the 

simulation will appear to have converged. 

 More recent methods of clustering procedures use the populations of a cluster as 

a determinant of sampling quality [73, 74]. The advantage of this method is that it not 

only builds structural clusters defined by cutoff RMSDs, but it also compares the 

relative populations of the clusters. Convergence is judged by comparing different 

clustering fragments of a trajectory with one another. Specifically, the convergence of 

substrate i’s population is found from the difference between normalized population, ρi,1 

from trajectory 1 and ρi,2 from trajectory 2, such that, Pcuttoff >P = | ρi,1 - ρi,2 |. This 

method is particularly useful for determining sufficient sampling time for 

noncontinuous simulations such as for multiple start simulations [75] or replica 

exchange [76]. 

 For large structural changes, where an entire domain may change structure on 

the 100s of ns to μs time scale, these methods are not particular useful. These ‘rare 

events’ would require either one very long simulation (several μs) or several shorter 

simulations with various starting conditions. In most cases this would either be cost 
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prohibitive or simply impossible. Instead, alternative computational methods must be 

employed to promote a larger range of sampling. 

Alternatively, convergence could be determined on the basis of experimentally 

determined parameters that do not depend on the mol fraction of the two states. For 

example, in Chapter 6, the mean distances or the mol fractions of two states may be 

resolved with a spectroscopic method such as TR-FRET (Fig. 13). If the states are 

sufficiently sampled in the simulation, then the plot as function of cumulative time will 

show convergence to the experimentally determined mean (with in the uncertainty of 

the experiment). If the simulations do not access the range of structures, then it’s 

unlikely that the mean of a given trajectory would be similar to that of an experimental 

mean. 
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Fig. 13. Convergence to Experiment. MD simulations of RLC show two structural states 
(Chapter 6). The simulated distance between two residues, 2 and 129, the distance falls into 
two populations located at 3.0 and 5.3 nm (left). All 4 trajectories produce mean distances as a 
function of cumulative time that remain very close to the to the experimentally determined mean 
distance. 



39 
 

Chapter 4: Molecular dynamics simulations reveal a disorder-

to-order transition upon phosphorylation of smooth muscle 

myosin 

 

 

L. Michel Espinoza-Fonseca, David Kast, and David D. Thomas* 

Department of Biochemistry, Molecular Biology and Biophysics, University of Minnesota, 

Minneapolis, MN 55455 

 

Published in the Biophysical Journal, 2007 

 

 

 

 

*To whom correspondence should be addressed. 

 

Keywords: regulatory light chain, regulation, spin label, EPR, π-helix, metastable  

Running Title: Molecular dynamics of myosin 



40 
 

OVERVIEW 

We have performed molecular dynamics simulations of the phosphorylated (at S19) and 

unphosphorylated 25-residue N-terminal phosphorylation domain of the regulatory light 

chain (RLC) of smooth muscle myosin, in order to provide insight into the structural 

basis of regulation. This domain does not appear in any crystal structure, so these 

simulations were combined with site-directed spin labeling to define its structure and 

dynamics. Simulations were carried out in explicit water at 310 K, starting with an ideal 

α-helix. In the absence of phosphorylation, large portions of the domain (residues S2 to 

K11 and R16 through Y21) were metastable throughout the simulation, undergoing 

rapid transitions among α-helix, π-helix, and turn, while residues K12 to Q15 remain 

highly disordered, displaying a turn motif from 1 to 22.5 ns and a random coil pattern 

from 22.5 to 50 ns. Phosphorylation increased α-helical order dramatically in residues 

K11 to A17 but caused relatively little change in the immediate vicinity of the 

phosphorylation site (S19). Phosphorylation also increased the overall dynamic 

stability, as evidenced by smaller temporal fluctuations in the RMSD. These results on 

the isolated phosphorylation domain, predicting a disorder-to-order transition induced 

by phosphorylation, are remarkably consistent with published experimental data 

involving site-directed spin labeling of the intact RLC bound to the two-headed heavy 

meromyosin. The simulations provide new insight into structural details not revealed by 

experiment, allowing us to propose a refined model for the mechanism by which 

phosphorylation affects the N-terminal domain of the RLC of smooth muscle myosin.  
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INTRODUCTION 

Each muscle myosin (isoform II) 

molecule contains two heavy chains, two 

light chains, and two pairs of associated 

calmodulin-like proteins called the 

essential light chain (ELC) and regulatory 

light chain (RLC).  The heavy chain is 

comprised of an N-terminal globular 

catalytic domain that contains both actin-

binding and ATP-hydrolysis activities 

and an extended C-terminal -helix that 

serves in dimerization and filament 

formation. Both the ELC and RLC are 

bound to this helical heavy chain region 

proximal to the N-terminus, to form the light-chain domain (Fig. 14).  

In smooth muscle, phosphorylation of Thr 18 or Ser 19 on RLC, by the 

Ca2+/calmodulin dependent myosin light chain kinase (MLCK), is required for activation 

of muscle contraction. The unphosphorylated state of smooth muscle myosin (SMM) has 

negligible catalytic activity, while phosphorylation produces as much as 1000-fold 

increase in actin-activated ATPase activity [14]. This mechanism probably involves 

interactions between the two heads (S1) of myosin, since heavy meromyosin (HMM), a 

fragment of myosin containing both heads and lacking the C-terminal two-thirds of the 

tail, is regulated [13, 77], while both single-headed myosin [15, 18] and S1 [2, 3, 24] are 

RLC

F25

SSKKAKAKTTKKRPQRATSNVFAMF
1 2419

A

C

RLC

ELC

HC B

 

Fig. 14. (A) Structure of myosin subfragment 1 [4]. 
Blue, heavy chain; green, essential light chain; 
red, regulatory light chain (RLC). (B) Homology-
modeled structure of smooth muscle myosin RLC. 
(C) N-terminal sequence of RLC (absent in crystal 
structure).  
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unregulated (constitutively active). More specifically, partial activation is achieved through 

relief of inhibitory interactions between the two unphosphorylated RLCs [27, 37, 78]; full 

activation requires relief of additional inhibitory interactions involving one or both 

catalytic domains [19, 42, 79, 80]. 

However, the structural basis of this regulatory mechanism remains unknown, in 

part because there is no crystal structure of a two-headed myosin fragment, but primarily 

because there is no high-resolution structure of any myosin that includes the N-terminal 

portion of the RLC. For example, the crystal structure of skeletal S1 lacks the first 24 

amino acids of the N-terminal region of the RLC, including the critical phosphorylation 

targets Thr 18 and Ser 19 (Fig. 14). Deletion and mutational studies in the N-terminus 

have identified additional residues, K11-R16, as critical for changing the conformation of 

SMM and for activating the ATPase [32]. Photo-cross-linking studies suggest that these 

residues must be disordered to allow the unphosphorylated N-terminus to interact with the 

partner RLC [27]. Since only partial activation is caused by mutations that mimic the 

negative charge of phosphate [33], it is likely that phosphorylation produces a specific 

secondary structure change in these residues.  

The most detailed information obtained to date on the structure of this N-terminal 

region of the RLC comes from recent solution electron paramagnetic resonance (EPR) 

studies, in which site-directed spin-labeling was applied to RLC in HMM. A series of 

single-Cys RLC mutants was prepared, in which each of the N-terminal 25 residues 

(except for the phosphorylation sites, Thr 18 and Ser 19) was replaced by Cys, and EPR 

experiments were performed. The results showed that this N-terminal sequence acts as a 

distinct “phosphorylation domain,” undergoing a substantial change in side-chain mobility, 
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solvent accessibility, and secondary structure upon phosphorylation [1]. Specifically, the 

unphosphorylated N-terminus is largely solvent-inaccessible and only weakly helical, 

whereas the phosphorylated N-terminus exhibits substantially increased rotational 

mobility, solvent accessibility, and helical order. These results led to a model in which 

phosphorylation induces a disorder-to-order transition in the phosphorylation domain of 

RLC that removes the inhibitory head-head interaction [1]. 

However, these spectroscopic measurements did not provide high-resolution structural 

information, so there remains some ambiguity about the details of the phosphorylation-

induced secondary structural transition. The present study uses molecular dynamics 

simulations to investigate the independent stability of the first 25 N-terminal residues of 

RLC in aqueous solvent. The results directly support previous experimental data and 

provide new physical insight into the nature of the disorder-to-order transition of the RLC 

N-terminal phosphorylation domain. 

 

METHODS 

Systems setup 

The starting structure of the 25-residue N-terminal domain of the regulatory light chain of 

smooth muscle myosin of chicken gizzard was modeled as an ideal α-helix by using the 

program Swiss PDB Viewer [81]. The sequence of the fragment is 

SSKKAKAKTTKKRPQRATSNVFAMF. Phosphorylation at S19 was assigned with the 

aid of the PSFGEN utility, included in the latest version of the program NAMD [56]. Both 

phosphorylated and unphosphorylated peptides were capped with an acetyl group at the N-

terminus and N-methylamide at the C-terminus, then embedded in a TIP3P water box with 
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dimensions of 50 Å in each direction. Finally, 8 and 6 Cl- counterions were added to the 

systems containing the unphosphorylated and phosphorylated peptides, respectively. The 

latter procedure was employed in order to conserve the neutrality of the systems. An 

alternative approach, using [Na+Cl-] ~ 0.15 M, produced results that were not 

significantly different. All atoms were included, and the CHARMM22 force field was 

employed [82]. 

Molecular dynamics protocol 

Simulations were performed using the NAMD 2.5 program [56]. The NPT ensemble was 

used, with periodic boundary conditions [83]. The electrostatic term was defined by using 

the particle mesh Ewald algorithm [84, 85], with a grid size of 75 Å in each direction. The 

nonbonded cutoff, switching distance, and nonbonded pair-list distance were set to 8, 7 

and 9.5 Å, respectively. The SHAKE [86] algorithm was applied for bonds involving 

hydrogen atoms, using a 2 fs time step. It has been shown that this use of the SHAKE 

algorithm reduces the computational cost by a factor of 2 without affecting the results 

obtained with a 1 fs time step [87]. The impulse-based Verlet-I multi-step method was 

used with 2 fs for bonded, 4 fs short-range for nonbonded and 8 fs for long-range 

electrostatic forces. Constant pressure (1 atm) and temperature (310K) on the system were 

maintained with an isotropic Langevin barostat and a Langevin thermostat. These values 

of pressure and temperature were set in order to mimic the standard physiological 

conditions. Preliminary energy minimization was accomplished with 1000 steps of 

conjugate-gradient algorithm with restraints to the protein backbone, followed by 1000 

steps without restraints. Systems were warmed up for 20 ps and equilibrated for 60 ps with 

lower restraints, finishing at no restraints and 310 K. Both simulations were continued for 
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50 ns of simulation. The simulations were run on a SGI Altix supercomputer at the 

Minnesota Supercomputing Institute. 

Analysis and visualization 

Visual Molecular Dynamics (VMD [88]) program was used for analysis, visualization, 

and rendering of the structures. The program STRIDE [89], included in VMD, was used 

to analyze the evolution of the secondary structure of both phosphorylated and 

unphosphorylated peptides. STRIDE recognizes secondary structural elements in 

proteins from their atomic coordinates. It utilizes both hydrogen-bond energy and 

mainchain dihedral angles to define the secondary structure pattern. It relies on 

database-derived recognition parameters with the crystallographers' secondary structure 

definitions as a standard-of-truth. 

 

RESULTS 

The conformational evolution of the phosphorylated and unphosphorylated peptides 

was investigated by 50-ns simulations. The two peptides both showed dramatic 

structural fluctuations, which were affected by phosphorylation.  

Fluctuations in secondary structure  

The unphosphorylated peptide fragment (amino acids S1 to A24), maintains an α-helical 

pattern for only the first nanosecond (Fig. 15A), after which time residues 12-15 and 21-24 

spend the rest of the simulation fluctuating between coil and turn. Residues S1 to K11 and 

R16 to N20 keep the α-helical folding pattern until 5 ns. From 5 to 50 ns, residues S2 to  
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K11 display an interesting pattern: the segment from S2 to A5 undergoes rapid (sub-

nanosecond) transitions between α-helix, π-helix, and turn; while the segment from K6 to 

K11 shows rapid α-helix-to-π-helix transitions. The segment R16 to N20 (including the 

phosphorylation site at S19) also begins fluctuating between α-helix and π-helix at about 

5 ns, but maintains a more α-helical pattern than does the amino-terminal segment. In 

summary, these MD simulations predict that the phosphorylation domain of RLC is 

highly flexible and dynamically unstable, undergoing subnanosecond fluctuations in 

secondary structure throughout its 25-residue sequence. 

 

 

Unphosphorylated Phosphorylated

A

0 ns 10 ns 20 ns 30 ns 40 ns 50 ns 0 ns 10 ns 20 ns 30 ns 40 ns 50 ns

1

25

17

13

9

5

10 20 30

re
s
id

u
e

40 500

21

time (ns)
10 20 30 40 500

time (ns)

B
1

25

17

13

9

5

re
s
id

u
e

21

S
S
K
K
A
K
A
K
T
T
K
K
R
P
Q
R
A
T
S
N
V
F
A
M
F

S
S
K
K
A
K
A
K
T
T
K
K
R
P
Q
R
A
T
pS
N
V
F
A
M
F

 
Fig. 15. Evolution of the secondary structure of unphosphorylated (A) and phosphorylated (B) 
peptides along the 50 ns trajectory (top). In snapshots illustrating the key structural features, 
secondary structure is represented as ribbons, and atoms in residues S1 and S19 (pSer-S19, 
right) are shown as van der Waals spheres. Secondary structure is colored as α-helix (pink). π-
helix (red); turn, (cyan), and coil (white). 
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Phosphorylation induces a disorder-to-order transition. 

Phosphorylation causes dramatic 

changes in the trajectory (Fig. 15B). The 

initial α-helical pattern remains stable 

over most of the peptide for a much 

longer period, over 10 ns instead of just 1 

ns. The most striking change is that the 

central portion of the peptide (12-19) 

remains α-helical throughout most of the 

50 ns trajectory (Fig. 15B), while this 

segment is predominantly random coil in 

the absence of phosphorylation (Fig. 15A). These effects of phosphorylation are further 

illustrated by plots of the % of time spent by each amino acid in the α- and -helical (Fig. 

16) conformations. Phosphorylation increases -helicity over much of the peptide, 

particularly in residues 11-17, and decreases -helicity in residues 2-12. In contrast, in 

residues 18-24, α helix decreases while -helix increases. Remarkably, there is relatively 

little effect in the immediate vicinity of the phosphorylated residue, S19, despite large 

effects on the amino-terminal side of this residue (Fig. 15, Fig. 16). Additional simulations 

were performed to make certain that the steady-state structures represented by Fig. 16 

were not sensitive to arbitrary assumptions. For example, these results were not 

significantly affected by increasing the simulation time to 70 ns (i.e., the average ensemble 

of the trajectories displayed the same structural patterns), showing that these results 
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Fig. 16. Percent of time (after the first 12 ns) that 

each residue spends in -helix (top) and -helix 
(bottom) for unphosphorylated (blue) or 
phosphorylated (red) peptide. 
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represent an equilibrated system. Similarly, the results of Fig. 16 were not significantly 

affected by starting with a -helix rather than α-helix.  

Phosphorylation decreases the amplitude of structural fluctuations. 

Structural fluctuations were 

characterized further by the root-mean-

square deviation (RMSD) (Fig. 17). In 

the absence of phosphorylation (Fig. 

17A), a rapid global conformational 

change occurs in the first 3 ns, increasing 

the RMSD to about 5 Å. This 

conformational change is principally due 

to the formation of the turn K12-Q15 

(Fig. 15A). During the period between 4 

and 22 ns, the RMSD plot shows good 

stability of the peptide’s dynamics, with 

no large changes in RMSD. However, 

after t  23 ns, several large transitions in RMSD are observed, covering a range from 3 to 

8 Å, consistent with large-scale conformational changes. Thus, changes on the RMSD of 

3-4 Å are observed at 34.3, 35.1, 35.4, 40.9 and 43.5. These rapid conformational changes 

appear to depend on the flexible nature of the unfolded fragment K12-Q15. 

Phosphorylation greatly increases the dynamic stability, as evidence by decreased 

temporal fluctuation of the RMSD (Fig. 17B). In this case, the RMSD shows a more 

gradual increase, not leveling off for about 12 ns. While the RMSD remains at a higher 
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Fig. 17. Root-mean square deviations (RMSD) of 
the unphosphorylated (A) and phosphorylated (B) 
peptides throughout the 50 ns simulation. 



49 
 

level (approximately 7 Å, Fig. 17B) than in the absence of phosphorylation 

(approximately 5 Å, Fig. 17A), much smaller fluctuations are observed in the RMSD 

value (≤ 1Å), indicating that only relatively small conformational changes are occurring 

that affect the global dynamics of the peptide. 

DISCUSSION 

Metastable secondary structure  

One of the most striking features of the MD trajectory, in both phosphorylated 

and unphosphorylated peptides, is the lack of a stable secondary structure throughout 

most of the peptide sequence. Instead, the dominant motif is a rapidly fluctuating 

structure, involving sub-nanosecond transitions between α-helix, π-helix, and turn (Fig. 

15, Fig. 16). This is especially evident in segments 2-11 and 16-21. The π-helix, which 

is rarely seen in crystal structures, is characterized by a (i,i+5) hydrogen bonding 

pattern. This rarity (instability) is attributable to several factors, including: unfavorable 

φ and ψ angles (φ = -76 ± 25º, ψ = -41 ± 24º [90, 91]), a larger radius (4.4 residues per 

turn, 16 atoms in the ring closed by a hydrogen bond) than that of the α-helix (3.6 

residues per turn, 13 atoms in the ring closed by a hydrogen bond), which results in 

unfavorable energetics in the helix core [92] and a large entropic cost required to align 5 

residues in a helix to permit the hydrogen bond [93]. Thus it is not surprising that this 

motif is rarely seen in crystal structures, and it has been suggested that the presence of a 

stable π-helix in MD simulations may sometimes be due to deficiencies in the force 

fields used in those simulations [94]. However, the existence of a metastable π-helix, 

rapidly interconverting with α-helix as observed in the present study, has been observed 
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in MD simulations on model peptides [95] and a highly charged region of caldesmon 

[96]. 

Secondary structure prediction, using a multiple alignment-based neural network 

system [97], suggests that residues K3 to K11 are likely to form an -helix; our 

simulations do indicate a predominantly helical structure, but one that is dynamic and 

metastable. This decreased stability and increased dynamics probably arises in part from 

the electrostatic repulsion caused by the large positive charge, including eight positively 

charged residues N-terminal to the phosphorylatable serine. This concentration of basic 

residues has been shown to be favorable for interactions with myosin light chain kinase 

[98], and it may also play a role in ensuring that kinase substrates tend to be dynamic 

and metastable [99]. 
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Influence of phosphorylation at S19 

As mentioned in Results, 

important differences in the structure 

and dynamics of the phosphorylated 

and unphosphorylated fragments 

were observed. The region 

comprising residues K11 through 

A17 undergoes the most dramatic 

change. In the unphosphorylated 

peptide, this region shows very little 

secondary structural order, probably 

due to the well-known helix-breaking 

property of proline, which is found at 

position 14. In the simulation, this 

region rapidly changes into a turn, 

and subsequently into a random coil 

(Fig. 15). In contrast, phosphorylation at S19 preserves the -helix through a salt bridge 

or hydrogen bond with the R16 sidechain (Fig. 18). This interaction changes the Q15 

dihedral angles from the -sheet region to the -helical region on the Ramachandran plot 

(Fig. 19). Meanwhile, the proline dihedral angle distribution becomes slightly more 

helical, without any loss in helicity of K12 and R13. However, the cost of ordering the 

K12-Q15 region is increased helix-turn fluctuations over residues 7-11 (Fig. 15B).  
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Fig. 18. (A) Average distance between R16 
sidechain amino protons with serine hydroxyl (gray) 
or phosphoserine oxygen (black). After 19 ns, R16 
amino protons interact with P-S19 through a salt 
bridge or hydrogen bond. (B) Representative snap 
shots of the unphosphorylated (left) and 
phosphorylated (right) N-terminal peptides with the 
same color scheme as in  
Fig. 15. 
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The dramatic ordering effect 

of phosphorylation is illustrated by 

the decreased fluctuations in the 

RMSD (Fig. 17), but also in the 

calculated root-mean-square 

fluctuations (RMSF) (Fig. 20). In this 

case, residues K12 to A17 present a 

difference  2 Å. Consequently, we 
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Fig. 20. Calculated root-mean square fluctuations 

(RMSF) of the -carbons of both unphosphorylated 
(solid line) and phosphorylated (dashed line) 
fragment.  

Fig. 19. (,) Ramachandran 
plots of unphosphorylated 
(blue) and phosphorylated 
(red) residues that 
demonstrate the largest helical 
change in Fig. 16.  
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conclude that the effect of phosphorylation in the N-terminal domain of RLC is not 

simply to reduce the net positive charge, rather it serves as structural switch, increasing 

both the helical content and dynamic stability. 

Relationship to experimental data 

The structure of the 25-amino-acid N-terminal phosphorylation domain (PD) of the 

regulatory light chain (RLC) of smooth muscle myosin has not been solved by 

crystallography, but considerable information about the structure and dynamics of this 

region has been provided by site-directed spin labeling [1]. That EPR study on spin-

labeled RLC, functionally bound to myosin HMM, showed that this region acts indeed as a 

domain, since phosphorylation increases globally the side-chain mobility and accessibility 

in this entire region, without similar effects on the rest of the RLC. The pattern of 

accessibility along the sequence indicated clearly that α-helical periodicity increases with 

phosphorylation. In the present study, we report a computational model for structural 

dynamics of this region, as affected by phosphorylation. Although these molecular 

dynamics simulations made no assumptions based on the EPR study, the results of the 

simulations are in remarkable agreement with most aspects of the EPR data – 

phosphorylation increases helical content, especially in the central region of this domain 

(Fig. 15, Fig. 16), and increases dynamic stability (Fig. 17B, Fig. 20).  

The experimental and computational data are complementary. Due to 

computational limitations, the present study was limited to the 25-residue PD, isolated in 

solution, while the EPR study was carried out on the fully functional two-headed HMM 

molecule. The agreement between the two approaches indicates that the structural 

dynamics of this domain is, to a first approximation, determined by its sequence, 



54 
 

independently of the rest of the protein. In addition, the MD simulations go well beyond 

the EPR data to define the currently most reliable model for the atomic structure and 

dynamics of the RLC and its stabilization upon phosphorylation, as discussed above. For 

example, the ambiguity of α-helical periodicity in the EPR data in regions S1-T9 and 

T18-M24 [1] is clarified by the MD simulations, which show that these regions are 

metastable, undergoing rapid structural fluctuations, regardless of phosphorylation (Fig. 

15). Thus, rather than a transition from disorder to complete order, the observed 

transition might be more precisely described as a partial ordering of a metastable 

domain. 

The present study, limited to the phosphorylation domain of the RLC, clearly 

does not provide a full explanation of the mechanism of SMM regulation, which has 

been proposed to involve changes in head-head interactions [19, 27, 37, 42, 79]. Indeed, 

those few aspects of the experimental EPR observations of [1] that are not confirmed by 

the present simulations on the isolated peptide (e.g, global increases in solvent 

accessibility and dynamics due to phosphorylation) are easily explained by decreased 

head-head interactions upon phosphorylation [1]. Clearly, further testing of more 

complete models of SMM regulation, such as the blocked motor domain model proposed 

by electron cryomicroscopy of frozen hydrated unphosphorylated HMM [19], will require 

more extensive spectroscopic and computational studies of the entire HMM molecule. 

Other studies on the structural dynamics of phosphorylation 

MD simulations in other proteins and peptides have predicted both ordering and 

disordering effects upon phosphorylation in different systems [66, 68]. Smart and 

McCammon employed hybrid Monte Carlo/Stochastic dynamics on a polyalanine 
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peptide capped with phosphoserine at the N-terminus, and found that phosphorylation 

stabilizes the helix via simple electrostatic interactions [100]. Experimental data on 

other systems also indicates that both global ordering [101] and disordering [102] 

events can accompany regulatory phosphorylation [103]. 

The only previous case in which the effects of phosphorylation on dynamics was 

studied by both experiment and MD simulation was that of phospholamban (PLB), a 52 

residue membrane spanning protein that regulates the membrane bound sarcoplasmic 

reticulum Ca-ATPase (SERCA). Inhibition is accomplished through transmembrane 

domain interactions between PLB and SERCA, which is relieved by phosphorylation at 

S16 in the cytoplasmic domain of PLB. Both magnetic resonance experiments [104-

106] and MD simulations [107] demonstrate that PLB undergoes an order-to-disorder 

transition, in which the loop between S16 and P21 becomes destabilized upon 

phosphorylation, leading to further destabilization of the N-terminal helix. Phosphate 

introduces a salt bridge between R13 and the phosphoserine, moving both residues from 

the α-helical region to the β-sheet region of a Ramachandran plot. This results in 

residues R9-A15, N-terminal of the loop, to spend ~50% less time in a helical 

conformation.  

Analogously, the sidechain of RLC N-terminus R16 forms a salt bridge with P-

S19, located 3 residues C-terminal to R16 (Fig. 18), and forces neighboring residues 

(especially Q15) dihedral angles from the β-sheet region to the α-helical region (Fig. 

16). In contrast to PLB, this results in a large increase in the time spent in the helical 

conformation. While the PLB (order-to-disorder) and RLC (disorder-to-order) examples 

appear to be opposite, in one sense they are quite similar – in both cases, it is the less 
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helical, more dynamically disordered conformation of the peptide that interacts more 

strongly with its regulatory target. In one case (RLC) this interaction leads to inhibition 

[1]; in the other case (PLB) it leads to activation [105, 107]. In both cases, the 

unphosphorylated proteins are metastable, fluctuating between ordered and dynamically 

disordered structures, so that the phosphorylation event encounters only a small 

energetic barrier to shift the conformational switch. These constitute the most 

compelling experimental and computational results yet obtained in support of the 

proposal that regulatory signaling and energy transduction, whether by phosphorylation 

or other means, harness the conformational and energetic advantages of dynamic 

disorder [99, 105, 108]. 

 

CONCLUSIONS 

In the present study, we have used molecular dynamics simulations to explore the 

effect of phosphorylation on the N-terminal phosphorylation domain of the regulatory 

light chain of smooth muscle myosin. Our results are in good agreement with 

complementary experimental data [1], defining a phosphorylation-induced disorder-to-

order transition, and provide new insight into the structural dynamics of this protein 

domain. Simulations confirm that the unphosphorylated domain is dynamically 

disordered, but show that most of it is not found as a random coil. Rather, a large 

portion (at both ends) of the domain is metastable, undergoing sub-nanosecond α-

helix/π-helix/turn transitions in both phosphorylated and unphosphorylated proteins. In 

contrast, the dynamics and structural stability of a small central region of the domain 

are highly dependent on phosphorylation. Phosphorylation at S19 causes a dramatic 
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disorder-to-order transition in residues 11-17, converting a dynamically unstructured 

region to a stable α-helix, accompanied by formation of a salt bridge between the 

phosphoserine and R16. This mechanism produces an efficient conformational switch 

that ultimately activates myosin’s interaction with actin, possibly by decreasing head-

head interactions [1]. These observations help to explain how the function of myosin is 

regulated. More generally, this study adds to the evidence that the regulation of 

dynamic disorder is involved in key processes of biological regulation and energy 

transduction [99, 105]. 
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INTRODUCTION 

Post-translational modifications of amino acid side chains, are crucial in 

structural biology due to their modulation of signaling pathways in the cell.[103] 

Phosphorylation is the most widely known and well studied form of reversible post-

translational modification, playing a key role in signaling mechanisms in diverse 

cellular processes such as ion channel regulation, metabolism and cell cycle 

modulation.[109] In smooth muscle, phosphorylation of S19 (pS19) on the regulatory 

light chain (RLC) is required for activation of muscle contraction. The 

unphosphorylated state of smooth muscle myosin has negligible catalytic activity, while 

phosphorylation produces as much as a 1000-fold increase in actin-activated ATPase 

activity[13, 14]. Electron paramagnetic resonance (EPR) experiments [1] and 

computational simulations [110] on spin-labeled RLC bound to functional myosin have 

provided insight into the conformational shifts induced by phosphorylation in the N-

terminal phosphorylation domain (PD) of this protein. These studies have shown that, 

upon phosphorylation, the PD undergoes a disorder-to-order transition. Molecular 

dynamics (MD) simulations of PD suggest that the interaction between pS19 and the 

adjacent residue R16 plays a major role in the phosphorylation-induced conformational 

transitions5. Here we provide a quantitative analysis of the thermodynamic and 

structural basis of the phosphorylation-induced disorder-to-order conformational 

transitions of RLC by means of molecular dynamics simulations.  
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METHODS 

Two independent all-atom MD simulations of phosphorylated and 

unphosphorylated PD were performed using the program NAMD [111] and the 

CHARMM 27 force field [112] with CMAP correction [113]. 

SSKRAKAKTTKKRPQRATSNVFAMF, the sequence of PD, was translated into an 

ideal α-helix, which was used as a starting model. Phosphorylation was assigned to S19. 

The production runs were carried out for 140 ns using a NPT ensemble with periodic 

boundary conditions. The free energy change in the phosphorylation-induced disorder-

to-order transition was calculated using the MM/PBSA method [114].The entropic 

contribution to the relative free energy was estimated using the quasi-harmonic 

approximation [115], as discussed in detail in Supporting Information. 

RESULTS AND DISCUSSION 

Analysis of the trajectories showed that in the absence of phosphorylation, the 

peptide experienced a loss of α-helical periodicity at positions T9-K11 (Fig. 21), with 

an inherent gain of conformational backbone dynamics (Fig. S1A). In contrast, 
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phosphorylation favored α-helical periodicity, populating the ordered state of the 

peptide (Fig. 21, Figure S1B). Moreover, a stable salt-bridge interaction between pS19 

and R16 was present in at least 90% of the total time of simulation. 

The trend observed in these MD simulations corresponds to the previously 

suggested effect of phosphorylation in the ordering of the PD [110], with two 

significant differences in the present study: the absence of a transient π-helix in both 

unphosphorylated and phosphorylated peptides and the shift of backbone disorder from 

region K12-Q15 to T9-K11. These differences arise from the use of the CMAP 

correction in the present study, which has been found to more accurately describe 

protein backbone motions [113]. The presence of a stable α-helix is in closer agreement 

with EPR data [1]. The existence of a disordered region at T9-K11 correlates well with 

the presence of P14, which apparently increases the rigidity of the N terminus and 

disfavors the stability of the backbone hydrogen bond between T10 and P14. 

We calculated the free energy change of the phosphorylation-induced disorder-

to-order transition (ΔGord) from the MD trajectories (Fig. 21). Short- and long-range 

electrostatic interactions introduced by phosphorylation were found to significantly 

contribute to the favorable enthalpy of ordering. For instance, the contact minimum free 

energies of the interaction between phosphoserine and arginine (such as the one 

observed between pS19 and R16) have been estimated between -4.7 and -10.6 kcal/mol 

[109]. The magnitude of the contact minimum free energy depends on the monodentate 

or bidentate-like geometry. We found a ratio of 2:1 between bidentate and 

monodentate-like geometry in our simulations, indicating that the contribution of this 

specific interaction guides the enthalpy of ordering to a deeper energy minimum.  
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The radius of gyration of cationic residues was computed (except for R16, which will 

be discussed later) as a measure of sidechain disorder (Fig. 22). Convergence in the 

radius of gyration was achieved after 80 ns of simulation, so only the last 60 ns of 

simulation were considered for further analysis. Upon phosphorylation, there is a 

decrease of ~ 2 Å in the radius of gyration, which represents a loss of 20% in the 

conformational dynamics of the positively charged sidechains. 

We showed previously that R16 plays an important role in ordering of RLC, due 

to formation of a salt bridge with pS19 [110]. Here we computed the conformational 

probability of the torsional angle χ of R16 from trajectories (Fig. 23). In the 

unphosphorylated peptide, R16 was significantly populated by an entropically favorable 

extended conformation (χ=±180º), with χ=+180º and χ=-180º equally populated, 

indicating that rapid sidechain motions take place on the ns time scale (Fig. 23). Upon 

phosphorylation, the R16 sidechain was constrained by pS19 to an entropically 
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Fig. 22. Radius of gyration of cationic residues in the PD. 
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unfavorable conformation (χ≈+70º) (Fig. 23B). Populations of χ=±180º were negligible, 

indicating that phosphorylation induced a significant reduction in conformational 

freedom.  

To further explore the importance of R16 in the disorder-to-order transitions, we 

performed 140-ns MD simulations of the phosphorylated mutants R16A and R16E, 

which have been shown to stabilize SMM in the 6S conformation [32, 33] and greatly 

inhibit phosphorylation by MLCK [116]. Both mutations destabilized the helix 

substantially compared with the phosphorylated WT peptide apparently due to the loss 
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Fig. 23. Calculated probabilities of the torsional angle χ of R16. 
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of the salt bridge pS19-R16, but also due to the formation of new salt bridges that 

destabilize the helix.  

By what mechanism does phosphorylation balance the enthalpy-entropy 

compensation in the disorder-to-order transition? We calculated a free energy increase 

of ~6 kcal/mol from the decrease in entropy due to backbone ordering, in good 

agreement with the estimated entropy of backbone folding in formation of a single 

helical turn [117]. We calculated an additional increase in free energy of ~6 kcal/mol 

due to loss of conformational entropy of the R16 sidechain. Thus, backbone ordering 

and the conformational restriction of R16 account for 60% of the total entropic free 

energy increase (about 20 kcal/mole, Fig. 21) upon phosphorylation. Restriction of the 

motions of positively charged residues also contributed to the overall unfavorable 

entropy of ordering. Thus electrostatic interactions introduced by phosphorylation make 

a significant contribution to the total entropy of ordering. 

WT               R16A R16E

pS19
pS19

pS19 A16

R16

E16

 

Fig. 24. Final MD structures of phosphorylated PD containing R16 mutations (purple: α-helix; 
blue: 310-helix; cyan: turn; white: coil). 
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CONCLUSION 

In conclusion, phosphorylation balances the enthalpy-entropy compensation in 

RLC by favoring the electrostatic contribution to the enthalpy and constraining the 

conformational dynamics of positively charged residues. Phosphorylation tunes ΔGord 

by adding a significant constraint to R16, which contributes to the loss of entropy in the 

disorder-to-order transition. We propose that this balance, keeping ΔGord small, serves 

to ensure that phosphorylation is a reversible switch. 

A phosphorylation-induced change in order has also been observed, by EPR 

[105], NMR [104], and MD simulation [107] in the N-terminal domain of 

phospholamban; but in that case an order-to-disorder transition was found, due to the 

formation of a helix-destabilizing salt bridge (as observed for the RLC mutants in 

Figure S2). We propose that entropically balanced disorder-order transitions are a 

common theme in phosphorylation-induced conformational shifts involved in cell 

signaling. 
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SUPPORTING INFORMATION 

 
MD simulations 

Peptides were placed in a box of TIP3 water with a margin of 20 Å between the 

peptide and the boundaries of the box. Counterions were added to neutralize the overall 

charge and to produce 150 mM ionic strength. The systems were minimized to remove 

unfavorable interactions, warmed up to a target temperature of 310 K and equilibrated 

for 40 ns. A nonbonded cutoff of 8 Å, periodic boundary conditions and an integration 

step of 2 fs were used. Long-range electrostatics were computed using the particle mesh 

Ewald method. 

 

Energetic analysis 

The molecular mechanics energy was evaluated every 20 picoseconds using 

NAMD [111] using a 8 Å cutoff and periodic boundary conditions. The solvation free 

energy was evaluated as the sum of the polar and non-polar components. The polar 

contribution to the solvation free energy was calculated with the Adaptive Poisson-

Boltzman Solver [118]. The polar contribution was defined as the difference between 

the solvated system (solute dielectric of 1.0, solvent dielectric of 78.4 and ionic strength 

of 150mM) and the reference system (solute and solvent dielectric of 1.0, 0 M salt 

concentration). Harmonic smoothing was used to define the protein boundary. The non-

polar contribution to the solvation free energy was approximated with the solvent 

accessible surface area (SASA), (SASA)+np
solvG    , where γ=0.0054kcal/(mol Å2) 

and β=0.92 kcal/mol [114] SASA was calculated using VMD [88]. 
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For the calculation of the relative free energy we used the end-point free energy 

model, where the initial (unphosphorylated) and final (phosphorylated) states are 

sampled around their configurational equilibrium. The equilibrium was monitored using 

the root-mean square deviation as a quantitative measurement of conformational 

stability. Such conformational stability was observed in the last 40 ns of simulation.  

 

Configurational entropy 

The configurational entropy was estimated using the quasi-harmonic 

approximation. This method yields an upper-bound approximation, Sho, to the real 

configurational entropy, S, of a molecule based on the covariance matrix calculated 

from a MD-generated trajectory. Thus, for a N-atom system, the entropy can be 

approximated by: 
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Eq. 29 

 

The mass-weighted covariance matrix is diagonalized to obtain the eigenvalues λi 

(i=1,2,…,3N), from which the quasiharmonic frequencies ( ) / λi ikT   are obtained 

[115]. 

The calculation of the all-atom covariance matrix of the MD trajectories and the 

estimation of the quasiharmonic entropy was performed with the program CARMA 

[119]. In order to ensure that the configurational sampling was adequate, we carried out 

MD simulations long enough (140 ns) that the entropy values converged; i.e., did not 

change significantly during the last 40 ns of the simulation. A 1-ns step was used for the 
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calculation of the covariance matrix. The calculated entropy was observed to converge 

in both unphosphorylated and phosphorylated peptides. The entropic contribution to the 

free energy of ordering was estimated separately for backbone and sidechain atoms by 

 ( )phosphorylated unphosphorylatedT S T S S   . 
Eq. 30 

 

Free Energy of Ordering 

The free energy of ordering, ΔGord was calculated by 

 STGEGGG solvationMMylatedunphosphoratedphosphorylord   

Eq. 31 
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Fig S25. RMSD trajectory (top) and % of time each residue spends in α-helix (bottom) for 
unphosphorylated (A) and phosphorylated (B) peptide (B). 
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Fig S26. Structures obtained at the end of the MD simulations, and helical content of 
phosphorylated mutants R16A (top) and R16E (center). Phosphorylated wild type is shown for 
comparison (bottom). The structures are colored according to their secondary structure index 
(purple: α-helix; blue: 310-helix; cyan: turn; white: random coil). 
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OVERVIEW 

We have performed complementary time-resolved fluorescence resonance energy 

transfer (TR-FRET) experiments and molecular dynamics (MD) simulations, to 

elucidate structural changes in the phosphorylation domain (PD) of smooth muscle 

regulatory light chain (RLC) bound to myosin. PD is absent in crystal structures, 

leaving uncertainty about the mechanism of regulation. Donor-acceptor pairs of probes 

were attached to three site-directed di-Cys mutants of RLC, each having one Cys at 

position 129 in the C-terminal lobe and the other at position 2, 3, or 7 in the N-terminal 

PD. Labeled RLC was reconstituted onto myosin S1. TR-FRET resolved two 

simultaneously populated structural states of RLC, closed and open, in both 

unphosphorylated and phosphorylated biochemical states. All three FRET pairs show 

that phosphorylation shifts the equilibrium toward the open state, increasing its mol 

fraction by ~20%. MD simulations agree with experiments in remarkable detail, 

confirming the coexistence of two structural states, with phosphorylation shifting the 

system toward the more dynamic open structural state. This agreement between 

experiment and simulation validates the additional structural details provided by MD 

simulations: In the closed state, PD is bent onto the surface of the C-terminal lobe, 

stabilized by interdomain salt bridges. In the open state, PD is more helical and straight, 

resides farther from the C-terminal lobe, and is stabilized by an intradomain salt bridge. 

The result is a vivid atomic-resolution visualization of the first step in the molecular 

mechanism by which phosphorylation activates smooth muscle. 
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INTRODUCTION 

Smooth Muscle Myosin (SMM). SMM is a member of the myosin superfamily of 

motor proteins, which use chemical energy from ATP hydrolysis to perform mechanical 

work on actin. Motor properties of myosin are activated by Ca2+. In skeletal muscle, 

Ca2+ moves actin-bound inhibitory proteins to allow active myosin-actin interaction. In 

smooth muscle, activation requires 

phosphorylation of RLC (Fig. 27), 

which is distant from the myosin 

active site on the catalytic domain 

(Fig. 27). Unphosphorylated SMM 

is auto-inhibited by physical 

interactions between the two 

catalytic domains [19, 121]; these 

interactions are relieved by RLC 

phosphorylation [13, 14]. Although 

regulation requires both heads of 

myosin [2, 18, 24, 122], 

phosphorylation of one RLC is sufficient to activate both heads [79, 123]. 

 
Phosphorylation Domain of RLC. The structural mechanism by which 

phosphorylation of RLC at S19 activates SMM is a mystery, primarily because there is 

no high-resolution structure of any myosin that contains the N-terminal 24 residues of 

RLC (Fig. 27). Site-directed spin labeling demonstrated that this N-terminal segment 
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Fig. 27. (A) Crystal structure of myosin S1 [4], with 
heavy chain (HC) blue, essential light chain (ELC) 
green, and regulatory light chain (RLC) red. (B) 
Homology-modeled structure of SMM RLC [120]. (C) 
Sequence of PD, the N-terminal portion of SMM RLC 
(absent in crystal structure). DiCys mutants are made 
by mutating M129 (B) and either residue 2, 3, or 7 (C). 
RLC is phosphorylated at S19. 
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acts as a coherent domain in response to phosphorylation, so it is now referred to as the 

phosphorylation domain (PD) [1]. Removal of PD abolishes regulation, but charge 

replacement or deletion of PD causes only partial activation [32 , 33], suggesting that 

full activation requires specific structural changes within PD. Fluorescence studies on 

the structurally homologous skeletal RLC suggest that the N-terminus extends away 

from the C-lobe of RLC [34, 35]. Crosslinking within heavy meromyosin (HMM, a 

two-headed fragment of SMM) suggests that a portion of PD can interact with the C-

lobe of its partner RLC, while phosphorylation decreases this interaction [27]. This 

head-head interaction is probably responsible for allosteric nucleotide effects on PD 

[38]. 

An important step toward a high-resolution structure of PD, and thus the entire 

RLC, came from the above-mentioned site-directed spin labeling study [1]. A spin label 

was attached to a series of single-Cys mutants of PD on HMM, and electron 

paramagnetic resonance (EPR) spectra showed that phosphorylation increases helicity 

within PD, while increasing its solvent accessibility and rotational mobility. Subsequent 

MD simulations on the isolated PD confirmed the disorder-to-order transition and 

provided a more detailed atomic structural explanation -- PD is disordered from K11 to 

Q15, and phosphorylation at S19 allows a salt bridge to form with R16, stabilizing the 

-helical secondary structure N-terminal to R16 [110, 124]. The favorable enthalpy 

change arising from electrostatic interactions is balanced by a loss of configurational 

entropy, minimizing the change in free energy of ordering due to phosphorylation [124]. 
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Site-directed Fluorescence Labeling and Computer Simulation. In the present study, 

we have addressed the phosphorylation-induced structural transition in PD of SMM by 

using two complementary approaches: fluorescence experiments and MD simulations. 

We performed time-resolved fluorescence resonance energy transfer (TR-FRET) within 

three di-Cys mutant RLCs reconstituted into SMM S1. The single-headed S1 was used 

to avoid complexities introduced by head-head interactions. Although the enzymatic 

properties of S1 are insensitive to phosphorylation [2], RLCs bound to S1 report similar 

phosphorylation-dependent structural changes as observed in two-headed SMM [1, 41]. 

The TR-FRET results were validated and illuminated with all-atom MD simulations of 

both unphosphorylated and phosphorylated biochemical states of RLC bound to the IQ 

segment of the SMM heavy chain. This combined approach has allowed us to resolve 

distinct structural states of this system, and to construct a detailed atomic-level model 

for the phosphorylation-dependent structural dynamics that trigger the activation of 

smooth muscle. 

RESULTS 

Labeling and Phosphorylation. Each E. coli-expressed RLC Di-Cys mutant was first 

labeled with donor IAEDANS at a small fraction (approximately 30%) of sites, then 

labeled with excess acceptor fluorescein maleimide (see supporting information, SI, 

Methods), ensuring that most donors would have acceptor bound to the same RLC. 

Both donor-only and donor-acceptor RLC were thiophosphorylated. Mass spectrometry 

confirmed that virtually all Cys residues were labeled and that virtually all labeled 

RLCs were phosphorylated (Fig. S33A). Fluorescently labeled di-Cys RLCs were 
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exchanged onto S1, and actin-activated ATPase activities were nearly identical to that 

of unlabeled S1 (Fig. S33B). 

 

TR-FRET Reveals Open and Closed Structural States of RLC. Steady-state 

fluorescence methods only report changes in the total fluorescence intensity, providing 

little or no resolution of populations. Time-resolved FRET provides direct and 

independent information about the mol fractions and interprobe distances represented 

by distinct populations. Using the novel instrumentation described in Methods, TR-

FRET was performed on 10 M S1, with RLC labeled either with donor only (D) or 

with donor plus acceptor (D+A), in a solution containing 150 mM NaCl, 25 mM Tris, 

pH 7.5 (25o C). First, the fluorescence of each donor-only sample, FD(t), was fitted by a 

multi-exponential function (Methods, Eq. 32), with three exponentials required for an 

optimal fit (Fig. S34, Table S4). These pre-exponential factors and lifetimes were used to 
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Fig. 28. Time-resolved fluorescence of S2C/M129C-RLC on SMM S1. A: Fluorescence 
waveforms of both donor (D) and donor-acceptor (D+A), and the instrument-response function 
(IRF). B: Residual, (data minus fit)/(maximum fit value), for three different distance distribution 
models shown in C. A two-Gaussian distance model (red, 2G) gives the best fit to the data 
(lowest residual amplitude and χ

2
 values) when compared to a single Gaussian (blue, 1G), two 

discrete distances (purple, 2R), or a single discrete distance (green, 1R). 
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constrain FRET fits (Eq. 33). For each of the three doubly-labeled mutants 

(S2C/M129C, K3C/M129C, and A7C/M129C), FD+A(t) shows an increase in the rate of 

fluorescence decay, as shown in Fig. 28 for one of the mutants. Time resolution is 

particularly important in the present FRET study, since there is a significant fraction of 

RLC that contains only donor, and time-resolved data allows us to correct quantitatively 

for this component of the waveform (Eq. 34). We tested several different models for the 

distance distribution (R) (Eq. 33-Eq. 35), including a single FRET distance (“1R”), a 

single Gaussian distribution (“1G”), two discrete distances (“2R”), and two Gaussian 

distributions (“2G"). As exemplified in Fig. 28, the two-component models (2R, 2G) 

were clearly superior, with χ2 values 3-5 times less than for 1-component models. The 

2G model (Eq. 35) was selected, not only because of its superior statistics (lowest χ2), 

but also because it is physically more realistic than 2R and is more consistent with MD 

simulations (discussed below). Consequently, fluorescence waveforms from all three di-

Cys mutants were fitted by the model described by Eq. 33-Eq. 35, which accounts for 

the fraction of uncoupled donor (XD) and determines the centers (R1, R2), widths 

(FWHM1, FWHM2), and mol fractions (X1, X2 = 1-X1) of each population (Eq. 35). 
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Fig. 29. Distance distributions determined by TR-FRET between M129C and three Cys mutants 
in PD, for RLC bound to S1. 
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 All FRET data sets were fitted well by this model, producing two populations 

having short and long distances. These distances were determined by assuming κ2=2/3 

in the calculation of R0 (4.62 nm) [Eq. S 42], which is a safe assumption, since time-

resolved fluorescence anisotropy showed that probes on PD are nearly isotropic, 

implying that probe orientation does not significantly affect the accuracy of FRET 

analysis (Table S5, Eq. S40). For each mutant, both biochemical states (phosphorylated 

and unphosphorylated) of RLC yielded similar mean distances and widths for the two 

structural states (Fig. S35), and in each case, phosphorylation increased the mol fraction 

in the long-distance population. Indeed, when the data sets were fitted globally (Fig. 

29), assuming that the same two structural states were present in both biochemical states 

(unphosphorylated and phosphorylated) for a given mutant, the quality of the fit was 

just as good as when the distance distributions were allowed to vary independently (Fig. 

S35). These results strongly support a model in which RLC has two fundamental 

structural states, closed and open (corresponding to short and long FRET distances, 

respectively), with phosphorylation shifting the equilibrium toward the open structural 

state. 

This model is supported 

further by the observation that the 

mol fractions of the two states, and 

their dependence on 

phosphorylation, are similar for all 

Table 2. Mol fraction of the Open Structural State 
 Unphosphorylated Phosphorylated 
S2C 0.32 ±0.01 0.57 ±0.02 
K3C 0.29 ±0.10 0.54 ±0.04 
A7C 0.39 ±0.05 0.56 ±0.04 
Average 0.33. ±0.04 0.56 ±0.03 
Average 
from 
MD 

0.18  0.59  
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three mutants (Table 2), which are thus detecting independently the same fundamental 

equilibrium between closed and open structural states. Phosphorylation shifts the 

equilibrium populations toward the open state by about 23% (Table 2). 

Molecular Dynamics Simulations Confirm FRET Results and Reveal New 

Structural Details. Eight MD simulations were performed on unphosphorylated and 

phosphorylated RLC (residues 1-165) bound to a 36-amino acid segment (“IQ”) of the 
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Fig. 30. Atomic resolution model of open and closed states from MD simulations. A: Snap shots 
of the starting, closed, and open states found in SMM RLC (red, with PD in purple) bound to the 
IQ segment (blue, residues 815 to 850, to which the three structures were aligned) of the SMM 
heavy chain. The four labeling sites are shown. B: Trajectories of the distance between Cα of S2 
and M129 over the 70 (red) and 100 ns (blue, green and purple) trajectories. Trajectories for the 
other two mutants (K3, A7) are quite similar (Fig. S36). C: Comparison of the simulated 
distance distributions (solid lines) with those from TR-FRET experiments (dashed lines), for 
unphosphorylated (black) and phosphorylated (red) biochemical states. Simulated distributions 
are the average of histograms from the 70 ns and three 100 ns trajectories, which were 
constructed by allocating Cα-Cα distances to 0.1 nm bins. Distributions shown are the weighted 
averages from all simulations; distributions from individual simulations are shown in Fig. S38. 
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smooth muscle myosin heavy chain (residues 815-850) (Fig. 30A). The starting 

structure for these simulations was based on homology modeling from crystal and EM 

structures, with PD starting as an idealized helix (Methods). Distances were measured 

between C atoms of the same pairs of residues used in FRET experiments. Trajectories 

(Fig. 30B) show that both unphosphorylated and phosphorylated biochemical states 

occupy two structural states, open (distance ~ 3 nm) and closed, Fig. 30A), 

demonstrated by bimodal distance distributions in all three mutants (Fig. 30C, solid), 

which are remarkably similar to those observed by TR-FRET (Fig. 30C, dashed). Both 

simulations and experiments show that the mean probe separation is 2-3 nm greater in 

the open state, where the amplitude of fluctuations (distribution width) is also greater in 

most cases. The pattern is similar for all three mutants, showing that PD acts as a 

coherent domain. Upon phosphorylation, simulations (Fig. 30C, solid) confirm 

emphatically the shift toward the open state observed by TR-FRET (Fig. 30C, dashed): 

simulations show a shift from 18% to 59% open; experiments show a shift from 33% to 

56% (Table 2). Simulations also show that phosphorylation produces more interdomain 

disorder in both structural states, producing broader and more heterogeneous distance 

distributions (Fig. 30C, solid red), consistent with greater RMSD fluctuations (Fig. 

S37). RLC approaches steady-state RMSD levels within a few ns, with values 

substantially greater with phosphorylation (0.3 – 0.9 nm) than without (0.2-0.6 nm) 

(Fig. S37A). RMSD levels, and the amplitude of fluctuations in these levels, are 

generally greater when the entire RLC is included (Fig. S37A) than when each domain 

is analyzed separately, aligned to itself (Fig. S37B,C), demonstrating that a major 
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source of structural fluctuations is interdomain movement of PD relative to the rest of 

RLC. 

 

DISCUSSION 

Complementary Experimental and Computational Methodologies. We used two 

complementary approaches, TR-FRET experiments and MD simulations, to construct 

the first atomic-resolution structural model of the complete RLC bound to myosin 

heavy chain (Fig. 30A, Fig. 31). Both approaches provide evidence of two coexisting 

RLC structural states (closed and open) in each of the two biochemical states 

(unphosphorylated and phosphorylated), with a population shift toward the open state 

upon phosphorylation (Fig. 30C). This combined approach is particularly effective 

because the limitations of one method are compensated by the other. FRET, like other 

ensemble spectroscopic methods, samples an enormous set of molecular conformations 

and times, so convergence is not in doubt, while MD simulations deal with one 

molecule at a time, and convergence is particularly problematic when large-scale 

conformational transitions are observed between long-lived states (Fig. 30B, Fig. S38). 

However, FRET is limited to the observation of two sites at a time using loosely 

coupled probes, while MD simulations include all atoms and show details of secondary 

structure and tertiary interactions. Fortunately, TR-FRET provides enough structural 

resolution to compare the distance distributions directly with those of MD simulations, 

and these distributions are in remarkable agreement, showing similar means, widths, 

and bimodal character (Fig. 30C, Table 2). Thus the two approaches validate each other. 

Although our most secure conclusions are those that are accessible from both 
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techniques (Fig. 30C), the validated MD simulations allow us to extrapolate beyond 

experiment and gain more detailed structural insight, as discussed below.  

Phosphorylation Shifts the RLC Structural Equilibrium. EPR data [1] showed that 

upon phosphorylation, PD of SMM RLC exhibits an increase in helicity, solvent 

accessibility, and rotational mobility, consistent with the more open structure indicated 

by the present study. The increase in helicity was confirmed in previous MD 

simulations on the isolated PD, regardless of whether the CMAP correction (used in the 

present simulation; sometimes reputed to overestimate helicity [125]) was employed 

[110, 124]. But the current results provide much more than confirmation -- they provide 

+P

Open

Closed

 
Fig. 31. Model of structural changes within RLC. Phophorylation shifts the equilibrium from a 
compact closed structural state toward an open state in which PD (purple) is more helical 
(increased secondary order) but also more globally flexible (decreased tertiary order).  
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the added dimension of structural resolution (Fig. 31). Both experiments and 

simulations show that phosphorylation shifts a pre-existing equilibrium between two 

resolved structural states (closed and open) toward the open state, which exhibits 

increased secondary (helical) order within PD but decreased tertiary order of the entire 

RLC. Table 3 shows that helicity is greater in the open structural state, with 

phosphorylation shifting the equilibrium toward this state and thus increasing helicity. 

However, the open structural state has a wider distance distribution (Fig. 30C) and 

larger RMSD fluctuations (Fig. S37) giving rise to a more dynamic and disordered 

tertiary structure (Fig. 31). 

 

Interdomain and Intradomain Salt Bridges. MD simulations suggest strongly that the 

tertiary order of the closed state is stabilized by interdomain salt bridges between basic 

residues in PD and acidic residues in the C-lobe, as exemplified in Fig. 32A. Fig. 32B 

shows a trajectory in which the R4-D100 salt bridge is present throughout the closed 

period, and is immediately lost in the closed-to-open transition. Fig. S39 shows that 

these closed-state salt bridges are three times more prevalent in the absence than in the 

Table 3. Fraction helix in closed and open structural states of RLC 

 
In closed structural state In open structural state Total 

isolated  
PD3 

mol 
fraction1 

Helix 
fraction2 

mol 
fraction1 

helix 
fraction2 

helix 
fraction 

Unphos. 0.82 0.90 0.18 0.94 0.91 0.91 

Phos. 0.41 0.89 0.59 0.99 0.95 0.99 
1Mol fraction was calculated by integrating the simulated S2-M129 C distance 
distribution (Fig 4C) from 1-4.5 nm (closed) and 4.5 – 7.5 nm (open). 2Helix fraction is 
the average fraction of time each residue in PD was helical in a given structural state, as 
determined with the STRIDE algorithm [89] in VMD. All 370 ns of the simulations 
were included. 3[124]. 
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presence of phosphorylation. It is not likely that the particular salt bridge depicted in 

Fig. 32 is essential for formation of 

the closed state, since deletion of 

the first 10 residues of PD has little 

effect in on the function of smooth 

muscle myosin [32]. Nevertheless, 

such a deletion would still leave a 

cluster of basic residues (K11, 

K12, and R13) at the N-terminus, 

at an appropriate location to 

interact with several acidic 

residues on the C-lobe. 

Salt bridges also stabilize 

the open state, but in this case they 

are intradomain. Our previous MD 

simulations showed that the R16-

pS19 salt bridge functions as a switch that increases helical order within PD [110]. We 

find that this phosphorylation-dependent salt bridge is formed during 93% of the 

simulation, correlating with destabilization of the R4-D100/E99 salt bridge (Fig. S39, 

red), thereby introducing tertiary disorder of RLC (Fig. 31).  

 

Mechanism of Regulation. The principal mystery in smooth muscle regulation is how 

phosphorylation of PD on RLC relieves inhibitory head-head interactions, resulting in 
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Fig. 32. Closed state stabilized by interdomain salt 
bridge. A. Salt bridge between R4 of PD and D100 of 
the C-lobe. B. Distance trajectory from 
unphosphorylated RLC (from U1 simulation of Fig. 
30B). Black trace: interprobe trajectory from Fig. 30B, 
showing transition from closed to open state at 47 ns. 
Blue trace: distance between guanidino nitrogens of R4 
and the carbonyl oxygens of D100. 
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functional changes 8-10 nm away at the ATP- and actin-binding sites of myosin [19, 20, 

121]. Since the present study deals with a single myosin head and focuses on the RLC, 

we can not directly address this entire puzzle. However, it is plausible that a compact 

inhibited structure of the entire myosin molecule is initiated on a smaller scale by the 

compact closed structure that is predominant in the unphosphorylated RLC (Fig. 31). 

This could be explained by direct RLC-RLC interactions [27], or by less direct effects 

that propagate through the heavy chain [41]. If changes in RLC order are transmitted to 

the tightly coupled heavy chain, then the more disordered RLC (more populated open 

state) after phosphorylation would allow greater flexibility of the heavy chain, allowing 

the entire myosin molecule to become more open and active [41]. Further studies 

involving site-directed spectroscopy and simulations on two-headed myosin will be 

needed to test these hypotheses. 

  

Relationship to Other Systems. There are several other examples of muscle protein 

systems in which high-resolution spectroscopy, sensitive to dynamics and disorder and 

supported by MD simulations, has revealed the coexistence of two structural states 

within a single biochemical state, with a biochemical transition shifting this population. 

EPR and TR-FRET have shown this in the heavy chain of myosin, with biochemical 

states defined by nucleotides at the active site. EPR [126-128] and NMR have shown it 

in phospholamban, with biochemical states defined by phosphorylation [104, 105]. In 

contrast to RLC, phospholamban undergoes an order-to-disorder transition in secondary 

structure upon phosphorylation, due to the formation of a helix-stabilizing salt bridge 

involving P-Ser [107]. 



 85

 

CONCLUSION 

TR-FRET experiments show that myosin-bound RLC occupies two distinct 

structural states (open and closed) in both the unphosphorylated and phosphorylated 

biochemical states. Phosphorylation shifts this equilibrium toward the open state. 

Experimental results agree remarkably well with MD simulations, allowing us to 

explain our spectroscopic observations with an atomic-resolution model, including 

specific intramolecular contacts and dynamics. The closed state shows more tertiary 

order, due to interdomain salt-bridges, and phosphorylation produces intradomain PD 

salt bridges that stabilize its secondary (helical) order but destabilize the closed state. 

The combination of MD simulations and TR-FRET experiments is a powerful approach 

that should be widely applicable to other systems. When the distance distributions of an 

MD trajectory are validated by FRET, the detailed and dynamic atomic model provided 

by the MD trajectory provides mechanistic insight far beyond the capability of any 

experimental technique. 

 

METHODS 

Methods for protein preparations, labeling, thiophosphorylation, mass spectrometry, and 

S1 exchange are in SI.  

TR-FRET: Fluorescence waveforms were detected directly using a novel fluorometer 

built in collaboration with Fluorescence Innovations, Inc., using a passively Q-switched 

frequency-tripled YAG laser that delivers narrow, highly reproducible, and high-energy 

pulses (~1 μJ) with a 10 kHz repetition rate. A full fluorescence emission waveform was 
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detected in response to each laser pulse (every 0.1 ms) using a PMT (Hamamatsu) and a 

transient Digitizer (Acqiris). Each reported waveform is an average of 950 individual 

waveforms (experiment complete in ~0.1 s), each of which consists of 500 points (0.125 ns 

per point), digitized with 10-bit resolution. Waveforms were analyzed with a program 

written by Igor Negrashov, Fargofit, which supports global non-linear fitting. 

The observed donor-only waveform FDobs(t) was fitted by a simulation FDsim(t), 

consisting of a multiexponential decay FD(t) convolved with the instrument response 

function (IRF, from water light scatter),  

 

FD(t) = 


n

i 1

Ai exp(-t/Di) , 

FDsim(t) 




IRF(t-t) FD(t) dt, 

Eq. 32 

where Di are donor-only fluorescence lifetimes. We found that n = 3 in Eq. 32 was 

sufficient, i.e., n = 4 did not reduce the residual or 2 (Fig. S34). The waveform of 

donor-acceptor labeled myosin before convolution, FDA(t), was fitted assuming that the 

effect of acceptor was to increase the decay rate due to energy transfer (Eq. S41). In the 

most general case, a distribution of donor-acceptor distances (r) was assumed:  

 FDA(t) =   







n

i

R
1

 Ai exp{(-t/Di)(1+[R0i/R]6)}dr , Eq. 33 

 

and the observed waveform FD+Aobs(t) was fitted by FD+Asim(t): 

 FD+A(t) = XDFD(t) + (1-XD)FDA(t),  Eq. 34 
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  ,  
 

where XD is the fraction of proteins labeled only with donor.  

Several functional forms of ρ(R) were tested: single discrete distance (1R), two 

discrete distances (2R), single Gaussian (1G), and two Gaussian components (2G): The 

best fits (indicated by residual plots and χ2) were consistently obtained for the 2G model 

(Fig. 28). Each fit yielded five independent parameters of (R): centers R1 and R2, 

widths FWHM1 and FWHM2, and mol fraction X1. 

 

Molecular Dynamics Simulations. The base RLC structure was obtained by homology 

modeling, using as a template the crystal structure of scallop myosin regulatory domain, 

which lacks the first 24 residues (PD) [120]. Based on EPR data [1] and MD 

simulations [110, 124], we reconstructed PD by assigning an ideal α-helix, using Swiss 

PDB Viewer. It is unlikely that an unfolded domain would undergo phosphorylation-

induced folding in these simulations since the folding of the fastest isolated peptides 

requires several μs [129]. The model was refined by 500 cycles of energy minimization. 

In order to map RLC onto IQ coordinates (PDB 1I84), α-carbon coordinates of RLC 

were aligned to those found in the cryo-EM structure [19], and this model was subjected 

to several rounds of energy minimization. 

Phosphorylation at S19 was assigned using the PSFGEN utility of NAMD 2.6 

[111]. Phosphate was assigned a charge of -2, based on pKa = 6.5 for phosphoserine and 

 

(R) = 


2

1j

Xj j
-1(2π)-1/2 exp(-[(R-Rj)/(2j)]

2 , j = FWHMj/[2*(2 ln 2)1/2]. 
Eq. 35  
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pH > 7 in smooth muscle [130] and our FRET experiments. A pH of 7.5 was assigned 

by adjusting side-chain ionization states of RLC using PROPKA [131]. The system was 

embedded in TIP3P water boxes with a minimum distance of 2 nm between the protein 

and the edges of the periodic box. Na+ and Cl- ions were added to neutralize charge and 

produce an ion concentration of approximately 150 mM, as in experiments. Topologies 

and parameters were used according to the CHARMM22 force field [82, 113] with 

CMAP correction. To improve conformational sampling, we performed four 

independent MD simulations for each system, phosphorylated and unphosphorylated, 

with randomly selected initial atomic velocities [75]. The systems were warmed up to 

310 K and equilibrated for 1 ns. MD simulations were performed using NAMD 2.6 

[111] with periodic boundary conditions [83], particle mesh Ewald [84, 85], a 

nonbonded cutoff of 0.9 nm, and an integration step of 2 fs. 
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SUPPORTING INFORMATION 

 
RESULTS 

Protein Labeling and Phosphorylation. RLC labeling and phosphorylation were 

quantitated using electrospray mass spectrometry, as exemplified for A7C/M129C in 

Fig. S33A. The peak corresponding to unlabeled RLC (“U”, gray) is completely 

eliminated by labeling (blue), producing peaks (masses) corresponding to donor-

acceptor-labeled RLC (“DA”) and acceptor-acceptor-labeled RLC (“AA”). Upon 

phosphorylation (red), each of these peaks is shifted by 96 Da (“pDA” and “pAA”). 

Thus the majority of donors are on RLC’s containing acceptor, and virtually all donor-

acceptor-labeled RLCs become phosphorylated. 

 

Actin-Activated ATPase Activity. In order to ensure that S1 samples were functionally 

active, actin-activated ATPase activity was measured for all samples used for FRET. 

All three mutants have comparable activities to control wt S1 (Fig. S33B). There was no 

significant difference between unphosphorylated and phosphorylated samples, as 

expected [2].  
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Time-resolved fluorescence of donor-only samples, multi-exponential fits. The 

fluorescence of the donor-only sample, FDAobs(t) (Fig. S34A) was fitted by (Eq. 32), 

varying the number of exponentials (n) from 1 to 4. In all cases, residuals and χ2 values 

were improved by increasing n to 3, but no further improvement was observed for n = 4, 
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Fig. S33. A. Mass spectrometry of unlabeled A7C/M129C RLC (gray) and doubly labeled 
A7C/M129C RLC before (blue) and after (red) phosphorylation. Peak assignments are based on 
the masses of donor (307.35 Da), acceptor (426.36 Da), and phosphate (96 Da). B. Actin-
activated ATPase activity of FRET samples. Unphosphorylated and phosphorylated donors 
(light gray and red) and FRET (dark gray and dark red) samples were buffer-exchanged into 50 
mM NaCl, 1 mM MgCl2, 0.2 mM EGTA, 30 mM Tris (pH 7.5). The reaction was started by 
adding 1 mM ATP to a solution containing 0.1 μM S1 and 50 μM actin. Phosphate release was 
measured using a malachite green molybdate assay [132]. Activity of S1 was negligible in the 
absence of actin. Activities were normalized to that of control S1, which went through the 
exchange process with unlabeled RLC. Error bars are SEM (n=3). 
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Fig. S34. TR fluorescence fit of donor-only S2C/M129C. A: Fluorescence data and IRF. B: 
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as shown for one mutant in Fig. S34 and Table S4.  

 

Comparison of Mean Distances and FWHM. Fitting data sets independently to the 

2G model (Eq. 35) yielded similar centers (Rj in Eq. 35, Fig. S35A) and widths (FWHMi 

in Eq. 4, Fig. S4B) of the Gaussian interprobe distance distributions, for 

unphosphorylated and phosphorylated biochemical states (compare adjacent red and 

gray bars in Fig. S35). This observation justified fitting the two biochemical states 

globally with Eq. 32Eq. 35, assuming that both unphosphorylated and phosphorylated 

samples share the same closed (R1, FWHM1) and open (R2, FWHM2) structural states, 

with only the mol fractions differing. This procedure yielded χ2 values that were 

comparable to those of independent fits, so the results of global fits are presented in Fig. 

30 and in Table 2. 

Table S4. Values for the fits in Fig. S34.  

 Number of lifetimes 
 1 2 3 4 
x1* 1.000 0.196 0.561 0.533 

1** 15.09 16.42 17.35 18.67 

x2    0.292 

2    13.33 

x3  0.803 0.160 0.166 

3  3.16 6.42 5.70 

x4   0.280 0.387 

4   0.51 0.51 

2
reduced 0.3450 0.0219 0.0021 0.0022 

*xi = mol fraction = normalized amplitude 

Ai/(


n

i 1

Ai) (Eq. 32). 

** i = fluorescence lifetime (Eq. 32). 
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Fluorescence Anisotropy: In principal, FRET measurements of interprobe distance can 

have a large uncertainty due to the unknown relative orientations of the two probes, 

especially if the probes are immobilized on the ns time scale [52]. To estimate this 

uncertainty, time-resolved anisotropy was measured for IAEDANS-labeled and 

fluorescein-labeled RLC exchanged onto S1. All samples (5 M S1 in a buffer 

containing, 150 mM NaCl, 1 mM DTT, 1 mM EGTA, 30 mM Tris-HCl, pH 7.5) were 

measured as described in Methods, except that the emission polarizer was set at 0, 54.7, 

and 90 degrees, relative to vertical. Waveforms measured at the magic angle (54.7o, 

where there can be no effect of rotational motion) were fitted by Eq. 32(n = 3), and the 

resulting lifetimes (i) and amplitudes (Ai) were used to constrain these parameters in 

the 0o and 90o fits to  
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Fig. S35: Results of independent fits (Eq. 33-Eq. 35, n = 2) for unphosphorylated (gray) and 
phosphorylated (red) RLC, assuming two Gaussian distributions: closed state (solid) and open 
state (striped). Error bars are SEM (n=3). 
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F(0o, t) = (1/3) F(54.7o, t)[1 + 2 r(t)],    
F(90o, t) = (1/3) F(54.7o, t)[1 - 2 r(t)], 

Eq. S36 

 r(t) = r∞ + 


n

i 1

ri exp(-t/Ri),  r0 = r∞ + 


n

i 1

ri Eq. S37 

 

The equations above were fitted globally to the 0o and 90o data sets, and the 

depolarization due to subnanosecond probe rotational motion was calculated as  x
pd  = 

(r0/rf)
1/2

, where p is either D (donor) or A (acceptor). Values for rf, the anisotropy of a 

rigid ensemble of probes, was assumed to be 0.4, which is an excellent approximation 

for both probes used here [53]. These depolarizations were then used to calculate κ2
min 

and κ2
max, as described previously [52] (Table S5).  

 κ2min = (2/3) [1−( x
Dd  - x

Ad )] Eq. S38 

 

 κ2max = (2/3) (1+ x
Dd 2 +  x

Ad 2+3  x
Dd  x

Ad ) Eq. S39 

Rmin and Rmax were calculated using Eq. Eq. S38 and Eq. Eq. S39,  

 Rmin/max = [(3/2)2min/,max]
1/6 R(κ2=2/3) Eq. S40 

The initial anisotropy values r0 were all quite low (Table S5), indicating nearly isotropic 

rotational motion on the subnanosecond time scale, thus minimizing uncertainties in the 

measurement of R. For each of the three mutants, uncertainty in κ2
 yields minimum and 

maximum distances that are ~0.9 and ~1.15 of the measured R (Eq. S40). 

The low anisotropy values offer an additional benefit for the interpretation of 

FRET data. A significant source of uncertainty in FRET measurements is the long 

flexible linker between C and the fluorescent probe. However, in the present case, 
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because we found that both donor and acceptor probes are undergoing nearly isotropic 

rotation on the subnanosecond time scale, much faster than the 20-ns excited-state 

lifetime (Fig. S34), the apparent probe location in space is effectively averaged [133], 

so that C is a good approximation for the effective location of the probe, for purposes 

of FRET distance measurement. Thus probe-probe distances measured by FRET should 

be accurate reflections of C-C distances (or slight underestimates, [133]), and the 

disorder measured (FWHM in Eq. 4) should reflect only the disorder that is slower than 

the nanosecond time scale – which is determined primarily by the peptide backbone. 

Indeed, the interprobe distance distributions measured by FRET agree much better with 

MD simulations calculated from C positions (Fig. 30C) than C or C. 

Table S5. Range of 2, based on time-resolved anisotropy (Eq. S38, Eq. S39). 

 Initial anisotropy, r0   

 IAEDANS Fluorescein 2
min* 2

max* 

S2C 0.11 -0.01 0.38 1.44 

K3C 0.11 -0.03 0.36 1.48 

A7C 0.13 -0.04 0.35 1.53 

M129C 0.17 -0.06   

*Calculated from Eq. S38 and Eq. S39, with one probe bound to the given Cys and the 

other probe bound to M129C. 

 

Distance Trajectories and Distributions. Interprobe distance trajectories (Fig. S36, 

left) were used to calculate distance distributions (Fig. S36 right) by allocating the Cα-

Cα distances from the distance trajectories to 0.1 nm bins and normalizing to the total 

number of snap shots in each trajectory (3612 for a 70 ns and 5002 for a 100 ns 

trajectory). The average distribution displayed in Fig. 30C, shown as the thick black 
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curve in Fig. S36 is the weighted average of the 4 distributions. All distributions are 

bimodal, with the exception of two unphosphorylated trajectories (U2 and U4) that stay 

in the closed state and one phosphorylated trajectory (P1) that stays in the open state. 
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Fig. S36. Unphosphorylated (top 3) and Phosphorylated (bottom 3) RLC distance trajectories 
(left) and distributions (right) . Distance trajectories R(t) (left) for one 70 (red) and three 100 ns 
(blue, green, and purple) simulations, where R is the distance between Cα of M129 to C of the 
indicated residue. These distances were used to construct the distance distributions (right), 
using bins of 0.1 nm width. 
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RMSD. The backbone root-mean-square deviations (RMSD) from the initial structure 

are shown in Fig. S37, for the entire RLC and for its two subdomains. RMSD levels, as 

well as the amplitude of fluctuations in RMSD, are generally greater when the entire 

RLC is included (Fig. S37A) than when each domain is analyzed separately, aligned to 

itself (Fig. S37B,C). This demonstrates that a major source of structural fluctuations is 

movement of PD relative to the rest of RLC (Fig. S37A). In most cases, RMSD values 

approach apparent steady states within a few ns, but these levels (and the amplitude of 

fluctuations in RMSD) are generally greater after phosphorylation (Fig. S37A,C, right), 

and during periods in which the trajectory is in the open state, which is favored by 
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Fig. S37. RMSD, calculated for backbone atoms (C, C , N), of (A) the entire RLC (residues 1 to 
165), (B) the PD (residues 1 to 24), and (C) the rest of the RLC (residues 25 to 165). Each of 
the three structures was aligned to itself. I.e., at each time point, the new structure were aligned 
(rotated as a rigid body until RMSD was minimized) to the initial structure, and RMSD was 
calculated with respect to the initial structure. 
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phosphorylation (Fig. 30B,C). 

 

Convergence. Convergence was evaluated by examining the time evolution of the 

cumulative mean interprobe distance over the simulated trajectories. The mean value of 

the 2/129 C-C distance (Fig. S36) was calculated as a function of cumulative time, in 

either the closed or open structural states, in both the unphosphorylated and 

phosphorylated biochemical states (Fig. S38). These mean values showed good 

convergence in most cases and agreed well with experimental values (dashed lines in 

Fig. S38). However, due to the low frequency of transitions between open and closed 

states (Fig. 4B), the ratio of populations in open and closed states did not converge 

completely during our simulations. 
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Fig. S38. Convergence to the mean for unphosphorylated (left) and phosphorylated (right) 
trajectories for the interprobe distance 2/129. The closed and open states were defined for R in 
the range of 1.5 to 4.5 nm, and 4.5 to 7.5, respectively. In the unphosphorylated biochemical 
state (left) the open and closed structural states show rapid convergence to their respective 
means, and more importantly, these means are similar to the means determined by TR-FRET 
(black dashed lines). In the phosphorylated biochemical state (right), the open state (top) also 
shows rapid convergence to values that are close to the experimental mean. The lack of rapid 
convergence of the closed state of phosphorylated RLC suggests (1) insufficient simulation 
time, and/or (2) this state is unstable. 
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 Interdomain Salt Bridges in the 

closed state. MD simulations show 

that R4 plays a significant role in 

stabilizing the closed state of the 

RLC by interacting with E99 

and/or D100 on the C-lobe (Fig. 5, 

Fig. S39). In the unphosphorylated 

biochemical state, at least one of 

these interdomain salt bridges is 

formed 72% of the time that the 

RLC is in the closed structural 

state (Fig. S39, black bars), but this number falls by a factor of 3 after phosphorylation 

(Fig. S39, red bars), when the closed state itself is substantially less populated, as shown 

by both experiment and simulation (Fig. 4C). This salt bridge is completely absent in 

the open structural state. In contrast, R16 and pS19 form an intradomain salt bridge in 

the phosphorylated PD, stabilizing the open state and thus playing a role in disrupting 

the interdomain salt bridges. 

 

Methods. 

Protein Preparation. Smooth muscle myosin and myosin light chain kinase were 

prepared from frozen chicken gizzards. S1 was prepared by digesting myosin with 

Staphylococcus V8 protease [2] and isolating S1 by size-exclusion chromatography. 

Protein concentrations were calculated using extinction coefficients of 2.69 105 M-1 cm-1 
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Fig. S39. Fraction of time 4-99 and 4-100 salt bridges 
are found during the closed structural state of 
unphosphorylated (black) and phosphorylated (red) 
RLC simulations. The hydrogen bond component of the 
salt bridges was calculated with VMD assuming a 
maximum proton donor-acceptor distance of 0.36 nm 
and a cutoff angle of 30

o
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(280 nm) for smooth muscle myosin and 8.17 104 M-1 cm-1 (280 nm) for S1 [2]. Mutant 

chicken gizzard RLCs were expressed in E. coli using the Pet3a expression system 

(Novagen). RLCs were purified from solubilized inclusion bodies, by using a Hi-Trap 

anion-exchange column [37]. RLC concentration was determined by using an extinction 

coefficient of 6740 M-1 cm-1 (277 nm) [1]. 

Labeling: A solution of 50 M RLC (20 mM EPPS, pH 8.0, 50 mM NaCl, and 2 mM 

EDTA) was reduced with 5 mM DTT (Sigma) for 10 min. Reducing agent was removed 

by Zeba desalting columns Pierce) and either 15 M or 50 M IAEDANS (Invitrogen) 

was added and incubated for 30 min at 4 C. Excess dye was removed using successive spin 

columns, and extent of donor labeling was determined by two methods: (1) ratio of the 

concentration determined by UV/Vis at 338 nm (ε=5700) to the protein concentration 

determined by Bradford (Bio-Rad) and (2) electrospray (see below). Typically about 30% 

of available cysteines were labeled with donor. To a solution of donor-labeled RLC, 100 

M of fluorescein maleimide (Invitrogen) and 50 M TCEP (Invitrogen) were added. The 

labeling reaction was quenched with excess DTT (5 mM), and free dye was again removed 

using Zeba desalting columns (Pierce). The final populations of labeled RLCs were 

determined using electrospray mass spectrometry (Fig. S33) 

Thiophosphorylation: A 100 M solution of labeled RLC was buffer-exchanged into 

Phosphorylation buffer (25 mM Tris, pH 7.5, 50 mM NaCl, 2 mM MgCl2, 2 mM CaCl2) 

using Zeba Desalting columns. Pierce). RLC was phosphorylated by incubating with 30 

g/mL tissue purified myosin light chain kinase, 5 g/mL Calmodulin (Pierce) and 2 mM 

ATPS for 1 hr at 25 C. The reaction was stopped by adding 2 mM EGTA. Extent of 
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phosphorylation was examined using electro spray ionization mass spectrometry (see 

below). 

RLC Exchange: Both RLC and S1 were dialyzed into exchange solution (50 mM NaCl, 5 

mM EDTA, 2 mM EGTA, 1 mM DTT, 10 mM NaPO4 (pH 7.5). RLCs were exchanged by 

adding 5 mM EDTA, 2 mM ATP, and 250 M labeled RLC (in exchange solution) to a 

solution containing 25 M S1 (in exchange solution). After a 45 min incubation at 42 ˚C, 

15 mM MgCl2 was added slowly, and the exchanged S1 was immediately dialyzed into 

smS1 solution (50 mM NaCl, 0.2 mM EDTA, 1 mM DTT, 25 mM Tris-HCl (pH 7.5). 

These samples were clarified, incubated with 25 μM actin for 1 hr at 25 C, and centrifuged 

at 50000  g. The pellet was resuspended smS1 buffer and pelleted again. This process 

was repeated three more times to ensure that all excess RLCs were removed. The final 

wash pellet was resuspended in smS1 solution plus 10 mM ATP and 1 mM MgCl2 and 

centrifuged. The extraction was repeated one more time and supernatants from both 

extractions were dialyzed extensively into smS1 buffer to remove excess ATP. These 

samples were clarified and concentrated using 50 MWCO Centricon (Millipore).  

Mass Spectrometry: Both unphosphorylated and phosphorylated RLCs (30 μM in 5 mM 

NH4HCO3 buffer at pH 7.9) were injected into a QSTAR 2 quadrupole-TOF mass 

spectrometer with an electrospray ionization source. Three injections at 2.5 min intervals, 

were performed for every sample. Mass spectra over the range of 500-2,000 m/z were 

recorded continuously during load buffer and protein infusions. The resulting spectra were 

analyzed using Analyst QS (Applied Biosystems) software. 
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Time-resolved Fluorescence Analysis: The fluorescence waveform of donor-acceptor 

labeled myosin before convolution, FDA(t), was analyzed by assuming that the only 

change in FD(t) was an increased rate of decay due to energy transfer  

 kT = kDi(r/R0i)
-6, Eq. S41 

where r is the donor-acceptor distance, kDi = 1/Di, and R0i is the Förster distance 

 R0i = 9780[J(λ) 2 n-4 QDi]
1/6 , Eq. S 42 

where J(λ) is the overlap integral between donor emission and acceptor absorption 

spectra, n is the refractive index of protein in aqueous solution (1.4), 2 is the 

orientation factor (set to 2/3, corresponding to random orientation), and QDi is the donor 

quantum yield, given by  

 
QDi = QD*Di/ , where  = 



n

i 1

xiDi ,  

and the mean donor quantum yield (QD = 0.28 ± 0.02) was determined by comparison 

with a standard solution of 10 M quinine sulfate in 0.05M H2SO4 at λex = 347.5nm 

(QS=0.51 [47]), according to the equation: QD = QS*(FD(λ)/AD(λ))/(FS(λ)/AS(λ)), where 

Fk(λ) is the integrated emission and Ak(λ) is the absorbance at the excitation wavelength of 

donor-labeled myosin (D) or quinine sulfate (S). 
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Chapter 7: Phosphorylation-induced structural changes in 
smooth muscle myosin. 
 
OVERVIEW 

 Phosphorylation of S19 in the PD, the N-terminal 24 residue segment of the 

RLC, changes the structure and dynamics of both the PD (Chapters 4 and 5) and the 

RLC (Chapter 6). In the isolated phosphorylation domain, phosphorylation markedly 

increases the  helical character of this domain when compared to the unphosphorylated 

domain. In the context of the RLC bound to S1, where the RLC exhibits closed and 

open structural states in both biochemical states, phosphorylation increases the mol 

fraction of the open state. Furthermore, the  helical character increases in the open 

state, but not in the closed state. While studying phosphorylation conformational 

changes in the RLC bound to myosin has provided a number of valuable observations, it 

remains unknown if these states exist in regulated myosin fragments, such as HMM. 

 

INTRODUCTION 

A number of studies suggest that regulated myosin undergoes a large structural 

change upon phosphorylation. EM of unphosphorylated HMM shows a compact 

asymmetric structure, where the RLCs are in very close proximity (<6 nm) [19, 20, 42]. 

This is further supported by EPR studies that demonstrate the unphosphorylated PD has 

low solvent accessibility [1], and photo crosslinking studies that show the PD of one 

RLC can crosslink of the C-lobe of its partner RLC [27, 37]. Less is known about the 

structure of phosphorylated myosin, since there is little structural information on this 

state. However, the high solvent accessibility of the PD and the inability for this domain 
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to crosslink with the partner RLC, suggest a disordered myosin where the two heads are 

no longer interacting. Since the RLC reflects structural differences between the 

biochemical states (Chapter 6), the closed and open structural states within the RLC 

may dictate the RLC-RLC interactions that define the myosin structure. 

In the present study, we have addressed the phosphorylation-induced structural 

transition in the PD in myosin by using fluorescence spectroscopy. We have performed 

time-resolved (TR) FRET within di-Cys mutant RLCs and between single-Cys RLCs 

that have been reconstituted into smooth muscle HMM. These results support our 

previous findings (Chapter 6) that the RLC occupies two structural states (open and 

closed) but only one of these structural states are present in both biochemical states 

(unphosphorylated and phosphorylated). Phosphorylation not only shifts the equilibrium 

between these two structural states towards the open state, but also increases the mean 

separation between the C-lobe and the PD. Furthermore, phosphorylation only produces 

a small increase in the separation between the two RLCs, indicating either the PD or the 

RLCs rotates away from adjacent RLC.  

 

RESULTS 

Labeling, Phosphorylation and Exchange. In order to prevent unwanted energy 

transfer between the two heads of myosins, E. coli-expressed RLCs were designed with 

cleavable HIS6 and FLAG tags attached to the N-terminus. The TEV cleavage motif, 

ENLYQFNS was designed such that the C-terminal Ser of the TEV cleavage sequence 

is also the first Ser of RLC sequence. In this way cleavage with TEV protease gave 
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RLCs with PDs identical (save the Cys mutations) to the native RLC (Fig. 40A, lane 6). 

Both constructs had the WT Cys (108) mutated to Ala and one Cys at position 129.  
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Fig. 40. (A) SDS PAGE gel of double exchanged HMM. Lane 1:: Tissue purified HMM [2]. Lane 
2: His affinity column elution (FLAG affinity column load). Lane 3: FLAG affinity column Elution. 
Lane 4: Cleavage and removal of tags with TEV; the final product used in fluorescence studies. 
(B) Mass spectrometry of unlabeled K3CM129C RLC (gray) and doubly labeled K3CM129C 
RLC before (gray) and after (red) phosphorylation. Peak assignments are based on the masses 
of donor (307.35 Da), acceptor (426.36 Da), and phosphate (96 Da). (C). Labeled 
unphosphorylated and phosphorylated (gray and red) samples were buffer-exchanged into 30 
mM Tris, pH 7.5, 50 mM NaCl, 1 mM MgCl2.. The reaction was started by adding 1 mM ATP to 
a solution containing 0.1 μM S1 and 50 μM actin. Phosphate release was measured using a 
malachite green molybdate assay [132]. Activity of S1 was negligible in the absence of actin.. 
Activities were normalized to the activity of phosphorylated HMM or S1. Error bars are in s.e.m. 
with n=3 . 
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In experiments involving measuring FRET with in one RLC, residue 3 was also mutated 

to a Cys in the FLAG-tagged RLC. The di-Cys mutants (FLAG-TEV-K3C/M129C) was 

first under labeled with donor IAEDANS at a small fraction (approximately 30%) of 

sites, then labeled with excess acceptor fluorescein maleimide (Chapter 6 Methods), to 

ensure that most donors would have acceptor bound to the same RLC.  RLCs were 

thiophosphorylated (Chapter 6 methods); mass spectrometry (Fig. 40B) confirmed that 

virtually all Cys residues were labeled and that virtually all labeled RLCs were 

phosphorylated. These di-Cys RLCs were exchanged onto S1, and actin-activated 

ATPase activities were measured. ATPase activities show marked increase in actin-

activated rate for phosphorylated HMM (Fig. 40C), indicating exchanged HMM 

samples are regulated. In contrast, ATPases for both biochemical states of S1 are nearly 

identical, showing the functional insensitivity of phosphorylation was preserved [2]. 

The same ATPase behavior was seen for the single Cys RLCs exchanged onto HMM or 

S1 (not shown). Thus, the labeled RLCs did not disrupt the normal function of HMM or 

S1. 

 

TR-FRET Reveals Open and Closed States of RLC in HMM. As was the case in 

Chapter 6, time resolution is particularly important in the present FRET study, since 

there is 1) a significant fraction of RLC that contains only donor, and 2) multiple 

structural states are expected for each biochemical state. Using the novel 

instrumentation described in Chapter 6, time-resolved fluorescence was performed on 3 

M HMM or 3 M S1 , with RLC labeled either with donor only (D) or with donor and 

acceptor (D+A), in a solution containing 150 mM NaCl, 0.2 mM ADP, and 25 mM Tris, 
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pH 7.5 (25o C) (same conditions as in Chapter 6). Labeled RLCs on either HMM and S1 

show an increased rate of decay when the acceptor was present (Fig. 41). To quantitate 

the distance between the donor and acceptors we used the global fitting procedure 

described in Chapter 6. In short, the donor pre-exponential factors and lifetimes were 

determined by fitting the fluorescence of each donor-only sample, FD(t), to a three-

exponential function. Eq. 32; i=3). These pre-exponential factors and lifetimes were 

used to constrain FRET fits (Eq. 34).  Several different distance models were tested, and  

the 2G model (Eq. 35, n =2) gave the best fit (Fig. S44). Furthermore, it was 

demonstrated in Chapter 6 that a 2G model gave better agreement with the MD 

simulations. Consequently, all unphosphorylated and phosphorylated fluorescence 
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Fig. 41. Time-resolved fluorescence of labeled K3C/M129C-RLC on HMM and S1. A: 
Fluorescence waveforms of unphosphorylated (gray) and phosphorylated (red) donor (D) and 
donor-acceptor (D+A). B. Two-Gaussian distance models (‘2G’) gives the best fit to the data 
(lowest residual amplitude and χ

2
 values) (Fig. S44). 
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waveforms were fitted by the 2G model which accounts for the fraction of uncoupled 

donor, and determines the centers (R1 and R2), widths (FWHM1 and FWHM2), and mol 

fractions (X1 and X2 = 1-X1) of each population Eq. 35 n = 2). 

 Both HMM and S1 data 

sets were fitted well by this 

model, producing two 

populations. These distances 

were determined by assuming 

κ2=2/3 in the calculation of R0 (46.2 nm), which is a safe assumption, since time-

resolved fluorescence anisotropy showed that probes on either M129 and K3 are nearly 

isotropic, implying that probe orientation does not significantly affect the accuracy of 

FRET analysis (Chapter 6: Table S5). For S1, both biochemical states (phosphorylated 

and unphosphorylated) of RLC yielded similar mean distances and widths for the two 

structural states, and both biochemical states fits well to a model that assumes the exact 

same distance distributions (Fig. 28B, right). In HMM, both biochemical states share 

nearly identical closed states (mean distance of 2.9 nm), which are very similar to the 

closed states seen observed in S1. However, HMM differs greatly from S1 in the 

second, ‘open’ state, where unphosphorylated HMM has a greatly reduced mean 

distance (3.8 nm) than the phosphorylated HMM open state (5.3 nm). Surprisingly, the 

phosphorylated open state of HMM is nearly identical to the open state of S1. The 

action of phosphorylation - to shift the equilibrium to the open state - is still present in 

HMM, but it’s effect is slightly more significant. As indicated in Table 6, 

phosphorylation shows a 30% decrease in the mol fraction of the closed state. The 

Table 6. Mol fraction of the Closed State 

 Unphosphorylated Phosphorylated 

HMM 0.66 ±0.01 0.36 ±0.02 

S1 0.64 ±0.10 0.44 ±0.04 
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apparent effect of phosphorylation is more significant for HMM, where phosphorylation 

concomitantly shifts the equilibrium towards the open structural state as well as the 

mean distance of the open state.  

 

TR-FRET Reveals phosphorylation induced separation in the two heads of 

Myosin. To determine the distance between the RLCs on HMM, donor labeled FLAG-

tagged and acceptor labeled His-tagged RLCs were exchanged onto tissue purified 

HMM. Both RLCs were labeled at position 129. Both unphosphorylated and 

phosphorylated waveforms were fitted best to a 1G model (Eq. 35 n = 1), revealing 

single population of distances Fig. S45. Surprisingly, the amount of energy transfer was 

very similar for both biochemical states, giving rise to a very small change in mean 

position. 
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Fig. 42. Time-resolved fluorescence between both heads of HMM. A: Fluorescence waveforms 
of unphosphorylated (gray) and phosphorylated (red) donor (D) and donor-acceptor (D+A). B. 
One-Gaussian distance models gives the best fit to the data (lowest residual amplitude and χ

2
 

values).. 



 109

DISCUSSION 

IntraRLC TR-FRET shows the intermediate distance in unphosphorylated 

HMM is replaced by the same open state found in S1, and the mol fraction of this state 

increases by 30%. The intermediate state seen in unphosphorylated HMM may 

represent the PD interacting with the neighboring RLC. EM studies of 

unphosphorylated smooth muscle [19, 121] and striated nonmuscle myosin [20], show 

the RLCs are positioned very close (5-6 nm) to one another. This is supported by EPR 

studies that demonstrate the unphosphorylated PD posses low solvent accessibility [1]. 

In the present study, TR-FRET shows that the intermediates state, where the probe of 

residue 3 lies 3.8 nm away from the probe of 129 Fig. 28 on the same RLC, is only ~1.0 

nm less than the separation between the two RLCs. Coincidently, crosslinking studies 

have shown that R4 of the PD is capable of coming with in 0.8-0.9 nm of C108 of the 

partner RLC of unphosphorylated HMM [27, 34, 37]. It is therefore possible that this 

domain interacts directly with the C-lobe of its partner RLC. The specific interactions 

would include salt bridges formed between the highly positively charged N-terminus of 

the PD with the negatively charged E-helix of the adjacent RLC, analogous to the salt 

bridges that stabilize the closed state in unphosphorylated S1 (Fig. 32).  

TR-FRET between probes placed on two different RLCs clearly indicates no 

significant change in mean distance with phosphorylation. This result is quite surprising 

since it has been proposed that phosphorylation leads to a large separation of the two 

heads [23, 37]. The only EM structure of phosphorylated HMM shows the two heads 

point in opposite directions [23]. However, this model is likely an artifact of 

crystallization since the two anti-parallel heads are stabilized by head-head contacts 
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with the neighboring myosin in the lattice. Increases in both solvent accessibility and 

dynamics for the phosphorylated PD also suggests a model that the two heads separate 

to free the PD [1]. Similar conclusions are drawn from the inability to photo-crosslink 

the two RLCs in fully phosphorylated HMM [27]. Alternatively, the results from EPR 

and crosslinking studies could be explained by a rotation of the RLC, and by extension, 

a rotation of the myosin head(s). This would preserve the mean separation between the 

two heads, while allowing the PD to move into a more solvent exposed volume away 

from the adjacent RLC.  

 

Implications for Activation of HMM. IntraRLC TR-FRET shows the intermediate 

distance in unphosphorylated HMM is replaced by the same open state found in S1, and 

the mol fraction of this state increases by 30%. Moreover, interRLC TR-FRET shows 

the mean distance between the two heads does not change significantly upon 

phosphorylation. Docking of the MD RLC structure determined in Chapter 6 onto the 

EM reconstruction of HMM (PDB ID 1I84) (Fig. 43), demonstrates that R4 on the PD 

in the intermediate state comes with in 0.3 nm from the C-lobe of the opposing RLC. In 

contrast, the open state, as seen for phosphorylated HMM or S1, is not possible as the 

PD would extend into the volume of the adjacent RLC. Thus, the open state is 

structurally ‘forbidden’ in unphosphorylated HMM. Interestingly, the absence of a 

significant increase in the head-head separation upon phosphorylation, there would have 

to be a considerable (~45°) azimuthally rotation of the myosin heavy chain, to move the 

open state PD away from the opposing RLC. 
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METHODS 

Methods for RLC labeling, thiophosphorylation, mass spectrometry and TR-FRET 

analysis are identical to those in Chapter 6.  

HMM RLC Exchange: RLC and tissue purified smooth muscle HMM were dialyzed into 

exchange buffer (10 mM NaPO4, pH 7.5, 50 mM NaCl, 5 mM EDTA, 2 mM EGTA and 1 

mM DTT). RLCs were exchanged by adding 1 mM DTT, 5 mM EDTA, 2 mM ATP, 250 

M labeled His6-TEV-RLC (in exchange buffer) and 250 M labeled FLAG-TEV-RLC to 

a solution containing 25 M HMM (in exchange buffer). After a 30 min incubation at 42 

˚C, 17 mM MgCl2 was added slowly, and the exchanged HMM was immediately pelleted. 

The pellet was resuspended and subsequently dialyzed in HMM His60 binding buffer (50 

mM NaPO4 (pH 7.4), 25 mM Imidazole 150 mM NaCl). Exchanged HMM was gently 

+P+P
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closed

open

closed
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Fig. 43. Structural model for the activation of smooth muscle HMM (PDB ID 1I84). 
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incubate with His60 resin (Clonetech) for 30 min at 4 C, washed with HMM binding 

buffer with an additional 15 mM Imidazole, pH 7.4 (40 mM total), and eluted with HMM 

binding buffer with 350 mM total Imidazole, pH 7.4. Eluted HMM fractions were pooled, 

reduced with 1 mM DTT, concentrated, and buffer exchanged into TBS buffer (50 mM 

Tris-HCl (pH 7.5), 150 mM NaCl) using 2 sequential Zeba desalting columns (Pierce). 

HMM in TBS buffer was passed over anti-FLAG resin (Sigma) 3 times, washed with TBS 

containing 300 mM NaCl, and eluted by competition with 100 g /mL FLAG peptide 

(Sigma). This procedure results in HMM with exactly 1 His-TEV-RLC and 1 FLAG-TEV-

RLC. 

S1 RLC Exchange: RLC and tissue purified smooth muscle S1 were dialyzed into the 

same exchange buffer as above and exchanged using the same conditions as above, except 

only 250 M Labeled FLAG-TEV-RLC to a solution containing 25 M S1 (in exchange 

buffer). After a 30 min incubation at 42 ˚C, 17 mM MgCl2 was added slowly, and the 

exchanged S1 was immediately clarified. After a brief dialysis, exchanged S1 was 

incubated with 50 μM actin for 1 hr at 25 C, and centrifuged at 50000  g. The pellet was 

resuspended smS1 buffer and pelleted again. This process was repeated three more times 

to insure all excess RLCs were removed. The final wash pellet was resuspended in smS1 

buffer with 10 mM ATP and 1 mM MgCl2 and centrifuged. The extraction was repeated 

one more time and supernatants from both extractions were dialyzed extensively into TBS 

buffer. Exchanged smS1 was bound, washed and eluted to anti-FLAG resin as described 

above. The resulting purified smS1 contained exactly one exchanged FLAG-TEV-RLC. 
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TEV Cleavage. Affinity tags were removed from exchanged HMM and S1 by adding 1 U 

of TEV protease (150 mM NaCl, 50 mM Tris-HCl, pH 7.5; Sigma) for every 2 μg of 

HMM. After a 1 hr incubation at 25 °C, TEV and His peptides were removed by affinity 

purification using His60 resin (Clonetech). FLAG peptides were removed by spin column 

filtration. 

SUPPORTING INFORMATION 
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Fig. S44. Fitting intraRLC FRET signals. Unphosphorylated HMM (top left) shows a markedly 
increased rate of donor fluorescence when compared to phosphorylated HMM (bottom left). 
From residual analysis (right, the number next to the fitting model is the χ2), where the FRET 
waveform was fit to 1R (green), 2R (purple), 1G (blue) and 2G (red) distance models. Both 
unphosphorylated phosphorylated signals are best fitted by a 2G model, but the improvement 
over a 1G model is small for unphosphorylated HMM, indicating that the two distance 
distributions are not well separated or that there is only one population of distances. Since a 2G 
model was the best fit for phosphorylated HMM and both biochemical states of S1 (Chapter 6), 
all data sets were fit to a 2G model. 
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Fig. S45. Fitting interRLC FRET signals. Both biochemical states of HMM show nearly the 
same amount of energy transfer (gray and red curves). From residual analysis (right, the 
number next to the fitting model is the χ2), where the FRET waveform was fit to 1R (green), 2R 
(purple), 1G (blue) and 2G (red) distance models, both unphosphorylated phosphorylated signal 
are best fitted by a 2G model, but the improvement over a 1G model was small (<20%) for both 
unphosphorylated and phosphorylated HMM, indicating that the two distance distributions are 
not well separated or that there is only one population of distances. Since the 1G fit produced a 
considerably better fit than the 2R model - which indicates there is only one population of 
distances - all data sets were fit to a 1G model. 
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Chapter 8: Summary and Future Directions 
 

SUMMARY 

Complimentary approaches of MD simulations and spectroscopic experiments 

were used to build an atomic resolution structure of the unphosphorylated and 

phosphorylated smooth muscle myosin RLC that includes the 24 N-terminal amino acid 

PD. In Chapter 4, MD simulations of the PD [110] supported previous EPR evidence 

[1] that the PD becomes more -helical upon phosphorylation. In Chapter 5, MD 

simulations demonstrate the ordering of this domain is energetically favorable with 

phosphorylation, and the change in free energy of ordering is approximately equivalent 

to the free energy associated with phosphorylation [124]. The results of these 

simulations, along with complimentary TR-FRET distance measurements were used to 

build a high resolution model of a RLC that includes the PD  (Chapter 6). Again, MD 

simulations, validated by experiment, revealed exciting new details: both biochemical 

states (unphosphorylated and phosphorylated) are found in the same two structural 

states (closed and open), and phosphorylation shifts the equilibrium between these two 

states by 23%. Additionally, the closed state of the unphosphorylated RLC is stabilized 

by interdomain salt bridges between the PD and the C-lobe, while the open state in 

phosphorylated RLC is stabilized by the R16-pS19 intradomain salt bridge. Finally, 

both of these structural states are found in regulated myosin (Chapter 7), with the 

exception that the open state in unphosphorylated HMM, which does not extend as far 

away from the C-lobe as it does in S1. Phosphorylation of HMM restores the open state 

to that found in S1 as well as increases the mol fraction of that state by 30%. However, 
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phosphorylation does not increase the head-head separation. When taken together, TR-

FRET measurements within phosphorylated regulated myosin suggest novel structural 

rearrangements of the light chain domain that allow for an increase in the mean 

separation of the PD from the C-lobe of the same RLC while preserving the mean 

distance between adjacent RLCs. 

 

FUTURE DIRECTIONS: DISORDER-TO-ORDER TRANSITIONS 

 Complimentary approaches, such as EPR [1] and MD simulations [110, 124] or 

TR-FRET and MD simulations (Chapter 6) have provided the most insight into the 

structure and dynamics of the smooth muscle myosin RLC to date. While the 

fundamental behaviors, such as the disorder-to-order transition, are reproduced, it is the 

magnitude of these changes that remain unclear. In the EPR study of the PD, it was 

observed that the unphosphorylated PD is almost entirely disordered, with the exception 

of the 4 most N-terminal residues [1]. In contrast, MD simulations of the PD show 

either residues T10-K12 [124] or K11-R16 [110] are disordered, depending the 

inclusion of a dihedral angle cross-term correction (CMAP) was applied to the 

forcefield in the simulations. Regardless, simulations on the unphosphorylated PD show 

overall less disorder than demonstrated by EPR. Similarly, TR-FRET and MD 

simulations report nearly identical phosphorylation sensitive structural changes in the 

RLC, showing consistent mean distances, widths, and mol fractions of the distance 

distributions. However, it is the magnitude of these mol fractions that remains most 

disparate between the two methods. 
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 One reason for the discrepancy between EPR and MD simulations is the EPR 

method for determining secondary structure is less sensitive to periodic changes when 

the accessibility is low, as is the case for unphosphorylated PD in HMM. Also, the 

measurement of accessibility was made on spin labels that are loosely coupled to 

residue probed. Finally, this EPR study relied on site-directed mutagenesis for probe 

attachment, where the Cys mutations may directly perturb the secondary structure. The 

latter two limitations may be circumvented by employing recent advances in protein 

engineering and spin labeling technology. For example, it is now possible to ligate a 

synthesized N-terminal fragment (PD) to an N-terminally truncated protein (RLC) using 

expressed protein ligation (EPL; [134-137]). Peptide synthesis would allow TOAC, an 

unnatural amino acid that behaves as a spin probe [138], to be inserted at any position 

along the PD, thereby eliminating the ambiguity introduced by flexible spin labels. 

Alternatively, the PD could be synthesized with 13C- and 15N-labeled amino acids for 

NMR studies, but size limitations of NMR may prevent functionally relevant studies on 

myosin. 

The bias of MD simulations to initial starting conditions may also explain 

difference between the PD simulations and EPR results. MD simulations are influenced 

by initial starting conditions, such as starting positions and velocities (Chapter 3) of the 

atoms. In the simulations of Chapters 4-6, the PD was modeled as an ideal α-helix for 

two reasons: (1) EPR of the phosphorylated PD demonstrated this domain was mostly 

helical, and (2) it is was not feasible to observe the helical-ordering of a disordered 24 

amino acid proline-containing peptide using conventional MD methods [129]. 

However, recent crystal structures of the scallop regulatory domain, has suggested that 
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the 6 missing N-terminal amino acids in the scallop RLC are completely disordered 

[26]. In order to be confident that our simulations accurately reflect intramolecular 

interactions, it would be ideal to show the disorder-to-order transition starting in a 

disordered peptide. While doing such simulations were nearly impossible 3 years ago, 

recent advances in sampling methods and improvements to the energy models used by 

the force field have markedly improved the convergence and accuracy of simulation 

methods.  

Discrepancies between simulation and experiment arise because the 

conformational and dynamic responses to a post translational modification are not 

known and need not to be fast (on the simulation time scale). For example, the isolated 

phosphorylation domain of the smooth muscle regulatory light chain (Chapter 4) shows 

an order-to-disorder transition in <10 ns, but interdomain (between the phosphorylation 

domain and the C-lobe of RLC) conformations every 50-100 ns (Chapter 6).  Even in a 

total of 370 ns simulation time, cis-trans isomerization of the proximal proline is not 

observed with phosphorylation. This latter part is thought to be a major conformational 

change in so-called “proline directed” kinases, such as MLCK. Faster sampling 

methods, including umbrella sampling, targeted MD, and Monte Carlo would provide 

more sampling, but require some a priori knowledge of the states. In most cases, these 

and conventional simulations offer very little evidence that the physiologically 

significant states have been found, and would still necessitate complimentary 

spectroscopic data. 

The accuracy of the energy model is important when defining molecular 

interactions that cannot be directly observed by experiments. For example, MD 
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simulations reveal that the disorder-to-order transition is gated by the R16-pS19 salt 

bridge (Chapter 4), which also stabilizes the open state of the phosphorylated RLC 

(Chapter 6). Also, the closed state of unphosphorylated RLC is stabilized by 

interdomain salt bridges. In all of these simulations, the impact and stability of these 

salt bridges depends on the energy model. Solvation can profoundly impact the 

significance of these salt bridges [109], and is the main reason for performing the MD 

simulations in Chapters 4-6 in explicit solvent. Recent methodological advances in the 

treatment of variable dielectric environments and nonpolar solvation have enabled more 

accurate studies of electronic interactions, such as phosphate-induced arginine salt 

bridges. Most studies, including those in Chapters 4-6, omit polarizable force fields in 

favor of better sampling, and as a consequence, may lead to long lived interactions 

between Arg with pSer. In contrast, a polarizable force field would account for the 

electronic polarization of the environment which can significantly reduce electrostatic 

interactions of partial charges. In principle, a polarizable force field would capture the 

correct interactions with the phosphoserine without overestimating the strength of 

interaction [109].  

 

FUTURE DIRECTIONS: FUNCTIONAL MUTATIONS 

 
Mutations can be used to validate a simulation, especially if they are made to 

eliminate important interactions that are thought to stabilize structures found in the 

simulations. A number of mutations in the PD of the RLC have been proposed to 

disrupt smooth muscle myosin regulation. Four mutations in particular, K11, K12, R13 

and R16, lie N-terminal of the phosphorylation site, and have been shown to completely 
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abolish activation by phosphorylation [33, 64, 116]. We have explored the structural 

impact of R16 mutations on the PD in Chapter 5 (see SI), where eliminating this 

positively charged residue prevents ordering the PD [124]. Arginine 16 also plays a 

critical role in stabilizing the open state in the phosphorylated RLC. Replacing R16 with 

an uncharged amino acid, which prevents ordering of this domain, abolishes 

stabilization of the open state – effectively making the RLC insensitive phosphorylation 

(Appendix A). The structural roles of K11, K12, R13 are not clear, but they may play a 

role in transiently coordinating the phosphoserine to help stabilize the open state or 

possibly forming salt bridges with C-lobe to stabilizing the closed state, as suggested in 

Chapter 6. 

 
FUTURE DIRECTIONS: PHOSPHORYLATION-INDUCED MACRO-

MOLECULAR CHANGES 

Phosphorylation introduces structural changes within the RLC, which coincides 

with larger structural changes in the macromolecular complex of smooth muscle HMM 

(Chapter 7). Moreover, nucleotide-dependent conformational changes also appear in 

smooth muscle HMM, where both ADP and ATP have been demonstrated to alter the 

solvent accessibility of the PD in both unphosphorylated and phosphorylated 

biochemical states [38]. However, the connection between these structural states and 

their dependence on the nucleotide state of myosin remains unknown.   

One possible approach towards examining the coupling of phosphorylation 

induced conformational changes with ATP hydrolysis is to combine the structural 
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resolution of TR-FRET with rapid 

acquisition for probing structural 

changes on the biochemical time 

scale (Fig. 46). Many important 

biological processes that proceed  

though sequential transient 

intermediates are often probed by 

performing a stopped-flow 

experiment. These experiments 

typically measure only steady 

state changes in fluorescence, 

which work well for single step 

process, but the ability to resolve more complex schemes is severely limited. However, 

recent advances in high-frequency lasers, ultra sensitive detectors and rapid digitization 

has enabled full waveforms to be captured 0.1 ms, allowing distance distributions and 

mol fractions to be detected as function of biochemical evolution. This method, 

Transient time-resolved fluorescence resonance energy transfer (TR2-FRET) is 

currently being applied to examine transient bending of the relay helix in D. discoideum 

myosin II motor domain [126], acto-S1 interactions (unpublished), and transient binding 

of nucleotide to the Sarco/Endopalsmic Reticulum Ca2+ ATPase (unpublished). No 

doubt TR2-FRET would provide invaluable insight into nucleotide and phosphorylation 

sensitive structural changes in smooth muscle myosin. 

ns ms
m

V
ns ms

m
V

 k

0 10 20 30 40 50
0

20

40

60

80

F
lu

o
re

s
c

e
n

c
e

 

ns

Time-resolved (TR) 
Fluorescence

ms
0 1000 2000 3000

0.0

0.1

0.2

0.3

0.4

0.5

 

 

F
lu

o
re

s
c

e
n

c
e Stopped-flow 

kinetics

TRansient
Time-Resolved 
Fluorescence

(TR)2F

 

Fig. 46. Transient Time-Resolved Fluorescence (TR2-
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Chapter 9: Perspective  
 

ALLOSTERIC COMMUNICATION IN MYOSIN  

One of the mysteries in smooth muscle regulation is how phosphorylation 

causes such as large structural change involving the two heads of myosin, at sites 8-10 

nm from the site of phosphorylation. For example, despite these enormous distances, 

probes on the PD can directly report the nucleotide state of the catalytic domain [38]. Of 

the three models proposed in Chapter 1, TR-FRET measurements (Chapters 6 and 7) 

and MD simulations (Chapter 6) support the RLC-RLC interaction or RLC-S2 model. 

The ELC-RLC interaction model that is supported by scallop light chain domain crystal 

structures, involves communication of structural changes of the RLC through the ELC 

via contacts between the C-lobe of the RLC and N-lobe of the ELC [39], but this is 

unlikely in the case of smooth muscle myosins lacking the ELC are capable of 

regulation (despite being mechanically compromised) [25, 40]. Alternatively, the S2 

interaction model suggests phosphorylation-induced structural changes in the RLC 

could directly influence the segmental flexibility of the LC domain, affecting the 

interaction of S2 with the motor domain [41]. We have previously shown that 

phosphorylation induces large enthalpic and entropic changes such that the free energy 

of ordering is small (Chapter 5). Qualitatively similar observations are seen in the RLC. 

The unphosphorylated PD is capable of stabilizing a more globally ordered RLC 

through interdomain salt bridges (Fig. 6). In contrast, phosphorylation introduces a 

unique intradomain salt bridge (R16-pS19) that orders the PD but disorders the RLC 

(open state). The competition between these intradomain and interdomain salt bridges 

shifts the equilibrium population of structural states (Fig. 7) while maintaining a small 
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change in global free energy. Assuming that the change in order between these two 

biochemical states is reflected in the tightly coupled heavy chain, then the more 

disordered RLC (more populated open state) would allow greater flexibility of the 

heavy chain [41]. 

In regulated myosin, such as HMM, the PD may also play a direct role in 

interhead communication. Indeed, intraRLC TR-FRET (Chapter 7) and crosslinking 

studies [27, 34, 37] have shown the PD is capable of coming with in 1 nm of the partner 

RLC in unphosphorylated HMM. Since these crosslinks do not occur in phosphorylated 

HMM, then the ordering of phosphorylated PD, which stabilizes the open state, must 

produce an additional structural change, without increasing the mean head-head 

separation (Chapter 7), to limit these interactions. 

The ability for the open and closed structural states to modulate the flexibility of 

the myosin heavy chains via local ordering and/or direct interRLC interactions can 

explain the anomalous mechanical result of partial phosphorylation. Recent transient 

kinetics have shown that when one RLC of myosin is phosphorylated, actin-activated 

myosin ATPase is ~60% of myosin with both heads phosphorylated [79]. Meanwhile, 

optical trapping and motility studies demonstrated both heads of hemi-phosphorylated 

myosin are capable of generating normal force, but can only move actin with ½ the 

velocity of fully phosphorylated myosin [123]. Warshaw and coworkers proposed two 

possible degenerate mechanistic models. The first model suggests that single-headed 

phosphorylation completely shifts the equilibrium to the two-headed active state, but the 

heads have different kinetic properties that depend specifically on the phosphorylation 

state of the RLC. Alternatively, HMM with a single phosphorylated head may be in 
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rapid equilibrium between inactive and active states. Our FRET results on S1 and HMM 

support the latter model. In the off state of myosin, the unique intermediate structural 

state found in unphosphorylated HMM is likely responsible for stabilizing 

autoinhibition. Moreover, only one RLC-RLC interaction (one interaction between the 

PD of one RLC with the C-lobe of the other RLC) is sufficient to maintain the off state 

since the unphosphorylated RLC has two structural states in equilibrium. 

Phosphorylation of a single RLC shifts the equilibrium to the S1 open state and thereby 

prevents that RLC from interacting with its partner. However, the other 

unphosphorylated RLC, can still ‘capture’ the adjacent phosphorylated RLC, shutting 

down the myosin molecule transiently and effectively reducing the actin activate 

ATPase. Consequently, the unphosphorylated RLC in hemi-phosphorylated myosin 

should have 3 structural states in an equilibrium: autointeracting (closed state), 

interacting with its neighbor (intermediate open state), and a non-interacting state (S1-

like) when the neighbor is not nearby (open state). Phosphorylation of both RLCs 

removes the possibility of the intermediate state, and thereby preventing any form of 

autoinhibition. Future intra-molecular FRET experiments will reveal whether 3 RLC 

states are present when one RLC is phosphorylated. 

 

PHOSPHORYLATION AND CONFORMATIONAL SWITCHING 

Complex cellular functions such as growth, division, and response to external 

stimuli are regulated by networks of proteins. Communication between members of this 

network occurs through variety of mechanisms, including protein-protein interactions, 

ligand binding and post translational modification. The latter is dictated by a menagerie 
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of finely tuned enzymes, which can modulate the rate and duration at which the 

message is sent, making them ideal for a biological switch. Perhaps one of the simplest, 

and most ubiquitous post translational modification is phosphorylation, where there are 

potentially many thousands of sites of post-translational modification distributed over 

~1/3 of all the proteins[139].  

Phosphorylation regulates a wide array of activities, including nuclear 

localization, DNA binding affinity, activation/deactivation of transcription factors (see 

reviews [140, 141]). Phosphorylation ultimately alters protein function by changing the 

local charge by -2 at physiological pH. This large electrostatic perturbation manifests in 

a variety of events including: modulation of catalysis, conformational dynamics 

(Chapter 6), partial protein (un-)folding (Chapter 4 and 5), and protein-protein (ligand) 

interactions.  

A number of proteins posses a phosphate-induced structural switching 

mechanism. Phospholamban, a 52 residue phosphorylatable protein, regulates the 

activity of the Ca2+ channel SERCA. The structure of this protein is not unlike the PD, 

consisting of two helical segments joined by disordered region. EPR, NMR and MD 

simulations have all demonstrated that phosphorylation of the cytoplasmic helix, N-

terminal to the disordered region, removes helical order from 2-3 of the proximal 

residues, in effect an order-to-disordered transition. Phosphorylation of the CREB 

kinase-inducible domain (KID), primes this domain for recognition by CREB binding 

protein [142]. While it is isn’t clear from either NMR or MD simulations whether this 

domain undergoes a disorder-to-order (or vice-versa) transition, it does, however, 
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produce a unique conformation of the helix-turn-helix segment in which the 

phosphoserine resides. 

In all of these examples arginine – phosphoserine salt bridges play a critical role 

in the stability or instability of the local secondary structure. In the PD, the dominant 

salt bridge is R16, which resides 3 residues N-terminal to pS19. In forming this salt 

bridge, the helix-breaking proline is forced to conform to -helical -ψ angles (Chapter 

4). This process is nearly identical in phospholamban, where R13 forms a salt bridge 

with S16, but the effect is to perturb the backbone bond angles for residues C-terminal 

to the phosphoserine [107]. Similarly, the conformation of KID is dictated by a salt 

bridge between R131, 2 residues N-terminal to pS133. Interestingly, in proteins whose 

activation depends on a structural switch, phosphomemetics rarely produce the correct 

structural change. Charge replacement of residues along the PD of the RLC found that 

simply replacing the phosphoserine with an acid residue had little effect smooth muscle 

myosin actin-activated ATPase, while replacing both the S19 and T18 with acidic 

residues restored ~50% of the ATPase activity [33]. Since, simple electrostatic 

replacement could not mimic native phosphorylation, the authors of that study 

concluded that there must be a specific structural consequence of adding the phosphate. 

Similarly, in CREB, the S133E mutation reduces ΔGbind by 1.5 kcal/mol when 

compared to the phosphorylated WT CREB [142]. 

There is a large array of post-translational modifications that can influence the 

local charge in a protein and may also function as an electrostatic switch. Catalyzed 

modifications include suffocation, lysine acetylation (reduces positive charges) and 

glutamate methylation (reduces negative charges). The latter two are known to regulate 
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gene expression by modifying the histone tails [143]. Furthermore, there are simple 

non-catalyzed electrostatic switches, such as those introduced by oxidation and 

reduction in response to changes in pH. A number of other protein conformational 

changes have been shown to be regulated by pH. For example, the pH-dependent 

conformational changes in talin that affect actin biding [144] and the regulation of 

cofilin [145]. In principle, phosphorylation may have a sub-switching mechanism which 

depends on pH. The pKa of a phosphate group is ~6.5 in isolated peptides. Clearly, 

protein structure is influenced by the charge state of phosphorylation. Thus, modifying 

the charge state through pH, could in principle modulate these phosphorylation-

dependent structural changes in the protein. Although, this has not been experimentally 

observed, the complimentary approach of spectroscopy and computer simulations could 

have a large role in understanding these energetically subtle events. 
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Appendix A: Effect of R16 on the Stability of 
Phosphorylation-Induced Structural States in the Smooth 
Muscle Myosin Regulatory Light Chain 
 

OVERVIEW 

 
A number of mutations in the PD of the RLC have been shown to disrupt SMM  

ATPase. In particular, four charged residues N-terminal of the phosphorylation site, 

K11, K12, R13 and R16, have been shown to completely abolish activation by 

phosphorylation [33, 64, 116]. However, in the absence of a high resolution structure of 

the PD, the structural role of these residues remains largely unknown. We have already 

explored the structural impact of the R16 mutations on the PD in Chapter 5 (Fig. 24), 

where eliminating this positively charged residue prevents ordering the PD [124]. 

Arginine 16 also plays a critical role in stabilizing the open state in the phosphorylated 

RLC (Fig. 47). Thus, we hypothesize elimination of R16, which prevents ordering of 

this domain, would also prevent stabilization of the open state – effectively making the 

RLC insensitive phosphorylation.  
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Fig. 47. R16 stabilizes the open state of the smooth muscle myosin RLC  
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RESULTS 

 

Labeling and Phosphorylation. E. coli-expressed RLC containing the R16A 

functional mutation and two Cys mutations (S2C and M129C) were first labeled with 

donor IAEDANS and then acceptor fluorescein maleimide as previously described (see 

Chapter 6 methods). Both donor-only and donor-acceptor RLC were thiophosphorylated 

using 5x more MLCK as used in Chapters 6 and 7, since R16A greatly reduces the rate 

of phosphorylation by MLCK. Mass spectrometry confirmed that virtually all Cys 

residues were labeled and 71% of the R16A RLCs were phosphorylated (Fig. S1A). 

R16A labeled di-Cys RLCs were exchanged onto S1, with actin-activated ATPase 
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Fig. 48. Mass spectrometry and Actin-activated ATPases of labeled R16A RLC. (A) The R16A 
mutation impacts phosphorylation by MLCK depending on the extent and types of labels. Mass 
spectrometry shows all of the unphosphorylated (gray) donor R16A RLCs (D) were 
phosphorylated (red), while 71% of the unphosphorylated donor-acceptor (DA) RLCs were 
phosphorylated. Only 30% of the double acceptor (AA) labeled RLCs were phosphorylated. 
Peak assignments are based on the masses of donor (307.35 Da), acceptor (426.36 Da), and 
phosphate (96 Da). (B). Both unphosphorylated (gray) and phosphorylated (red) R16A RLCs 
exchanged onto S1 have ATPases similar to WT S1, indicating the mutation has no direct effect 
on the motor properties of myosin. Activities were measured in the presence of 50 M actin in a 
low salt buffer (25 mM NaCl, 1 mM MgCl2 and 25 mM Tris, pH 7.5). Error bars are in s.e.m. with 
n=2 . 
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activities were nearly identical to that of WT S1 (Fig S1B). 

 

TR-FRET Reveals Effect of R16A Mutation on Open and Closed States. Time 

resolution is particularly important since we expect R16A to perturb the mol fraction of 

the closed and open structural states. Time-resolved fluorescence was performed on 3 

M S1 exchanged with WT di-Cys RLC or R16A di-Cys RLC in a solution containing 

150 mM NaCl, 25 mM Tris, pH 7.5 (25o C) (same conditions as in Chapter 6). Labeled 

RLCs on S1 show an increased rate of decay when the acceptor was present, and this 

was more pronounced for the phosphorylated R16A (Fig. S44). The global fitting 

procedure described in Chapter 6 (see results) was used to quantitate the distance 

between the donor and acceptors. The donor pre-exponential factors and lifetimes were 

determined by fitting the fluorescence of each donor-only sample, FD(t), to a three-

exponential function. (Eq. 32; i=3). These pre-exponential  
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Fig. 49. Comparison of unphosphorylated and phosphorylated WT and R16A S1. The mean 
distances of the closed and open states are similar for unphosphorylated (gray solid) R16A 
(solid lines) and unphosphorylated WT (gray dashed lines), whereas the phosphorylated R16A 
(red solid) shows less open state when compared to phosphorylated WT (red dashed). 
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factors and lifetimes were used to constrain FRET fits (Eq. 34). Several different 

distance models were tested, with both 2R and 2G models (Eq. 35, n =2) giving the best 

fit (Fig. S44). However, for the basis of comparison with WT, all unphosphorylated and 

phosphorylated fluorescence waveforms were fitted by the 2G model (Eq. 35 n = 2). 

Both WT and R16A data sets were fitted well by this model, producing two 

populations distances. The unphosphorylated R16A has fitted mean distances of 2.9 nm 

and 5.4 nm for the open state, 

which are similar to that of WT 

(3.0 and 5.5 nm).  Furthermore, 

the phosphorylated R16A mean 

distances, 3.1 and 5.2 nm,  are 

similar to those of 

phosphorylated WT (3.0 and 5.5 

nm), indicating both closed and 

open states are present in RLCs with the R16A mutation. These distances were 

determined by assuming κ2=2/3 in the calculation of R0 (46.2 nm), which is a safe 

assumption, since time-resolved fluorescence anisotropy showed that probes on either 

M129 and S2 are nearly isotropic, implying that probe orientation does not significantly 

affect the accuracy of FRET analysis (Chapter 6: Table S5). Again, both biochemical 

states (phosphorylated and unphosphorylated) of either WT or R16A yielded similar 

mean distances for the two structural states Fig. 49, but the distributions for the open 

state were significantly narrower. The action of phosphorylation in WT S1 is to shift the 
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Fig. 50. Mol fraction of closed state in wt or R16A RLC 
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equilibrium to the open state is not found in R16A, suggesting the main structural effect 

of phosphorylation has been significantly impaired (Fig. 50).  

 

DISCUSSION 

TR-FRET shows that R16 plays a critical role in the stability of open structural 

state in the smooth muscle myosin S1. Mutating this residue prevents the mol fraction 

increase of the open state upon phosphorylation as seen in WT S1. At first glance, it 

would seem that R16A prevented phosphorylation by MLCK, but mass spectrometry 

(Fig. 40A) verified the majority of the D+A RLCs were phosphorylated. Moreover, the 

effect of R16 is independent of the motor properties of myosin S1 since the mutation 

had no effect on the actin-activated ATPase (Fig. 40B). These results support the 

mechanism proposed in Chapter 5, where mutating R16, prevents ordering of the 

phosphorylation domain, and thereby preserves the necessary flexibility to maintain the 

closed structural state (Fig. 50). Moreover, it is possible that residues K11, K12, and 

R13, may fill the role of R16, insofar as chelating the phosphate, resulting in a 

significant kink in the PD.  This would produce unique behavior in the open state, such 

as the slightly shorter mean distance and the narrower open state distribution (Fig. 49). 

 

CONCLUSION AND FUTURE DIRECTIONS 

We have directly shown by TR-FRET that R16 is essential for stability of open 

structural state in the smooth muscle myosin S1, as predicted by MD simulations. While 

it is exciting that these results help to further validate the unique findings of our MD 

simulations, it is unclear whether the same effect will be observed in regulated myosin. 
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Presumably, the open state in unphosphorylated HMM is affected by the presence of 

both heads (Chapter 7), and from the perspective of the RLC, phosphorylation allows 

the two heads to function as they do in S1 (i.e. independently). Thus we would predict 

the same behavior in HMM unless R16 plays an additional role in forming the unique 

intermediate state in unphosphorylated HMM. Regardless, this mutation deserves 

further investigation in the HMM.  

 METHODS 

Methods for RLC Labeling, thiophosphorylation, S1 exchange, mass spectrometry, 

TR-FRET and TRA analysis are identical to those in Chapter 6.  

SUPPORTING INFORMATION 
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Fig. S51. Fitting FRET signals for R16A (labeled at positions 2 and 129). Fluorescent 
waveforms (left) and residuals (right) and the corresponding distance distributions for 1R 
(green), 2R (purple), 1G (green), 2G (red). The number next to the fitting model is the χ2. 
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Appendix B: Light Chain Domain Orientation Determined by 
Time-resolved FRET 
 
OVERVIEW  

There are numerous examples of muscle protein systems in which high-

resolution spectroscopy has revealed the coexistence of two or more structural states 

within a single biochemical state, with a biochemical transition shifting this population. 

In particular, EPR and TR-FRET have shown this in the heavy chain of myosin, with 

biochemical states defined by nucleotides at the active site [126, 146-149]. To observe 

these population changes in detail, and to observe the effect of actin, we have used 

time-resolved fluorescence resonance energy transfer (TR-FRET) to measure distances 

between the labeled catalytic domain (A250C) of Dictyostelium discoideum myosin S1 

(flS1) and a labeled RLC (M129C). The present work shows that the lever arm adopts 

multiple orientations in solution. In the absence of nucleotide, the light-chain domain 

probe is at a mean distance of 8.4 nm from the catalytic domain probe. This distance 

extends to >9.0 nm when flS1 is bound to actin. The addition of ATP gives three 

roughly equal populations of distances at 3.6, 4.3, and >9.0 nm. ADP.V and ADP.AlF4 

stabilizes the shorter of these populations, indicating that ADP.Pi induces a 

conformational change of the light-chain domain. 



 135

INTRODUCTION 

Myosin motors use the energy of 

ATP hydrolysis to produce force. 

The light chain (LC) domain of 

myosin, to which is bound the 

essential light chain (ELC) and 

regulatory light chain (RLC), 

extends C-terminally to the motor 

domain to translate small 

conformational changes in the 

nucleotide binding site into force. 

The lever arm hypothesis suggests 

the light chain domain (LCD) 

behaves as rigid body that undergoes 

a large force generating rotation. Indeed, X-ray crystal structures of the lever arm (Fig. 

47) reported numerous orientations of the LC domain relative to the catalytic domain [4, 

6, 151, 152] However, it is unknown which of these angles are static under more 

physiological conditions. There have many attempts to validate the lever arm hypothesis 

using spectroscopy. The first direct evidence of this model came from experiments with 

spin-labeled RLC, reconstituted into scallop muscle fibers [147]. Thomas and 

colleagues found that in all three biochemical states: rigor, contraction and relaxation, 

consists of two structural states: a population centered around 38° and 74° [147]. Due to 

restrictions on the available labeling sites, these experiments have also revealed a wide 

variety of angle changes. Thus, it is important to detect these states in solution, where 

biochemical states are better defined and more directly related to crystal structures. The 

problem of probe locations was solved for myosin by Spudich and coworkers [149] 

using an expressible myosin S1. They measured multiple lever arm orientations using 

FRET with labeled cysteine-lite full-length Dictyostelium discoideum myosin S1. 

Specifically, they discovered three equilibrium conformations of the lever arm: rigor-

like, prepowerstroke, and a previously uncharacterized intermediate orientation. These 
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(ADP.Vi)

Skeletal Apo

Smooth 
ADP.AlF4

Scallop Apo

 

Fig. 52. Multiple orientations of the light chain domain 
resolved by X-ray crystallography (Fig 1c, [150]).  
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results are the basis for the present study, in which we measure FRET between specific 

labeling sites in Cys-light D. discoideum full-length S1 (flS1) and the regulatory light 

chain. We have extended their approach by using a pulsed laser system that provides 

high-resolution time-resolved FRET (TR-FRET), which allows us to determine distance 

distributions in more detail, and by investigating the effects of actin. The results provide 

new physical insight into lever-arm rotation in myosin.  

 

RESULTS 

Labeling and Functional Assays 
 

Expressed full-length myosin S1 (flS1) containing,  was first labeled with acceptor 

rhodamine at position 250 of the catalytic domain. Expressed chicken gizzard RLCs 

were labeled with donor fluorescein maleimide (FM) at position 129. The RLCs were 

selected for donor labeling because the exchange would ensure all donors would be 

coupled to an acceptor bound to the same S1. Virtually all reactive Cys residues on both 

proteins (1 on each) were completely labeled with their respective probes (93% and 

100% respectively). Labeled RLCs were exchanged onto flS1, and actin-activated 

ATPase activities were nearly identical to unlabeled flS1 (Fig. 53), indicating that 

neither labeling or the exchange had no significant effect on catalytic activity. 
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Fig. 53. Purification and ATPase activity of labeled flS1. A. labeled expressed Dictyostelium 
Cys-lite full length myosin S1 (flS1). B. Actin-activated ATPase of labeled flS1. 
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TR-FRET Reveals multiple 

lever arm orientations. Time 

resolution is important in the 

present FRET study since 

multiple structural states are 

expected for each biochemical 

state [149]. Time-resolved 

fluorescence was performed on 

0.5 M flS1, labeled with 

acceptor and exchanged with 

donor labeled RLCs in a 

solution containing 150 mM 

NaCl, 2 mM MgCl, 1 mM DTT, 

and 25 mM HEPES, pH 7.0 (25o 

C). The rate of donor decay 

increased slightly when flS1 is 

in the apo state (blue) or bound 

to actin (green) In contrast, 

adding ADP.AlF4 (purple), ATP 

(red) or ADP.V (magenta) 

produced a significant increase in the rate of decay. To quantitate the distance between 

the donor and acceptors as well as the mol fractions of the distances, we used the global 

fitting procedure as outlined in Chapter 6. The donor pre-exponential factors and 

lifetimes were determined by fitting the fluorescence of each donor-only sample, FD(t), 

to a two-exponential function. (Eq. 32; i=2). These pre-exponential factors and lifetimes 

were used to constrain FRET fits (Eq. 34). Furthermore, the donor-only fraction, was 

set to 7% which accounts for the population of flS1 that was not labeled with an 

accepter (see methods). All four distance models (1R, 2R, 1G and 2G) in addition to 

three discrete distances (“3R”), and three Gaussian distributions (“3G”) were tested. 
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Fig. 54. Mol fractions and distances determined by TR-
FRET between M129C on the RLC and A250C of S1.  
Each biochemical state contains either 2 or 3 structural 
states (2 or 3 distances). 
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Apo and rigor flS1 fits did not improve markedly beyond 1G fit (Fig. S44), indicating 

that these biochemical states were predominately of a single structural state. In contrast, 

ADP-flS1, ATP-flS1, ADP.V-flS1, and ADP.AlFx were best fitted to a 3R or 3G model 

(Eq. 35, n =3), but either 3 component model only improved the χ2 by 10-20% over the 

2G model for all cases with the exception of ADP.AlF4 which demonstrated a 2-fold 

decrease in χ2 (Fig. S44 and Fig. S57).. A 3 component model gave the best fit in all 

cases, and in all cases, a 3G model provided a negligible improvement over the 3R 

model (5-15%). Consequently, fluorescence waveforms from all six biochemical states 

of flS1 were fitted by the model described by Eq. 34, which accounts for the fraction of 

uncoupled donor, and determines the mean distance of each population (R1, R2, and R3) 

and mol fractions (X1, X2, and X3 = 1-X1-X2) of those populations (Eq. 35 n = 3). 

  

All FRET data sets were fitted well by the three distance model, producing two or 

three populations having long (12.0 -14.8 nm), intermediate (5.1-5.7 nm) and short (3.4-

3.7 nm) distances. These distances were determined by assuming κ2=2/3 in the 

calculation of R0 (5.3 nm), which is a safe assumption, since time-resolved fluorescence 

anisotropy (see methods) showed that probes on the RLC or flS1 are nearly isotropic 

(Table 7), implying that probe orientation does not significantly affect the accuracy of 

FRET analysis. All six biochemical states (Actin, APO, ADP, ADP.AlF4, ADP.V, and 

ATP) yielded similar mean distances (Fig S3) for the three structural states, and in each 

case, the main effect of the nucleotide is to shift the mol fraction from the rigor-like-

distance to the more pre-power stroke state. These results strongly support the model of 

contraction, first observed by Thomas and coworkers [147], where the biochemical 

states of muscle contains two fundamental structural states: pre- and postpowerstroke 

Table 7. Range of 2, based on time-resolved anisotropy (Eq. S38, Eq. S39). 

 Initial anisotropy, r0     

 IAEDANS Rhodamine 2
min* 2

max* Rmin* Rmax* 

M129C -0.06 0.09 0.37 1.44 0.92 R 1.15 R 

*Calculated from Eq. S38 and Eq. S39. 
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lever arm orientations (corresponding to long and short FRET distances, respectively). 

and a third, previously uncharacterized,  structural state (intermediate FRET distance). 

 

DISCUSSION 

TR-FRET experiments show that each biochemical (nucleotide or actin) state of 

myosin is comprised of at least two structural states (Fig. 55). Both rigor and apo 

biochemical states consists mostly of the extended state (Fig. 50), and this state is 

slightly longer for the actin bound state. Both of these biochemical states also contain a 

small mol fraction of the compact state, which is the prepowerstroke state since it is 

stabilized ADP.V, and to a lesser extent, by ADP.AlF4. The presence of ADP shifts the 

mol fraction slightly from the extended conformation to the prepowerstroke state, while 

slightly populating a unique intermediate state. ADP.AlF4 further shifts the equilibrium 

to the prepowerstroke state, as expected, and populates the intermediate state to the 

same extent as ADP. This suggests either (1) ADP.AlF4 behaves like ADP, but 

stabilizes more of the prepowerstroke state, or (2) a fraction of flS1 is bound with ADP 

that was not complexed to AlF4. The latter is more likely to be the case, since ADP.AlF4 

does not shift the mol fraction to the prepowerstroke state to the same extent as ADP.V, 

which has been reported to be the case in D. discoideum myosin II motor domain [126, 

127]. FlS1 in solution with saturating ATP also has three distinct structural states with 

distances that are similar to those observed for ADP or ADP.AlF4 biochemical states.  

Moreover, the presence of ATP decreases the mol fraction of the rigor-like state while 

increasing the mol fraction of the intermediate and prepowerstroke state, as originally 

observed by Spudich and coworkers [149].  

 Measured distances correspond well with those distances predicted by structural 

modeling (see methods), but the exact values vary significantly (Fig. 47 and Fig. 55). 

Typically all distances measured by TR-FRET are 1.5 to 2.0 nm greater than those 

predicted. The origin of these discrepancies stems from 3 sources. First, our fitting 

algorithm is sensitive to distances that yield an energy transfer efficiency between 10 

and 95%. Since the measured R0 is 5.6 nm, the rigor-like state would have a predicted 

energy transfer efficiency of <1%, while the prepowerstroke distance, is >99%. This 
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suggests there would be significant error in determining the actual distance, but not the 

mol fractions of those distance. Second, the length of the fluorophores, which measure 

0.8 nm from C to electronic dipole, could account for up to 1.6 nm of the distance 

discrepancy. However, since these probes show very low initial anisotropies (Table 7), 

it is unlikely the probe length accounts for the entire difference in distance. Finally, the 

prepowerstroke state crystal structure does not contain the IQ domain for the RLC, and, 

as consequence, may not accurately reflect the prepowerstroke state of a full-length 

myosin S1 under physiological conditions Despite the small disagreement from 

predicted and measured distances, TR-FRET reliably reports similar lever arm 

orientations as reported by crystal structures. 

 

CONCLUSION AND FUTURE DIRECTIONS 

TR-FRET shows that each biochemical state of myosin consists of an equilibrium 

between three structural state; the mol fraction of these structural states is modified by 

the presence of actin and nucleotide. Furthermore, ATP stabilizes a structural state that 
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Fig. 55. Structural states of flS1 in six biochemical states. Structures were modeled as 

described in the methods. Modeling distances are measured from C250 C on FlS1 to C on 
C129 of the RLC. 
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has not been characterized by crystallography. To determine if this structural state is a 

transient static structure, both kinetics (via stopflow) and structure (via FRET) would 

need to be captured simultaneously using TR2-FRET (see Chapter 8.3: Future 

Directions). Unfortunately, several practical limitations, such as poor protein 

expression, poor RLC exchange efficiency, and instability of the myosin ATPase 

prevent this experiment from being performed in the immediate future. The former 

problem maybe remedied by using an inducible protein expression system [153] while 

the latter two issues cannot be helped. Regardless, the present study shows that TR-

FRET between the RLC and the catalytic domain does reliably produce structural states 

observed by crystallography and other spectroscopic methods, providing a useful assay 

for exploring structural states that accompany functional mutations that modify the 

communication between the active site and the lever arm domain. 
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METHODS 

Mass Spectrometry, TR-FRET, and TRA methods are as they appear in Chapter 6 
 

FlS1 Engineering and Preparation: The initial Cys-lite Dictyostelium discoideum 

myosin II S1 gene fragment construct (contains the mutations: C49S, C312Y, 

C442S,C470I, C599L, C678Y, and A250C) was generously provided by Professor Jim 

Spudich. Additional subcloning procedures were carried out using standard protocols 

[154]). In order to remove an interceding XhoI cleavage site (1266 bp; S416) and the C-

terminal His tag, the S1 gene fragment was cloned into pCR2.1-TOPO. S416 was 

mutated to an Alanine and a stop codon was introduced prior to the C-terminal 6 × His 

tag by QuikChange (Stratagene). These mutations were verified by dideoxy DNA 

sequencing and subsequently subcloned into the pDXA-3H expression vector. A light 

chain cassette, containing a 6 × His D. discoideum myosin II RLC and ELC, flanked by 

two act15 promoters and separated by act6 terminator was also inserted into the 

expression vector. The insertions were verified by restriction digest. flS1 was expressed 

in D. discoideum AX3-ORF1 cells (grown in suspension) and purified as described 

[155]. Mutant chicken gizzard RLC (M129C) was expressed in E. coli using the Pet3a 

expression system (Novagen). RLCs were purified from solubilized inclusion bodies, by 

using a Hi-Trap anion-exchange column [37]. RLC concentration was determined by 

using an extinction coefficient of 6740 M-1 cm-1 (277 nm) [1]. 

 

Labeling: A solution of 50 M RLC (20 mM EPPS, pH 8.0, 50 mM NaCl, and 2 mM 

EDTA) was reduced with 5 mM DTT (Sigma) for 10 min. Reducing agent was removed 

by Zeba desalting columns Pierce) and 75 M fluorescein maleimide (Invitrogen) was 

added and incubated for 30 min at 22 °C. Excess dye was removed using successive spin 

columns, and extent of donor labeling was determined by two methods: (1) ratio of the 

concentration determined by UV/Vis (ε496=83000 M-1 cm-1) to the protein concentration 

determined by Bradford (Bio-Rad) and (2) electrospray (see below). Typically ~100% of 

available cysteines were labeled with donor. After the reduction, a 10 M solution of FlS1 

(25 mM HEPES, pH 7.0, 25 mM NaCl, and 5 mM MgCl2) was incubated with 20 M 
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tetramethylrhodamine-5-maleimide (Invitrogen) and 10 M (2-carboxyethyl)phosphine 

(TCEP). (Invitrogen) for 30 min at 4 °C.. The labeling reaction was quenched with excess 

DTT (5 mM), and free dye was again removed using Zeba desalting columns (Pierce). 

Extent of labeling was determined by method 1 with ε554=95000 M-1 cm-1. Typically 93% 

of all FlS1 was labeled with an acceptor. 

FLS1 RLC Exchange: A solution of 5 M labeled flS1 (25 mM HEPES, pH 7.0, 25 mM 

NaCl, and 2 mM MgCl2) was incubated with 15 uM actin for 30 min at 22 °C and 

subsequently centrifuged at at 50000 × g. The pellet was resuspended in a no Mg2+ buffer 

(25 mM HEPES, pH 7.0, 50 mM NaCl, and 1 mM DTT), centrifuged at 50000 × g, and 

again resuspended in no Mg2+ buffer. The actin-S1 solution was incubated with 100 M 

donor labeled RLCs (25 mM HEPES, pH 7.0, 50 mM NaCl, and 1 mM DTT) for 1 hr at 

22 °C. The exchange reaction was quenched by slowly adding 10 mM MgCl2
 and 

centrifuged at 50000 × g. The exchanged pellet was resuspended in low salt buffer (25 mM 

HEPES, pH 7.0, 25 mM NaCl, 2 mM MgCl2, and 1 mM DTT) with 2 mM ADP. This 

process was repeated two more times to remove excess RLCs. Exchanged flS1 was 

recovered by resuspending the pellet in extraction buffer (25 mM HEPES, pH 7.0, 150 

mM NaCl, 1 mM EDTA, 1 mM DTT, and 10 mM ATP) and centrifuging at 100000 × g. 

A final concentration of 10 mM MgCl2 was added to the supernatant, incubated for 10 min 

at 22 °C, and clarified by centrifugation at 100000 × g. The final supernatant was dialyzed 

into the spectroscopic buffer (25 mM HEPES, pH 7.0, 50 mM NaCl, 2 mM MgCl2, and 1 

mM DTT) for TR-FRET experiments.   

Mass Spectrometry: Labeled RLCs (30 μM in 5 mM NH4HCO3 buffer at pH 7.9) were 

injected into a QSTAR 2 quadrupole-TOF mass spectrometer with an electrospray 

ionization source. Three injections at 2.5 min intervals, were performed for every sample. 

Mass spectra over the range of 500-2,000 m/z were recorded continuously during load 

buffer and protein infusions. The resulting spectra were analyzed using Analyst QS 

(Applied Biosystems) software. 

Steady-State ATPase: ATPase activities for FlS1 were determined at 25 °C by measure 

the release of phosphate by using a malachite green molybdate assay [132]. Actin-
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activated ATPase was measured for 1 M FlS1 (25 mM HEPES (pH 7.0), 25 mM NaCl, 

4 mM MgCl2 and 2 mM ATP) in the presence of 50 M F-actin [156]. 

 

Quantum yield. The mean quantum yield of the donor (QD = 0.54 ± 0.02) was 

determined by comparison with a standard solution of 1 M NIST standard fluorescein 

(Invitrogen) in 0.1 M NaOH at λex = 354.5 nm (QS=0.95 at  x = 496.5 nm [157]), 

according to the equation: QD = QS*(FD(λ)/AD(λ))/(FS(λ)/AS(λ)), where Fk(λ) is the 

integrated emission and Ak(λ) is the absorbance at the excitation wavelength of donor-

labeled myosin (D) or fluorescein standard (S). 

Structural Models: The APO structure was generated by aligning the D. discoideum 

ADP.V motor domain (pdb 1VOM) to the skeletal S1 structure (PDB ID 2MYS). The 

actin bound structure was constructed by aligning 1VOM to the scallop S1 structure (PDB 

ID 1KK7). The pre-stroke ADP.V model was generated by fitting in the MD.ADP.AlF4 

(PDB ID 1BR1) converter and ELC into the D. discoideum ADP.V (PDB ID 1VOM). The 

RLC was placed by aligning the ELC from scallop S1 structure (PDB ID: 1KK7) to the 

ELC of PDB ID 1BR1. Fluorescent probes (fluorescein maleimide and rhodamine 

maleimide) were placed at the β-carbon position of the existing residues at position 250 on 

the motor domain and 116 on the RLC (equivalent to 129 in chicken gizzard RLC) using 

Discovery Studio (Accelerys). 
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