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ABSTRACT 
 

The extraocular muscles (EOM) are both morphologically and functionally spared in the 

absence of dystrophin, which results in the fatal disease Duchenne muscular dystrophy 

(DMD). It is currently thought that intrinsic differences between the EOM and other non-

cranial skeletal muscles account for this sparing. The work of this thesis examines the 

sparing of the EOM in different mouse models of DMD and differences between 

progenitor cells of the EOM and those of non-cranial skeletal muscles. Results of 

functional and morphological studies indicate that the mdx:utrophin+/- mouse model may 

serve as a more useful model of disease than the mdx mouse model, and that EOM 

sparing is not due to autosomal homolog utrophin up-regulation, as the EOM are spared 

in mouse models that lack both dystrophin and utrophin. Finally, gamma irradiation 

studies suggest that there is a population of progenitor cells in the EOM that is either 

better able to survive in the diseased muscle or is more highly proliferative than the 

progenitor population found in limb. Greater understanding of this population of 

progenitors in the EOM may provide insight into EOM sparing in DMD, and possibly 

even therapeutic advancements for treatment of this fatal disease.   
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INTRODUCTION 

The Extraocular Muscles 

The extraocular muscles (EOM) are craniofacial muscles responsible for the coordinated 

movement of the eyes. The ability to maintain binocular vision, track moving objects in 

the visual field (smooth pursuit), and perform rapid positional changes (saccades) are all 

dependent on the complex and finely controlled interplay between the oculomotor control 

system and the EOM.   

 

Anatomy and Physiology 

 The EOM are comprised of seven muscles in each orbit (Figure 1.1). There are 

four rectus muscles and two oblique muscles, which are responsible for movement of the 

eye within the orbit, while the seventh, the levator palpebrae superioris, is responsible for 

raising the eyelid. For the purposes of this study, this seventh muscle will not be 

discussed further.  The six EOM responsible for movement of the eye are arranged 

around the globe, and work in concert with the EOM of the contralateral eye in order to 

maintain conjugate gaze. Of the four rectus muscles, the medial and lateral rectus 

muscles originate from the tendinous annulus at the posterior aspect of the globe and 

insert onto the sclera of the eye. These muscles work as an agonist/antagonist pair to 

control horizontal movement of the eye, with the medial rectus adducting the eye and the 

lateral rectus abducting the eye. The superior and inferior rectus muscles originate from 

the same tendinous annulus and insert into the superior and inferior sides of the globe. 

These two muscles play a role in vertical movement of the eye, as well as a role in 

rotation of the eye that results in adduction. The superior rectus both elevates and intorts  
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Figure 1.1: The Extraocular Muscles 
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Figure 1.1: A schematic of six of the extraocular muscles shown around the globe. SR = 

superior rectus. IR = inferior rectus. LR = lateral rectus. MR = medial rectus. IO = 

inferior oblique. SO = superior oblique. Levator palpebrae superioris is not shown. 
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the eye, while the inferior rectus depresses and extorts the eye (McLoon, 2011). 

 The remaining EOM are the inferior and superior oblique muscles. The superior 

oblique originates from the bony orbit, passes through a cartilaginous pulley called the 

trochlea, and turns posteriorly to insert beneath the superior rectus posterior to the 

equator of the globe. Thus, the primary action of the superior oblique is intorsion, 

resulting in abduction of the eye, with a secondary action of depression. The inferior 

oblique originates from the anteromedial inferior orbital wall and inserts on the globe on 

the inferior side posterior to the equator. The primary action of this muscle is extorsion, 

resulting in abduction of the eye, with a secondary action of elevation (McLoon, 2011).  

 At a microscopic level, the anatomy of the EOM is divided into two distinct 

layers: an outer orbital layer composed of small myofibers, and an inner global layer 

composed of larger myofibers (Figure 1.2) (Bottinelli et al., 1996; Kjellgren et al., 

2003b). Aside from size, the orbital and global layers express different patterns of 

molecules such as myosin heavy chain isoforms (MyHC) and sarcoplasmic reticulum 

calcium ATPases (Kjellgren et al., 2003a,b). These two layers are morphologically 

distinct, but it is currently unclear what the physiological implications of these two layers 

are, as well as what maintains these biochemical and anatomical differences. 

 Three pairs of cranial nerves innervate the EOM: the oculomotor nerve, cranial 

nerve III, innervates the superior, medial, and inferior rectus muscles, as well as the 

inferior oblique. Cranial nerve IV, the trochlear nerve, innervates the superior oblique, 

and cranial nerve VI, the abducens nerve, innervates the lateral rectus (Fuchs et al., 

1988). Control of EOM and eye motility is dependent on the proper functioning of these 

nerves, and dysfunction can result in disordered eye movements. 
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Figure 1.2: The Two Layers of the EOM 
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Figure 1.2: An image of the extraocular muscles displaying the orbital (ORB) and global 

(GLOB) layer distinction in myofiber cross-sectional area. Bar is 100 microns. 
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A Distinct Allotype 

The EOM have many properties that distinguish them from somitic skeletal 

muscles, and the EOM are considered a distinct muscle allotype (Lucas and Hoh, 1997). 

These differences are apparent from early development. Trunk skeletal muscles derive 

from somites, while the EOM arise from unsegmented cranial mesoderm. The genetic 

program that controls formation of the EOM is also distinct from the genetic control of 

somitic muscle development. Somitic muscle development is dependent on the 

homeobox transcription factor Pax3 (Tajbakhsh et al., 1997), while EOM development 

does not require Pax3. Mutant mice lacking Pax3 do not develop somite-derived muscles, 

that is, body and limb muscles, but do develop normal EOM (Tremblay et al., 1998). In 

contrast, the development of the EOM requires expression of the bicoid-like homeobox 

transcription factor Pitx2. Reduced expression of Pitx2 leads to altered development of 

EOM, and total knock out of Pitx2 results in lack of EOM formation (Diehl et al., 2006; 

Gage et al., 1999; Kitamura et al., 1999; Lu et al., 1999b; Zacharias et al., 2011).  

 Another interesting feature of the EOM is the presence of multiply innervated 

single fibers. EOM myofibers possess two morphologically distinct endplates: larger 

endplates, similar to those seen in limb skeletal muscle, called en plaque endings, and 

smaller endplates that form multiple endings along individual fibers, called en grappe 

endings (Kupfer, 1960). Many EOM myofibers have both en plaque and en grappe 

endings, resulting in different contractile properties along the length of single myofibers 

(Jacoby et al., 1989). It is currently unknown how this heterogeneity of nerve endings 

arises. However, conditional loss of Pitx2 in skeletal muscle of mice results in significant 

reduction of en grappe endplates on EOM myofibers, suggesting a role for Pitx2 in 
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controlling the patterning of muscle innervation (Zhou et al., 2011). 

 Another distinction between EOM and limb skeletal muscle arises at the 

neuromuscular junction (NMJ). As in limb skeletal muscle, control of muscle contraction 

by motor nerves is reliant on the release of acetylcholine through the NMJ. While some 

of the en plaque endings express the typical acetylcholine receptor subunits (α, β, δ, and 

ε, in a 2:1:1:1 ratio), most of the en grappe endings and some of the en plaque endings 

retain the “embryonic” γ subunit in place of the “mature” ε subunit that is found in adult 

non-cranial skeletal muscle (Horton et al., 1993; Kaminski et al., 1996; Oda and 

Shibasaki, 1988).  

 In addition to differences in innervation, the EOM also exhibit co-expression of at 

least nine myosin heavy chain (MyHC) isoforms (Rossi et al., 2010; Wieczorek et al., 

1985), while limb skeletal muscles express only four isoforms: MyHC 1 (slow twitch) 

and three fast twitch isoforms: MyHC type 2A, MyHC type 2X, and MyHC 2B. Along 

with these four MyHC isoforms, the EOM also express developmental (or embryonic) 

MyHC, neonatal (or perinatal) MyHC, α-cardiac MyHC (Pedrosa-Domellöf et al., 1992), 

an EOM-specific MyHC (Asmussen et al., 1993; Bicer and Reiser, 2009; Rubinstein and 

Hoh, 2000; Stirn Kranjc et al., 2000, 2009), and slow tonic MyHC (Mascarello et al., 

1982). MYH14/7b and MYH15 have also been found in adult EOM (Rossi et al., 2010), 

as has non-muscle myosin IIB (Moncman and Andrade, 2010). Interestingly, the EOM do 

not just express more forms of MyHC; the expression of these isoforms differs between 

the orbital and global layers, as well as along the length of individual EOM myofibers 

(McLoon et al., 1999). Single myofibers can express multiple isoforms of MyHC along 

their length, and may even express both fast and slow MyHC isoforms within the same 
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fiber (Jacoby et al., 1990; McLoon et al., 2011) 

 The EOM are constantly active muscles that have some of the fastest contractile 

properties (Close and Luff, 1974). Compared to isolated fast-twitch limb muscles, the 

EOM exhibit a low force output with high shortening velocity, faster isometric twitch 

contractions, higher fusion frequency, and lower twitch-to-tetanus ratio (Asmussen et al., 

2008). However, despite their constant use, these muscles are fatigue resistant (Asmussen 

et al., 2008; Fuchs and Binder, 1983), likely due to their high concentration of 

mitochondria, which is reportedly the highest of all mammalian skeletal muscles 

(Andrade et al., 2005; Mayr, 1971; Patel et al., 2009). Another contributing factor the 

fatigue resistance of EOM may be the co-expression and high activity of both oxidative 

and glycolytic enzymes as compared to both fast- and slow-twitch non-cranial skeletal 

muscles respectively (Asmussen et al., 2008; Reichmann and Srihari, 1983) and their 

multiply innervated fibers and co-expression of MyHC isoforms.  

 Another unusual property of the adult EOM is their ability to maintain activated 

precursor cells throughout life (McLoon and Wirtschafter, 2002a). Under normal 

conditions, skeletal muscle has the ability to regenerate through mobilization of satellite 

cells. First described in 1961 (Mauro, 1961), satellite cells are mononuclear cells that 

reside between the basal lamina and the sarcolemma of muscle fibers. The satellite cell is 

the main regenerative cell in skeletal muscle. In limb skeletal muscle, the normally 

quiescent satellite cells become activated upon injury or disease and divide and either 

self-renew, fuse into existing myofibers (remodeling) or create entirely new myofibers 

(regeneration) by fusion with other activated satellite cells (Bischoff, 1986).  

 Bromodeoxyuridine labeling and other immunohistochemical techniques have 
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demonstrated that adult EOM maintain a population of activated satellite cells (McLoon 

and Wirtschafter, 2002a, 2003), even in the absence of injury or disease. The activated 

cells replicate and appear to fuse into existing myofibers, thus allowing the EOM to 

constantly remodel throughout life (McLoon and Wirtschafter, 2002a; McLoon et al., 

2004).  

It is known that the EOM are resistant to injury; for example, botulinum toxin A, 

which normally causes muscle fiber atrophy in limb skeletal muscle, causes no long-term 

changes in EOM myofiber cross-sectional area (Croes et al., 2007; Spencer and McNeer, 

1987). While resistant to atrophy, the EOM also exhibit a rapid proliferative response to 

botulinum toxin A injections. There is a significant increase in myogenic precursor cells 

that is maintained for weeks following injection, while in limb this proliferative response 

is aborted (Ugalde et al., 2005). It is currently hypothesized that there is a population of 

precursor cells responsible for the ability of the EOM to continuously remodel and 

exhibit such an immediate and robust regenerative response; however, the molecular 

control of this process is unclear (Kallestad et al., 2011). 

 

Disease Profile 

 The EOM may also be differentiated from limb skeletal muscle by their 

involvement or sparing in various muscle diseases (Pedrosa Domellöf, 2013). The EOM 

may be preferentially targeted, such as in Graves’ ophthalmopathy or myasthenia gravis. 

Graves’ ophthalmopathy is an autoimmune disorder that results in redness, swelling, 

dryness, restricted eye movements, diplopia, and inability to close eyes during sleep, 

among other symptoms (Bahn, 2010). The inferior rectus is the most commonly affected 
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EOM in Graves’ ophthalmopathy, followed by the medial rectus, superior rectus, and 

lateral rectus (Kim and Hatton, 2008). Also an autoimmune disorder, myasthenia gravis 

is characterized by the pathologic loss of acetylcholine receptors at the neuromuscular 

junction, with the EOM being particularly susceptible. Myasthenia gravis may be limited 

to the eye muscles (ocular myasthenia), or it may become generalized myasthenia (Porter 

and Salter, 2005).  

 Alternatively, the EOM is also preferentially spared in some diseases. For 

example, in amyotrophic lateral sclerosis (ALS), systemic onset of disease in limb muscle 

is common; however, involvement of the EOM is not a typical feature of the disease 

(Hayashi et al., 1987; Leveille et al., 1982; Palmowski et al., 1995).  When EOM do 

show pathologic changes, the changes are quite mild in comparison to the changes found 

in the limb skeletal muscles of the same ALS patients (Ahmadi et al., 2010; Liu et al., 

2011).  

 The EOM are both morphologically and functionally spared in Duchenne and 

Becker muscular dystrophies (Kaminski et al., 1992), despite the fact that these diseases 

preferentially affect fast twitch extremity muscles (Karpati and Carpenter, 1986; Karpati 

et al., 1988; Khurana et al., 1995). The EOM are also spared in other dystrophies, such as 

merosin-deficient muscular dystrophy (Pachter et al., 1973), laminin α2 deficiency 

(Nyström et al., 2006), sarcoglycan deficiency (Porter et al., 2001), and congenital 

muscular dystrophy (Pachter et al., 1973). While it is currently unclear exactly how the 

EOM are spared in muscular dystrophies like Duchenne muscular dystrophy, work 

discussed in this thesis investigates the hypothesis that there are constitutive differences 

between the myogenic precursor cell (mpc) populations of the EOM and the mpc 



	   12	  

populations in non-cranial skeletal muscles. Chapter 4 of this thesis examines one 

possible mechanism for this sparing. Further understanding of this mechanism is 

important, as it may yield new therapeutic strategies for treating muscular dystrophies.  

 

Duchenne Muscular Dystrophy 

Duchenne muscular dystrophy (DMD) is a fatal X-linked disease that affects 

approximately 1 in every 3500 live male births (Monckton et al., 1982). While all body 

and limb skeletal muscles, as well as cardiac muscles, are affected, the extraocular 

muscles are both morphologically and functionally spared (Kaminski et al., 1992; Karpati 

and Carpenter, 1986; Karpati et al., 1988) despite the absence of dystrophin from these 

muscles. The mechanism by which the EOM are spared is the major focus of this thesis. 

 

Dystrophin and the Dystrophin-Associated Protein Complex 

 DMD is caused by mutations in the dystrophin gene. The dystrophin gene is quite 

large (2.6 megabases) and is located on chromosome Xp21. The resulting protein 

measures 427 kilodaltons (Hoffman et al., 1987). Dystrophin is a large, multi-domain 

rod-shaped protein composed of four major domains: an N-terminal domain, a coiled-coil 

region, a cys-rich domain, and the C-terminal domain. The N-terminal domain is 

responsible for actin binding through its calponin homology domain. Actin binding is 

also affected by an interaction between spectrin-like repeats 11-17 and acidic actin 

(Henderson et al., 2011). The coiled-coil region is composed of 24 spectrin-like repeats 

separated by hinge domains and interacts with a variety of other partners, including 

microtubules and intermediate filaments (Le Rumeur et al., 2010). The cys-rich domain is 
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located near the C-terminus and interacts with β-dystroglycan, while the C-terminal 

domain is responsible for binding to dystrobrevins and syntrophins (Davies and Nowak, 

2006) 

The dystrophin protein is a vital component of the dystrophin-associated protein 

complex (DAPC), located at the plasma membrane of myofibers. This complex is 

composed of dystrophin and other components, such as α-dystroglycan, β-dystroglycan, 

sarcoglycans, sarcospan, syntrophins, and α-dystrobrevin (Ervasti et al., 1990). The 

DAPC mechanically stabilizes the sarcolemma by linking the extracellular matrix (ECM) 

with the actin cytoskeleton inside the myofibers, and protects other proteins in the 

complex from protease degradation (Ervasti et al., 1990; Yoshida and Ozawa, 1990). 

 

Consequences of Absent Dystrophin 

 A loss of dystrophin leads to a number of downstream complications for the 

diseased skeletal muscle. Without dystrophin to anchor dystroglycan to the cell 

membrane, contacts between the ECM, sarcolemma, and actin filaments are lost. This 

results in a loss of sarcolemmal integrity due to membrane fragility, leading to the 

formation of microtears in the sarcolemma during muscle contraction (Ervasti et al., 

1990). Calcium is capable of influxing from the extracellular space into the cytosol of the 

myofiber through these microtears (Blake et al., 2002; Bodensteiner and Engel, 1978; 

Fong et al., 1990). Calcium is also released by the sarcoplasmic reticulum (SER). 

Inflammation of muscle leads to an increase in inducible nitric oxide synthase (iNOS) 

(Bellinger et al., 2008, 2009; Bia et al., 1999; Villalta et al., 2009). iNOS has been found 

to co-localize with the ryanodine receptor in a mouse model of DMD (Bellinger et al., 
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2009). The ryanodine receptor (RyR) regulates calcium release from the SER. It is 

thought that iNOS mediates S-nitrosylation of RyR, which causes RyR to become leaky. 

This leads to excessive entry of calcium from the SER into the cytosol (Bellinger et al., 

2009). This combination of calcium influx leads to increased levels of intracellular 

calcium, inducing an increase in calpains, which are responsible for proteolysis of various 

muscle proteins (Spencer et al., 1995; Turner et al., 1988).  It is important to note that the 

EOM do not appear to become as “leaky” as dystrophic limb skeletal muscle. While limb 

skeletal muscle of dystrophic mice exhibit uptake of Evan’s blue dye into the myofibers 

due to a loss of sarcolemmal integrity (Straub et al., 1997), the extraocular muscles do not 

(Porter et al., 2003), suggesting the EOM are either capable of repairing these microtears, 

or do not require dystrophin for maintaining membrane integrity. 

 Absence of dystrophin also leads to a loss of properly localized neuronal nitric 

oxide synthase (nNOS) (Brenman et al., 1995, 1996). Without properly localized nNOS, 

muscle is unable to control blood flow, maintaining abnormal vasoconstriction. This 

results in decreased blood flow to the muscle even during exercise. Focal necrosis of 

muscle fibers results in inflammation in DMD (Chang et al., 1996; Sander et al., 2000). 

nNOS, via its production of nitric oxide, may play a role in reducing inflammation in 

DMD. Studies have indicated that overexpression of nNOS reduces the muscle pathology 

of a mouse model of DMD, as well as reducing the level of cytotoxic macrophages 

(Wehling et al., 2001). Nitric oxide has also been found to be required for the activation 

of quiescent satellite cells in culture (Anderson and Pilipowicz, 2002; Tatsumi et al., 

2002). In vivo, when NOS activity is inhibited (either pharmacologically or genetically in 

dystrophic or nNOS-knock out mice), satellite cell activation following injury is delayed 
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and muscle regeneration is altered (Anderson, 2000), highlighting the important role of 

nNOS and NO production in the timing of satellite cell activation and muscle repair. Of 

note, increased NOS activity has also been found to augment the effects of deflazacort (a 

glucocorticoid treatment for DMD discussed in a later section) in dystrophic mice 

(Anderson and Vargas, 2003; Archer et al., 2006). These factors, among others, have 

made it increasingly clear that while DMD is caused by the loss of one protein, it is a 

combination of many molecular interactions that leads to disease pathology.  

 

Diagnosis and Prognosis 

 Boys with DMD are typically diagnosed between the ages of 2 and 3 years, and 

boys are often diagnosed due to failure to meet motor milestones (Gardner-Medwin, 

1980). DMD patients suffer muscle weakness, which typically begins in the proximal 

muscles and progresses towards the distal muscles. The most common sign of DMD is 

called Gower’s sign; from a sitting position on the floor, patients raise themselves up 

onto their arms and legs, then use their hands to “walk” up their thighs into a standing 

position (Gowers, 1879). DMD patients also exhibit a wobbly gate, pseudohypertrophy of 

the calf muscles due to fibrosis and fat deposition (Blake et al., 2002), and lumbar 

lordosis. Ultimately, the DMD patient experiences a loss of ambulation and is 

wheelchair-bound by the age of 12. Patients typically die in the third decade of life, 

frequently from cardiac or respiratory complications (Judge et al., 2011; Kaspar et al., 

2009). Histologically, limb and body skeletal muscles from DMD patients exhibit 

inflammation, evidence of degeneration and regeneration of the myofibers, great 

variation in myofiber size, and an increase in fibrotic and adipose tissue (Bell and Conen, 
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1968).  

 

Treatments: Disease Management 

 There is currently no widely used, clinically available treatment for DMD 

patients. Any available therapies do not modify the disease, but rather seek to improve 

quality of life. Physical rehabilitation and stretching exercises are used to maintain 

flexibility in muscles, and a variety of orthoses have been developed to help prevent 

contractures.  Patients also require the use of passive standing devices or wheelchairs, 

especially in the non-ambulatory stages later in life (Bushby et al., 2010a). Other 

concerns for DMD patients and their families are gastrointestinal conditions, speech and 

language deficits, cardiac and pulmonary care, and surgical interventions for contractures 

(Bushby et al., 2010b). 

 

Treatments: Glucocorticoids 

 The most common pharmacologic intervention for DMD is the use of 

glucocorticoids. Glucocorticoids slow the decline in muscle strength and function in 

DMD. Limited data also suggests that glucocorticoid treatment improves cardiac function 

(Bushby et al., 2010a). The most commonly prescribed glucocorticoid in the United 

States is prednisone, with prednisolone commonly used in place of prednisone in Europe. 

Deflazacort is available in many countries, but it is not currently approved by the U.S. 

FDA or the CDC (Bushby et al., 2010a). Long-term studies of prednisone suggest that its 

use decreases the development of scoliosis, increases muscle strength and function, and 

maintains lung function (Fenichel et al., 1991; Griggs et al., 1993; King et al., 2007; 
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Moxley et al., 2005). Side-effects include osteoporosis (King et al., 2007), bone fragility  

(Kumagai et al., 2005), hypertension, and heart disease (Wei et al., 2011). Glucocorticoid 

treatment is given to an ambulatory DMD patient in an effort to preserve ambulation and 

minimize complications of the disease. 

 

Treatments: Gene Therapies 

 Traditional pharmacologic treatment of DMD typically targets the secondary 

effects of the disease, rather than treating the primary defect. For this reason, there is 

great interest in developing genetic treatments for DMD, with the end result the 

production of functional dystrophin in patient muscle. Any genetic treatment faces a 

variety of obstacles: treatment would have to restore dystrophin to both skeletal and 

cardiac muscle, patients would need to receive treatment for their entire lives, and any 

immune response would need to be minimized (Fairclough et al., 2013).  

 Attempted gene-based treatments of DMD include direct gene replacement of 

dystrophin using viral vectors, including mini- and micro-dystrophin genes (Lai et al., 

2009; Pichavant et al., 2011), increasing levels of the autosomal homolog of dystrophin, 

(Chakkalakal et al., 2008; Moorwood et al., 2013; Sonnemann et al., 2009; Tinsley et al., 

2011), promoting read-through of the premature stop codons that occur in approximately 

15% of patients (Fairclough et al., 2013), and utilizing exon skipping technology to 

produce a truncated, semi-functional form of dystrophin (Aartsma-Rus et al., 2009). 

Many of these potential treatments face significant hurdles, including immune response, 

variable restoration of dystrophin, poor uptake by the muscle, and mixed results in 

clinical trials (Betts et al., 2012; Fairclough et al., 2013; Mendell et al., 2012; Shin et al., 
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2013) 

Other treatments in clinical trials include myostatin inhibitors, insulin-like growth 

factor 1, and phosphodiesterase inhibitors (Scully et al., 2013). While all of these 

potential genetic treatments are interesting and worth pursuing in the clinic, they remain 

outside the scope of this thesis and will not be discussed further here. 

 

Treatments: Cell Therapies 

 Another treatment that is currently being pursued is cell-based therapies. As 

touched on briefly earlier, muscles have the capacity to repair muscle injuries and/or 

regenerate new myofibers, mainly through the activation of satellite cells. Upon injury, 

disease, or an increase in weight-bearing activity, the satellite cell becomes activated to 

repair muscle damage. Satellite cells are commonly identified by their expression of a 

homeobox transcription factor, Pax7 (Bischoff, 1994; Polesskaya et al., 2003; Seale et al., 

2004). They are capable of migrating short distances within the muscle, and are also 

capable of migrating through the extracellular matrix that separates myofibers (Hughes 

and Blau, 1990; Yokota et al., 2006).   

 As the main regenerative cell of skeletal muscle, satellite cells (and their daughter 

cells, myoblasts) have been the focus of cell-based therapies. Work in mice has shown 

that dystrophin-expressing satellite cells not only restored dystrophin expression in 

dystrophic mice but also entered the satellite cell niche and were thus able to participate 

in later repair events (Cerletti et al., 2008). Theoretically, an autologous transplant of a 

patient’s own cells is an ideal therapy, as it minimizes the host immune response. 

However, a few obstacles must be first overcome. For one, satellite cells make up a very 
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small percentage of the cells in skeletal muscles. Thus, freshly isolated satellite cells are 

typically cultured and expanded in vitro to produce daughter myoblasts. These daughter 

myoblasts may then be genetically altered to produce dystrophin and injected into DMD 

patients (Price et al., 2007). In the early 1990s, human clinical trials began, but most trials 

resulted in no physiological correction of disease pathology (Gussoni et al., 1992; Huard 

et al., 1992; Karpati et al., 1993; Law et al., 1991; Miller et al., 1997; Morandi et al., 

1995; Neumeyer et al., 1998). Approximately 75% of transplanted myoblasts died within 

a few days of transplantation (Fan et al., 1996; Guérette et al., 1997; Huard et al., 1994), 

and the transplanted myoblasts had limited migration within the host tissues (Price et al., 

2007). The former issue may be overcome by increasing the number of cells transplanted, 

while the latter could be overcome by multiple local injections. However, this approach 

was complicated by the fact that DMD patients typically die due to cardiac and 

respiratory failure, and multiple local injections to both the heart and diaphragm proved 

technically difficult, if not impossible. Also, unlike transplanted satellite cells, myoblasts 

do not contribute to the satellite cell niche, thus preventing transplanted myoblasts from 

participating in long-term muscle regeneration. Thus, patients would require repeated 

direct muscle injections, making myoblast transplant more of a short-term treatment 

option than a long-term one (Price et al., 2007). 

 As stated earlier, isolation of sufficient numbers of satellite cells is difficult, 

though some advances have been made in this regard (Montarras et al., 2005). Despite 

developing the ability to directly isolate a population of satellite cells in mouse studies, 

this approach is still limited in scope. Most importantly, this same isolation is impossible 

in humans due to a lack of specific identifying cell surface markers. In addition, 
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genetically altering satellite cells to express dystrophin typically requires at least a small 

amount of time spent in culture, and in vitro culture has been found to reduce subsequent 

myogenic potential in vivo (Price et al., 2007).  

 In order to avoid multiple, repeated injections directly into muscle, focus has been 

placed on cells that could be intravenously delivered to the patient. Other cell types that 

have been or are being pursued as a treatment option include side population (SP) cells 

(Gussoni et al., 1999; Jackson et al., 1999; Zhou et al., 2001), muscle derived stem cells 

(MSDCs) (Pannérec et al., 2012; Payne et al., 2005; Qu-Petersen et al., 2002; Sarig et al., 

2006; Torrente et al., 2001), bone marrow derived hematopoietic stem cells (Ferrari et al., 

1998), mesenchymal stem cells (MSCs) (Caplan, 1991; Friedenstein et al., 1966; 

Prockop, 1997), multipotent adult progenitor cells (MAPCs) (Meregalli et al., 2012), and 

mesangioblasts (De Angelis et al., 1999). While some of these cell types have largely 

been abandoned for DMD treatment, others, such as mesangioblasts, have advanced to 

clinical trials (Meregalli et al., 2012). 

 While cell-based therapies are promising, there are still pitfalls that may prevent 

such therapies from being a widely available treatment in the near future. An immune 

response to donor cells is always a concern, and even autologous transplants may elicit an 

immune response if dystrophin is seen as an antigen. Life-long immune suppression is 

less than ideal, and may in fact inhibit survival of transplanted cells. Cyclosporin has 

been found to cause apoptosis of transplanted myoblasts (Hardiman et al., 1993; Hong et 

al., 2002), but transplanted cells can be rejected within two weeks without sufficient 

immune suppression (Guérette et al., 1994). Tacrolimus (formerly FK506), an alternative 

immune suppression drug, is less toxic to myoblasts in animal models (Kinoshita et al., 
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1994, 1996), but has other unfortunate side effects, including nephrotoxicity, 

hypertension, neurotoxicity, diabetes mellitus, malignancy, and even coma (Plosker and 

Foster, 2000). While muscle fibers express low levels of major histocompatibility 

complex type I, which is required for presentation of antigen to the immune system 

(Hohlfeld and Engel, 1994), immune responses to dystrophin have still been observed 

(Ohtsuka et al., 1998). 

 

The Sparing of EOM in Muscular Dystrophy 

 As discussed previously, it is currently unclear why the EOM are spared in 

muscular dystrophy, though various possible explanations have been proposed. One 

suggestion was that the EOM did not suffer from calcium overload as in limb skeletal 

muscles, possibly due to altered handling of intracellular calcium (Khurana et al., 1995). 

However, this has been shown not to be mechanistic in the sparing of EOM in muscular 

dystrophy (Porter and Karathanasis, 1998). It was also speculated that the EOM have 

increased levels of antioxidant enzymes, leading to decreased muscle damage by free 

oxygen radicals, though that has also been shown not to be responsible for EOM sparing 

(Ragusa et al., 1997). Utrophin up-regulation by the EOM was proposed as the 

mechanism by which the EOM are spared, due to findings of increased utrophin in 

dystrophic mouse EOM (Porter et al., 1998). However, a more recent study has shown 

that not all fibers in the EOM up-regulate utrophin, and therefore restoration of the 

DAPC is restricted to only certain fiber types, and not the muscle as a whole. However, 

all fiber types of the EOM are spared in muscular dystrophy, suggesting that utrophin up-

regulation and partial DAPC retention is an unlikely sparing mechanism, though there are 
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conflicting viewpoints in the literature (Porter et al., 2003). Due to the importance of 

nNOS and its proper localization in muscle, nNOS levels were also investigated in the 

EOM. However, it was found that there was no increase in nNOS expression in the 

dystrophic mouse EOM, and nNOS was also generally improperly localized (Wehling et 

al., 1998). In addition, loss of all nNOS in a double-mutant dystrophic mouse did not 

result in DMD pathology in EOM, confirming that nNOS is unlikely to be the reason for 

EOM sparing (Porter et al., 2003). Up-regulation of the transmembrane α7β1 integrin by 

the EOM was also postulated to stabilize the sarcolemma, but similar to the other 

proposed differences, this was also shown not to be mechanistic (Porter et al., 2003).  

Given the fact that no single mechanism has proven to be responsible for the 

sparing of EOM in muscular dystrophy thus far, it was proposed that constitutive 

differences between EOM and non-cranial skeletal muscles account for this observed 

sparing (Porter et al., 2003). Work discussed in this thesis investigates the hypothesis that 

there are constitutive differences between the myogenic precursor cell (mpc) populations 

of the EOM and the mpc populations in non-cranial skeletal muscles. As discussed in 

more detail in previous sections, there are various lines of evidence that support this 

hypothesis For example, the mpc populations may have an altered response to injury, 

such as seen in response to botulinum toxin (Croes et al., 2007; Spencer and McNeer, 

1987; Ugalde et al., 2005). They may also have a greater ability to survive in “stressful” 

conditions, such as in a disease state. For example, previous work has shown that one 

subpopulation of mpcs is elevated in the EOM compared to limb skeletal muscle, even in 

dystrophic and aged animals, and defined by expression of CD34 and absence of 

expression of Sca1, CD31, and CD45 (Kallestad et al., 2011). This subpopulation also 



	   23	  

seemed to be more resistant to cell death (Kallestad et al., 2011). Finally, the mpc 

populations of the EOM might have greater proliferative capacity as compared to limb 

skeletal muscle, as evidenced by continuous remodeling and maintenance of activated 

satellite cells (McLoon and Wirtschafter, 2002a, 2003; McLoon et al., 2004). This was 

further supported by in vitro studies that showed enhanced rate of proliferation in this 

subpopulation of cells derived from EOM as compared to the same cells isolated from 

limb skeletal muscle (Hebert et al., 2013). Ultimately, the cause of sparing of the EOM in 

DMD is most likely multifactorial. 

 

Myogenic Precursor Cells 

Under normal conditions, adult limb skeletal muscle is stable and does not rely on 

myogenic precursor cells (mpcs) for growth. Regular wear and tear on the muscle 

requires occasional fusion of satellite cells to repair and maintain individual muscle 

fibers, but in the absence of injury, this turnover is low. While previous sections have 

briefly discussed satellite cells and mpcs, a more detailed description of their role is 

described here. 

 

Myogenic Precursor Cells in Limb Skeletal Muscle 

 The major myogenic precursor cell in muscle is the satellite cell. First identified 

by Alexander Mauro, satellite cells are mononucleated cells located between the 

sarcolemma and the basal lamina of myofibers (Mauro, 1961). Subsequent experiments 

using [3H]thymidine labeling demonstrated that the satellite cells are mitotically 

quiescent cells that enter the cell cycle following injury to the muscle, and that the 
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satellite cells give rise to myoblasts, which are capable of fusing together to form  

myotubes (Snow, 1977).  

 Single myofiber transplantation experiments provided clear evidence that satellite 

cells are capable of self-renewal. Investigators transplanted a single myofiber with its 

accompanying satellite cells into an irradiated regeneration-insufficient mouse. It was 

observed that these transplanted satellite cells were able to give rise to more satellite cells 

and myonuclei (Collins et al., 2005), cementing the idea that satellite cells are a resident 

muscle stem cell. 

 Satellite cells are normally quiescent but are highly responsive to their 

environment. For example, satellite cells are capable of responding to various growth 

factors in vitro (Allen and Boxhorn, 1987, 1989). The behavior of satellite cells during 

regeneration is also influenced by various factors, such as vasculature, hormones, 

nutrition, and the extent of injury (Yin et al., 2013). Research also suggests that paracrine 

signaling from the vasculature is important for coordinating proper satellite cell response 

to muscle damage, and subsequent muscle regeneration (Abou-Khalil et al., 2009; 

Mounier et al., 2011). Other cell populations in the muscle, such as Tcf4+ fibroblasts 

(Cooper et al., 2004; Mathew et al., 2011; Murphy et al., 2011; Wang and Rudnicki, 

2012), PDGFRα-expressing mesenchymal progenitors (Uezumi et al., 2010), and 

fibro/adipogenic progenitors (FAPs) (Joe et al., 2010) have been demonstrated to affect 

the response of satellite cells to injury. For example, when Tcf4+ fibroblasts are 

conditionally knocked out, the resident satellite cells produce smaller regenerated fibers 

and lower levels of self-renewal (Murphy et al., 2011). Satellite cells themselves appear 

to recruit the fibroblasts, and it is currently thought that both cell populations reciprocally 
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regulate each other (Murphy et al., 2011).  FAPs have been found to promote myoblast 

differentiation (Joe et al., 2010), and conversely,  the presence of differentiating 

myotubes inhibits adipogenesis by PDGFRα+ cells (Uezumi et al., 2010). Overall, the 

research suggests that regulation of satellite cell function, muscle growth and 

regeneration is finely controlled by multiple components of the muscle environment.  

 Identification and isolation of satellite cells is dependent on the use of various cell 

markers, and these markers and their level of expression vary based on the status of the 

satellite cell. Satellite cells are normally quiescent in uninjured muscle, but upon injury 

are activated, proliferate, and either differentiate to form new myotubes, fuse into 

existing myofibers to repair them, or self-renew and return to quiescence.  

Canonically, quiescent satellite cells are noted by their expression of the 

transcription factor Pax7 (Seale et al., 2000). Quiescent satellite cells may also be 

identified by expression of CD34 (Beauchamp et al., 2000), M-cadherin (Irintchev et al., 

1994), lysenin (Nagata et al., 2006), caveolin-1(Volonte et al., 2004), syndecan-3 and 

syndecan-4 (Cornelison et al., 2001), c-Met (Cornelison and Wold, 1997), N-CAM 

(Covault et al., 1986; Fidziańska and Kamińska, 1995), myocyte nuclear factor (Garry et 

al., 1997), and myostatin (Kirk et al., 2000). It is important to note that not all of these 

markers are expressed ubiquitously on all satellite cells, and various subpopulations exist. 

For example, while N-CAM has been found to be expressed on quiescent rat and human 

satellite cells, it is only expressed in differentiating cells in mouse skeletal muscle 

(Capkovic et al., 2008). 

Upon activation and proliferation, the satellite cells will express an overlapping 

set of markers. Activated satellite cells still can express Pax7 and M-cadherin but down-
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regulate expression of CD34 (Alfaro et al., 2011). Activated satellite cells also begin to 

express MyoD (Cooper et al., 1999; Cornelison and Wold, 1997; Cornelison et al., 2000; 

Füchtbauer and Westphal, 1992) and hepatocyte growth factor (HGF), which can act in 

an autocrine fashion to activate its receptor, c-Met (Allen et al., 1995; Anastasi et al., 

1997; Gal-Levi et al., 1998; Sheehan et al., 2000). Differentiating cells express a different 

set of identifying molecules, such as myogenin (Cornelison and Wold, 1997) and Mrf4 

(Cornelison and Wold, 1997; Cornelison et al., 2000; Smith et al., 1993, 1994), and 

down-regulate Pax7 expression (Seale et al., 2000). A summary of common marker 

expression is detailed in Table 1.1. 

Aside from cell markers, satellite cells have also been found to be heterogeneous 

in their response to entering the cell cycle. Approximately 80% of the satellite cells are 

considered responsive, in that they readily enter the cell cycle. However, the remaining 

20%, the reserve population, enter the cell cycle only rarely (Schultz, 1996). Subsequent 

studies have shown that by using a preplate technique to separate precursor cells with 

different adhesive characteristics, the different groups of isolated cells had different 

regenerative capacity (Jankowski et al., 2001, 2002; Lee et al., 2000). Using a single 

myofiber culture technique, differential rates of activation and proliferation demonstrate 

two distinct populations of satellite cells (Zammit et al., 2002). These differences are also 

seen after single myofiber transplantation, where heterogeneity of satellite cell expansion 

was evident (Collins et al., 2005). Irradiation studies have been found to inhibit muscle 

growth and regeneration due to ablation of the majority of the satellite cells (Wakeford et 

al., 1991), however there is evidence of a subpopulation of irradiation-resistant satellite 

cells (Heslop et al., 2000; Yokota et al., 2006), suggestive of potential population 



	   27	  

heterogeneity. 

  Other lines of evidence suggest that satellite cells are not unipotent. Satellite cells 

have been found to be both osteogenic and adipogenic in vitro (Asakura et al., 2001; 

Shefer et al., 2004). Satellite cells isolated from salamander have been found to be 

multipotent (Morrison et al., 2006), and satellite cells have been implicated in the muscle 

ossification observed in fibrodysplasia ossificans progressiva (Shefer et al., 2004; Walker 

et al., 2001; Zammit et al., 2006a). 

 Alternatively, another population of myogenic precursor cells isolated from 

skeletal muscle, the muscle-derived stem cell (MDSC) population, have been 

characterized (Jankowski and Huard, 2004; Lee et al., 2000; Qu et al., 1998; Qu-Petersen 

et al., 2002). MDSCs can be isolated from Pax7-/- mice (Lu et al., 2008), suggesting that 

they are a distinct population from satellite cells, which require Pax7 for development 

(Seale et al., 2000). Like satellite cells, MDSCs represent a heterogeneous population. 

Both CD45+ and CD45- MDSC populations exist, and possess different properties. 

CD45+ MDSCs have limited myogenic potential but high hematopoietic potential 

(McKinney-Freeman et al., 2002), while CD45- MDSCs have been found to be both 

myogenic (McKinney-Freeman et al., 2002; Qu-Petersen et al., 2002) and multipotent 

(Cao et al., 2003). Other populations of MDSCs express different properties, suggesting 

that MDSCs may actually be subpopulations of endothelial cells or pericytes (Peng and 

Huard, 2004). Following intra-arterial transplantation, MDSCs were found to contribute 

not just to the myofibers and satellite cell niche, but also endothelial and neural crest cells 

(Qu-Petersen et al., 2002).  

Over all, there are multiple lines of evidence that satellite cells and muscle- 
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Table 1.1: Common Markers of Satellite Cells 
Marker Quiescent Activated Proliferative Differentiating 
Pax7 + + + - 
M-cadherin + + - - 
CD34 + + - - 
Lysenin + - - - 
Caveolin-1 + - - - 
Myf5 - + + + 
Syndecan-3 + + + ? 
Syndecan-4 + + + ? 
c-Met + + - - 
N-CAM + + + + 
Myocyte 
nuclear 

factor 
+ + + - 

Myostatin + + + - 
Mrf4 - - - + 
MyoD - + + + 
Myogenin - - - + 
HGF - + + + 
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derived stem cells are a heterogeneous population, though the extent of this heterogeneity 

and whether it represents a truly heterogeneous population or more multipotent precursor 

cell is not yet completely understood. 

Other resident mpcs not yet discussed include a cell located in the interstitial 

space. These cells are characterized by PW1/Peg3 expression and are referred to as PICs 

(PW1+ interstitial cells) (Mitchell et al., 2010). Evidence that PICs and satellite cells do 

not share an embryonic origin and that PICs can give rise to non-myogenic lineages 

suggest that PICs are a stem cell population upstream of satellite cells (Mitchell et al., 

2010). Another interstitial cell population of muscle stem cells is identified by β4-

integrin expression, though it has yet to be determined if these are the same cells as the 

PICs (Liadaki et al., 2012).   

  

Myogenic Precursor Cells in Craniofacial Muscles 

 Craniofacial skeletal muscles have many properties that distinguish them from 

limb skeletal muscle, and are even considered their own allotype (other allotypes are limb 

and extraocular muscles) (Porter and Baker, 1996). Branchiomeric muscles, which 

operate the jaw, facial expression, and pharyngeal/laryngeal function, are distinct from 

limb skeletal muscle as they have distinct embryonic origins. While limb skeletal muscle 

arises from somitic mesoderm, branchiomeric muscles arise from the preotic axial and 

paraxial cranial mesoderm (Noden, 1983) and are Pax3-negative (Brown et al., 2005). 

The genetic hierarchy that controls myogenesis also differs from limb skeletal muscle. 

For example, Tcf21 (Lu et al., 2002; Moncaut et al., 2012), Msc (Lu et al., 1999a, 2002), 

Tbx1 (Arnold et al., 2006; Dastjerdi et al., 2007; Kelly et al., 2004), and Pitx2 (Dong et 
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al., 2006) have all been found to be required for branchiomeric muscle development, but 

are considered nonessential for limb skeletal muscle development. Wnt signaling factors 

have also been found to be negative regulators of myogenesis in paraxial mesoderm, 

opposite to their role in trunk mesoderm (Tzahor et al., 2003). Lineage analysis and RT-

qPCR studies  have confirmed that the satellite cells of craniofacial muscles are also the 

result of  this distinct developmental program (Harel et al., 2009; Sambasivan et al., 

2009). 

  Interestingly, in cranial mesoderm, expression of Tcf21, Msc, Tbx1, and Pitx2 

has been found to overlap with expression of Isl1 and Nkx2.5 (Buckingham et al., 2005; 

Cai et al., 2003). Isl1 and Nkx2.5 are markers of a population of myocardial progenitor 

cells that give rise to portions of the heart, such as the right ventricle and outflow tract 

(Buckingham et al., 2005; Cai et al., 2003). Studies suggest that BMP signaling promotes 

cardiac myogenesis and inhibits skeletal myogenesis (Buckingham et al., 2005; von 

Scheven et al., 2006; Tirosh-Finkel et al., 2006), and that Tbx1, Pitx2, and Msc promote 

proliferation to delay the development of branchiomeric muscles. This appears to enable 

cranial mesodermal cells to migrate to the growing heart tube (Bothe and Dietrich, 2006).  

Lineage analysis studies also found that Isl1+ cells contributed to 90-100% of satellite 

cells in branchiomeric muscles, but not the tongue or EOM (Harel et al., 2009).  It is 

currently unknown exactly if these branchiomeric and cardiac progenitors derive from a 

common lineage or if they merely express the same genetic programs. 

 Different developmental origins have also been suspected to give rise to different 

regenerative properties of the mpcs in craniofacial muscles. One study found that the 

regenerative response of masseter, a masticatory muscle, following both focal and 
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endogenous injury was delayed and less effective compared to the response of limb 

skeletal muscle (Pavlath et al., 1998). However, in the same study, when they analyzed 

regeneration in another masticatory muscle of the same embryological origin (anterior 

digastric) and in a non-masticatory muscle of neither branchial nor somitic origin 

(sternocleidomastoid), they found regeneration occurred at a similar rate as in the limb 

muscle. This suggests that neither embryological origin or muscle function alone account 

for the regenerative response of the masseter (Pavlath et al., 1998). This is quite 

interesting in light of the fact that the masseter is not spared in muscular dystrophies but 

the anterior digastric is (Bakke et al., 1990). On the other hand, surgical section of the 

recurrent laryngeal nerve increases satellite cell activation in the laryngeal muscle 

(Shinners et al., 2006), consistent with the fact that the laryngeal muscle can survive 

denervation and be successfully reinnervated (Tucker, 1978). The laryngeal muscles are 

also spared in muscular dystrophies (Marques et al., 2007). In addition, studies have 

shown that satellite cells isolated from the branchiomeric muscles are capable of 

regenerating injured limb muscles and are capable of responding to local cues outside of 

their typical position (Harel et al., 2009).  

This variation in regenerative ability may be due to the heterogeneity of the 

genetic control of craniofacial muscle development. In a mutant line in which two 

upstream regulators of branchiomeric development were knocked out, some muscles 

were missing (masseter, pterygoid, and temporalis), while others were unaffected 

(anterior digastric and mylohyoid) (Lu et al., 2002). Other studies have separated the 

head mesoderm into the cranial paraxial mesoderm (CPM) and the lateral splanchnic 

mesoderm (SpM) which typically gives rise to head skeletal muscle and cardiac muscle 
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respectively. However, there is no clear border between these regions in the embryos 

(Tirosh-Finkel et al., 2006). Recent analyses have shown that the CPM-derived cells in 

the first branchial arch contribute to the masseter, while SpM-derived cells in the same 

arch give rise to the lower jaw muscles, such as the digastric (Marcucio and Noden, 1999; 

Nathan et al., 2008). This may also account for the different regenerative response and 

differential disease propensity that is seen between masseter and digastric, despite their 

apparently similar embryologic origin (Pavlath et al., 1998). 

 

Myogenic Precursor Cells in EOM 

Like other craniofacial muscles, the EOM arise from the head mesoderm as 

opposed to the somitic mesoderm (Noden, 1983). There is significant evidence that mpcs 

in the EOM also differ from those in limb skeletal muscle. For one, the EOM appear to 

have an approximately 10-fold higher number of satellite cells per millimeter fiber length 

as compared to limb skeletal muscles, as identified by Pax7 staining (McLoon et al., 

2007). This is consistent with flow cytometry data that found more mpcs (as identified 

with markers CD34, Sca1, Pax7, M-cadherin, and SM-C/2.6) in the EOM than in limb 

(Kallestad et al., 2011). 

As briefly discussed in previous sections, the EOM also maintain a population of 

activated satellite cells in normal uninjured adult EOM, which is not seen in limb skeletal 

muscle. This was determined first in adult rabbits using MyoD as a marker of activated 

satellite cells and incorporation of bromodeoxyuridine (brdU) as an indicator of 

replication (McLoon and Wirtschafter, 2002a). This has also been confirmed in mice 

(McLoon and Wirtschafter, 2002b) and in adult monkeys and humans (McLoon and 
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Wirtschafter, 2003). While it is currently unknown exactly what maintains this activated 

population of satellite cells in normal extraocular muscle, it is intriguing to note that this 

phenotype is maintained even in very aged individuals, as activated satellite cells were 

found in 74- and 82-year-old human extraocular muscles (McLoon and Wirtschafter, 

2003). Interestingly, while the normal innervated diaphragm does not contain satellite 

cells expressing myogenic regulatory factors like MRF4 (Weis et al., 2000), in a hemi-

denervation experiment brdU-positive cells were seen in the innervated hemi-diaphragm, 

and brdU-positive density was five-fold less than the denervated hemidiaphragm on the 

contralateral side (Gosselin et al., 1994). It should be pointed out, however, that in this 

model of unilateral diaphragm denervation, the intact hemidiaphragm significantly 

increases it workload during respiration. 

EOM mpcs also have a distinct reaction to injury. In limb skeletal muscle, 

intramuscular injection of botulinum toxin A leads to atrophy and a slight but abortive 

satellite cell response. However, botulinum toxin A injections in the EOM were found to 

significantly increase both the number of brdU-positive myonuclei and satellite cells, as 

well as MyoD+ activated satellite cells. This suggests that in response to denervation 

injuries, EOM mpcs are activated and proliferate, as opposed to the abortive response 

seen in limb (Ugalde et al., 2005). 

Pitx2, a transcription factor required for normal EOM and craniofacial muscle 

development (Diehl et al., 2006; Dong et al., 2006; Zhou et al., 2009), has been found to 

be important in regulating mpcs in the EOM. A recent study examined the effect of 

siRNA knockdown of Pitx2 expression in a population of mpcs derived from EOM. 

Following knockdown, the mpcs decreased their proliferation rates and showed an  
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impaired ability to fuse into myotubes (Hebert et al., 2013). Not only is Pitx2 required for 

normal EOM development, but Pitx2 is also expressed at higher levels in EOM compared 

to limb muscle. Also of note, Pitx2-positive cells were found in the satellite cell niche, 

but they did not express Pax7, a marker of quiescent satellite cells. Thus, it was proposed 

that they represent a distinct subset of myogenic precursor cells from the classically 

defined Pax7-positive cells (Hebert et al., 2013). 

Multiple lines of evidence indicate that the mpcs in the EOM, or at least a 

subpopulation of them, are intrinsically differently than the mpcs found in limb. This is 

not surprising, given the different embryological origins and genetic programs controlling 

development of the EOM, though it is currently unknown what the exact mechanism(s) 

behind these differences are and how their differences are maintained.  

 

Goals of This Study 

The studies in this thesis investigate whether there are intrinsically different populations 

or subpopulations of myogenic precursor cells in the EOM as compared to the 

populations or subpopulations found in non-cranial skeletal muscle, in order to determine 

why the EOM are spared in most forms of muscular dystrophy. Ultimately, this may help 

to define properties of mpcs that designate them as a potential candidate for successful 

autologous myoblast transfer due to their increased ability to proliferate and survive in 

diseased muscle. The major components of this study are outlined below. 

 

Major Mouse Models 

 The studies described in this thesis required the use of an adequate animal model 
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of DMD. The most widely studied mouse model is the mdx mouse, which harbors a 

nonsense mutation in exon 23 of the dystrophin gene (Sicinski et al., 1989). One major 

drawback to this particular mouse model is a relatively benign adult phenotype, a near 

normal lifespan, and minimal skeletal motor deficits in younger animals (Carnwath and 

Shotton, 1987; Dangain and Vrbova, 1984; Muntoni et al., 1993). Alternatively, mice 

lacking both dystrophin and its autosomal homolog, utrophin were developed, and were 

called double knockout (dko) mice (Deconinck et al., 1997a; Grady et al., 1997).  While 

dko mice exhibit a much more severe pathology than mdx mice, their premature death by 

the age of 20 weeks, often as short as 1 month, limits their use in long-term study of 

potential treatments (Rafael et al., 1998). A mouse intermediate in severity, which lacks 

dystrophin and is haploinsufficient for utrophin (mdx:utrophin+/- [het]), provides a useful 

balance between the two ends of this spectrum  (Zhou et al., 2008). In order to increase 

the evidence that this is a better mouse model of DMD for our studies, I characterized the 

disease pathology of the mdx:utrophin+/- mouse model of muscular dystrophy over the 

life of the animal. 

 

EOM Sparing 

 While utrophin up-regulation has previously been mentioned as non-mechanistic 

for EOM sparing (Porter et al., 2003), the exact role of utrophin in the EOM sparing in 

DMD remains unclear. EOM-specific up-regulation of utrophin protein has previously 

been found in mdx mice, and morphologic data from dko mice suggested that utrophin 

was indeed responsible for the sparing of EOM in DMD (Porter et al., 1998). However, 

other studies have not found any evidence of utrophin protein up-regulation in the EOM 
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of various species with muscular dystrophy (Khurana et al., 1995), and quantitative PCR 

studies found no up-regulation of utrophin in dystrophin EOM (Porter et al., 2003). 

Further investigations have yielded insight that only certain fiber types up-regulate 

utrophin (Porter et al., 2003). However, as  there seems to be no preference for which 

fiber types in the EOM are spared in DMD, and in fact all fibers are spared, there is 

evidence that utrophin up-regulation is not responsible for EOM sparing. In order to 

better elucidate the role of utrophin in EOM sparing, I examined the EOM from either het 

or dko mice in order to determine if they exhibited any dystrophic pathology, and 

therefore to determine if utrophin up-regulation in the EOM might offer any protective 

effects in dystrophinopathies. 

 
Role of Proliferation 

 In order to determine if the sparing of the EOM in DMD is due to greater 

proliferative capacity of mpcs, I used gamma irradiation to inhibit proliferation in 

targeted areas. X- or gamma irradiation damages the DNA of cells, causing a delay of 

cell cycle in either G1 or G2 (Dulić et al., 1994). If the damage is not repaired, cell death 

occurs (Coggle, 1971). Myofibers, which are post-mitotic, are less sensitive to radiation 

and typically remain viable unless the irradiation dose is extremely high (Lewis, 1954). 

An 18 Gray (Gy) dose has been found to cause the death of most satellite cells in mouse 

muscle (Quinlan et al., 1995; Wakeford et al., 1991; Weller et al., 1991a). Previous 

studies have frequently utilized irradiation to inhibit mpc proliferation and subsequent 

regeneration in skeletal muscles. Irradiation has been used in a study of the degenerative 

and regenerative processes of mdx mouse muscle, where it was found that irradiation 

significantly slowed and inhibited mpc replication (McGeachie et al., 1993). Irradiation 
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has also been used to block endogenous proliferation and regeneration in mpc transplant 

studies (Morgan et al., 1990, 1993). With regenerative processes halted  in mdx mice, 

irradiation resulted in worsening of the disease phenotype, making the pathology in mdx 

mice more comparable to that of human DMD patients (Wakeford et al., 1991).  

 Gamma irradiation reduced satellite cell numbers due to elevated apoptosis and a 

failure to progress through the cell cycle (Caiozzo et al., 2010). Interestingly, despite this 

knowledge and a history of using irradiation to inhibit proliferation of mpcs (Kinoshita et 

al., 1998; Morgan et al., 1990, 1993, 1996; Quinlan et al., 1995, 1997; Wakeford et al., 

1991; Weller et al., 1991a), evidence emerged that irradiation-resistant mpcs exist in 

skeletal muscle (Gross and Morgan, 1999). In 1999, Gross and Morgan injected mpcs 

into irradiated mdx mice, and also treated the muscles with the snake venom notexin, 

which causes muscle fibers to degenerate but spares mononuclear cells. Intriguingly, in 

their control mdx mice, which were irradiated and treated with notexin but did not receive 

an mpc transplant, they still observed evidence of regeneration. This suggested that a 

distinct mpc population survived the irradiation and was capable of regenerating the 

injured mouse muscle (Gross and Morgan, 1999). This is also true of notexin-injured 

mouse muscle in very old mice, 28 months of age, where regenerative capacity was 

retained (Lee et al., 2013). Further studies indicated that these irradiation-resistant mpcs 

are residents of skeletal muscle, and some of these mpcs appeared to survive even after 

much higher doses of irradiation (25Gy) (Heslop et al., 2000). However, the ability of 

these mpcs to form new muscle fibers  was short-lived, and their continued ability to 

produce myogenic cells with proliferative capacity was soon lost (Heslop et al., 2000). It 

was also found that this irradiation-resistant population appeared to be lost as mdx mice 
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aged (Heslop et al., 2000). Previous studies using serial cultures of mpcs isolated from 

human donors have shown that as skeletal muscles age, proliferative capacity of mpcs is 

lost as they reach senescence. This loss is accelerated in DMD patients due to the 

repeated cycles of degeneration and regeneration caused by disease (Renault et al., 2000). 

Thus, the loss of the radiation-resistant population of mpcs in mdx mice is likely due to 

exhaustion of one or more subpopulations of mpcs.   

 As stated previously, EOM maintain persistently activated satellite cells and 

continuously remodel through life (McLoon and Wirtschafter, 2002a, 2003; McLoon et 

al., 2004). This may be due to the presence of a population that is unique to, or more 

abundant in, the EOM versus limb skeletal muscle. Such a population may have greater 

proliferative capacity, allowing the EOM to maintain their phenotype of chronic satellite 

cell activation and continuous remodeling throughout life, all without exhausting the 

muscle stem cell population, as seen in limb skeletal muscle (Renault et al., 2000). 

Recent studies have found that mpcs derived from the EOM proliferate faster than the 

“same” mpcs derived from limb muscle under the same conditions (Hebert et al., 2013). 

In vitro, the mpcs derived from EOM proliferated at a faster rate than the “same” cells 

derived from limb, and they also remained in a proliferative state longer than the mpcs 

derived from limb, suggesting enhanced proliferative capacity in mpcs derived from 

EOM (Hebert et al., 2013).  

 One major goal of this thesis was to determine if proliferative capacity is indeed 

important for maintaining normal EOM phenotype throughout life and in disease states, 

such as DMD. By disrupting replication and inducing cell death of mpcs by using a 

gamma irradiation protocol, it should be possible to determine if inhibition of 
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proliferating cells disrupts the normal phenotype of EOM. For this, I used 

mdx:utrophin+/- mice, which, despite exhibiting dystrophic pathology in limb skeletal 

muscle, still maintain a relatively normal EOM phenotype. Given our current 

understanding of the EOM, I hypothesized that if greater proliferative capacity of the 

mpcs is responsible for maintaining a normal EOM phenotype in disease, then inhibition 

of that proliferation should result in the appearance of disease pathology in EOM. 

However, this effect might be mitigated or temporary due to the presence of irradiation-

resistant mpcs in the EOM, particularly at lower irradiation doses. 

 

Significance  

Duchenne muscular dystrophy is a 100% fatal disease that results in the premature death 

of young men across the globe. With no widely available curative treatment for patients, 

it is imperative that further research into potential treatments continues. There are 

multiple potential treatments for DMD, some of which may relieve some symptoms for a 

short period of time and others that will ideally provide long-term treatment. All potential 

treatments have their own set of obstacles to overcome before they become clinically 

viable for the majority of DMD patients, the most common obstacle being immune 

responses against both gene and cell-based therapies. Cell-based therapies are also 

constrained by poor identification of cell populations used for transplants—one or two 

cell surface markers frequently identify these populations, but there is great heterogeneity 

of cell types aside from those specific markers (Lecourt et al., 2010; Pannérec et al., 

2012).  

 The extraocular muscles are functionally and morphologically spared in muscular 
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dystrophy by an as yet unknown mechanism. The investigations outlined in this thesis 

aim to determine if EOM myogenic precursor cell populations are intrinsically different 

from non-cranial skeletal muscle mpc populations, and if these intrinsic differences are 

responsible for the sparing of the EOM in DMD. Since the EOM are capable of 

maintaining normal phenotype despite disease, identification of these mpcs could reveal a 

precursor cell transplant candidate that could serve not only an autologous source of 

regenerative cells to the limb muscle, but could do so without expressing dystrophin, 

which is perceived as foreign by the host immune system. Alternatively, this mpc 

population might provide investigators with the ability to define more specifically the 

characteristics of cells with greater proliferative potential, allowing them to then isolate 

them from another, more abundant source, or to serve as a model for generation of cells 

using technology such as induced pluripotent stem cell technology. This would be highly 

beneficial in the clinic for DMD, and also possibly for other related skeletal muscle 

degenerative diseases. 
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DISEASE COURSE IN MDX:UTROPHIN+/- MICE: COMPARISON OF THREE 

MOUSE MODELS OF DUCHENNE MUSCULAR DYSTROPHY 

Introduction 

Duchenne muscular dystrophy (DMD), one of the most common inherited muscle 

degenerative disorders, is an X-linked recessive disease that affects 1 in every 3500 live 

male births (Emery, 1991). Patients suffer progressive wasting of both skeletal and 

cardiac muscle, which results in an eventual loss of ambulation and death in the third 

decade due to cardiac and respiratory failure. DMD is caused by a mutation in the 

dystrophin gene, which encodes a 427kDa protein found at the sarcolemma in both 

skeletal and cardiac muscle (Kunkel et al., 1986). Dystrophin is a vital component of the 

dystrophin-associated protein complex, which connects the cytoskeleton of individual 

myofibers to the basal lamina (Campbell and Kahl, 1989). Absence of dystrophin results 

in a loss of this complex, compromising the sarcolemma, leading to cycles of muscle 

fiber degeneration and regeneration, chronic inflammation, and fibrosis (Matsumura and 

Campbell, 1994). There is currently no cure for DMD, although various potential 

therapies are being tested (Fairclough et al., 2011; Pichavant et al., 2011). In order to 

assess the efficacy of these treatments, an animal model is required. Ideally, this model 

should be readily available, inexpensive, well characterized, and the disease process 

should be phenotypically similar to human DMD patients. 

 The most widely studied animal model of DMD is the mdx mouse, which arose 

from a spontaneous mutation in an inbred line of C57BL/10 mice (Bulfield et al., 1984). 

These mice harbor a nonsense mutation in exon 23 of the dystrophin gene, eliminating 

the expression of dystrophin in all tissues (Sicinski et al., 1989). Mdx mice appear to have 
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normal skeletal muscle until approximately 3-4 weeks of age. At this time, myofibers 

undergo massive degeneration, with close to 100% of the fibers replaced or repaired 

(DiMario et al., 1991). This involves continuous cycles of degeneration and regeneration 

of new fibers over the next month. The mice develop significant inflammation within 

both the diaphragm and limb muscles; this spontaneously subsides in the limb, but not the 

diaphragm (Carnwath and Shotton, 1987; Stedman et al., 1991). By 10 weeks, excluding 

the diaphragm, there is minimal limb skeletal muscle fibrosis (Stedman et al., 1991). 

Along with this relatively benign adult muscular phenotype, mdx mice have a near 

normal lifespan and minimal skeletal muscle motor deficits until they become quite aged 

(Carnwath et al., 1987; Dangain and Vrbova, 1984; Muntoni et al., 1993). While the mdx 

mouse has been extremely useful in studying pathologic processes and potential 

therapies, a mouse model that more closely mimics the human disease course would be 

beneficial. 

 The difference between the disease course in mdx mice and human DMD patients 

is unclear. It is known that even in muscles with less obvious pathology, the mdx muscles 

are more susceptible to use-induced injury compared to wild type mice (Dellorusso et al., 

2001; Muller et al., 2001). The myofibers in mdx mice also may be better able to 

compensate for the lack of dystrophin with its autosomal homolog, utrophin. Utrophin is 

normally located at the neuromuscular and myotendinous junctions in adult skeletal 

muscle (Khurana et al., 1991), but has been found outside of these locations in both DMD 

and mdx myofibers (Helliwell et al., 1992). Exogenous expression of utrophin attenuated 

the dystrophic pathology in mdx mice, indicating that utrophin could compensate for 

dystrophin when expressed at high levels (Tinsley et al., 1996). In order to determine if 
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endogenous utrophin expression was at least partially responsible for the mild disease 

seen in mdx mice, a mouse line that lacked both proteins was generated (Deconinck et al., 

1997; Grady et al., 1997). These mice, called double knockouts (dko), express a much 

more severe phenotype than the mdx mice, exhibiting an earlier onset of the initial 

degeneration/regeneration events. However, while dystrophic pathology spontaneously 

subsides in mdx mice, it persists in the dko mice. Premature death of the dko mice 

between 6 and 20 weeks due to their severe muscle pathology makes it difficult for 

investigators to obtain or maintain colonies of the dko mice (Rafael et al., 1998), and 

impossible to study the long-term effects of potential treatments. 

 A mouse model intermediate in severity between mdx and dko mice would be 

advantageous for investigators. Several years ago, mice that lack dystrophin and are 

haploinsufficient for utrophin (mdx:utrophin+/- [hets]) were examined for their muscle 

pathology profile (Zhou et al., 2008). The het mice have a nearly normal lifespan, and 

develop more severe muscle pathology than the mdx mice (Huang et al., 2011; Zhou et 

al., 2008) but much less pathology when compared to the dko mice. In order to fully 

assess the usefulness of this mouse model in long-term DMD studies, limb muscle 

histopathology, motor function, and endurance was assessed in these mice over their 

lifespan and compared them to mdx and dko mice. 

 

Methods 

Animal Care 

All experiments were approved by the Institutional Animal Care and Usage 

Committee at the University of Minnesota and performed in accordance with NIH 
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guidelines for use of animals in research. Animals used in experiments were maintained 

by Research Animal Resources at the University of Minnesota. Mice were raised in 12-

hour light/dark cycles and were allowed to feed and drink ad libitum. C57BL/10 mice 

(Harlan Laboratories, Madison, WI) were used as wild type (WT) controls. Dystrophic 

mice (mdx, mdx/utrophin-/- [dko], and mdx:utrophin+/- [hets]) were maintained as a 

colony at the University of Minnesota through mdx:utrophin+/- breeding pairs that 

originated from Washington University (ECR 42). Mice were weighed using a digital 

scale (Detecto, Webb City, MO).  

 

Grip Test  

A mesh grip test was used to assess the grip endurance of the mice (Gomez et al., 

1997), performed as suggested by the TREAT-NMD network. This apparatus tests the 

duration of grip by measuring the ability of the mouse to remain clinging to a wire mesh 

when turned upside down. A large piece of foam was located below the mice to cushion 

their fall. Mice were tested in a quiet room and acclimated to the room for 15 minutes 

prior to testing. The grip test apparatus was opened, and the mouse set on the mesh grid 

of the apparatus lid. As the lid was raised to a vertical position, and then subsequently 

lowered to the fully closed position, the mouse was gently supported. Once the apparatus 

was fully shut, a timer was started. If the mouse released its grip before 5 seconds, it was 

immediately placed back on the mesh and retested. Mice were given one re-attempt if 

they fell. The time at which the mice released their grip was recorded; however, if the 

mouse maintained its hold on the lid for the maximal time of 5 minutes, they were gently 

removed from the apparatus. Many of the het mice could not maintain their grip on the 
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apparatus lid for more than a few seconds. As such, we recorded their grip duration, 

despite the fact that they were shorter than 5 seconds. Mice were tested twice, with a 20-

minute rest between trials. A minimum of 6 mice were tested for each age group and 

genotype. 

 

Rotarod  

Seven to 12 mice per group (WT, mdx, het) were tested on a Rotarod apparatus 

(Stoelting, Wood Dale, IL) at the indicated ages from 1 to 12 months old. Three to 4 mice 

were also tested from the ages of 18 to 21 months. Mice were placed on a stationary rod, 

which was then rotated at a constant speed of 4rpm for 10 seconds. If any mice fell off 

the rod during this initial 10 seconds, they were immediately placed back on the rod for a 

retry. Mice were given only 2 retries. If the mouse fell a third time, it was immediately 

placed back in its cage and scored a 0. Following the 10-second acclimation time, the rod 

was accelerated on a 5-minute slope, which brought the speed of the rotation from 4rpm 

to a maximum of 40rpm at a constant rate over 5 minutes. Once acceleration began, 

latency to fall was recorded with a maximum time of 5 minutes (300 seconds) on the rod; 

the speed of the rotarod at the time of fall was also recorded. This was repeated three 

times, with a rest of 20 minutes between trials, and the results averaged. Animals were 

subjected to a 3-day training protocol in order to acclimate mice to the rotarod before 

being tested on the fourth day.  

 

In Vitro Physiology on Whole Muscles 

Muscle force generation was tested using an in vitro protocol used routinely in 
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our laboratory (Anderson et al., 2006). The mice were deeply anesthetized with a 

ketamine:xylazine cocktail (100mg/ml, 10:1, 1.1mL/kg weight), followed by 

exsanguination. The extensor digitorum longus (EDL) and the soleus muscles were 

carefully dissected from the mice hind limbs and maintained in oxygenated Krebs 

solution at 25°C for the duration of the physiological assessment. The muscle ends were 

carefully tied with suture and suspended from a lever arm and force transducer in in vitro 

incubation chambers (Aurora Scientific, Aurora, ON, CA). The muscles were stimulated 

by flanking platinum electrodes, and force in grams was recorded for each muscle pair. 

Specific tension was determined by dividing muscle mass (g) by the product of muscle 

length times muscle density, and converted to mN/mm2. Length/tension curves were 

generated by stimulation at supermaximal intensity (1000mA, 0.2ms) while varying the 

preload (resting length) over a range of 0.3g to 4.0g. Optimal preload was determined by 

using incremental increases in resting muscle length to achieve maximum isometric 

twitch force, with 60 seconds of rest between stimuli.  All further tests were performed 

with supra-maximal stimulus intensities at optimal preload. Both muscles were 

stimulated at varying frequencies with a train duration of 200 ms with a two-minute inter-

stimulation rest. Soleus muscles were stimulated at frequencies of 10, 40, 80, 100, 120 

and 150 Hz, while EDL muscles were stimulated at frequencies of 10, 40, 80, 120, 150 

and 180 Hz. 

 

Histological Methods 

Six mice for each age examined were euthanized by carbon dioxide inhalation. 

Immediately following sacrifice the leg muscles of the left and/or right forelimb were 



	   47	  

dissected, embedded in tragacanth gum, and frozen in 2-methylbutane chilled to a slurry 

on liquid nitrogen. Sections of frozen tissue were prepared at 12μm using a cryostat and 

stored at -30oC until stained. One set of sections was stained with hematoxylin and eosin 

and used for the analysis of mean myofiber cross-sectional area and central nucleation, a 

hallmark of muscle degeneration/regeneration cycles. Fibrosis of the muscle was 

examined by collagen immunohistochemistry. Satellite cell density was assessed by the 

quantification of Pax-7-positive satellite cells. Immunohistochemical localization 

followed our standard laboratory methods. Muscle sections were incubated in 10% 

normal serum in phosphate buffered saline (PBS) containing triton-X 100, followed by 

incubation for one hour at room temperature in one of the following antibodies: Pax7 

(1:3000, Aviva Systems Biology, San Diego, CA), collagen type IV (1:1000) (abcam, 

Cambridge, MA), or with antibodies to MyHCIIa (supernatant) (Hybridoma Bank, Iowa 

City, IA), MyHCIIb (supernatant) (Hybridoma Bank, Iowa City, IA), or MyHC type I 

(1:1000) (Chemicon, Temecula, CA) for either one hour at room temperature or 

overnight at 4°C. Revertant fibers were assessed for dystrophin expression by incubation 

for one hour at room temperature in an antibody to dystrophin (1:500, abcam, Cambridge, 

MA). Incubation in primary antibody was followed by a rinse in PBS, followed by 

sequential incubation in reagents from the peroxidase ABC VectaElite or ABC 

Vectastain kits (Vector Laboratories, Burlingame, CA), and developed with 

diaminobenzidine containing heavy metals.  

 

Morphometric Analysis 

Morphometric analysis was performed using Bioquant Life Science software 
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(Bioquant, Nashville, Tennessee). A minimum of 3 slides were counted for each set of 

limb muscles examined from each animal, with a minimum of 200 myofibers assayed per 

slide. Values for each animal were averaged, and an N of 3-6 was used for each 

experimental time point. For central nucleation, data is presented as percent of centrally 

nucleated myofibers per total fiber number. For Pax7-positive cell density, data is 

presented as percent of Pax7-postive cells per total fiber number. Fibrosis was quantified 

by setting a threshold for the collagen immunostained tissue, calculating the area of 

positive immunostaining and dividing this area by total area/sections counted. This gives 

data as percent fibrosis per total muscle cross-sectional area. 

 

Statistics 

All statistical analyses were performed using Prism statistical software (GraphPad 

Software Inc., San Diego, CA). Analysis of variance (ANOVA) and Fisher’s LSD test, 

Dunn’s multiple comparisons or Tukey’s multiple comparisons tests were used for 

multiple group comparisons. Data were considered statistically significantly different if p 

< 0.05. Statistical significance is indicated in each figure. 

 
Results 

Animal weights were recorded up through 18 months for the wild type and het mice, and 

at 3, 6, and 12 months for the mdx mice (Figure 2.1). There was a slow, steady increase in 

weight in the wild type mice. The mdx mice were smaller at 6 months than wild type 

mice. By one year, the mdx mice showed a great variability in weight, and while they 

generally appeared to be smaller than the wild type mice, they were not significantly 

different. As was true for all the genotypes, the weights of the het mice increased from 1 
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to 3 months. At 3 months the het mice were 20.8% heavier than the wild type or mdx 

mice, which was significant. The het mice reached a peak weight between 6 and 7 

months, and then the weights were stable up until 12 months of age. These mice then 

showed a slow decrease in body weight over the next 6 months, with a 30% decrease in 

weight from 12 to 18 months. This continued up through 23 months (not shown). 

Muscle strength and fatigability were assessed using two methods. Using a test of 

grip duration, all mice showed a decline over time (Figure 2.2). However, the initial grip 

duration at one month for the het mice was 49.29 ± 63.4 seconds, 18% of that seen in 

wild type mice and 23% of that seen in the mdx mice. By 6 months of age, the mdx and 

wild type mice had similar grip durations, while the het mice had consistently and 

significantly reduced grip duration of 13.07 ± 8.164 seconds, approximately 23% of the 

duration time of the other two mice types.  

Using a rotarod test, both latency to fall (Figures 2.3A and 2.3B) and maximum 

speed achieved on the rotarod (Figure 2.3C) were determined for the wild type, mdx, and 

het mice. For the wild type mice, their latency to fall was fairly steady over the first 5 

months of life, averaging approximately 100 seconds, and then declined. After the first 6 

months, there was a prominent reduction in both the latency to fall, which dropped to 

between 39 to 48% of the 3 month wild type mice levels between 7 and 12 months 

(Figure 2.3A). As expected, in the very old mice, their ability to remain on the rotarod 

was extremely impaired. The mdx mice had a latency to fall that was 51.3% of wild type 

at 3 months, yet by 6 months the mdx mice had a latency to fall similar to wild type mice 

(Figure 2.3A).  In contrast, the het mice had a latency to fall that was 55.4% less than the 

wild type mice at 2 months and 45.3% less than both wild type and mdx mice at 6 
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Figure 2.1: Change in Weight over Time 

 

  



	   51	  

Figure 2.1: Change in Weight over Time. Graph of weights (grams) of wild type control 

mice for 18 months, mdx mice for 12 months, and het mice over an 18 month period. 

* indicates significant difference from WT controls. # indicates significant difference 

from mdx mice. One symbol is p<0.05. Two symbols is p<0.01. Three symbols is 

p<0.001. 
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months. This was followed by a steady decline in their ability to stay on the rotarod. They 

reached a low point at 8 months when their latency was 92.2% less than age-matched 

wild type mice. Their latency to fall did not recover and stayed at a level approximately 

64.7 to 78.5% of the wild type mice for up to one year. Thus, the het mice were more 

fatigable in these assays over a longer time period. It is interesting to note that at 18 

months, the aging wild type and het mice show a similar performance on the rotarod 

tests. This may be due to aging changes in the wild type mice. Since the wild type, mdx, 

and het mice gained weight differentially over the duration of their lives, the grip 

duration (not shown) and rotarod measurements for latency to fall were normalized to 

weight (Figure 2.3B). The same relationships relative to differential latency to fall were 

seen when weight was taken into account. Analysis of maximum rotarod speed achieved 

showed similar changes to those seen with latency to fall (Figure 2.3C), with the het mice 

consistently and significantly less able to perform this task than wild type controls from 

4-12 months.  

Muscle force generation was examined in the EDL and soleus muscles of wild 

type, mdx, and het mice (Figure 2.4). Despite the clear increase in fatigability shown by 

the grip duration and rotarod data, at 3 months, there was no difference between 

generated muscle force normalized to muscle mass in either the EDL or soleus muscles 

from the 3 genotypes (data not shown). At both 6 and 12 months of age, both the EDL 

and soleus muscles from the mdx and het mice were significantly weaker in force per 

muscle mass than the wild type muscles, ranging from 27.1 to 50% less force generation 

(Figure 2.4). Interestingly, the generated mdx and het muscle forces were not 

significantly different from each other (Figure 2.4). Twitch characteristics were   
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Figure 2.2: Grip Duration Testing 

 

  



	   54	  

Figure 2.2: Grip Duration Testing. Wild type, mdx, and het mice grip strength from 1 to 

18 months. * indicates significant difference from wild type controls. # indicates 

significant difference from mdx mice. One symbol is p<0.05. Two symbols is 

p<0.01. Three symbols is p<0.001. 
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Figure 2.3: Rotarod Testing 

 

  



	   56	  

Figure 2.3: Rotarod Testing. A) Latency to fall in wild type, mdx, and het mice. B) 

Latency to fall normalized to weight in wild type, mdx, and het mice. C) Maximum 

rotarod speed in wild type, mdx, and het mice. * indicates significant difference from 

wild type controls. # indicates significant difference from mdx mice. One symbol is 

p<0.05. Two symbols is p<0.01. Three symbols is p<0.001. 
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Figure 2.4: In vitro Physiology Force Measurements 
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Figure 2.4: In vitro Physiology Force Measurements. A) Force generation in mN/mm2 for 

6 month wild type, and 6 and 12 month mdx, and het extensor digitorum longus 

(EDL) muscle. B) Force generation in mN/mm2 6 month wild type, and 6 and 12 

month mdx and het soleus muscle. * indicates significant difference from wild type 

control. 
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Table 2.1: EDL Twitch Characteristics 
EDL Twitch Characteristics 

Twitch 
characteristics 

6m WT 6m mdx 6m het 12m mdx 12m het 

Time to Max 
Force 

0.047+/-
0.12 

0.023+/-
0.01 

0.032+/-
0.01 

0.020+/-
0.002 

0.025+/-
0.01 

Total Time 
 

0.064+/-
0.04 

0.103+/-
0.01* 

0.148+/-
0.03 

0.178+/-
0.06 

0.135+/-
0.02 

Half 
Relaxation 

Time 

0.032+/-
0.003 

0.022+/-
0.001 

0.032+/-
0.002 

0.024+/-
0.001 

0.02+/-
0.00* 

Max df/dt 
 

693.7+/-
60.59 

846.9+/-
69.71 

856.1+/-
68.07 

777.1+/-
84.22 

730.8+/-
67.45 

Time to Max 
df/dt 

0.034+/-
0.01 

0.012+/-
0.01 

0.018+/-
0.01 

0.008+/-
0.002 

0.014+/-
0.01 

* indicates significant difference from 6 month WT control. 
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examined, and are shown in Table 2.1 for the EDL muscles. There were essentially no 

significant differences in the specific twitch characteristics between these mice, despite 

trends towards increased total twitch time. Only time to maximum force at 6 months in 

the mdx mouse and half relaxation time in the 12 month het mice were significantly 

different from the age-matched wild type control values. 

Fatigue and shortening velocity characteristics are associated with shifts in fiber 

type distribution (Reiser et al., 1985; Sweeney et al., 1986). As a result, muscles from the 

wild type, mdx, het, and dko muscles were examined for changes in type I, IIA and IIB 

myofiber density. Type IIA fibers are fast and fatigue-resistant. In wild type mice, IIA 

fibers are found in a mosaic pattern throughout the muscle, and this pattern was the same 

at 3, 6 and 12 months of age (Figure 2.5A). The mdx mice also displayed a similar pattern 

of expression at all ages (Figure 2.5C, E). In the muscles from the het mice, at 3 months 

and at 6 months the type IIA fibers were in a mosaic pattern with the clumping associated 

with fiber type grouping (Figure 2.5D). Fewer type IIA fibers were observed at 12 

months in the het mouse (Figure 2.5F). In the dko mice, at 2 months, large clusters of 

type IIA myofibers were seen, and their organization suggested fiber type grouping 

associated with regeneration/reinnervation (Figure 2.5B). Decreases in type IIA fibers 

would be hypothesized to increase the muscle fatigability, however no quantitative 

differences were observed between any of the genotypes in type IIA expression (Figure 

2.5G). 

Type IIB fibers are fast twitch fatigable myofibers. In WT, mdx, and het mice at 

3, 6, and 12 months of age the vast majority of myofibers were positive for type IIB. 

There were no apparent differences in type IIB myofiber density among any of the 
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Figure 2.5: Type IIA Myofiber Staining in Triceps Muscle 
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Figure 2.5: Type IIA Myofiber Staining in Triceps Muscle. A. WT control at 6 months 

shows a mosaic pattern of expression. B. dko muscle at 2 months shows an increase 

in myofibers positive for type IIA with clear evidence of fiber type grouping. C. mdx 

muscles at 3 months have a mosaic pattern of fibers similar to WT muscle, but 

slightly reduced in density. D. het muscles at 3 months have more IIA positive fibers 

compared to WT control and mdx, with clear evidence for fiber type grouping. E. 

mdx muscles at 12 months have retained the mosaic pattern of IIA staining with 

evidence of fiber type grouping. F. het muscles at 12 months have essentially no IIA 

positive myofibers. G. Morphometric analysis of type IIA myofiber staining. Bar is 

20 microns. 
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Figure 2.6: Morphometric Analysis of Type I Fiber Expression in Wild Type (WT), 

mdx, het, and dko Mouse Muscles 
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Figure 2.6: Morphometric Analysis of Type I Fiber Expression in wild type (WT), mdx, 

het, and dko mouse muscles. * indicates significant difference from all other means 

except 3 month het muscle. 
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genotypes or ages examined (not shown).  

 Type I fibers are slow twitch and fatigue-resistant. They can contract for long 

periods of time, but with low force. In WT mice, the type I myofibers only represented 

2.5% of the myofibers in the limb muscles examined. In the mdx muscles at 3 months, 

scattered type I myofibers could be found, although they appeared to be less evident than 

in wild type limb muscle (Figure 2.6), and they had largely disappeared by 6 and 12 

months of age. In the het muscles, at 3 months of age 6.29% of the myofibers were type I 

myosin positive; the density then decreased to 2.17% and 0.96 of the total myofiber 

number by 6 and 12 months of age, respectively. Quantification of type I myosin positive 

fibers in mdx and het mice did not reveal any differences from wild type levels at any 

age. Interestingly, in the dko mouse muscles, there were scattered type I-positive 

myofibers at 1 month, and a significant increase in their density at 2 months, with an 

average density of 11.1% type I positive myofibers in the dko limb muscles.  

One hypothesis for the return of muscle function to normal levels in the mdx mice 

is the formation of revertant myofibers that once again express dystrophin (Wilton et al., 

1997). The numbers of revertant fibers were examined in age-matched sections of limb 

muscles from WT, mdx, het, and dko mice (Figure 2.7). As has been well described in the 

literature for both human and the mdx mouse, the limb muscles from the mdx mice at all 

ages examined had revertant myofibers that were scattered randomly throughout the 

muscle. They represented, on average, 1.747±1.501% of the total fibers in any given 

muscle section (Figure 2.7B, G). There was a similar percentage of revertant fibers in the 

het mice, 1.139±0.2815%. Many of these showed only partial expression around the 

sarcolemmal circumference (Figure 2.7C). Interestingly, fibers with extensions of   
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Figure 2.7: Revertant Fibers in mdx, het, and dko Triceps Muscles Immunostained for 

Dystrophin Expression 
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Figure 2.7: Revertant Fibers in mdx, het, and dko triceps muscles immunostained for 

dystrophin expression. A) All the myofibers in WT control muscles express 

dystrophin at their sarcolemmas. B) mdx muscle at 6 months showing a large cluster 

of revertant fibers. C) het muscle at 6 months. Arrow points to cytoplasmic extension 

of dystrophin. D) het 12 months, E) het muscle at 16 months F) dko at 2 months. G) 

Morphometric analysis of revertant fiber density as a percent of all myofibers. Bar is 

20 microns. 

 

 

 

  



	   68	  

dystrophin into their cytoplasm were often seen (Figure 2.7C). Fibers with these 

intracellular dystrophin extensions were always extremely hypertrophic, and are 

presumed to be caught in the act of fiber splitting. By 12 months, there appeared to be 

fewer revertant fibers in the cross-sections examined (Figure 2.7D). The dko mouse 

muscles had revertant fibers despite their being one to two months old at the time of 

sacrifice. However, the frequency was 0.7310±1.039%, which was not significantly 

different from the mdx and het muscles examined. It would appear that all these 

genotypes developed revertant myofibers, and the relative scarcity of them does not 

support their being involved in the return of muscle function in mdx mice. 

DMD results in repeated cycles of myofiber degeneration and regeneration. This 

is represented over time by the appearance of regenerated myofibers containing centrally 

located nuclei as well as increasing heterogeneity in myofiber cross-sectional area, with 

eventual myofiber atrophy (McNally and Pytel, 2007). Assessment of these parameters in 

the leg muscle of het mice showed that central nucleation was approximately 200-fold 

greater in their limb muscles in the first year compared to age-matched WT control 

muscles, and over 150-fold greater in the second year of life (Figure 2.8A). Thus, over 

the life span of the het mice, there was a slow decrease in the percent of myofibers with 

centrally located nuclei compared to the maximum of 68.1% seen at 3 months of age 

(Figure 2.8A). 

Over the entire lifespan examined, the mean cross-sectional areas of the het mice 

were significantly smaller than age-matched WT control muscles (Figure 2.8B). The 

mean cross-sectional areas of the muscles from the WT mice did not significantly change 

with age, even in the muscles from 20 and 24 month old mice, compared to 3 months. In 
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contrast, over the first 17 months, the mean cross-sectional area of the het mice was 

approximately 40% of age-matched control levels. This dropped to 50% of control levels 

at 20 months, and when 21 months or older the mean cross-sectional area was 56.6% of 

age-matched control values (Figure 2.8B). The mean cross-sectional area of the aged het 

mice was significantly smaller than those of the younger het mice. When the mean cross- 

sectional areas are separated into 200 μm bins sizes, several interesting observations can 

be made. At 3 months, there is a large number of extremely small myofibers in the 

muscles of all the dystrophic genotypes examined, the mdx, het, and dko mice.  By 6 

months of age, the myofiber cross-sectional areas of the mdx limb muscles began to 

enlarge and become similar to those of the WT control leg muscles (Figure 2.9A). In the 

het limb muscles, the myofibers still resemble the size range of the 3 month mdx, het and 

2 month dko muscle fibers, with large numbers of exceedingly small myofibers (Figure 

2.9B, C). 

Pax7 is a generally accepted molecular marker for muscle satellite cells (40). To 

assess ongoing regenerative capacity, Pax7 density was assessed over the lifespan of the 

het mice and age-matched WT mice (Figure 2.8C). Despite some apparent fluctuation in 

Pax7-positive cell density, there were no significant changes in the density of Pax7 over 

the lifespan of the WT mice (Figure 2.8C). In the leg muscles analyzed in the het mice, 

the density of Pax7-positive cells was significantly greater than WT levels at 3 months, 

with a density more than two-fold greater than the age-matched WT muscles. There was 

no significant difference in the density of Pax7-positive satellite cells between the leg 

muscles of the WT and het mice up through 17 months of age. By 21 months, the density 

of Pax7-positive cells in the leg muscles in the het mice was significantly lower than the   
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Figure 2.8: Morphometric Analysis of Leg Muscle Sections from Age-Matched WT 

Control and het Mice 
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Figure 2.8: Morphometric analysis of leg muscle sections from age-matched WT control 

and het mice comparing A) central nucleation from 3 months to 21 months, B) mean 

cross-sectional area from 3 months to 21 months, and C) density of Pax7-positive 

cells from 3 months to 21 months. * indicates significant difference from WT 

control. # indicates significant difference from het muscles at 3 months. @ indicates 

significance from 14 month het.  
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density of Pax7-positive cells at 3 months (78.3%) and 14 (75.6%) months of age (Figure 

2.8C). This significant decline in myogenic precursor cells correlated temporally with the 

significant decline in myofiber cross-sectional area and central nucleation in the aging het 

mice. 

The mean cross-sectional areas, percent of fibers with central nucleation, and 

density of Pax7-positive cells were compared for age-matched WT, mdx, and het 

muscles; dko muscles between 1 and 2 months were also examined (Figure 2.10). As 

expected, all the diseased muscles had significantly smaller myofiber cross-sectional 

areas and significantly increased percentages of centrally nucleated myofibers (Figure 

2.10A, B). In comparing myofiber mean cross-sectional areas between the mdx, het, and 

dko limb muscles examined, no significant differences were seen except between the dko 

and het at 6 months of age. In contrast, the rate of degeneration/regeneration cycles is 

highest for the dko mouse muscles, with 78.9% of the myofibers having central 

nucleation and significantly different from the mdx 3 month muscles, where 

approximately 58% of the myofibers were centrally nucleated – a 26% difference in 

central nucleation between these two genotypes. While the percent of centrally nucleated 

myofibers decreased to 44% in the 6 month mdx muscles examined, the percent of 

centrally nucleated myofibers stayed constant in the het limb muscles over this period 

and was 28.7% less, and significantly different, from the mdx levels at 6 months. In 

comparing the het limb muscles over time, the rate of central nucleation was similar at 3 

and 6 months, but significantly dropped by 12 months and was also significantly less than 

the 12 month mdx muscles. None of these changes correlated temporally with a change in 

Pax7 density, which was maintained at a relatively stable level throughout the 12 months   
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Figure 2.9: Histogram of Cross-Sectional Areas of WT, mdx, het, and dko Leg Muscles 
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Figure 2.9: Histogram of all cross-sectional areas separated into 200 micron bins for 

representative individual WT, A) mdx, B) het, and C) dko leg muscles at 2 or 6 

months. 
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in all the limb muscles. One exception was the het leg muscles at 3 months, which had a 

Pax7-postive cell density that was approximately 50% higher than all the other genotypes 

at 3, 6, and 12 months. 

Collagen IV density was determined in the WT and het muscles over time (Figure 

2.11). While the WT limb muscles showed a significant 30.1% elevation in collagen IV 

density from 6 to 12 months, and a similar decline in collagen IV density from 12 to 16 

months (Figure 2.11), no change was seen in collagen IV density in the het muscles at 

any of the times examined (Figure 2.11). 

 

Discussion 

 In this study, the disease course of the het mice was studied in detail. The het 

mice were had limited grip duration and only a very limited ability to stay on the rotarod. 

Both these tests indicate that the muscles in the het mice were weaker and more fatigable 

than WT up until 6 months for grip strength and up to a year relative to rotarod function. 

Their muscle fibers were consistently smaller than WT age-matched control muscles, had 

significant central nucleation, and were significantly weaker in ability to generate force. 

Only at 21 months and older did the muscles of the het mice show the effect of the 

cumulative cycles of degeneration and regeneration, when they became significantly 

smaller than at all the other ages and this correlated with a significant reduction in Pax7-

positive satellite cell density.  

If the muscles from age-matched mdx and het mice are examined comparatively, 

relative to muscle strength and fatigability as measured by grip strength and the ability to 

stay on a rotarod without falling, the het mouse is significantly weaker than the mdx 
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Figure 2.10: Morphometric Analysis of Leg Muscles from mdx, het, and dko Mice 
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Figure 2.10: Morphometric analysis of leg muscles sections from control, mdx, het, and 

dko mice comparing A) central nucleation, B) mean cross-sectional area, and C) 

Pax7-positive cell density at 1 month (dko) and 3, 6, and 12 months (WT, mdx, het). 

* indicates significant difference from age-matched WT control. ♦ indicates 

significant difference between samples as marked by brackets. # indicates significant 

difference from 3 month het.  
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Figure 2:11: Collagen IV Density 
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Figure 2.11: Density of collagen IV in WT control and het leg muscles at indicated time-

points. * indicates significant difference from 6m WT control. # indicates significant 

difference from WT muscles at 16 months. 
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mouse over the first 12 months in the rotarod test, but in grip strength it is only weaker up 

to 6 months. In contrast, if in vitro measurements of muscle force generation capacity is 

used as a measure of disease state, in our hands there were no significant differences 

between force generation, in mN/mm2, of either the EDL or soleus muscles of the mdx 

and het mice at 3, 6, or 12 months of age. Examination of mean cross-sectional area and 

central nucleation, as a measure of on-going degeneration and regeneration,  in all three 

genotypes showed that they all had smaller myofibers and increased central nucleation 

compared to WT age-matched control mice. At 2-3 months, only the dko muscles showed 

significantly more evidence of ongoing myofiber injury and regeneration than the in the 

mdx muscles in terms of central nucleation, decreased myofiber size, and up-regulation of 

type I positive myofibers. While there were significant differences between rates of 

central nucleation between the mdx and het muscles at 6 and 12 months, the density of 

their satellite cells was similar, as were their percentages of myofibers expressing either 

type I (slow, fatigue -resistant) or type IIB (fast, fatigable) myosin heavy chain isoforms. 

It appeared that while myofibers expressing type IIA (fast, fatigue-resistant) were 

reduced in the het muscles compared to the mdx muscles at 6 months, their overall 

density is low. Numbers of revertant fibers were not significantly different between the 

three genotypes. Thus, except for grip strength and rotarod function, there were minimal 

differences between the mdx and het mouse limb muscles through the first year of life. 

Only the dko mice showed significantly increased pathology at one and two months. 

Unfortunately, in our hands these mice were extremely sick, and all were euthanized no 

later than 2 months of age. 

These findings support the proposed compensatory role of utrophin in the limb 
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muscles in the absence of dystrophin. Previous work has found that the onset of 

dystrophic disease in the mdx mouse corresponds to the time when utrophin is down-

regulated at the sarcolemma and localized only at the neuromuscular junctions and 

myotendinous junctions (Khurana et al., 1991). In addition, overexpression of utrophin 

has been found to rescue the muscular dystrophy phenotype in mouse models of DMD 

(Tinsley et al., 1998). This protective role for utrophin up-regulation is also consistent 

with the more severe phenotype seen in the dko mice that lack both dystrophin and 

utrophin (Deconinck et al., 1998; Janssen et al., 2005; Rafael et al., 1998). 

 In the current study we compared body mass and muscle performance between 

the limbs of wild type, mdx, and het mice at 3, 6 and 12 months of age. In both grip 

strength and rotarod tests, het mice performed significantly more poorly than their 

counterparts at earlier ages, though differences were lost at later ages. This agrees with 

previous studies showing that haploinsufficiency for utrophin results in a more severe 

functional deficit is seen in mdx mice (van Putten et al., 2012).  By extending the 

functional studies to 6 and 12 months, it is evident that the het muscles maintain their 

weakness beyond that seen for the mdx mice, but by 12 months, there is no significant 

difference between the two. The sharp decline in performance on the grip strength and 

rotarod apparatuses among the mice is presumed to reflect the muscle pathology seen 

histologically. The grip strength test is a multi-variable test that requires both strength 

and endurance from the animals. As the mouse weights increased as the animals aged, 

this could impact their ability to maintain grip and to run. However, weight as a 

confounding factor was ruled out by reexamination of the test data normalized to weight. 

Overall, the het mice show a significant loss of muscle performance as compared to the 
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aged matched WT controls and the mdx mice in these two performance tests over the 

course of the first year.  

Interestingly, despite the difference seen in muscle performance between mdx and 

het mice in the two behavioral tests, no significant differences were found between either 

the EDL or soleus muscles between mdx and het mice using in vitro physiology force 

measurements. While the EDL and soleus muscles were not different from control at 3 

months, as expected these muscles showed a decrease in force compared to age-matched 

wild type controls at 6 and 12 months of age. However, they were not significantly 

different from each other at 6, or 12 months. This is consistent with data measuring the 

force and power output of young and aged mdx mice. In a previous study, the EDL and 

soleus muscles of mdx mice maintained both absolute and normalized power at younger 

ages, but saw the most significant decline in power after 17 months of age (Lynch et al., 

2001). One mechanism postulated in the literature is due to compensatory muscle 

hypertrophy that is known to occur in the muscles of mdx mice as they age (Coulton et 

al., 1988a; Dupont-Versteegden and McCarter, 1992; Pastoret and Sebille, 1995; Quinlan 

et al., 1992). Damaged or regenerating fibers have been shown to generate less force per 

unit (Brooks and Faulkner, 1990). In the current study, we show that the mean myofiber 

cross-sectional areas of the dystrophic muscles is smaller than in age-matched WT 

control muscles, and there is increased central nucleation, suggesting that the aggregate 

effect of reduced myofiber size and on-going regenerative processes manifests as reduced 

contractile function particularly evident at tetanic stimulation frequencies. As these 

changes were similar in the mdx and het muscles, it would be predicted that overall force 

generation capacity would be similarly reduced.  It is possible that if we were to test mice 
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at more advanced ages we would see a difference between force generation capacity 

between the mdx and het mice. Dystrophic muscles also have increased fibrotic tissue, 

which is non-contractile (Carnwath and Shotton, 1987; Coulton et al., 1988a, 1988b; 

Lefaucheur et al., 1995; Pastoret and Sebille, 1995). Fibrosis increases muscle stiffness, 

and this would alter both range of motion and effective shortening velocity (Gillies and 

Lieber, 2011). In our study while there was an increase in fibrosis between the het and 

age-matched control muscles, but no increase in the fibrosis in the het muscles as they 

aged.  

 Histopathology of the leg skeletal muscles from young and aging wild type and 

het mice revealed some differences. At all ages examined the het muscles were 

significantly smaller and had increased central nucleation compared to the WT control 

muscles. The WT muscles did not show evidence of changes associated with aging up 

through the 21 months examined; this agrees with previous studies of aging-associated 

changes in skeletal muscles (Musarò et al., 2001; Snow et al., 2005). It is interesting to 

note that only at 21 months of age was there evidence of a significant decline in mean 

myofiber area and regenerative cell density when compared to the het muscles at 3 

months. This agrees with previous studies that show both in extreme aging and in 

muscular dystrophy that decreased regenerative potential is likely due to exhaustion of 

the stem cell population (Gallegly et al., 2004,; Renault et al., 2000).  

 It was surprising that other measures associated with potential recovery of 

function were not different between these three mouse models of muscular dystrophy. 

For example, revertant fibers that express dystrophin within both animal models and in 

human patients have been described (Arechavala-Gomeza et al., 2010; Wilton et al., 
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1997), and have been hypothesized to play a role in functional recovery of the mdx mice 

muscles (Yokota et al., 2006). When the mdx, het, and dko mouse muscles were 

compared, there were no significant differences in percent of revertant fibers between 

them. Additionally, the percent of revertant fibers per total myofiber number ranged from 

less than 1% to 3%, and it is unlikely these fibers have a functional impact in the 

dystrophic muscles. Additionally, there were no significant differences between the three 

dystrophic genotypes in terms of myosin isoform switching. While there were changes in 

the dystrophic muscles compared to normal WT controls, the percent of myofibers with 

changes in myosin isoforms that are considered to be fatigue-resistant was relatively low, 

again suggesting that this fiber type switching would have limited functional impact on 

the dystrophic muscles.  

 Overall, the functional tests and histopathology of the het mouse suggest that at 

least in the first 12 months, it may represent a better mouse model for DMD than either 

the mdx or dko mouse. The het mice show a distinct loss of muscle function as compared 

to age-matched wild type and mdx mice in functional tests, and display an intermediate 

dystrophic pathology that persists throughout the lifespan of the mouse. The het mice also 

have a near normal lifespan, making them a much better option for testing chronic DMD 

therapies than the dko mouse, as well as much easier to obtain in large numbers. 

However, the method of testing needs to be carefully considered. While measurements of 

overall muscle force generation were not different between the mdx and het muscles 

tested up through 12 months of age, the increased weakness of the het mice in functional 

tests will extend the time line for the testing of potential treatment modalities. Other 

research has shown that het mice have respiratory function impairment that is worse than 
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mdx mice (Huang et al., 2011), as well as increased inflammation and fibrosis (Zhou et 

al., 2008). While they do not genetically mirror DMD in human patients, we propose that 

het serve as a more useful animal model for DMD than either the mdx or dko mice for 

investigating long-term efficacy of potential treatments.   
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SPARING OF THE EXTRAOCULAR MUSCLES IN MDX MICE WITH ABSENT 

OR REDUCED UTROPHIN EXPRESSION: A LIFE SPAN ANALYSIS 

Introduction 

 In Duchenne muscular dystrophy (DMD) all tissues are devoid of dystrophin, 

with skeletal muscles the focus of the primary pathology. Despite the ubiquitous absence 

of dystrophin, not all skeletal muscles are equally affected. Extraocular muscles (EOM) 

along with a small number of other craniofacial muscles are preferentially spared from 

muscle pathology. These include the intrinsic laryngeal muscles (Marques et al., 2007) 

and various sphincteric muscles (Vereecken and Verduyn, 1970). The EOM are 

structurally spared from DMD pathology (Karpati and Carpenter, 1986), and in addition, 

eye movements are also normal (Kaminski et al., 1992).  

 The EOM are a set of six muscles in each orbit that control eye position and eye 

movements, with an unusual pattern of sparing and/or preferential involvement in a large 

number of skeletal muscle disorders (McLoon, 2011). The EOM are spared not only in 

Duchenne muscular dystrophy, but also in other forms of muscular dystrophy, including 

sarcoglycan deficiency disorders (Porter et al., 2001), some forms of myotonic dystrophy 

(Di Costanzo et al., 1997), and limb-girdle muscular dystrophy amongst others (Andrade 

et al., 2000). It is currently unclear what the exact mechanism of this preferential sparing 

is, although many mechanisms have been proposed. Altered handling of intracellular 

calcium (Khurana et al., 1995), increased antioxidant levels (Ragusa et al., 1997), altered 

nNOS levels (Wehling et al., 1998), and up-regulation of the transmembrane protein 

α7β1 integrin (Porter et al., 2003) were examined as possible mechanisms to account for 

EOM sparing in DMD, but none proved to be responsible. Given that no single pathway 
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had proven mechanistic, it was proposed that intrinsic differences in the EOM account for 

their preferential sparing (Porter et al., 2003). 

Another potential mechanism proposed to explain EOM sparing in DMD is up-

regulation of the autosomal dystrophin homolog, utrophin. Utrophin is normally located 

at the neuromuscular and myotendinous junctions in normal adult skeletal muscle 

(Khurana et al., 1991). It is also expressed in regenerating myofibers in dystrophic 

muscles (Helliwell et al., 1992; Khurana et al., 1991). As is true for dystrophin, utrophin 

contains both F-actin and β-dystroglycan binding domains (Chung and Campanelli, 1999; 

Winder et al., 1995). In addition, increased expression of utrophin in the skeletal muscles 

of mdx mice led to functional improvement in muscle function (Deconinck et al., 1997b; 

Tinsley et al., 1998, 1996). To further test this hypothesis a mouse lacking dystrophin and 

utrophin (dko) was developed (Deconinck et al., 1997a; Grady et al., 1997). It was shown 

to have a much more severe phenotype than the mdx mouse and earlier onset of 

pathology. However, the dko mice die prematurely between the ages of 4 and 20 weeks, 

making it difficult to obtain or maintain colonies (Rafael et al., 1998). A series of recent 

studies examined the mdx:utrophin+/- (het) mouse, and showed that their histopathology 

and muscle function was intermediate in the continuum from mdx to dko mouse (Huang 

et al., 2011; McDonald et al., 2013a; van Putten et al., 2012; Zhou et al., 2008). It was 

suggested that the time course of the pathology in the het mice more closely mimics that 

of DMD patients, and therefore was proposed as a better model for assessing longer term 

therapies for effectiveness.  

The potential relationship of EOM sparing and utrophin expression has been 

controversial. Utrophin was shown to be increased in EOM in one study (Matsumura et 
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al., 1992), and unchanged relative to normal wild type mouse EOM in another (Khurana 

et al., 1995). In addition, a previous study examined the EOM pathology of the dko mice 

and found that the EOM developed significant pathology in the absence of both 

dystrophin and utrophin (Porter et al., 1998). In order to resolve this controversy, the 

EOM disease profile in the het and dko mouse models of DMD, which express altered 

levels of utrophin, was determined, and these were compared to mdx and wild type 

control EOM. The extent of pathology was assayed by traditional markers of 

dystrophinopathies, including myofiber cross-sectional area and centrally located 

myonuclei, which are indicative of the degeneration and regeneration events common in 

DMD. The density of Pax7-positive satellite cells, the regenerative cell of skeletal 

muscle, was also assayed in these four genotypes. If utrophin is involved with the sparing 

of the EOM in DMD, significant evidence of disease pathology should be present in both 

het and dko EOM, and would be more severe in the dko EOM. 

 

Methods 

Animal Care 

All experiments were performed in accordance with NIH guidelines for use of 

animals in research and were approved by the Institutional Animal Care and Usage 

Committee at the University of Minnesota. C57BL/10 mice were purchased from Harlan 

Laboratories (Madison, WI), and dystrophic mice (mdx, mdx:utrophin+/-[het], and 

mdx:utrophin-/- [dko]), originating from Washington University (ECR 42), were 

maintained as a colony at the University of Minnesota through het breeding pairs. 

Animals were housed by Research Animal Resources at the University of Minnesota, 



	   89	  

were raised in 12-hour light/dark cycles, and were allowed to feed and drink ad libitum. 

All mice were sacrificed by CO2 asphyxiation followed by exsanguination.  

 

Immunochemistry Methods

Immediately following sacrifice, orbital exenteration was performed to remove 

the globe with the extraocular muscles (EOM) attached in situ. Globe and muscles were 

embedded in tragacanth gum and frozen in 2-methylbutane chilled to a slurry on liquid 

nitrogen. Sections were prepared at 12μm using a cryostat and stored at -30°C until 

staining. All histochemistry was performed using our standard laboratory methods. One 

set of slides was stained with hematoxylin and eosin. Immunohistochemical identification 

of specific proteins was performed by incubating the microslides in 10% normal serum in 

phosphate buffered saline (PBS) followed by incubation for one hour at room 

temperature with an antibody to Pax7 (1:3000; Aviva Systems Biology, San Diego, CA), 

followed by a PBS rinse, and sequential incubation in reagents from the ABC VectaElite 

kit (Vector Labs, Burlingame, CA) labeled with peroxidase, and developed with 

diaminobenzidine with heavy metals and hydrogen peroxide.  

 

Morphometric Analysis Methods 

Morphometric analysis was performed using Bioquant Life Science software 

(Bioquant, Nashville, TN). A minimum of 3 slides were counted for each muscle 

examined from each animal, with a minimum of 200 myofibers assayed in both the 

orbital and global layers per slide. The data from each slide was averaged, with an N of 6 

for each genotype and each experimental time point. For central nucleation, data is 
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presented as percent of centrally nucleated myofibers per total fiber number. Pax7 data is 

presented as percent of Pax7-positive cells per total fiber number.  

 

Statistical Analysis

Data is expressed as mean ± SEM. All data was analyzed for statistical 

significance using either an unpaired two-tailed t-test (if 2 groups were compared) or 

analysis of variance (ANOVA) followed by a Tukey’s or Dunn’s multiple comparison 

test. Statistics were performed using Prism software (GraphPad Software Inc., San Diego, 

CA). Data were considered statistically significantly different if p<0.05.  

 

Results 

EOM Morphology in het and dko Mice 

 The morphology of the EOM from the het and dko mice was similar to the EOM 

from WT control mice, with little evidence of pathological changes such as central 

nucleation, fiber necrosis, fibrosis, and inflammatory cell infiltrate (Figure 3.1). While 

the EOM appear to be spared from pathology in both these genotypes, the nearby levator 

palpebrae superioris (Figure 3.2) shows similar levels of central nucleation to that seen in 

limb and body skeletal muscles from these mice.  

 

EOM Morphometry in het Mice Over their Life Span 

 One of the hallmarks of dystrophinopathy is repeated cycles of degeneration and 

regeneration of myofibers. Regenerated myofibers are identified by the presence of 

centrally located nuclei, and heterogeneity of myofiber cross-sectional area in a muscle is   
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Figure 3.1: Sparing of the Extraocular Muscles in Wild Type, het, and dko Mice 
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Figure 3.1: Sparing of the Extraocular Muscles in mdx:utrophin+/- and dko Mice. 

Photomicrographs of an extraocular muscles from A) wild type (WT) control mouse, 

B) an mdx:utrophin+/- (het) mouse, and C) an mdx:utrophin-/- (dko) mouse. Bar is 100 

microns. 
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Figure 3.2: Sparing of the Extraocular Muscles but not the Levator Palpebrae 

Superioris Muscle 
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Figure 3.2: Sparing of the Extraocular Muscles but not the Levator Palpebrae Superioris 

Muscle. Photomicrograph of the levator palpebrae superioris (LPS) and the superior 

rectus muscle (ORB) of an mdx:utrophin-/- (dko) mouse. Note that the LPS is 

significantly affected, with central nucleation in almost every myofiber present. Bar is 

100 microns. 
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indicative of frequent regenerative events. These parameters were assessed in the orbital 

and global layers of the EOM over the lifetime of the het mice. No significant differences 

were seen in the mean myofiber areas of the orbital or global layer myofibers between 

age-matched WT control and the het EOM at any of the time points examined (Figure 

3.3A). In the EOM of the het mice, significant increases in percentages of myofibers with 

central nucleation were first seen at 6 months of age, and only in the global layer (Figure 

3.3B). It should be noted that the percentage of centrally nucleated myofibers in het EOM 

never exceeded 6%, while other studies in our het mice found centrally nucleated 

myofibers of het leg muscles to range between 52 and 70% of all fibers (Figure 3.3C) 

(McDonald et al., 2013a). Thus, while significantly different from age-matched wild type 

control EOM myofibers, this represents an extremely low incidence of central nucleation. 

 

Pax7 Cell Density in het EOM over their Life Span 

 Muscle satellite cells are the regenerative cell of adult muscle, and are commonly 

identified by the Pax7 marker (Seale et al., 2000). In order to assess the regenerative 

capacity of het EOM, Pax7 density was observed over the life span of het and age-

matched wild type controls. In wild type mice Pax7 density was significantly higher in 

the orbital layer than in the global layer (p < 0.01), and the density of Pax7-positive cells 

was significantly increased at the advanced ages of 20 and 23 months (Figure 3.4A). This 

sustained level of Pax7 density even at older ages is not surprising; evidence of 

continuous myofiber remodeling and Pax7-positive satellite cells have previously been 

found in uninjured, adult EOM of multiple species (McLoon and Wirtschafter 2002a, 

2002b; McLoon et al., 2004), even at significantly advanced ages (McLoon and  
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Figure 3.3: Cross-sectional Area and Central Nucleation in Extraocular Muscles from 

Wild Type and mdx:utrophin+/- Mice 
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Figure 3.3: Cross-sectional Areas and Central Nucleation in Extraocular Muscles from 

Wild Type and mdx:utrophin+/- Mice.  A) Quantification of mean myofiber cross-

sectional area of WT control and the mdx:utrophin+/- (het) mouse over a 23 month 

period. B) Quantification of the appearance of central nucleation in the myofibers of 

control and the mdx:utrophin+/- (het) mouse over a 23 month period. * indicates 

significant difference from WT control. C) Comparison of central nucleation between 

the EOM and limb of het mice averaged across all ages. * indicates significant 

difference from both layers of EOM. 
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Figure 3.4: Pax7-Positive Cell Density in EOM from WT and mdx:utrophin+/- Mice 
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Figure 3.4: Pax7-Positive Cell Density in EOM from WT and mdx:utrophin+/- Mice. A) 

Quantification of Pax7-positive cell density during normal aging of WT mice over a 

23 month period. * indicates significantly different from 3 month WT. B) 

Quantification of Pax7-positive cell density during normal aging of mdx:utrophin+/- 

(het) mouse mice over a 23 month period. # indicates significant difference from 6 

month het. 
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Wirtschafter, 2003).  In het EOM, Pax7 density also was maintained throughout life, and 

in the orbital layer increased significantly at 14 months (Figure 3.4B). The density of 

Pax7-positive cells in the global layer did not differ from 3 to 23 months of age. This 

suggests that regenerative capacity is retained in the EOM even in aging dystrophic mice. 

 

Comparative Morphometry of Wild Type, mdx, het and dko EOM at Three, Six, and 

Twelve Months 

 In order to compare the lifetime disease profile of the EOM from wild type and 

dystrophic mice, EOM from each genotype were analyzed at 1 and 2 months for the dko 

mice, and 3, 6, and 12 months for the wild type control, mdx, and het mice. There was no 

significant change in orbital layer myofiber mean cross-sectional areas between any of 

the 4 genotypes at any of the ages examined (Figure 3.5A). At all ages examined, the 

mean cross-sectional area of the global layer myofibers in het EOM were significantly 

larger than WT and mdx global myofibers.  

The percentage of myofibers containing centrally located nuclei (Figure 3.5B) 

was also compared. As previously noted, there is very little increase in centrally located 

nuclei in the het EOM, and any increase over wild type control was only seen in the 

global layer at 6 and 12 months. Central nucleation prevalence in mdx and dko EOM was 

similar to wild type controls at all ages. At the ages examined, central nucleation never 

exceeded 2% of all myofibers, which is exceedingly low compared to leg muscles from 

the same dystrophic genotypes (McDonald et al., 2013a).  

Pax7 density comparisons between the genotypes indicated that there was a 

significant increase in Pax7-positive cell density in the orbital layers of the WT controls  
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Figure 3.5: Comparison of mdx, mdx:utrophin+/- (het) and mdx:utrophin-/- (dko) 

Mouse Morphometry 
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Figure 3.5: Comparison of mdx, mdx:utrophin+/- (het), and mdx:utrophin-/- (dko) Mouse 

Morphometry. A) Comparison of mean myofiber areas at 3, 6 and 12 months of age. 

* indicates significant difference from age-matched WT control. @ indicates 

significance from 6 and 12 month het. # indicates significance from 12 month WT. B) 

Comparison of central nucleation at 3, 6, and 12 months of age. * indicates significant 

difference from age-matched WT control. C) Comparison of Pax7 cell density at 3, 6, 

and 12 months of age. *  indicates significant difference from 3 month WT control. # 

indicates significant difference from 6 month mdx. @ indicates significant difference 

from 12 month WT. ♦ indicates significant difference from 6 month WT control.  
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at 12 months compared to 3 months (Figure 5C). At 6 months, the mdx orbital layer 

Pax7-positive cell density was significantly lower than the age-matched WT control 

orbital layer. At 12 months the het orbital layer Pax7-positive cell density was 

significantly lower than the 12 month WT control, although not significantly different 

from the WT or het levels at 3 months (Figure 5C). While the density of Pax7-positive 

cells declined in the orbital layers of the het mice at 6 and 12 months compared to the 

age-matched WT controls, this reduction of Pax7-positive cells does not correlate with a 

subsequent decrease in mean cross-sectional area or central nucleation, suggesting that 

regenerative capacity of the muscle is sustained at a sufficient level to maintain normal 

EOM phenotype, even in the aging EOM of the dystrophic mice. 

 

Discussion 

  The EOM are morphologically spared both in the het mouse, which lacks 

dystrophin and is haploinsufficient for utrophin, and in the dko mouse, which lacks both 

dystrophin and utrophin. They maintain their normal cross-sectional areas, and actually 

become slightly larger over the life span of these mice, have minimal increases in 

centrally located myonuclei, and maintain a high level of Pax7-positive cells.  

The complete sparing of the het and dko EOM in the present study is at odds with 

a previous report that the EOM are not spared in the dko mouse (Porter et al., 1998). The 

general sense in the muscle community is that they are not spared, and the present 

analysis, that encompasses the life span of both the het and dko mice, firmly refutes this 

earlier study. While this study used the mouse strain developed at Washington University 

(Grady et al., 1997) as opposed to the strain produced at the University of Oxford 
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(Deconinck et al., 1997a) and used in the previous report, the literature suggests that our 

strain may in fact express a more severe pathology. Not only does the Grady strain of dko 

mice die earlier (14 weeks as opposed to 20 weeks) (Deconinck et al., 1997a; Grady et 

al., 1997), but they have been shown to exhibit a relatively more severe cardiac pathology 

(Hainsey et al., 2003). While these differences in phenotype may be attributable to 

different genetic backgrounds of the mice, they may also arise from different gene 

knockout strategies used. The Grady strain is null for all isoforms of utrophin, while the 

Deconinck strain only has the largest utrophin isoform inactivated. 

The rationale for the potential role of utrophin is relatively strong. Utrophin up-

regulation has been described in the regenerating myofibers of the mdx mouse (Helliwell 

et al., 1992; Khurana et al., 1991). Additionally, as noted previously, when utrophin is 

up-regulated in the limb and body muscles of the mdx mouse, many of the pathological 

features decrease (Tinsley et al., 1996; 1998; Deconinck et al., 1997b).  However, when 

the literature on utrophin changes in the EOM of the mdx mouse is examined, there is 

good support for why utrophin up-regulation is unlikely to have been mechanistic for 

EOM sparing in both the mdx mouse and in DMD. The observed up-regulation of 

utrophin (Matsumura et al., 1992; Porter et al., 1998) was not seen in other studies 

(Khurana et al., 1995). Subsequently, in contrast to their previous work, at the RNA level, 

quantitative PCR showed that utrophin was not increased in the mdx EOM (Porter et al., 

2003). Additionally, not all the myofibers in EOM had up-regulated utrophin levels 

(Porter et al., 2003), yet all of the myofibers are spared when examined histologically. 

This, then, raises the basic question: by what mechanism is the EOM from the 

mdx, het and dko mice, as well as the EOM in human patients with DMD, Becker’s, limb-
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girdle, sarcoglycan-deficient, and actin-related dystrophinopathies spared? The EOM 

have a number of properties that support the hypothesis that intrinsic differences in the 

EOM themselves are responsible. While limb and body skeletal muscles are dependent 

on Pax3 expression early in development, in its absence the EOM develop normally 

(Tajbakhsh et al., 1997). A number of genes and transcription factors have been 

implicated in normal EOM development (Brown et al., 2005; Tremblay et al., 1998). 

Specifically, Pitx2 expression is required for the normal development of EOM (Diehl et 

al., 2006; Gage et al., 1999; Kitamura et al., 1999; Lu et al., 1999; Zacharias et al., 2011).  

Further experimental evidence suggests that the regenerative population, the myogenic 

precursor cells, may play a critical role in the sparing of EOM in the dystrophinopathies 

and related muscle diseases. While the limb muscles of the het and dko mice 

progressively decreased in myofiber cross-sectional area (McDonald et al., 2013a); the 

current study demonstrates that not only did they maintain their fiber size, but as they 

age, the myofibers actually increased in size. There is precedence for this type of 

“growth” response in EOM when denervated or injured. One example is the 

chemodenervation from the paralytic agent, botulinum toxin A. While limb skeletal 

muscle atrophied during the effective period after botulinum toxin A treatment, the EOM 

actually either maintained or increase their myofiber cross-sectional areas (Spencer and 

McNeer, 1987; Ugalde et al., 2005). Concomitant with increased EOM myofiber size 

after various types of injury, stretch, or chemodenervation, significant increases were 

seen in myogenic precursor cell proliferation and density of Pax7-positive cells 

(Christiansen and McLoon, 2006; Christiansen et al., 2010; Ugalde et al., 2005). A 

similar reaction was seen after high dose gamma irradiation of EOM and limb skeletal 
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muscle; while the leg muscles atrophied the EOM mean myofiber cross-sectional areas 

actually increased (McDonald et al., 2013b).  

We hypothesize that one potential mechanism for retaining the remarkable 

resiliency for myofiber size maintenance in the EOM would be the presence of an 

enriched population of either more proliferative or more injury-resistant myogenic 

precursor cells. As shown in the present study, the EOM retained the density of their 

Pax7-positive satellite cell population, which then increased in density in the aging EOM. 

This is in contrast to the Pax7 population in aging WT and het limb muscles, where their 

density was static, and ultimately decreased in the aging limb skeletal muscles 

(McDonald et al., 2013a). These studies are in line with previous work that showed that 

the EOM, and laryngeal muscles that are also spared in DMD and other 

dystrophinopathies (Marques et al., 2007), retain the unusual capacity to undergo 

continuous remodeling throughout life (Goding et al., 2005; McLoon and Wirtschafter, 

2002a, 2002b, 2003; McLoon et al., 2004; Shinners et al., 2006). 

Using flow cytometric analysis to identify specific subpopulations of myogenic 

precursor cells from EOM from WT, mdx, het, and dko mice, the EOM myogenic 

precursor cells were shown to be more proliferative and more resistant to oxidative and 

toxic stress (Kallestad et al., 2012; Hebert et al., 2013). The present results are consistent 

with this hypothesis, that the EOM are morphologically and functionally maintained due 

to their significant enrichment in highly proliferative myogenic precursor cells.  

In summary, the EOM of mdx:utrophin+/- (het) mice, which are haploinsufficient for 

utrophin, and the mdx:utrophin-/- (dko) mice, which do not express utrophin, are spared 

morphologically over their life span. Contrary to what has been shown in limb skeletal 
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muscles from these same genotypes (McDonald et al., 2013a), this sparing is mirrored by 

layer specific maintenance or increases in the Pax7 population of myogenic precursor 

cells in the EOM from these mice models of DMD.  
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DYSTROPHIC CHANGES IN EXTRAOCULAR MUSCLES AFTER GAMMA 

IRRADIATION IN MDX:UTROPHIN+/- MICE 

Introduction 

Skeletal muscle has a remarkable capacity for regeneration after injury and in disease. 

The process of regeneration is dependent on a population of myogenic precursor cells 

which were originally defined by their position between the sarcolemma and basal lamina 

and called satellite cells (Mauro, 1961). These cells are normally quiescent. Upon injury, 

these myogenic precursor cells are activated and begin a process of proliferation and self-

renewal. Their progeny can either fuse into injured fibers or fuse together to form new 

myofibers (Carlson and Faulkner, 1983). One generally accepted cellular marker for 

satellite cells is Pax7, which labels these cells when they are quiescent and is down-

regulated when the cells become activated and begin to express MyoD (Seale et al., 2000; 

Zammit et al., 2006b). In diseases like Duchenne muscular dystrophy (DMD) and in age-

related sarcopenia, the regenerative capacity of limb and body skeletal muscle becomes 

exhausted primarily due to an exhaustion of the satellite cell pool after repeated cycles of 

muscle degeneration and regeneration, leading to a loss of muscle mass and function 

(Brack and Rando, 2007; Mouly et al., 2005; Renault et al., 2000; Taylor-Jones et al., 

2002; Wallace and McNally, 2009). Not all skeletal muscles are equally affected by 

DMD, and notable exceptions exist that appear to be completely spared in DMD and 

related muscular dystrophies. Spared skeletal muscles include a number of craniofacial 

muscles, including the laryngeal and extraocular muscles (Karpati and Carpenter, 1986; 

Marques et al., 2007).  

The extraocular muscles (EOM) are craniofacial muscles responsible for the 
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complex and finely controlled movements of the eyes. While they are skeletal muscles, 

the EOM are considered a distinct allotype, with a number of differences that distinguish 

them from limb skeletal muscles (Lucas and Hoh, 1997). In muscular dystrophies such as 

DMD, the EOM are not only morphologically spared, but are functionally spared as well 

(Kaminski et al., 1992; Karpati and Carpenter, 1986). While many causes for the sparing 

of EOM in DMD have been proposed, none have proven mechanistic (Khurana et al., 

1995; Ragusa et al., 1997; Wehling et al., 1998). It is currently thought that there are 

constitutive differences between the EOM and limb skeletal muscles that account for 

their preferential sparing (Porter et al., 2003). 

Unlike adult non-craniofacial skeletal muscle, normal uninjured adult EOM 

maintain continuously activated satellite cells, allowing the EOM to continuously 

remodel throughout life (McLoon and Wirtschafter, 2002a, 2002b; McLoon et al., 2004), 

even in the EOM from elderly humans (McLoon and Wirtschafter, 2003). Persistently 

activated satellite cells may be due to a unique or more abundant subpopulation of 

myogenic precursor cells retained within the adult EOM. This population of cells also 

may have different capacities, such as enhanced survival or greater proliferative capacity, 

which allow the EOM to continuously remodel without stem cell exhaustion, different 

than what is seen in limb skeletal muscle (Renault et al., 2000). In addition to maintaining 

this population of activated myogenic precursor cells when subjected to various types of 

muscle injury or drug treatments, EOM and leg muscles tend to respond in significantly 

different ways. One example is the response of these two groups of skeletal muscles to 

chemical denervation with botulinum toxin A injections. In EOM, the satellite cells begin 

to proliferate robustly and muscle mass is maintained (Ugalde et al., 2005). In contrast, in 
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limb skeletal muscle, botulinum toxin injection produces only an abortive regenerative 

response, and is followed by muscle atrophy. 

 One candidate population enriched in the EOM compared to limb skeletal muscle 

that we previously identified is the EECD34 cell population, which is CD34+/Sca1-

/CD31-/CD45- (Hebert et al., 2013; Kallestad et al., 2011). The EECD34 cells are 

myogenic and are maintained in aging EOM. In mouse models of DMD, the population 

of EECD34 cells declines precipitously in limb skeletal muscle but are preferentially 

retained in the EOM. Interestingly, the EECD34 cells derived from the EOM have 

increased proliferative capacity even compared to the “same” cells derived from limb 

skeletal muscle (Hebert et al., 2013; Kallestad et al., 2011). Recently we have shown a 

subpopulation of myogenic precursor cells that are distinct from the Pax7-positive cells 

that are up-regulated in EOM compared to limb skeletal muscle. These cells express 

Pitx2 and are also retained preferentially in the EOM of mouse models of muscular 

dystrophy and in aging muscle. 

 In order to determine if the sparing of the EOM in DMD might be due to a greater 

proliferative capacity and/or a greater resistance to injury of one or more their 

populations of myogenic precursor cells, including Pax7, EECD34, and Pitx2-positive 

cells, we designed irradiation experiments in order to inhibit the proliferation of 

myogenic precursor cells. Irradiation has been frequently used to inhibit myogenic 

precursor cell proliferation and regeneration in limb skeletal muscles, including those of 

dystrophic mice (Gross and Morgan, 1999; McGeachie and Grounds, 1999; McGeachie 

et al., 1993; Pagel and Partridge, 1999; Quinlan et al., 1995; Weller et al., 1991b), in 

order to assess the importance of regeneration in skeletal muscle disease and pathology.  
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 Wild type (C57BL/10) and dystrophic mdx:utrophin+/- (het) mice were treated 

with an 18Gy dose of gamma irradiation, targeting both EOM and limb skeletal muscle. 

Muscles were collected from the mice at various post-irradiation end-points and assessed 

for morphological characteristics, in order to determine if inhibition of proliferation by 

gamma irradiation would affect disease pathology in EOM and limb skeletal muscles and 

whether this would result in loss of the myogenic precursor cells needed for maintenance 

of the normal phenotype in the EOM of the het mice. If greater proliferative capacity of 

one or more of the populations of myogenic precursor cells is responsible for maintaining 

a normal EOM phenotype, even in skeletal muscle disease, then inhibiting proliferation 

should result in the appearance in the EOM of pathology characteristic of dystrophic limb 

muscles.  

 

Methods 

Animal Care 

All experiments were approved by the Institutional Animal Care and Usage 

Committee at the University of Minnesota and performed in accordance with NIH 

guidelines for use of animals in research. All mice used in these experiments were 

maintained by Research Animal Resources at the University of Minnesota. Mice were 

raised in 12-hour light/dark cycles and were allowed to feed and drink ad libitum. 

C57BL/10 mice (Harlan, Indianapolis, IN) were used as wild type (WT) controls. 

Dystrophic mice (mdx:utrophin+/- [het]) were maintained as a colony at the University of 

Minnesota through mdx:utrophin+/- breeding pairs that originated from Washington 

University (ECR 42). A total of four to eight mice were used per experiment. 
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Irradiation 

Both het and WT mice were irradiated at a single dose of 18 Gray (Gy) (Morgan 

et al., 1990). Mice were first anesthetized with a ketamine:xylazine cocktail (100mg/ml, 

10:1, 1.1mL/kg weight). Anesthetized mice were placed in a JL Shepard irradiator (137Cs 

source), and entirely shielded with lead excluding the anterior face region, including the 

orbits, and the right forelimb. Once properly shielded, the mice received a dose of 18Gy 

irradiation and removed from the irradiator. Mice were observed until they regained 

consciousness. Mice were euthanized either for histochemistry or flow cytometry at the 

designated end points. Non-irradiated animals served as controls for both WT and het 

mice. 

 

Immunohistochemistry 

At selected post-irradiation time points, mice were euthanized by tank carbon 

dioxide inhalation, and immediately following sacrifice an orbital exenteration was 

performed removing the globe with extraocular muscles (EOM) attached in situ and 

muscles of the left and right forelimb were dissected, removed, embedded in tragacanth 

gum, and frozen in 2-methylbutane chilled to a slurry on liquid nitrogen. Sections were 

prepared at 12µm using a cryostat and frozen until stained. One set of sections was 

stained with hematoxylin and eosin. Additional sections were immunostained with 

antibodies to collagen I and IV (1:1000, Abcam, Cambridge, MA). Briefly, after blocking 

in normal serum, selected sections were incubated in primary antibody for 1 hour. The 

sections were rinsed in phosphate buffered saline (PBS), followed by incubation using 
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reagents in the Vectastain Elite ABC kit (Vector Laboratories, Burlingame, CA). 

Visualization was obtained by incubation in diaminobenzidine using heavy metal 

intensification and hydrogen peroxide. Specificity of antibody binding was verified by 

processing sections in the absence of primary antibody. Satellite cells were 

immunostained with Pax7 (1:3000, Aviva Systems Biology, San Diego, CA) using the 

procedure outlined for collagen. 

To visualize Pitx2-positive myogenic precursor cells tissue sections were blocked 

in 20% goat serum/0.2% BSA in antibody buffer for 30 minutes at room temperature, 

incubated with an antibody to Pitx2 (1:2000, Capra Science, Sweden) in antibody buffer 

overnight at 4oC, rinsed, blocked for 10 minutes in 20% goat serum/0.2% BSA in 

antibody buffer, and incubated with goat anti-rabbit-AlexaFluor 488 antibody (1:2000, 

Jackson ImmunoResearch, West Grove, PA) in antibody buffer for 1 hour at room 

temperature (Kallestad et al., 2011). After a PBS rinse, sections were then incubated for 

15 minutes with wheat germ agglutinin (WGA) conjugated to Texas Red X (1:500, Life 

Technologies, Eugene, OR) at room temperature. Sections were rinsed, coverslipped, and 

examined using epifluorescence microscopy. 

 

Analysis 

For central nucleation, a hallmark of cycles of degeneration and regeneration, data 

is presented as percent of centrally nucleated myofibers per total fiber number averaged 

for several fields/section. A minimum of 200 myofibers were analyzed in random fields 

in three muscle cross-sections per animal and averaged. A total of 6 mice were used for 

each time point analyzed.  
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Pax7-positive and Pitx2-positive nuclei were counted based on myofiber number, 

with a minimum of 200 fibers counted per muscle section in random fields for leg 

muscles and for each layer in the EOM. Density of Pax7 or Pitx2-positive cells per 

myofiber number per muscle section was determined from 3-4 fields per muscle section, 

3 muscle sections per mouse, and averaged for six mice at each of the experimental end 

points examined. 

Collagen density was determined using the automated morphometry feature of the 

Bioquant Image Analysis System (Bioquant, Nashville, TN). The area of each 

microscopic field positive for each specific collagen was determined, and the total 

collagen-positive area was calculated based on the total muscle area per field, with 3-4 

fields chosen per muscle section, 3 muscle sections analyzed per mouse, with an N of 6 

mice per experimental time point and genotype. 

 

Bromodeoxyuridine Labeling 

 To assess the effectiveness of 18Gy irradiation on satellite cell division, 

bromodeoxyuridine (brdU) labeling was performed using our standard method (McLoon 

and Wirtschafter, 2002a; McLoon et al., 2004). Briefly, all mice received intraperitoneal 

injections of bromodeoxyuridine in sterile isotonic saline once per day for 7 days at a 

dose of 50mg/kg body weight. Sections were quenched with hydrogen peroxide, 

incubated sequentially with blocking serum and biotin-avidin blocking reagent (Vector 

Laboratories, Burlingame, CA). After a rinse in PBS, sections were incubated in 2N HCl 

for 1 hour at 37oC, followed by neutralization in borate buffer and a PBS rinse.  The 

sections were incubated in the primary antibody to brdU for 1 hour at room temperature 
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(1:1000, Roche, Indianapolis, IN). After a PBS rinse, the sections were incubated using 

the reagents in the Vectastain peroxidase kit (Vector Laboratories, Burlingame, CA), and 

reacted with diaminobenzidine containing heavy metals and hydrogen peroxide.  

 

Flow Cytometry 

At the selected post-irradiation time points, mice were euthanized by tank carbon 

dioxide inhalation, and immediately following sacrifice, the EOM and the muscles of the 

right forelimb were isolated into Dulbecco's modified Eagle's medium (DMEM) (Life 

Technologies, Carlsbad, CA). Mononuclear cells were prepared from the muscles by 

mincing leg muscle into small pieces; EOM did not require mincing due to their small 

size. All tissue was digested with collagenase type B and dispase type II (Roche 

Diagnostics, Indianapolis, IN) at 37oC for 15 minutes, triturated, and incubated for 

another 15 minutes until no visible chunks of tissue remained. Following digestion, the 

cell suspensions were filtered through a 70μm nylon cell strainer to remove debris. Cells 

were then washed with sorter buffer, which was prepared with phosphate-buffered saline 

(PBS) (Life Technologies, Carlsbad, CA) containing 25mM HEPES, 2mM EDTA, and 

1% fetal calf serum (Atlanta Biologicals, Lawrenceville, GA). Cells were resuspended in 

sorter buffer and stained with the following antibodies: Sca1, CD34, CD31, and CD45 

(BD Biosciences, San Jose, CA). Cells were incubated with antibodies for 30 minutes at 

4oC and washed with sorter buffer. To exclude dead and dying cells from analysis, 7-

aminoactinomycin D (7AAD) (BD Biosciences, San Jose, CA) was added at a 1:25 

dilution 10 minutes before flow cytometry analysis. Cells were analyzed on a FACS 

Canto (BD Biosciences, San Jose, CA), and final analysis was performed using the 
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FlowJo software (Tree Star, Inc., Ashland, OR). All analyses were based on a total of 5 

independent muscle isolations from different mice per experimental time point. 

 

Statistical Analysis 

Data was expressed as mean±SEM. All data was analyzed for statistical 

significance using either an unpaired two-tailed t-test (if 2 groups were being compared) 

or an analysis of variance (ANOVA) followed by either a Fisher’s LSD or Tukey’s or 

Dunn’s multiple comparison test aided by the Prism and Statmate software (GraphPad 

Software Inc., San Diego, CA) for multiple group comparisons. Data were considered 

statistically significantly different if p<0.05.

 

Results 

Gamma Irradiation of Wild Type Mice EOM and Leg Muscles 

As predicted from the literature, as visualized with hematoxylin and eosin, no overt 

histological alteration was seen in the 18Gy irradiated leg muscle from WT mice. The 

cross-sectional area of WT irradiated mouse leg muscle increased transiently at one week 

post-irradiation by approximately 38% compared to non-irradiated WT controls, but then 

returned to normal and did not change from 2 weeks up to six months after the 18Gy 

irradiation (Figure 4.1A). Central nucleation was examined in order to assess the process 

of degeneration/regeneration in these muscles. After 18Gy treatment of WT mouse leg 

muscles, no change in centralized myonuclei density was seen (Figure 4.1B). In contrast 

to the leg muscle, irradiated EOM from WT mice did not show significant changes in 

cross-sectional area after gamma irradiation at any post-irradiation time point (Figure  
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Figure 4.1: Effect of 18Gy Irradiation on Cross-sectional Areas and Central  

Nucleation in Limb Muscles from Wild Type and Het Mice 
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Figure 4.1: Effect of 18Gy Irradiation on Cross-sectional Areas and Central Nucleation in 

Limb Muscles from Wild Type and Het Mice. A. Effect of 18Gy irradiation on cross-

sectional areas in leg muscle from wild type (wt) and mdx:utrophin+/- mice (het). * 

indicates significant difference from non-irradiated WT control. # indicates significant 

difference from non-irradiated het control. B. Effect of 18Gy irradiation on central 

nucleation in leg muscle from WT and het mice. * indicates significant difference 

from non-irradiated WT control. # indicates significant difference from non-irradiated 

het control.  
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4.2A), nor were there any changes to the low rate of central nucleation found in WT 

EOM (Figure 4.2B). 

 

Gamma Irradiation of the Het Mice EOM and Leg Muscles 

 Compared to the WT mice, the leg muscles were significantly affected in the het 

mouse (Figure 4.1). The mean cross-sectional area of the untreated het triceps myofibers 

was 43.9% smaller than the normal control myofibers, which was highly significant. As 

seen in the wild type control triceps muscle, there was a transient 36% increase 7 days 

after irradiation of the het limb muscle, significant when compared to non-irradiated het 

muscle. However, at all the other post-irradiation time points, the mean cross-sectional 

areas of the het irradiated limb muscles were 17.6 to 31.1% smaller than both WT and het  

leg muscles from non-irradiated mice (Figure 4.1A). Het leg muscles, as expected, 

showed evidence of severe disease and fiber degeneration and regeneration, with over 

58% of their myofibers containing centrally located nuclei (Figure 4.1B). However, by 30 

days after irradiation, there was a significant reduction in central nucleation compared to 

the non-irradiated het leg muscles, which was maintained up through 6 months, with a 

27.5% decrease at 1 month and a significant 40% decrease by 6 months compared to non-

irradiated het control leg muscles and a decrease of approximately 45% at 2 and 6 months 

compared both to the peak at 7 days and at 14 days post-irradiation. This suggested that 

18Gy irradiation had a long term impact on the regenerative cell populations in the 

irradiated het muscles. 

 In contrast, the mean EOM myofiber cross-sectional areas in the non-irradiated 

het mice were 23% and 29.5% larger than those in WT mice (Figure 4.2A). In both the  
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Figure 4.2: Effect of 18Gy Irradiation on Cross-sectional Areas and Central 

Nucleation in Extraocular Muscles from Wild Type and Het Mice 
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Figure 4.2: Effect of 18Gy Irradiation on Cross-sectional Areas and Central Nucleation in 

Extraocular Muscles from Wild Type and Het Mice A. Effect of 18Gy irradiation on 

cross-sectional areas in extraocular muscle (EOM) from WT and het mice. # indicates 

significant difference from non-irradiated het muscles. B. Effect of 18Gy irradiation 

on central nucleation in EOM from WT and het mice. * indicates significant 

difference from all other data points excluding each other. 
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orbital and global layers, there was a transient but significant decrease in cross-sectional 

area at 7 days post-irradiation, 17 and 20% respectively, compared to non-irradiated het 

EOM. However, the mean cross-sectional areas in the het EOM at 7 days post-irradiation 

were not significantly different from WT control values. In the het EOM, this transient 

decrease was followed by a significant increase in mean myofiber size, which was 11.8% 

and 21.9% greater than non-irradiated het muscles at 14 and 30 days post-irradiation. 

Compared to WT control EOM, this represents a 46.66% and 59.85% increase in mean 

myofiber cross-sectional area. Thus, in contrast to the limb skeletal muscle myofibers, 

irradiation resulted in a significant increase in mean myofiber size in the EOM at 14 and 

30 days post-irradiation. The myofibers then gradually returned to cross-sectional areas 

that were not significantly different from non-irradiated het EOM over the next few 

months (Figure 4.2A). In addition, the het EOM maintained cross-sectional areas similar 

to the WT controls 6 months after irradiation treatment. 

 Most striking, however, was the significant increase in central nucleation in the 

irradiated het EOM (Figure 4.2B, 4.3). One week after 18Gy irradiation, there was a 4-

fold increase in the incidence of central nucleation. By two weeks after irradiation, there 

was 60-fold increase in the percent of myofibers in the EOM that were centrally 

nucleated (Figure 4.2B, 4.3), which was maintained at one month post-irradiation with a 

50-fold increase compared to het non-irradiated EOM. Essentially, at two and four weeks 

after a single 18Gy dose of gamma irradiation, the EOM acquired a dystrophic phenotype 

(Figure 4.3). Just as striking is the complete return to normalcy – relative to central 

nucleation - by 6 months. This suggests that there is a dynamic change in the process of 

myofiber remodeling/repair in the short term after 18Gy irradiation, which resolves and 
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returns to the normal process of EOM remodeling in these het EOM, evident at 2 months 

but complete by 6 months. 

 

Effects of Gamma Irradiation on brdU Incorporation into Het EOM and Leg Muscles 

 BrdU labeling was examined in both naïve and gamma irradiated EOM and leg 

muscles from het mice to assess its effect on proliferating myogenic precursor cells. In 

the non-irradiated het leg muscles, significant brdU-labeling of nuclei was seen after 7 

days of brdU injections (Figure 4.4A), and brdU-labeled nuclei were not found 7 days 

after irradiation of the het leg muscles (Figure 4.4B). Note that faint centrally located 

nuclei are still present, just not labeled with brdU (arrow). In contrast, brdU-labeled 

nuclei were present in the het irradiated (Figure 4.4C) and non-irradiated (not shown) 

EOM. This suggested that the myogenic precursor cells in EOM appeared to be resistant 

to 18Gy irradiation. 

 

Effect of Gamma Irradiation on Pax7 Cell Density 

 As a result of this dramatic appearance of a dystrophic phenotype in the irradiated 

het mouse EOM and the reduction in brdU-positive cells after irradiation, analysis of 

changes to specific populations of myogenic precursor cells was undertaken. Note that 

the shielded leg muscle contralateral to the irradiated foreleg was not significantly 

different from the non-irradiated het muscles. Irradiation at 18Gy resulted in a significant 

reduction of Pax7-positive cells in both WT and het leg muscles, with decreases ranging 

from 50-85% of the non-irradiated levels (Figure 4.5A). This decrease in the Pax7 

population mirrored the decline in mean cross-sectional area and central nucleation seen  
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Figure 4.3: Extraocular Muscles from Irradiated and Non-Irradiated Het Mice 
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Figure 4.3: Extraocular Muscles from Irradiated and Non-Irradiated Het Mice. 

Photomicrographs of (A) wild type (WT) and (B) mdx:utrophin+/- mice (het)  

extraocular muscles 14 days after 18Gy irradiation. Sections are stained with H and E. 

Bar is 20 microns. 

 

 
  



	   126	  

 Figure 4.4: Bromodeoxyuridine Labeling of Irradiated and Non-Irradiated Limb 

Muscle from Het Mice  
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Figure 4.4: Bromodeoxyuridine Labeling of Irradiated and Non-Irradiated Limb Muscle 

from Het Mice. Photomicrographs of sections from het leg muscle and het EOM 7 

days after 18Gy irradiation followed by daily bromodeoxyuridine (brdU) injections for 

7 days and immunostained for brdU. A) Non-irradiated het leg muscle. B) Irradiated 

het leg muscle. C) Irradiated het EOM. Cells positive for brdU are indicated by 

vertical arrows. Centralized nucleus negative for brdU is indicated by horizontal 

arrow. All photomicrographs are the same magnification. Bar is 20 microns. 
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after irradiation of the het leg muscle. In contrast to limb muscles, irradiation of WT 

EOM resulted in a significant increase in Pax7-positive cells in both the orbital and 

global layers at 7 and 14 days post-irradiation, 21% and 67.6% for the orbital layer, and 

44.8% and 113% for the global layer. This is followed by a significant decrease in the 

Pax7-positive cells in the WT EOM 30 days post-irradiation, and a return to normalcy by 

2 months. Gamma irradiation also resulted in a significant increase in the density of 

Pax7-positive cells in het EOM at 7 days post-irradiation in both orbital and global 

layers, increases 80.5% and 65.9% in the orbital and global layers respectively (Figure 

4.5B). Immunostaining revealed that there were Pax7-positive centrally located nuclei 

within the EOM cross-sections within the first month post-irradiation. However, at 14d 

and 30d in the orbital layer and at 14 days in the global layer, Pax7 cell density was 

significantly decreased compared to normal WT levels although they were not different 

than the het non-irradiated levels. The significant alteration in the Pax7 population of 

myogenic precursor cells in het EOM after irradiation suggests that there were more 

Pax7-positive cells available for muscle remodeling and repair in the period when central 

nucleation increases began. The pattern of decrease in the density of the Pax7-positive 

cells correlated temporally with the significant increases in cross-sectional area and 

central nucleation. This suggests that the observed decrease in the Pax7-positive cells in 

the two to four week post-irradiation period may be due to their fusion into EOM 

myofibers resulting in central nucleation in the irradiated het EOM. 

 

Effect of Gamma Irradiation on EECD34-Positive Cell Density 

 Our previous studies identified a population of myogenic precursor cells that are 
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Figure 4.5: Effect of 18Gy Irradiation on Pax7 Cell Density in Limb and Extraocular 

Muscles from Wild Type and Het Mice 
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Figure 4.5: Effect of 18Gy Irradiation on Pax7 Cell Density in Limb and Extraocular 

Muscles from Wild Type and Het Mice A. Effect of 18Gy irradiation on Pax7-positive 

cell density in leg muscle * indicates significant difference from non-irradiated WT 

control. # indicates significant differences from non-irradiated het control. B. Effect of 

18Gy irradiation on Pax7-positive cell density in EOM from WT and het mice. * 

indicates significant difference from non-irradiated WT control. # indicates significant 

differences from non-irradiated het control. 
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elevated in EOM compared to limb skeletal muscle; these cells, the EECD334 cells, are 

positive for CD34 and negative for Sca1, CD31 and CD45 (Kallestad et al., 2011). The 

effect of 18Gy irradiation was assessed on EECD34 cells using flow cytometry and 

analyzed on the basis of percent per live mononuclear cells in both WT and het EOM and 

limb muscles. The percent of EECD34 cells in irradiated WT limb muscles decreased 

46% after one week, 62% after two weeks, and then tripled in density by one month. 

However, the density of these cells in limb muscle is extremely low (Hebert et al., 2013; 

Kallestad et al., 2011); thus it is unclear what role these cells play in repair and 

regeneration in limb skeletal muscle. A similar picture was seen in the EOM muscles of 

WT mice, where the percent of EECD34 cells stayed constant one week after irradiation, 

showed a large and significant decrease of 75% two weeks after 18Gy irradiation, and 

then returned to normal density by one month (Figure 4.6A). Thus, while these cells 

appeared to be initially affected by the 18Gy irradiation, they rebounded quickly to return 

to their normal density levels.  

The effect of irradiation on the EECD34 cells in the het mouse EOM and leg 

muscles was also examined. The het limb muscles showed very little change in their 

already low levels of these cells. However, the het EOM showed a significant decrease of 

62.7% in the density of these cells one week after 18Gy irradiation compared to non-

irradiated het EOM, with a return to normal levels by two weeks (Figure 4.6B). This 

pattern is similar to the WT EOM changes in the EECD34 cells, but the loss of these cells 

occurs one week earlier, suggesting that more were proliferating in the het EOM and 

therefore more susceptible to injury from the irradiation. It should be noted, however, that 

these are relatively rare cells, and most likely represent a “reserve” multipotent precursor   
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Figure 4.6: Effect of 18Gy Irradiation on EECD34 Cell Density in Limb and 

Extraocular Muscles from Wild Type and Het Mice  
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Figure 4.6: Effect of 18Gy Irradiation on EECD34 Cell Density in Limb and Extraocular 

Muscles from Wild Type and Het Mice A. Effect of 18Gy irradiation on EECD34 cell 

percentages in WT EOM and limb muscle as determined by flow cytometric analysis 

calculated based on total live cells. * indicates significant difference. B. Effect of 

18Gy irradiation on EECD34 cell percentages in het EOM and limb muscle as 

determined by flow cytometric analysis based on total live cells. * indicates significant 

difference. 
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cell population (Hebert et al., 2013; Kallestad et al., 2011). 

 

Effect of Gamma Irradiation on Pitx2-Positive Cell Density 

There is another relatively unique population of myogenic precursor cells which 

express Pitx2, and these are significantly elevated in EOM compared to limb skeletal 

muscle (Hebert et al., 2013). While the majority of EECD34 cells also express the 

transcription factor Pitx2 (Hebert et al., 2013), there are many more Pitx2-positive cells 

in EOM beyond those that are CD34+. These were plentiful in both WT and het adult 

EOM (Figure 4.7, 4.8). This population was directly quantified in tissue sections from 

irradiated and non-irradiated het EOM. Gamma irradiation resulted in an increased 

density of these cells in both orbital and global layers within one week, with increases of 

71.66% and 185.2% respectively. This increased density was particularly large in the 

global layer where they are normally more sparsely localized (Figure 4.7A, B, E). The 

number of Pitx2-positive cells returned to control levels by 14 days post-irradiation 

(Figure 4.6E). It should be noted that the Pitx2-positive nuclei were located both external 

to and internal to the WGA staining (red), and no Pitx2-positive nuclei were found 

centrally located within the myofiber cross-sections (Figures 4.7, 4.8).  

 

Effect of Irradiation on Collagen I and IV 

It is possible that the development of a dystrophic pathology in the het EOM was due to 

the effects of irradiation on connective tissue elements and resultant fibrosis. The levels 

of both collagen I and collagen IV were determined in these muscles. In leg muscles, the 

het mice had a significantly greater density of both collagens when compared to the WT 
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Figure 4.7: Effect of 18Gy Irradiation on Pitx2 Cell Density in Extraocular Muscles 

from Het Mice 
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Figure 4.7: Effect of 18Gy Irradiation on Pitx2 Cell Density in Extraocular Muscles from 

Het Mice Photomicrographs of het EOM immunostained for Pitx2 and wheat germ 

agglutinin (WGA) from A) non-irradiated EOM, B) 7 days after 18Gy irradiation, C) 

14 days after 18Gy irradiation, and D) het limb muscle showing the extreme paucity of 

Pitx2-positive cells. E) Morphometric analysis of number of Pitx2 positive cells as 

percent of myofiber number. * indicates significant difference from non-irradiated het 

control EOM. 
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Figure 4.8: Localization of Pitx2-positive Nuclei in Extraocular Muscles 
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Figure 4.8: Localization of Pitx2-positive Nuclei in Extraocular Muscles. 

Photomicrograph of longitudinal sections through A) a non-irradiated het EOM and B) 

7 days after an 18Gy irradiation. Note the increased number of satellite cells in the 

basal lamina of individual myofibers after 18Gy irradiation and their location directly 

deep to the sarcolemma as stained for wheat germ agglutinin.  
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mouse muscles, 73.9% more collagen I and 41.5% more collagen IV (Figure 4.9). 

Irradiation resulted in a 100% increase in collagen I in the WT leg muscles 14 days after 

treatment, and this was followed by a return to non-irradiated levels by 30 days (Figure 

4.9A). Irradiation did not result in a change in collagen I in the het limb muscles 

compared to non-irradiated het limb muscles. Irradiation resulted in no change of 

collagen IV density in WT or het limb muscles (Figure 4.9B). 

There was no statistically significant difference in collagen I or IV density 

between the non-irradiated WT and het EOM. In WT mice, irradiation resulted in 

collagen I changes in WT EOM were similar to those seen in limb muscles, with a 100% 

increase in collagen I density 2 weeks after irradiation followed by a return to normal 

non-irradiated collagen I levels (Figure 4.9C). In the WT EOM, irradiation produced a 

25.4% increase in collagen IV at 2 and 4 weeks after irradiation of WT EOM. 

Interestingly, irradiation of het EOM did not result in any significant changes in the 

density of either collagen I or IV (Figure 4.9). 

 

Discussion 

Gamma irradiation of 18Gy had little effect on WT limb or EOM in the short or long 

term; there were few changes in muscle fiber size or central nucleation. In contrast, the 

irradiated het limb muscle showed a progressive decrease in both muscle fiber size and 

central nucleation that was mirrored by a steady decline in the number of resident Pax7-

positive satellite cells in the irradiated limb muscles. This suggests that in the het mice 

gamma irradiation reduced the population of Pax7 satellite cells to a level that resulted in 

insufficient numbers in the dystrophic mouse limb muscles to maintain their muscle mass 
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with increased post-irradiation duration. The EOM response to 18Gy irradiation was 

quite different. First, non-irradiated het EOM myofibers were significantly larger in mean 

cross-sectional area than WT EOM myofibers. Gamma irradiation of het EOM caused a 

short-term decrease in myofiber size at 7 days post- irradiation. However, in stark 

contrast to het leg muscle, at 14 and 30 days post-irradiation the het EOM myofibers 

were significantly larger than the non-irradiated het EOM myofibers. The myofibers in 

the het EOM gradually returned to normal “het” cross-sectional areas by 2 months post-

irradiation. Most provocative was the appearance of a dystrophic phenotype, as defined 

by central nucleation, in the het EOM in the month following irradiation. We hypothesize 

that the EOM actively maintain their normal morphology in muscular dystrophies; 

irradiation removes one or more populations of myogenic precursor cells whose function 

is taken over by a distinctly different precursor type whose fusion into existing myofibers 

results in central nucleation. 

Post-Irradiation: Limb Muscle 

The effects of gamma irradiation on limb muscle were as predicted. In agreement 

with previous studies, analysis showed that high doses of gamma irradiation have little 

effect on WT limb muscle fiber size (Wakeford et al., 1991). The reduction in central 

nucleation and mean myofiber cross-sectional area in het leg muscles after irradiation 

agrees with previous studies in irradiated soleus and extensor digitorum longus muscles 

of adult mdx mice (Morgan et al., 1990; Pagel and Partridge, 1999; Weller et al., 1991b).  

Additionally we showed a clear temporal correlation between the het leg muscle 

reductions in myofiber size and central nucleation and the density of Pax7-positive 

myogenic precursor cells. While a similar significant reduction in Pax7-positive cell 
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Figure 4.9: Effect of 18Gy Irradiation on Collagen Density in Limb and Extraocular 

Muscles from Wild Type and Het Mice 
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Figure 4.9: Effect of 18Gy Irradiation on Collagen Density in Limb and Extraocular 

Muscles from Wild Type and Het Mice A. Effect of 18Gy irradiation on collagen I 

levels in WT and het leg muscle. B. Effect of 18Gy irradiation on collagen IV levels in 

WT and het leg muscle. C. Effect of 18Gy irradiation on collagen I levels in WT and 

het EOM. D. Effect of 18Gy irradiation on collagen IV levels in WT and het EOM. * 

indicates significant difference from non-irradiated WT muscle. 
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density was seen in the WT irradiated limb muscles, the lack of injury or disease in these 

muscles protected them from this loss of satellite cells. Injury to these irradiated WT limb 

muscles may be able to demonstrate deficiencies in the regenerative potential caused by 

the significant loss of Pax7-positive satellite cells, as would be predicted by the literature 

(Heslop et al., 2000; Phelan and Gonyea, 1997; Rosenblatt and Parry, 1992).  

 

Post-Irradiation: Het EOM at 7 Days 

Similar to WT limb, 18Gy irradiation did not cause a change in EOM myofiber 

size in the WT mice. Irradiation of het EOM resulted in a short term reduction in mean 

cross-sectional area in the EOM.  This change correlated temporally with a significant 

increase in Pax7-positive cells and a significant decrease in Pitx2-positive cells. Our 

previous study demonstrated that there is little to no overlap between these two different 

myogenic precursor cell populations in EOM (Hebert et al., 2013). The initial five-fold 

increase in central nucleation in the irradiated het EOM at 7 days post-irradiation 

coincided temporally with the large elevation in Pax7-positive cells. As these muscles 

had been irradiated and the brdU analysis showed a decrease in brdU-positive satellite 

cells, it is presumed that this increase is due to differentiation of Pax7-positive cells from 

pre-existing precursor cells residing in the EOM. This is supported by studies 

demonstrating that muscle hypertrophy induced by stretch or mechanical overload can 

occur, with concomitant up-regulation of MyoD and myogenin, in the absence of satellite 

cell proliferation (Lowe and Alway, 1999; McCarthy et al., 2011). While skeletal muscles 

with tamoxifen-induced satellite cell depletion were regeneration-deficient, they also 

were able to regrow after unloading-induced atrophy (Jackson et al., 2012). While 
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increased central nucleation at 7 days post-irradiation correlated temporally with 

increased Pax7-positive cells, it also correlated with decreased myofiber cross-sectional 

areas. This coincided temporally with the significant changes in EECD34 and Pitx2-

positive cells. Our previous work demonstrated that siRNA knock-down of Pitx2-

expression in EECD34 cells in vitro significantly decreased their fusion into myoblasts, 

and that the majority of EECD34 cells are also Pitx2-positive (Hebert et al., 2013). 

Earlier studies demonstrated that conditional knock-out of Pitx2 in skeletal muscles 

results in loss of a number of EOM-specific characteristics, including decreased 

expression of the EOM-specific myosin heavy chain isoform, decreased numbers of 

multiply-innervated myofibers, and reduction in cross-sectional area (Zhou et al., 2009, 

2011). We suggest, and these results support, the hypothesis that Pitx2-positive myogenic 

precursor cells maintain EOM cross-sectional area, but in contrast to Pax7-positive 

myogenic precursor cells, they fuse with the EOM myofibers and maintain peripheral 

nucleation (see Figure 4.8).  

 

Post-Irradiation: Het EOM at 14 and 30 Days 

In contrast to the reduced myofiber size in het limb skeletal muscles at 2 and 4 

weeks post-irradiation, the het EOM myofibers were significantly larger than those in the 

non-irradiated het EOM. The concomitant appearance of large numbers of centrally 

nucleated myofibers in the irradiated het EOM together with increased myofiber sizes at 

2 and 4 weeks after irradiation suggests that irradiation significantly altered the normal 

process of EOM remodeling in het EOM (McLoon and Wirtschafter, 2002a; McLoon et 

al., 2004). There are a number of examples in the literature where the EOM respond to 



	   145	  

perturbations or disease in a direction opposite to that of muscles. For example, after 

treatment with botulinum toxin A, limb skeletal muscle fibers atrophy during the period 

of chemical denervation (Duchen, 1970). After treatment of the EOM with botulinum 

toxin, the myofibers become larger in mean cross-sectional area (Spencer and McNeer, 

1987; Ugalde et al., 2005). In addition to their sparing in DMD, the EOM are also spared 

in the sarcopenia associated with aging and in neurogenic wasting diseases such as 

amyotrophic lateral sclerosis (Ahmadi et al., 2010; Valdez et al., 2012). What is not seen 

in the EOM of humans or animals with these diseases or after injury is the appearance of 

central nucleation.  

This increased central nucleation and the increased myofiber areas correlated 

temporally with decreased density of Pax7-positive cells and a return to the normal 

density of Pitx2-positive and EECD34 cells. Fusion of a large number of Pax7-positive 

satellite cells into the het EOM myofibers would also explain the resulting drop in Pax7-

positive cell density. However, it is also quite interesting that in contrast to het limb 

muscle, 18Gy irradiation does not result in the depletion of the Pax7-positive cell 

population. This dynamic capacity to respond with increased proliferation in the Pax7-

positive satellite cell population in WT EOM has been seen in previous studies of EOM 

perturbations including chemical denervation and surgery (Christiansen et al., 2010; 

Ugalde et al., 2005). A number of factors could explain this difference between what are 

ostensibly the same cells in EOM and limb skeletal muscle. First, the precursor stem cell 

in the EOM for the Pax7-population may be more resistant to irradiation-induced injury 

due to the presence of protective factors present in EOM but either absent or at 

insufficient levels in limb skeletal muscle. For example, the EOM maintain high levels of 
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insulin-like growth factor-I (IGF-I) and its receptor (Anderson et al., 2006; Christiansen 

and McLoon, 2006; Fischer et al., 2002), which has been shown to have protective effects 

on myogenic precursor survival (Sakurai et al., 2009; Yang et al., 2010). Another 

possibility is that the myogenic precursor cells, or a subset of them, are less susceptible to 

injury based on some intrinsic property as yet undefined. We have demonstrated 

resistance of the EECD34 cells to oxidative stress in vitro (Kallestad et al., 2011) and 

increased survival of myogenic precursors cells even in procedures used to isolate them 

(Kallestad and McLoon, 2010). 

The Pitx2 population returns to normal levels 2 weeks post-irradiation in the het 

EOM. As knock-down of Pitx2 results in a decreased fusion index of EECD34 cells in 

vitro (Hebert et al., 2013), we hypothesize that Pitx2-positive and/or EECD34 myogenic 

precursor cells in EOM fuse continuously into existing uninjured EOM myofibers and 

maintain peripheral nucleation during this process. While initially changed by 18Gy 

irradiation, they rapidly return to their normal numbers, suggesting that the precursor 

cells for the Pitx2-positive and/or EECD34 cells are resistant to 18Gy irradiation. There 

is certainly precedence for a myogenic precursor cell type that is resistant to irradiation at 

18Gy (Heslop et al., 2000). In contrast to what we see in the EOM of the het mice in our 

study, however, the irradiation resistant myogenic stem cell seen in the notexin-injured 

normal mice was markedly diminished in the notexin-injured irradiated mdx mice 

(Heslop et al., 2000). These different results support our working hypothesis that the 

EOM have myogenic precursor cell populations with markedly different properties of 

survivability and proliferation rates than those limb skeletal muscle, even if identified by 

the same cell markers (e.g. Pax7).  
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Working Model 

 We propose that in het limb muscle, 18Gy irradiation markedly decreases the 

population of Pax7 satellite cells and over time this results in smaller myofibers with less 

central nucleation (Figure 4.10A). We propose that het EOM still undergoes the 

continuous remodeling seen in normal EOM (McLoon et al., 2004). In het EOM, at 7 

days post-irradiation the decreased myofiber cross-sectional area and the increase in 

central nucleation correlate temporally with an increase in the Pax7-positive precursor 

cells and alteration in the Pitx2-positive and EECD34 cells (Figure 4.10B). We 

hypothesize that it is primarily the Pax7-positive precursor cells that are maintaining the 

EOM after irradiation, and that, as in limb skeletal muscle, their fusion with existing 

myofibers results in central nucleation. By 14 days post-irradiation, the Pax7-positive cell 

density decreases as a result of fusion into EOM myofibers. In addition, the Pitx2-

positive and EECD34 cells have been restored to their normal numbers, and their fusion 

into the EOM myofibers results in significantly increased myofiber cross-sectional areas. 

Thus, concurrently there is Pax7 and Pitx2-positive fusion with existing myofibers in the 

irradiated het EOM. By two months, both populations have returned to their normal 

densities in the het EOM, and normal appearance is regained. On-going studies are 

further testing this hypothesis. 

 

Post-Irradiation: Collagen I and IV 

 Collagens are a large super-family of proteins, but they can be grouped by 

function (Kovanen, 2002; Ricard-Blum and Ruggiero, 2005). Collagen I is involved in 
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providing tensile strength and rigidity to muscles, is one of predominant forms found in 

skeletal muscle, and is in the group of fibril-forming collagens. In comparison, collagen 

IV is the major basement membrane collagen of the body, and surrounds myofibers, 

providing a collagenous skeleton in the muscles. We have shown that both of these are 

expressed in the EOM (Stager et al., 2013).  

While the densities of collagens I and IV are significantly elevated in het leg 

muscle, there was no difference between the densities of collagen I and IV in WT and het 

EOM. This has been reported for leg muscle in the het mice, but the EOM have not been 

studied previously (van Putten et al., 2012; Zhou et al., 2008). It is quite interesting that 

irradiation at 18Gy did not significantly alter the overall levels of either of these 

collagens in the EOM or leg muscles. While it has been reported that 20Gy irradiation 

resulted in a significant loss in fibrosis in mdx mice, this study was performed in 10 day 

old mice in a period when they are undergoing rapid muscle growth (Weller et al., 1991) 

as opposed to adult mice in the present study. Based on our results, it does not appear that 

irradiation of either EOM or leg muscles changes fibrosis, at least as measured by 

collagen I and IV levels. 

 

Conclusions 

We hypothesized that the EOM is spared in muscular dystrophy due to a 

population of myogenic precursor cells that is either highly proliferative or better able to 

survive in the diseased environment in a dystrophic muscle. The experiments described in 

this study support this hypothesis, as decreasing myogenic precursor cell proliferation 

caused by 18Gy irradiation, with the ensuing altered levels of specific subpopulations of
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Figure 4.10: Model of Our Working Hypothesis of the Effect of 18Gy Irradiation on 

het Mouse Limb and Extraocular Muscles 
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Figure 4.10: Model of Our Working Hypothesis of the Effect of 18Gy Irradiation on het 

Mouse Limb and Extraocular Muscles. A) In het leg skeletal muscle, gamma 

irradiation (lightning bolt) damages the Pax7-positive myogenic precursor pool which 

ultimately results in smaller myofibers and less central nucleation. B) In het EOM, 

there is a correlation between change of Pitx2-positive and EECD34 cells and 

myofiber cross-sectional area decreases and an increase in Pax7-positive cells and the 

onset of increased central nucleation. By 14 days post-irradiation, the levels of Pax7-

positive cells decline, presumably by steady fusion into existing regenerating 

myofibers. At the same time, the levels of Pitx2-positive and EECD34 cells return to 

normal, corresponding temporally to the significant increase in myofiber mean cross-

sectional area. As the levels of these two precursor cell populations return to normal, 

so do fiber cross-sectional area and rate of central nucleation. Red: quiescent Pax7-

positive cells. Green: activated satellite cells. Orange: Myogenic precursor cell 

population, possible Pitx2-positive and/or EECD34. Purple: newly added centrally 

located nucleus. Black: Original myonuclei.  
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myogenic precursor cells, resulted in the appearance of a dystrophic phenotype in the 

EOM of het (mdx:utrophin+/-) model of muscular dystrophy (van Putten et al., 2012; 

Zhou et al., 2008). We have correlated this temporally with up- and down-regulation of 

Pax7 and Pitx2 myogenic precursor cells. Even though identified using the same cellular 

markers, e.g. Pax7, it is clear that the ability to survive gamma irradiation differs between 

the het EOM and leg muscle. On-going studies are working to define more completely 

the molecular and functional differences between these myogenic precursor cells in EOM 

that normally allows for their complete sparing in DMD. By understanding why the EOM 

are spared in DMD and other forms of muscular dystrophy, we hope to provide a 

therapeutic target for enhancing the regenerative capacity and regenerative duration of 

the myogenic precursor cells in limb skeletal muscle. 
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SUMMARY AND DISCUSSION 

The goal of this thesis was to investigate further the sparing of the extraocular 

muscles (EOM) in dystrophinopathies such as Duchenne muscular dystrophy (DMD). 

Given that current clinically available treatments for DMD are more palliative than 

curative, understanding the mechanism by which this preferential sparing occurs could 

yield important insights into treating this fatal disease. The investigations outlined in this 

thesis were undertaken in order to determine if the myogenic precursor cells (mpcs) in the 

EOM are intrinsically different from those found in non-cranial skeletal muscle, and 

whether or not these mpcs are responsible for the preferential sparing of the EOM in 

DMD. 

Many laboratories use animal models to not only further understanding of disease, 

but also to test potential therapeutics. However, the most common mouse model of DMD, 

the mdx mouse, is a less-than-ideal model due to its relatively benign pathology, near 

normal lifespan, and lack of significant muscle motor deficits (Carnwath et al., 1987; 

Dangain et al., 1984; Muntoni et al., 1993). The more severe dko mouse has a more 

severe phenotype, but significantly limited lifespan (Rafael et al., 1998). Given the 

pathology and prevalence of these models, I decided to use the mdx:utrophin+/- [het] 

model, which has previously been shown to have a more intermediate pathology (Zhou et 

al., 2008; Huang et al., 2011). Previous characterization determined the phenotype of the 

mice at younger ages, while I characterized the phenotype throughout the lifespan of this 

mouse. Functional performance was assessed by a variety of measures. The het mice 

performed more poorly in these assessments than their age-matched mdx counterparts, 

suggesting decreased muscle strength and endurance. Histopathology of the het mice 
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revealed sustained pathology throughout the life of the het mouse, as determined by 

increased myofiber cross-sectional area heterogeneity and increased degeneration and 

regeneration events as identified by central nucleation. Overall the functional tests and 

histopathology of the het mice suggest a loss of muscle function and persistent dystrophic 

pathology throughout the entire life of the mouse that is more severe than the mdx 

counterparts. With a near normal lifespan in comparison to the very short life of dko 

mice, which do not express either dystrophin or utrophin, increased respiratory function 

impairment, inflammation, and fibrosis (Huang et al., 2011; Zhou et al., 2008), the het 

mice appear to serve as a more germane animal model of DMD, as they more clearly 

mimic the pathology seen in patients. Given these results, het mice were used as the main 

model organism of DMD for this thesis. 

Use of a mouse that is haploinsufficient for utrophin led to further studies 

investigating the EOM of these mice. There is conflicting data regarding the role of 

utrophin and its potential compensatory role for dystrophin in dystrophinopathies. As an 

autosomal homolog of dystrophin, utrophin expresses key domains of dystrophin (Guo et 

al., 1996; Love et al., 1989; Tinsley et al., 1992; Winder et al., 1995). Overexpression of 

the utrophin transgene has been found to ameliorate the disease phenotype in mdx mice 

(Fisher et al., 2001; Tinsley et al., 1996), and utrophin up-regulation is currently one 

focus of clinical trials (Fairclough et al., 2013).  Reports on the role of utrophin in 

dystrophic EOM, however, have been more clouded.  While some work has found that 

there is evidence of utrophin up-regulation in the EOM of mdx mice (Porter et al., 1998), 

other reports have found no evidence of utrophin up-regulation (Khurana et al., 1995). 

Utrophin up-regulation has been posited as a mechanism for EOM sparing (Porter et al., 
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1998); however, it has been found only in certain fibers of the EOM, and yet all fiber 

types are spared in the EOM, suggesting that utrophin up-regulation is not considered to 

be causative for EOM sparing (Porter et al., 2003). Considering the unclear role of 

utrophin in EOM sparing and use of mice lacking some or all utrophin expression, I 

examined whether the EOM appear to be differentially affected in the het and dko mouse 

models of DMD. The extent of EOM pathology was determined using various common 

markers of dystrophinopathies by us and other labs: cross-sectional areas, central 

nucleation, and exhaustion of the regenerative cell population as identified by Pax7 

density. These studies determined that there is a very slight increase in dystrophic 

pathology in both het and dko mice when compared to wild type and mdx mice. However, 

these differences are frequently not significant, and are restricted to only the global layer 

of the EOM.  For example, central nucleation levels are higher at older ages of het mice, 

but do not exceed 4%, which is a far cry from the >50% seen in limb muscle. Pax7-

positive satellite cells do not appear to be exhausted in the EOM, and the population 

doesn’t seem to decline with age, unlike the decreases seen in limb. At odds with 

previously reported studies in the dko mice (Porter et al., 1998), I did not observe 

significant pathology in the dko EOM.  Our studies highly suggest that the EOM are still 

spared even in the absence of both dystrophin and utrophin, providing further evidence 

that utrophin up-regulation is not mechanistic for the preferential sparing of EOM in 

DMD. 

The most significant question of this thesis was to determine whether the mpcs in 

the EOM are different from those in limb, and whether a difference in mpc population or 

proliferative capacity might be involved in the sparing of EOM. Unlike limb skeletal 
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muscle, the EOM are known to maintain continuously activated satellite cells and 

remodel throughout life, even in very aged animals (McLoon and Wirtschafter 2002a, 

2002b; McLoon and Wirschafter 2003; McLoon et al., 2004). Such persistently activated 

satellite cells might potentially arise from a population of mpcs in the EOM that have 

enhanced survival or greater proliferative capacity. Irradiation experiments were designed 

to inhibit proliferation of mpcs in wild type and het limb and EOM, and muscles were 

subsequently assessed for their phenotype. While gamma irradiation was found to have 

little effect on either the limb or EOM of wild type mice, there were not only changes to 

the limb and EOM of het mice, but these responses were muscle-specific. 

As anticipated, het limb exhibited decreased central nucleation and mean 

myofiber cross-sectional area. Het limb also exhibited a correlation between size and 

regeneration event decreases and a decrease in the density of Pax7-positive satellite cells. 

In general, het limb responded to gamma irradiation in a manner that was similar to what 

has previously been reported in the literature (Weller et al., 1991b; Pagel and Partridge 

1999; Morgan et al., 1990).  This response suggests that in het limb, irradiation decreases 

the population of satellite cells, which results in smaller myofibers and less central 

nucleation due to a loss of a regenerative response. 

The EOM, however, had a much different response to gamma irradiation. In the 

short term (7 days) the EOM failed to maintain their normal phenotype. There was a 

reduction in mean cross-sectional area, an increase in Pax7 density, and a transient 

alteration in the number of Pitx2-positive and EECD34 cells. There was also a significant 

increase in the number of centrally located nuclei, a hallmark of the 

degeneration/regeneration normally seen in DMD limb skeletal muscle. 
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Bromodeoxyuridine (brdU) analysis revealed that the irradiation resulted in a decrease in 

brdU-positive satellite cells but not their elimination in the irradiated EOM. Taken 

together, this suggests that the gamma irradiation initially depletes the Pitx2-positive 

population that is normally responsible for maintaining normal EOM phenotype. This 

loss of new mpcs fusing into existing myofibers results in an inability to maintain 

myofiber size. Meanwhile, degeneration and regeneration events occur, leading both to 

smaller regenerated fibers and central nucleation, likely due to Pax7-positive satellite 

cells. The increase in Pax7-positive cells appears to arise from differentiation from other, 

pre-existing mpcs in the EOM, rather than due to self-renewal as evidenced by reduced 

brdU staining.  

At later time points, however, the EOM expressed a different phenotype. Very 

large, centrally nucleated myofibers appeared in the het EOM, suggesting that the 

irradiation disturbed the normal remodeling process of the EOM. This is consistent with 

the response of the EOM to chemical denervation in which the EOM myofibers have an 

increase in cross-sectional area (Duchen, 1970; Hassan et al., 1995; Spencer and McNeer, 

1987; Ugalde et al., 2005). This increase in myofiber size and central nucleation is 

concomitant what a decrease in Pax7-positive cells and a return to normal Pitx2-positive 

and EECD34 cell density. This temporal correlation suggests that a large number of 

Pax7-positive satellite cells had fused into the EOM myofibers, decreasing their density 

and increasing myofiber size. The rapid return of Pitx2 and EECD34 density to normal 

levels indicates that the precursor cells of these populations are resistant to gamma 

irradiation.  As the Pitx2-positive and EECD34 populations are restored, a return to 

normal EOM phenotype is observed, suggesting that this mpc population may be 
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responsible for maintenance of normal EOM phenotype even in disease. Intriguingly, the 

“same” population of Pax7-positive cells responds to gamma irradiation differently in 

EOM than in limb; in limb, the population is decreased and never fully recovers, and in 

EOM, the population is temporarily increased, then decreased, and then returns to 

normal. However, cell populations identified by the same markers from limb and EOM, 

and thus ostensibly the “same” cells, have exhibited different responses to oxidative 

stress (Kallestad et al., 2011), isolation procedures (Kallestad and McLoon, 2009), and 

even proliferation assays (Hebert et al., 2013). Further work is necessary to determine the 

molecular intrinsic differences in the EOM that might account for these altered responses 

of the “same” cell populations.  

Ultimately the irradiation studies support the hypothesis that there is a population 

of myogenic precursor cells in the EOM that is either highly proliferative or has an 

increased capacity for survival in dystrophic muscle. This is indicated by the sudden 

appearance of a dystrophic phenotype in EOM following gamma irradiation. Intriguingly, 

the EOM pathology returns to normal at longer survival times following this high dose of 

irradiation, suggesting that while this mpc population was temporarily perturbed, it was 

able to survive a high dose of irradiation, replenish itself, and quickly restore the normal 

EOM phenotype. Taken as a whole, the work of this thesis has identified the 

mdx:utrophin+/- mouse as a useful model of DMD, has provided further evidence that the 

preferential sparing of EOM in DMD is not due to utrophin up-regulation, and proposes 

that this preferential sparing might in fact be due to an intrinsically different population 

of myogenic precursors in the EOM as compared to non-cranial skeletal muscle. 

Better understanding the exact mechanism by which the EOM manage to escape 
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dystrophic pathology will significantly advance our knowledge of the disease and 

possible our ability to treat DMD. There is significant therapeutic potential should a 

myogenic precursor cell in the EOM with enhanced ability to either proliferate or survive 

in the dystrophic muscle be found responsible for sparing of EOM in DMD. Such mpcs 

could potentially be isolated for autologous transplant, or produced using iPS strategies. 

While these mpcs might not prevent muscle fiber injury or degeneration, their ability to 

maintain normal phenotype and their ability to survive even in a diseased environment 

may ameliorate the pathology found in limb skeletal muscle. It is currently our hope that 

elucidation of this mechanism will provide clinical researchers more options for treating 

DMD, and further investigations into the myogenic precursor cells from EOM may lead 

to major clinical advancements.  
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